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Summary	
Fungal	 genomes	 exhibit	 extraordinary	 intra-	 and	 interspecies	 diversity.	 Although	

advances	in	population	genetic	studies	highlight	genome	variability,	little	is	known	about	

the	underlying	mechanisms	driving	this	diversification.	The	main	focus	of	this	thesis	is	to	

elucidate	 dynamics	 and	mechanisms	 of	 genome	 stability	 and	 chromosome	 loss	 in	 the	

fungal	plant	pathogen	Zymoseptoria	tritici.		

In	 Chapter	 I,	 we	 discuss	 recent	 advancements	 in	 the	 field	 of	 fungal	 plant	 pathogen	

genome	evolution.	We	conclude	that	modern	agriculture	has	a	large	impact	on	pathogen	

populations	 and	 their	 genetic	 diversity.	 Important	 drivers	 of	 genome	 evolution	 are	

transposable	elements	that	facilitate	high	diversity	and	rapid	adaptation.		

Genome	diversity	is	also	a	key	observation	made	for	populations	of	the	wheat	pathogen	

Z.	tritici.	Besides	structural	variation	of	chromosomes,	there	are	particular	chromosomes,	

termed	accessory	chromosomes	that	show	presence/absence	polymorphisms	between	

different	isolates.	While	loss	and	gain	of	these	chromosomes	was	so	far	associated	with	

meiosis,	we	show	in	Chapter	II	that	accessory	chromosomes	are	highly	instable	during	

mitotic	 growth	 resulting	 in	 high	 rates	 of	 chromosome	 losses.	 High	 temperature	

furthermore	increases	the	loss	rates	and	promotes	instability	and	rearrangements	of	core	

and	accessory	chromosomes.	We	demonstrate	that	accessory	chromosome	losses	affect	

fitness	in	planta,	indicating	an	adaptive	role	of	chromosome	dynamics	in	Z.	tritici.	

Besides	 structural	 differences	 in	 terms	 of	 transposable	 element	 and	 gene	 abundance,	

accessory	chromosomes	have	been	shown	to	be	highly	heterochromatic	since	they	are	

highly	enriched	with	H3K27me3,	a	facultative	heterochromatin-associated	histone	mark.	

Transposable	 elements,	 also	 found	 to	 be	 enriched	 on	 accessory	 chromosomes,	 are	

silenced	by	H3K9me3.	 In	Chapter	III	we	 investigate	the	consequences	of	 loss	of	 these	

heterochromatin-associated	 histone	 marks	 on	 the	 stability	 of	 core	 and	 accessory	

chromosomes.	 We	 find	 that	 loss	 of	 H3K27me3	 increases	 the	 stability	 of	 accessory	

chromosomes	by	significantly	reducing	the	rate	of	chromosome	losses.	However,	absence	

of	H3K9me3	led	to	severe	genome	instability	resulting	in	chromosome	rearrangements,	

breakages,	large	segmental	duplications	affecting	core	as	well	as	accessory	chromosomes.	

Furthermore,	transposable	element	transcription	is	enhanced	when	H3K9me3	is	absent.	

We	conclude	that	H3K9me3	and	transposable	element	silencing	are	crucial	for	genome	

stability,	while	H3K27me3	has	a	specific	role	for	transmission	of	accessory	chromosomes.		
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Besides	 histone	 modifications,	 DNA	 methylation	 plays	 an	 important	 role	 in	 genome	

regulation.	 In	 Z.	 tritici,	 DNA	 methylation	 has	 been	 shown	 to	 be	 absent	 due	 to	 the	

inactivation	of	a	DNA	methyltransferase	gene,	Ztdim2.	In	Chapter	IV,	we	provide	evidence	

that	DNA	methylation	is	present	in	Z.	tritici.	We	find	that	some	isolates	contain	a	functional	

Ztdim2	 gene,	 possibly	 obtained	 by	 introgression	 from	 closely	 related	 species,	 and	

consequently	 exhibit	 high	 amounts	 of	 DNA	methylation.	 In	 addition,	 we	 demonstrate	

small,	but	detectable	amounts	of	DNA	methylation	even	in	strains	that	do	not	contain	a	

functional	 Ztdim2.	 This	 can	 be	 explained	 by	 the	 presence	 of	 a	 second,	 maintenance	

methyltransferase	that	is	encoded	by	a	highly	diverse	gene.		

Taken	 together,	 we	 demonstrate	 that	 epigenetic	 regulation	 is	 a	 crucial	 component	 of	

genome	stability	in	Z.	tritici	that	likely	contributes	to	the	high	genomic	diversity	in	natural	

populations.	

	 	



Zusammenfassung	

 4	
 

Zusammenfassung	
Die	Genome	von	Pilzen	weisen	eine	außergewöhnliche	Vielfalt	innerhalb	und	zwischen	

Arten	 auf.	 Obwohl	 Fortschritte	 in	 populationsgenetischen	 Studien	 die	 Variabilität	 von	

Genomen	hervorheben,	 ist	wenig	über	die	 zugrunde	 liegenden	Mechanismen	bekannt,	

welche	 die	 Diversifikation	 vorantreiben.	 Der	 Schwerpunkt	 dieser	 Arbeit	 ist	 die	

Untersuchung	 der	 Dynamiken	 und	 Mechanismen	 der	 Genom-	 und	 Chromosomen-

stabilität	des	pathogenen	Pilzes	Zymoseptoria	tritici.		

In	 Kapitel	 I	 besprechen	 wir	 die	 jüngsten	 Fortschritte	 im	 Forschungsgebiet	 der	

Genomevolution	 von	 Pflanzenpathogenen.	 Wir	 kommen	 zu	 dem	 Schluss,	 dass	 die	

moderne	 Landwirtschaft	 einen	 großen	 Einfluss	 auf	 die	 Struktur	 und	 die	 genetische	

Vielfalt	 von	 Pathogen	 Populationen	 hat.	 Wichtige	 Faktoren	 der	 Genomevolution	 sind	

mobile	 genetische	 Elemente,	 die	 eine	 hohe	 Diversität	 und	 schnelle	 Anpassung	

ermöglichen.		

Auch	 in	 Populationen	 des	 Weizenpathogens	 Z.	 tritici	 wurde	 eine	 große	 genetische	

Diversität	 dokumentiert.	 Neben	 struktureller	 Variation	 von	 Chromosomen	 gibt	 es	

spezielle	 Chromosomen,	 die	 als	 akzessorische	 Chromosomen	 bezeichnet	 werden	 und	

deren	An-	und	Abwesenheit	in	verschiedenen	Isolaten	variiert.	Während	Vorhandensein	

oder	 Fehlen	 dieser	 Chromosomen	 bisher	 mit	 Meiose	 in	 Verbindung	 gebracht	 wurde,	

zeigen	wir	 in	Kapitel	 II,	dass	akzessorische	Chromosomen	auch	während	vegetativem	

Wachstums	 sehr	 instabil	 sind,	 was	 zu	 hohen	 Chromosomenverlusten	 führt.	 Erhöhte	

Temperaturen	 steigern	 die	 Verlustraten	 zusätzlich	 und	 fördern	 Instabilität	 und	

Umstrukturierung	von	Chromosomen.	Wir	zeigen,	dass	der	Verlust	von	akzessorischen	

Chromosomen	die	Fähigkeit	des	Pilzes	zur	Infektion	der	Pflanze	beeinflusst,	was	auf	eine	

adaptive	Rolle	der	Chromosomendynamik	in	Z.	tritici	hinweist.	

Neben	 strukturellen	 Unterschieden,	 besonders	 mobile	 genetische	 Elemente	 und	

Häufigkeit	 von	 Genen	 betreffend,	 sind	 akzessorische	 Chromosomen	 geprägt	 von	

Heterochromatin.	 Die	 Histonmodifikation	 H3K27me3,	 ein	 Marker	 für	 fakultatives	

Heterochromatin,	ist	besonders	häufig	auf	den	akzessorischen	Chromosomen	zu	finden.	

Mobile	 genetische	 Elemente,	 die	 auf	 akzessorischen	 Chromosomen	 besonders	 häufig	

vorkommen,	 werden	 durch	 H3K9me3	 inaktiviert.	 In	Kapitel	 III	 untersuchen	 wir	 die	

Folgen	des	Verlustes	dieser	Heterochromatin-assoziierten	Histonmodifikationen	für	die	

Stabilität	 von	 Chromosomen.	 Wir	 stellen	 fest,	 dass	 der	 Verlust	 von	 H3K27me3	 die	

Stabilität	 der	 akzessorischen	 Chromosomen	 erhöht,	 wodurch	 die	 Rate	 der	
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Chromosomenverluste	 signifikant	 reduziert	 wird.	 Das	 Fehlen	 von	 H3K9me3	 führte	

jedoch	 zu	 dramatischer	 Instabilität	 des	 gesamten	 Genoms,	 was	 sich	 in	 Form	 von	

Chromosomenumstrukturierungen,	dem	Abbruch	von	Chromosomenenden	und	großen	

Bereichen	 von	 duplizierten	 Sequenzen	 äußert.	 Außerdem	 ist	 die	 Transkription	 von	

mobilen	genetischen	Elemente	erhöht,	wenn	H3K9me3	nicht	vorhanden	ist.	Wir	kommen	

zu	 dem	 Schluss,	 dass	 H3K9me3	 und	 die	 Inaktivierung	 von	 mobilen	 genetischen	

Elementen	 essentiell	 für	 die	 Aufrechterhaltung	 der	 Genomstabilität	 sind,	 während	

H3K27me3	eine	spezifische	Rolle	bei	der	Weitergabe	von	akzessorischen	Chromosomen	

spielt.		

Neben	 Histonmodifikationen	 spielt	 die	 DNA-Methylierung	 eine	 wichtige	 Rolle	 bei	 der	

Regulation	 des	 Genoms.	 Frühere	 Studien	 kamen	 zu	 dem	 Schluss,	 dass	 aufgrund	 der	

Inaktivierung	 des	 DNA-Methyltransferase-Gens	 Ztdim2,	 DNA-Methylierung	 in	 Z.	 tritici,	

nicht	vorhanden	sei.	In	Kapitel	IV	zeigen	wir,	dass	DNA-Methylierung	in	Z.	tritici	existiert.	

Wir	stellen	fest,	dass	einige	Isolate	ein	funktionierendes	Ztdim2	Gen	enthalten,	welches	

wahrscheinlich	durch	Introgression	aus	eng-verwandten	Arten	erhalten	wurde,	und	die	

dadurch	DNA-Methylierung	aufweisen.	Darüber	hinaus	demonstrieren	wir	geringe,	aber	

nachweisbare	Mengen	an	DNA-Methylierung	auch	in	den	Isolaten,	die	kein	funktionelles	

Ztdim2	 Gen	 enthalten.	 Dies	 lässt	 sich	 durch	 das	 Vorhandensein	 eines	 zweiten,	 sehr	

diversen	Gens	erklären,	das	mutmaßlich	für	eine	weitere	DNA-Methyltransferase	kodiert,	

die	wichtig	ist	für	die	Erhaltung	von	DNA-Methylierung.			

Mit	 dieser	 Arbeit	 zeigen	 wir,	 dass	 epigenetische	 Regulation	 eine	 entscheidende	

Komponente	der	Genomstabilität	in	Z.	tritici	ist,	die	wahrscheinlich	zur	hohen	genetischen	

Vielfalt	in	den	natürlich	vorkommenden	Populationen	beiträgt.	
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General	Introduction	
	
The	ability	to	evolve	and	adapt	to	changing	environments	is	essential	for	every	organism	

to	survive.	The	molecular	basis	of	evolution	and	adaptation	are	changes	at	 the	genetic	

level.	 Genetic	 variability	 can	 be	 found	 throughout	 all	 forms	 of	 life	 and	 resembles	 the	

consequences	of	evolution.	Variability	on	a	genomic	level	appears	 in	distinct	ways	and	

ranges	 from	 single	 nucleotide	 polymorphisms	 to	 large	 structural	 rearrangements,	

genome	 size	 variation	 and	 ploidy	 differences.	 Although	 more	 and	 more	 of	 these	

variabilities	are	detected	based	on	large-scale	population	genetic	studies,	little	is	known	

about	the	mechanisms	that	enable	genome	diversification.	

Comparative	 genomics	 and	 population	 genomic	 analyses	 have	 demonstrated	 that	 the	

genomes	of	 fungal	pant	pathogens	display	high	variability	and	can	evolve	very	rapidly	

(Raffaele	&	Kamoun,	2012).	Due	to	reoccurring	strong	selection	pressures	pathogens	have	

to	rapidly	adapt	to	changing	environmental	conditions	(McDonald	&	Stukenbrock,	2016).	

Recent	studies	suggest	that	transposable	elements	(TEs)	are	important	drivers	of	rapid	

adaptation	(Grandaubert	et	al.,	2014;	Faino	et	al.,	2016).	They	can	contribute	to	genetic	

diversity	 either	 directly	 by	 mutation	 of	 sequences	 (e.g.	 integration)	 or	 indirectly	 by	

recruitment	 of	 genome	 defense	 mechanisms	 resulting	 in	 silencing	 and	 inactivation	

(Hollister	&	Gaut,	2009).	Furthermore,	multiple	copies	of	similar	TEs	in	the	genome	can	

serve	 as	 targets	 for	 recombination	 and	 thereby	 promote	 genome	 rearrangements	

(Kazazian,	2004).		

In	many	fungal	genomes,	specific	regions	that	are	enriched	with	transposable	elements	

have	been	identified	(Raffaele	&	Kamoun,	2012;	Möller	&	Stukenbrock,	2017).	While	some	

comprise	 distinct	 compartments	 located	 on	 core	 chromosomes,	 entire	 chromosomes	

deviate	in	structure	and	TE	content	from	core	chromosomes	in	some	species.	Often,	these	

compartments	or	 chromosomes	are	 important	 for	pathogenicity	and	contain	virulence	

factors.	 For	 example,	 lineage-specific	 chromosomes	 in	 Fusarium	 species	 confer	 host	

specificity	(Ma	et	al.,	2010;	Vlaardingerbroek	et	al.,	2016),	while	lineage-specific	regions	

in	 Verticillium	 dahliae	 (De	 Jonge	 et	 al.,	 2013)	 and	 AT-rich	 regions	 in	 Leptosphaeria	

maculans	 (Rouxel	et	al.,	 2011)	harbor	virulence	genes.	However,	 the	 function	of	 these	

compartments	 can	 vary	 and	 is	 not	 always	 associated	with	 a	 fitness	 benefit.	 E.g.,	 some	

accessory	chromosomes	of	the	wheat	pathogen	Zymoseptoria	tritici	were	shown	to	confer	

reduced	fitness	during	plant	infection	(Habig	et	al.,	2017).	Besides	divergence	in	genetic	

composition,	 the	 chromatin	 structure	 of	 these	 	 regions	 has	 been	 shown	 to	 be	mainly	
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heterochromatic	 (Galazka	 &	 Freitag,	 2014;	 Soyer	 et	 al.,	 2014;	 Schotanus	 et	 al.,	 2015).	

Chromatin	 immunoprecipitation	 (ChIP)	 sequencing	 discovered	 enrichment	 with	

heterochromatin-associated	 histone	 marks,	 namely	 H3K9me3	 and	 H3K27me3	

methylation.	While	H3K9me3	is	strongly	associated	to	repeated	sequences	and	reflects	

enrichment	of	transposable	elements,	H3K27me3	is	considered	as	a	hallmark	of	accessory	

chromosomes	in	fungi	(Figure	1)	(Galazka	&	Freitag,	2014;	Schotanus	et	al.,	2015).		

Figure	1.	Enrichment	of	H3K27me3	(orange)	on	core	and	accessory	chromosomes	
of	Zymoseptoria	tritici	isolate	Zt09.	H3K27me3	enrichment	on	core	chromosomes	(1	–	
13)	 is	 predominantly	 located	 in	 the	 subtelomeric	 regions,	 except	 for	 the	 right	 arm	 of	
chromosome	7.	Here,	an	accessory	chromosome	possibly	fused	to	a	core	chromosome.	In	
contrast	to	the	core	chromosomes,	the	entire	length	of	accessory	chromosomes	(14	–	21)	
is	enriched	with	the	facultative	heterochromatin	mark	H3K27me3.	Chromosome	18	is	not	
present	in	the	isolate	Zt09	(Schotanus	et	al.,	2015).	Chromosomes	and	enrichment	were	
visualized	using	PhenoGram	(Wolfe	et	al.,	2013).	
	

The	wheat	 pathogen	Zymoseptoria	 tritici	 provides	 an	 excellent	model	 system	 to	 study	

genome	and	chromosome	dynamics.	Z.	tritici	is	a	hemibiotrophic	pathogen	specialized	to	

infect	wheat	and	responsible	for	extensive	annual	yield	loss	in	Europe	and	North	America	

(Ponomarenko	et	al.,	2011;	Fones	&	Gurr,	2015;	Torriani	et	al.,	2015).	The	divergence	of	

this	pathogen	from	wild	grass	infecting	sister	species	co-occurred	with	the	domestication	

of	wheat	in	the	Fertile	Crescent	(Stukenbrock	et	al.,	2007,	2011).	Infection	takes	place	in	

the	 leaves,	 where	 the	 fungus	 colonizes	 the	mesophyll	 after	 entering	 through	 stomata	
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(Rudd	et	al.,	2015;	Haueisen	et	al.,	2017).	Reproduction	occurs	both	asexually,	with	the	

formation	of	pycnidia,	or	sexually	involving	the	formation	of	pseudothecia.	The	genetic	

diversity	between	Z.	tritici	isolates	is	very	high.	Population	genetic	studies	estimated	the	

diversity	 found	 in	 one	 field	 to	 be	 as	 high	 as	 the	 diversity	 detected	 on	 a	 global	 scale	

(McDonald	&	Martinez,	1991;	Linde	et	al.,	 2002).	The	genome	of	 the	 reference	 isolate	

IPO323	 comprises	 21	 chromosomes	 that	 are	 completely	 assembled	 from	 telomere	 to	

telomere	(Goodwin	et	al.,	2011).	Out	of	these	21	chromosomes,	thirteen	are	considered	

as	 core	 chromosomes	 and	 eight	 as	 accessory	 chromosomes.	 Accessory	 chromosomes	

show	presence/absence	polymorphisms	between	different	isolates	and	display	structural	

rearrangements	(Figure	2).		

Figure	 2.	 Pulsed-field	 gel	 electrophoresis	 separating	 accessory	 chromosomes	 of	
different	 Zymoseptoria	 tritici	 isolates.	 Structure	 and	 number	 of	 accessory	
chromosomes	are	highly	variable	between	isolates.	Shown	here	are	the	reference	isolate	
IPO323,	Zt09	(a	derivate	of	IPO323	that	lost	chromosome	18	during	sub-culturing	in	the	
laboratory),	Zt05	(collected	in	Denmark),	Zt10	and	Zt11	(both	originating	from	Iran).	The	
loss	 of	 chromosome	 18	 in	 Zt09	 cannot	 be	 detected	 because	 of	 its	 similar	 size	 to	
chromosomes	16	and	17	that	form	one	band	at	~	610	kb.	Chromosome	size	marker	(M):	
Saccharomyces	cerevisiae.	

IPO323 Zt09 Zt05 Zt10 Zt11
M

(kb)

225

285

365

450

565
610

680

750
785
825

945
1,020
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They	furthermore	contain	a	higher	TE	content	and	lower	gene	density	compared	to	core	

chromosomes	and	display	very	little	transcriptional	activity	(Goodwin	et	al.,	2011;	Kellner	

et	al.,	2014;	Grandaubert	et	al.,	2015).	Moreover,	they	have	been	shown	to	be	unstable	

during	meiosis	(Wittenberg	et	al.,	2009).	However,	telomeres	and	centromeres,	important	

structural	components	of	chromosome	stability,	do	not	differ	between	core	and	accessory	

chromosomes	 (Schotanus	 et	 al.,	 2015).	 As	 observed	 in	 other	 fungi,	 all	 accessory	

chromosomes	of	Z.	tritici	are	highly	enriched	with	the	facultative	heterochromatin	mark	

H3K27me3.	Interestingly,	the	right	chromosome	arm	of	core	chromosome	7	resembles	an	

accessory	 chromosome	 with	 a	 similar	 H3K27me3	 enrichment	 suggesting	 potential	

rearrangements	between	core	and	accessory	chromosomes	(Figure	1)	(Schotanus	et	al.,	

2015).	 The	 high	 variability	 in	 chromosome	 structure	 and	 the	 particular	 histone	

methylation	pattern	on	accessory	chromosomes	make	Z.	tritici	an	excellent	model	to	study	

the	effect	of	epigenetics	on	chromosome	dynamics.	
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Scope	of	the	Thesis	
	
Chapter	I	
“Evolution	and	genome	architecture	in	fungal	plant	pathogens”	

	
Fungal	 genomes	 display	 high	 variability.	 Especially	 fungal	 plant	 pathogens	 have	 been	
shown	 to	 rapidly	 adapt	 to	 changing	 environments	 and	 selection	 pressures,	 likely	
mediated	 by	modern	 agriculture.	 In	 this	 review,	we	 outline	 recent	 studies	on	genome	
evolution	 in	 fungal	 plant	 pathogens	 and	 discuss	 possible	mechanisms	 and	 population	
dynamics	that	drive	the	extraordinary	genome	flexibility.	
	

• What	is	the	role	of	modern	agriculture	in	evolution	of	fungal	plant	pathogens?	
• How	does	the	population	size	affect	genome	evolution?	
• To	what	extent	do	transposable	elements	and	epigenetic	regulation	contribute	to	

genetic	variation?	
	
	
Chapter	II	
“Extraordinary	genome	instability	and	widespread	chromosome	rearrangements	

during	vegetative	growth”	

	

Accessory	 chromosomes	 in	Zymoseptoria	 tritici	 are	 unstable	 during	meiosis,	 however,	
little	is	known	about	the	stability	during	asexual	growth.		
Based	on	previous	observations,	we	hypothesize	that	chromosome	loss	is	not	unique	to	
meiosis	but	readily	occurs	during	mitotic	growth.	The	main	objectives	of	this	study	are:	
	

• At	what	rate	do	chromosome	losses	occur	during	mitosis	in	vitro	and	in	planta?	
• Are	specific	accessory	chromosomes	lost	at	a	higher	rate	than	others?	
• Does	temperature	stress	affect	chromosome	stability?	
• Is	the	observed	chromosome	loss	specific	to	Z.	tritici	or	a	conserved	phenomenon	

shared	with	sister	species?		
• What	 are	 the	 phenotypic	 consequences	 of	 chromosome	 losses	 in	 planta	 and	 in	

vitro?	
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Chapter	III	
“The	role	of	heterochromatin	in	genome	and	chromosome	stability	in	a	fungal	plant	

pathogen”	

	
In	Chapter	II	we	demonstrated	that	accessory	chromosomes	are	lost	at	a	high	rate	during	
mitotic	growth.	Previous	studies	showed	that	accessory	chromosomes	of	Z.	tritici	differ	
from	core	chromosomes	in	terms	of	transcription	and	transposable	element	content	and	
display	a	particular	heterochromatic	pattern.	These	findings	and	similar	observations	of	
specific	enrichment	of	facultative	heterochromatin	on	accessory	chromosomes	in	other	
fungi	 led	to	 the	hypothesis	 that	histone	modifications	are	 involved	 in	the	stability	and	
transcriptional	regulation	of	accessory	chromosomes.	In	this	chapter,	we	study	the	effect	
of	 absence	 of	 the	 heterochromatin	 histone	 marks	 H3K9me3	 and	 H3K27me3	 on	
chromosome	loss	and	genome	stability	in	Z.	tritici.	The	research	questions	addressed	in	
this	study	are:	
	

• How	does	absence	of	a	heterochromatic	histone	mark	influence	the	distribution	
of	other	histone	marks?	

• Does	 loss	 of	 H3K9me3	 and	 H3K27me3	 result	 in	 transcriptional	 activation	 of	
otherwise	silenced	genes?	

• What	are	 the	 consequences	of	 the	methyltransferase	deletions	on	genome	and	
chromosome	stability	over	extended	periods	of	mitotic	growth?	

	
	
Chapter	IV	
“DNA	methylation	varies	in	Zymoseptoria	species”	

	
DNA	methylation	is	considered	to	be	absent	in	Zymoseptoria	tritici	due	to	inactivation	of	
a	DNA	methyltransferase	gene,	Ztdim2.	Based	on	genome	analyses	of	multiple	Z.	 tritici	
genomes,	we	hypothesize	that	a	number	of	Z.	tritici	isolates	contain	a	functional	Ztdim2	
gene.	Furthermore,	we	identified	a	second	putative	DNA	methyltransferase	encoding	gene	
in	the	genomes	of	all	examined	isolates.	Hence,	we	hypothesize	that	DNA	methylation	is	
not	completely	absent	in	Z.	tritici.	To	further	investigate	the	presence	of	DNA	methylation	
we	focused	on	the	following	objectives:	
	

• How	many	isolates	contain	a	putatively	functional	Ztdim2	gene?	
• Is	DNA	methylation	detectable	in	the	strains	that	contain	an	intact	Ztdim2?	
• Does	the	second	putative	DNA	methyltransferase	catalyze	DNA	methylation,	even	

in	strains	containing	an	inactive	Ztdim2?	
	 	



	

 15	

	 	



	

 16	
 

	 	



	

 17		 	



	

 18	
 

	 	

Title	picture	is	modified	from		
Möller	&	Stukenbrock	2017,		
“Evolution	and	genome	architecture	in	fungal	plant	
pathogens”	
Nature	Reviews	Microbiology	



Genome	evolution	in	fungal	plant	pathogens	

 19	

Chapter	I	
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Environmental	 Genomics,	 Christian-Albrechts	 University	 of	 Kiel,	 Am	 Botanischen	
Garten	1–9,	24118	Kiel,	Germany.	

Max	 Planck	 Institute	 of	 Evolutionary	 Biology,	 August-Thienemann-Straße	 2,	 24306	
Plön,	Germany.	

	

This	review	has	been	published	in	Nature	Reviews	Microbiology,	Volume	15,	pages	756–
771	(2017),	doi:10.1038/nrmicro.2017.76	

	

Abstract	
The	 fungal	 kingdom	 comprises	 some	 of	 the	 most	 devastating	 plant	 pathogens.	

Sequencing	 the	genomes	of	 fungal	 pathogens	 has	 shown	 a	 remarkable	variability	 in	

genome	size	and	architecture.	Population	genomic	data	enable	us	 to	understand	 the	

mechanisms	and	the	history	of	changes	in	genome	size	and	adaptive	evolution	in	plant	

pathogens.	 Although	 transposable	 elements	 predominantly	 have	 negative	 effects	 on	

their	host,	fungal	pathogens	provide	prominent	examples	of	advantageous	associations	

between	 rapidly	 evolving	 transposable	 elements	 and	 virulence	 genes	 that	 cause	

variation	in	virulence	phenotypes.	By	providing	homogeneous	environments	at	large	

regional	scales,	managed	ecosystems,	such	as	modern	agriculture,	can	be	conducive	for	

the	 rapid	 evolution	 and	 dispersal	 of	 pathogens.	 In	 this	 Review,	 we	 summarize	 key	

examples	from	fungal	plant	pathogen	genomics	and	discuss	evolutionary	processes	in	

pathogenic	 fungi	 in	 the	 context	 of	 molecular	 evolution,	 population	 genomics	 and	

agriculture.	
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Key	points	
• During	 crop	 production,	 fungal	 plant	 pathogens	 cause	 severe	 yield	 losses.	

Uniform	 agricultural	 ecosystems	 are	 conducive	 for	 the	 rapid	 evolution	 and	

dissemination	of	pathogens.	

• The	genomes	of	fungal	plant	pathogens	can	vary	in	size	and	composition,	even	

between	 closely	 related	 species.	 Differences	 in	 the	 content	 of	 transposable	

elements	cause	variation	in	genome	architecture.	

• Variation	in	genome	architecture	results	from	differences	in	population	genetic	

factors,	including	effective	population	size	and	the	strength	of	genetic	drift.	

• During	periods	of	low	effective	population	size,	non-adaptive	mutations,	such	as	

transposable	elements,	can	invade	genomes	and	shape	their	architecture.	

• Transposable	 elements	 contribute	 to	 the	 establishment	 and	 maintenance	 of	

rapidly	evolving	genome	compartments	that	can	comprise	virulence	genes.	High	

mutation	rates	in	 these	compartments	support	 the	evolution	of	new	virulence	

phenotypes.	
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Main	
Infectious	diseases	have	an	enormous	economic	impact	on	crop	production	worldwide.	

Among	the	most	devastating	plant	pathogens	are	fungi	that	use	plant	tissues	for	their	

reproduction	and	dispersal1.	Fungal	plant	pathogens	exhibit	remarkable	genomic	and	

reproductive	plasticity,	and	are	represented	in	different	phyla	 throughout	the	 fungal	

tree	 of	 life	 (Fig.	 1).	 This	 widespread	 distribution	 suggests	 that	 there	 have	 been	

numerous	 transitions	 from	 non-pathogenic	 to	 pathogenic	 lifestyles	 and	 vice	 versa2.	

Fungi	can	infect	and	colonize	all	plant	tissues	and	have	evolved	different	strategies	to	

feed	 on	 plant-derived	 substrates.	 Broadly	 speaking,	 plant	 pathogens	 are	 defined	 as	

biotrophs3,	necrotrophs4,5	and	hemibiotrophs	(Table	1).		

Plant	 pathogens	 colonize	 their	 host	 by	 escaping	 host	 defences	 (induced	 and	 non-

induced),	 which	 include	 physical	 and	 chemical	 barriers,	 and	 specific	 resistance	

proteins	that	target	pathogen-produced	molecules6,7.	To	avoid	recognition	by	the	host	

immune	system	and	to	suppress	host	defences,	fungi	secrete	'effectors'	that	act	in	the	

apoplastic	space	or	the	symplastic	space3.	Some	effectors	are	translocated	to	cellular	

compartments	 (for	 example,	 chloroplasts	 or	 nuclei),	 where	 they	 manipulate	 host	

transcription	to	favour	pathogen	invasion8,9.	Other	effectors	manipulate	host	defences	

by	 interfering	 with	 plant	 metabolism10.	 To	 counteract	 pathogen	 invasion,	 plants	

produce	resistance	proteins;	these	proteins	are	activated	by	effector-mediated	signals	

and	 are	 responsible	 for	 signal-transduction	 events	 that	 activate	 plant	 defences	 and	

block	 pathogen	 growth7.	 Ultimately,	 the	 outcome	 of	 infection	 is	 determined	 by	 the	

ability	of	the	pathogen	to	overcome	the	immune	system	of	the	host	and	the	ability	of	

the	plant	to	block	pathogen	invasion7.	
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Figure	 1.	 Fungal	 plant	 pathogens	with	 diverse	 lifestyles	 and	 hosts.	 This	 figure	
shows	 the	 phylogenetic	 relationships	 between	 the	 major	 groups	 of	 fungal	 plant	
pathogens	that	belong	to	the	two	fungal	phyla	Ascomycetes	and	Basidiomycetes,	and	
their	respective	host	plants	(right	hand	side).	*In	the	case	of	a	broad	host	range,	the	
host	plant	of	a	reference	isolate	that	was	used	for	genome	sequencing	is	depicted.	The	
phylogenetic	tree	was	generated	using	phyloT,	based	on	NCBI	taxonomy	and	visualized	
using	interactive	Tree	of	Life	(iTOL)137.	f.	sp.,	formae	speciales.	
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Table	1.	Genome	and	lifestyle	characteristics	of	different	fungal	plant	pathogens.	



Genome	evolution	in	fungal	plant	pathogens	

 25	

In	natural	ecosystems,	the	antagonistic	interaction	between	plants	and	their	pathogens	

drives	a	co-evolutionary	dynamic	in	which	plants	evolve	to	recognize	pathogens,	and	

pathogens	 evolve	 to	 avoid	 plant	 defence	 systems11,12,13,14.	 These	 co-evolutionary	

processes	shape	genetic	variation	at	the	genomic	and	population	levels	in	both	plants	

and	 pathogens.	 However,	 in	 managed	 ecosystems,	 crops	 evolve	 through	 artificial	

(rather	 than	 natural)	 selection,	 in	 which	 agriculturally	 desired	 traits	 are	 favoured.	

Therefore,	 pathogens	 may	 be	 confronted	 with	 the	 replacement	 of	 host	 resistance	

factors	in	each	new	growing	season.	Moreover,	instant	changes	in	the	genetic	make-up	

of	host	populations	can	occur	over	regional	and	continental	scales,	at	which	new	crop	

cultivars	are	distributed.	The	complete	replacement	of	host	genotypes	and	resistance	

factors	over	large	geographical	areas	selects	for	the	recurrent	replacement	of	virulence	

phenotypes,	the	fast	and	efficient	spread	of	virulent	pathogens	(Fig.	2).	

We	 still	 lack	 systematic	 comparisons	 of	 pathogens	 on	wild	 and	 cultivated	 plants	 that	

assess	 whether	 agriculture	 selects	 for	 rapid	 evolution	 in	 fungal	 pathogens.	 However,	

comparative	genomic	analyses	of	plant	and	animal	pathogens	have	revealed	that	 fungi	

have	the	capacity	to	rapidly	evolve	and	adapt	to	new	environmental	conditions15,16,17,18,19.	

In	 fungal	 plant	 pathogens,	 transposable	 elements	 and	 genome	 plasticity	 have	 been	

described	 as	 important	 drivers	 of	 rapid	 evolution20,21,22,	 which	 challenges	 the	

development	of	sustainable	management	strategies	for	plant	production	and	protection.	

In	 this	Review,	we	summarize	key	examples	 from	fungal	plant	pathogen	genomics	and	

discuss	evolutionary	processes	 in	pathogenic	 fungi	 in	 the	 light	of	molecular	evolution,	

population	 genetics	 and	 agriculture.	 In	 addition,	 we	 consider	 how	 the	 field	 can	move	

forward,	considering	the	roles	of	genome	plasticity	and	population	genetics	parameters	

in	pathogen	evolution.	
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Figure	2.	Models	of	host−pathogen	co-evolution.	a–c	|	The	'trench	warfare'	scenario.	a	
|	The	trench	warfare	scenario	can	occur	in	heterogeneous	environments,	such	as	those	
present	in	natural	ecosystems,	in	which	local	adaptation	leads	to	a	diversity	of	effector	
and	 resistance	 alleles	 in	 the	 host–pathogen	 populations	 that	 are	 maintained	 over	
evolutionary	 time.	 b	 |	 Positive	 diversifying	 selection	 (balancing	 selection)	 maintains	
multiple	 alleles	 in	 the	 host	 (H1,	 H2	 and	 H3)	 and	 the	 pathogen	 (P1,	 P2,	 P3	 and	 P4)	
populations	 over	 evolutionary	 time.	 The	 vertical	 line	 shows	 a	 random	 time	 point.	 c	 |	
Inference	 of	 allele	 frequencies	 at	 a	 given	 generation	 shows	 an	 excess	 of	 alleles	 at	
intermediate	frequencies	in	the	host	and	pathogen	populations.	d–f	|	'Arms	race'	model.	
d	|	The	arms	race	model	describes	the	recurrent	fixation	of	alleles	at	co-evolving	loci	in	a	
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host–pathogen	 system	 and	 reflects	 the	 dynamics	 in	 agricultural	 ecosystems.	 The	
interactions	between	effectors	and	resistance	gene	products	determine	the	outcome	of	
pathogen	infection;	pathogens	that	have	effector	alleles	that	enable	successful	invasion	
select	 for	 new	 resistance	 alleles	 in	 the	 host.	 A	 new	 resistance	 allele	 confers	 a	 fitness	
advantage	 and	 is	 selected	 for	 by	 positive	 directional	 selection.	 The	 allele	 will	 reach	
fixation	when	all	individuals	in	the	host	population	have	the	respective	resistance	allele.	
A	 new	 virulence	 allele	 that	 confers	 susceptibility	 in	 the	 host	 population	 is	 strongly	
selected	 for	and	 is	 fixed	 in	the	pathogen	population.	This	cycle	continues	ad	 infinitum.	
Positive	selection	of	a	highly	advantageous	allele	can	result	 in	a	selective	sweep	(local	
depletion	of	genomic	variation),	as	the	allele	is	fixed	in	the	population.	e	|	In	agricultural	
ecosystems,	new	alleles	in	the	host	population	can	be	introduced	very	rapidly	(blue	lines),	
which	drives	the	recurrent	fixation	of	alleles	in	pathogen	populations	(orange	and	yellow	
lines)	by	positive	directional	selection.	The	vertical	lines	show	a	random	time	point.	f	|	At	
the	start	of	a	new	season	(t1),	a	crop	that	has	a	new	resistance	allele	(blue)	is	introduced.	
In	the	beginning,	the	frequency	of	the	respective	virulence	allele	(orange)	in	the	pathogen	
population	is	low,	but	rapidly	increases	until	it	reaches	fixation	(t2).		
	
Pathogen	evolution	and	agriculture	
Managed	and	natural	ecosystems	represent	different	environments	for	the	propagation	

and	 evolution	 of	 pathogens.	 The	 host	 population	 in	 an	 agricultural	 field	 consists	 of	

densely,	 but	 uniformly	 (both	 in	 space	 and	 time),	 distributed	 genetically	 identical	

individuals.	Moreover,	cultivars	of	agricultural	crops	are	genetically	highly	similar	and	

mainly	differ	at	a	few	loci	that	have	been	targets	for	selective	crop	breeding.	By	contrast,	

the	host	population	in	a	natural	ecosystem	consists	of	genetically	diverse	individuals	that	

are	heterogeneously	distributed	in	space	and	time.	

Arabidopsis	thaliana	has	been	a	valuable	model	for	studying	the	co-evolutionary	dynamics	

of	plants	and	pathogens	in	natural	ecosystems.	Resistance	genes	in	A.	thaliana	represent	

some	of	the	most	variable	genes	in	the	genome,	which	suggests	that	pathogens	select	for	

genetic	variation	at	 interacting	 loci23,24.	The	effect	of	 ecological	 variation	 in	wild	host–

pathogen	systems	has	furthermore	been	extensively	studied	in	two	model	pathosystems:	

flax–rust	Linum	marginale–Melampsora	 lini	and	Plantago–mildew	Plantago	 lanceolata–

Podosphaera	plantaginis12,25,26.	These	studies	have	shown	that	both	biotic	(biological)	and	

abiotic	(environmental)	factors	contribute	to	the	metapopulation	dynamics	of	pathogens	

on	wild	plants.	However,	in	both	pathosystems,	a	main	determinant	of	genetic	variation	

and	 disease	 prevalence	 is	 antagonistic	 host–pathogen	 co-evolution.	 Consequently,	

metapopulation	dynamics	of	both	pathogens	in	a	natural	ecosystem	are	characterized	by	
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recurrent	 population	 extinction	 and	 re-colonization	 events,	 which	 lead	 to	 population	

bottlenecks	and	the	severe	loss	of	genetic	variation	at	local	scales25,26.	

How	do	these	dynamics	compare	with	the	dynamics	 in	managed	ecosystems	that	have	

uniform	host	distributions	and	in	which	a	complete	change	in	the	genetic	make-up	of	the	

host	 population	 can	 occur	 from	 one	 year	 to	 the	 next?	 The	 introduction	 of	 new	 host	

resistance	genes	in	managed	ecosystems	can	also	trigger	the	local	extinction	of	pathogen	

populations	and	give	rise	to	the	rapid	emergence	of	new	populations	that	are	genetically	

distinct	 from	 the	 ancestral	 populations.	 Population	 genetics	 analyses	 (on	 the	 basis	 of	

temporal	 and	 spatial	 sampling)	 of	 the	 poplar	 rust	 fungus	Melampsora	 larici-populina	

revealed	substantial	changes	in	the	structure	of	the	pathogen	population,	which	coincided	

with	the	breakdown	of	a	major	poplar	resistance	gene27.	A	few	virulent	M.	larici-populina	

isolates	 gave	 rise	 to	 this	 new	 population,	 which	 rapidly	 expanded	 and	 replaced	 the	

ancestral	rust	population	on	poplar	trees	in	France	within	20	years27.	

Existing	pathogen	populations	may	also	rapidly	evolve	to	overcome	new	host	resistances.	

A	 study	 of	 the	 pathogen	 Leptosphaeria	 maculans	 'brassicae',	 which	 causes	 blackleg	

disease	in	oilseed	rape,	showed	how	fast	a	new	plant	resistance	gene	can	be	overcome	by	

positive	selection	of	a	mechanism	that	increases	local	genetic	diversity28.	Changes	in	the	

frequency	of	effector	alleles	in	this	pathogen	were	monitored	in	response	to	a	new	oilseed	

rape	resistance	gene,	RLM7.	The	product	of	this	gene,	RLM7,	recognizes	the	effector	gene	

product	AvrLm7,	which	is	a	virulence	factor	expressed	by	L.	maculans	'brassicae'	during	

infection.	 The	 introduction	 of	 RLM7	 caused	 a	 rapid	 allelic	 diversification	 of	 AVRLM7,	

which	 included	 mutations	 that	 prevent	 recognition	 by	 RLM7.	 Over	 four	 years,	 the	

frequency	 of	 virulent	 AVRLM7	 L.	 maculans	 'brassicae'	 isolates	 increased	 by	 40%28.	

AVRLM7	 is	 found	 in	 a	 repeat-rich	 genomic	 compartment	 that	 is	 characterized	 by	 an	

increased	mutation	rate;	this	promoted	the	rapid	escape	of	host	resistances29.	Repeat-rich	

genome	compartments	are	found	in	numerous	other	fungal	pathogen	genomes	and	will	

be	described	in	detail	below.	

The	 rapid	 evolution	 of	 crop	 pathogens	 is	 also	 promoted	 by	 agricultural	 trade	 that	

distributes	 genetically	 identical	 crops	 between	 continents30.	 Not	 only	 are	 agricultural	

products	moved	around	but	also	pathogens	are	introduced	to	new	continents,	and	species	

that	would	otherwise	be	separated	by	continents	come	into	contact	with	each	other.	The	

consequences	 of	 agricultural	 trade	 are	 recently	 exemplified	 by	 the	 emergence	 of	 the	
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wheat	 blast	 pathogen	 Magnaporthe	 oryzae	 (also	 known	 as	 Pyricularia	 oryzae)	 in	

Bangladesh31,32.	Population	genomics	and	phylogenetic	analyses	have	shown	that	the	M.	

oryzae	lineage	that	caused	the	outbreak	in	Bangladesh	originated	from	South	America	and	

was	probably	 introduced	through	 infected	wheat	material	 imported	 from	Brazil31.	The	

global	 movement	 of	 pathogens	 with	 crop	 or	 forestry	 products	 can	 also	 promote	 the	

emergence	of	new	hybrid	pathogens	by	mixing	native	and	introduced	pathogen	species	

(for	 example,	 the	 emergence	 of	 Dutch	 elm	 disease).	 The	 mixing	 of	 geographically	

separated	lineages	of	Ophiostoma	novo-ulmi	and	Ophiostoma	ulmi	through	trade	gave	rise	

to	 new	 virulent	 pathogens,	 which	 greatly	 affected	 the	 European	 population	 of	 elm	

trees33,34.	

In	 short,	 agricultural	 ecosystems,	 including	 managed	 forest	 systems,	 represent	

environments	that	are	highly	conducive	 for	the	rapid	evolution	and	dispersal	of	 fungal	

plant	 pathogens35.	 Managed	 ecosystems	 can	 promote	 large	 and	 stable	 populations	 of	

pathogens	that	can	respond	to	rapid	changes	in	host	resistance	factors	by	evolving	new	

virulence	 traits35.	 Understanding	 the	 evolution	 mechanisms	 of	 plant	 pathogens	 in	

managed	 and	 natural	 ecosystems	 should	 help	 researchers	 to	 develop	 more	 diverse	

selection	environments,	which	could	slow	down	rates	of	evolution	in	crop	pathogens35.	
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Host–pathogen	co-evolution	
The	host	is	 the	strongest	driver	of	evolution	in	a	pathogen,	as	successful	infection	 is	

required	for	reproduction	and	dispersal.	Therefore,	infection-related	genes	are	under	

strong	selection	pressure	in	pathogen	genomes.	Some	of	these	genes	encode	conserved	

proteins	that	are	important	for	in	planta	signalling,	invasive	growth	and	the	formation	

of	specific	infection	structures.	Others	are	rapidly	evolving	virulence-related	genes,	the	

products	of	which	include	effectors	that	directly	interact	with	plant	defence	proteins.	

Genomic	signatures	of	selection	can	be	used	to	identify	traits	that	are	involved	in	host–

pathogen	interactions.	This	is	because	genes	or	loci	that	are	subjected	to	strong	positive	

or	negative	selection	pressure	can	be	identified	by	the	distribution	of	polymorphisms	

(variable	sites	in	species)	and	substitutions	(variable	sites	between	species),	and	the	

proportions	 of	non-synonymous	 mutations	and	synonymous	 mutations	 in	 coding	

sequences36.	 The	 co-evolution	 of	 effectors	 and	 resistance	 genes	 can	 result	 in	 two	

different	 scenarios	 that	 are	 distinguished	 as	 'trench	 warfare'	 or	'arms	 race'	

evolution37	(Fig.	2).	Both	types	of	selection	 favour	genetic	variation,	but	the	genomic	

signatures	are	markedly	different.	Several	different	statistical	tests	have	been	applied	

to	search	genomes	for	signatures	of	selection	in	plant–pathogen	systems.	Statistical	test	

parameters	such	as	Tajimas	D	explore	the	site	frequency	spectra	of	polymorphisms38,	

whereas	 other	 methods	 contrast	 the	 patterns	 of	 intraspecific	 polymorphisms	 and	

interspecific	divergence	patterns.	For	example,	the	McDonald–Kreitmann	test	detects	

signals	 of	 selection	 by	 comparing	 non-synonymous	 and	 synonymous	 divergence	 to	

non-synonymous	and	synonymous	polymorphisms15.	

Under	the	 trench-warfare	scenario,	 a	diverse	 set	of	 alleles	are	maintained	at	 the	 co-

evolving	locus,	a	phenomenon	that	is	referred	to	as	balancing	selection39	(Fig.	2a).	This	

may	 occur	 in	 heterogeneous	 environments	 (such	 as	 natural	 ecosystems),	 in	 which	

natural	selection	favours	different	alleles	in	distinct	metapopulations	(populations	of	

the	same	species,	which	are	spatially	separated)	that	have	specialized	to	distinct	local	

ecological	 conditions.	 The	 genomic	 signature	 of	 balancing	 selection	 is	 an	 excess	 of	

polymorphisms	 at	 intermediate	 (balanced)	 frequencies	 in	 the	 population	 (Fig.	2b,c).	

Genetic	variation	of	resistance	genes	in	natural	plant	populations	is,	to	a	large	extent,	

maintained	 by	 balancing	 selection40.	 An	 experimentally	 validated	 example	 is	 the	

disease	 resistance	 gene	RPP13	in	A.	 thaliana.	 RPP13	 interacts	 with	 an	 avirulence	

protein	 produced	 by	 the	 oomycete	 pathogen	Hyaloperonospora	 parasitica.	 Allelic	
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variation	 in	RPP13	is	 maintained	 by	 balancing	 selection	 imposed	 by	 polymorphic	

avirulence	alleles	in	the	pathogen	population23.	

Arms	race	evolution	drives	the	continuous	replacement	of	alleles	(selective	sweep)	in	

the	pathogen	population	 in	response	to	the	continuous	emergence	of	new	resistance	

alleles	 in	 the	 host39	(Fig.	 2d).	 The	 genomic	 signature	 of	 a	 selective	 sweep	 is	 a	 local	

depletion	of	 genetic	 variation	 in	 the	genomic	 region	 that	 surrounds	 the	 locus	under	

selection	(Fig.	2e,f).	During	a	selective	sweep,	neighbouring	polymorphisms	will	also	

become	 fixed,	 which	 results	 in	 strong	linkage	 disequilibrium	across	 the	 regions.	

Genetic	variation	at	the	locus	is	re-introduced	over	time	through	recombination	and	by	

new	mutations;	 however,	 the	 selected	 locus	 can	 be	 identified	 by	 having	 a	 different	

pattern	of	genetic	variation	 compared	with	neutrally	evolving	 loci.	 In	particular,	 the	

selected	locus	will	contain	an	excess	of	low-frequency	alleles	that	can	distinguish	the	

locus	 from	 neighbouring	 regions.	 Genome-wide	 maps	 of	 selective	 sweeps	 were	

generated	 for	 the	 two	 anther	 smut	 species,	Microbotryum	 lychnidis-

dioicae	and	Microbotryum	 silenes-dioicae,	 using	 estimates	 of	 nucleotide	 variation,	

frequency-spectra	of	polymorphisms	and	statistical	genetics41.	The	analyses	revealed	

recent	signatures	of	selective	sweeps	in	putative	pathogenicity	related	genes	that	are	

probably	important	in	the	host	specialization	of	pathogenic	Microbotryum	spp.	

Antagonistic	host–pathogen	co-evolution	requires	the	maintenance	and	generation	of	

genetic	variation	in	both	partners.	The	dynamic	of	resistance	genes	and	virulence	genes	

involves	 a	 combination	 of	 trench-warfare	 and	 arms	 race	 evolution.	 In	 managed	

ecosystems,	 the	dynamic	of	 arms	 races	occurs	at	 a	much	 faster	pace	 than	 in	natural	

ecosystems,	selecting	specifically	for	rapid	evolution	in	crop	pathogens.	Furthermore,	

trench-warfare	evolution	is	probably	less	important	in	pathogens	of	crop	plants,	owing	

to	 the	 uniform	 composition	 and	 distribution	 in	 time	 and	 space	 of	 host	 individuals.	

Through	the	 comparative	analyses	of	genome	structures	and	compositions,	we	have	

gained	 detailed	 insight	 into	 the	 genomics	 of	 adaptive	 evolution	 in	 several	 fungal	

pathogens	and	the	role	that	genome	plasticity	has	in	evolutionary	changes.	Below,	we	

summarize	 particular	 characteristics	 of	 fungal	 plant	 pathogen	 genomes	 and	 discuss	

these	in	the	light	of	adaptation.	
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Genomic	variation	in	fungal	pathogens	
Genes	 that	 are	 located	 in	 genomic	 environments	 with	 high	 mutation	 and/or	

recombination	 rates	 can	 evolve	 faster	 through	 the	 increased	 generation	 of	 novel	

mutations	that	selection	can	act	on39.	Effector	genes	that	are	located	in	transposable	

element-rich	 regions	 (which	 have	 higher	 mutations	 rates)	 will	 accumulate	 more	

mutations,	 some	of	which	may	 be	 beneficial	non-synonymous	changes	 that	 confer	 a	

fitness	advantage.	Natural	selection	can	thereby	indirectly	select	for	an	association	of	

effector	genes	with	rapidly	evolving	transposable	element-rich	regions.	Genome-based	

studies	of	plant	pathogenic	fungi	have	indeed	shown	that	virulence-related	genes	are	

typically	 located	 in	 transposable	 element-rich	genomic	 compartments	or	on	 specific	

chromosomes	 that	 have	 higher	 rates	of	 sequence	 evolution29,42,43,44	(Fig.	3;	Table	1).	

These	 regions	 include	 accessory	 or	 lineage-specific	 chromosomes43,45,46,47,	 AT-rich	

isochores29,	 transposon-rich	 'islands'	 (Ref.	44),	 and	 clusters	 of	 tandem	 duplicated	

genes48.	The	 increased	rates	of	 evolution	 in	particular	 regions	of	pathogen	genomes	

have	given	rise	to	the	term	'two-speed	genomes'	(Ref.	49).	Distinct	regions	in	pathogen	

genomes	 evolve	 at	 different	 rates,	 and	 the	 rapidly	 evolving	 compartments	 of	 plant	

pathogen	genomes	(Fig.	3)	can	also	be	seen	as	regions	in	one	extreme	of	a	continuum	

of	evolutionary	rates.	Below,	we	describe	particular	characteristics	of	rapidly	evolving	

pathogen	genomes.	

Accessory	 chromosomes.	Accessory	 chromosomes	show	 non-Mendelian	 inheritance	

and	are	present	in	some,	but	not	all,	individuals	in	a	population	(Figs	3,4).	In	the	field	

of	 fungal	 genetics	 and	phytopathology,	 accessory	 chromosomes	have	drawn	 a	 lot	of	

attention	as	they	can	encode	specific	virulence	determinants.	Accessory	chromosomes	

are	typically	enriched	with	repetitive	DNA	and	have	a	lower	gene	density	than	the	core	

genome.	Moreover,	accessory	chromosomes	encode	genes	that	have	higher	incidences	

of	 non-synonymous	 substitutions,	 which	 indicates	 a	 lower	 efficacy	 of	 selection	 in	

removing	non-adaptive	mutations	in	coding	sequences	on	these	chromosomes50.	They	

are	 found	 in	 different	 eukaryotic	 taxa,	 including	 plants,	 animals	 and	 fungi,	 and	 are	

referred	to	by	different	names,	such	as	B-chromosomes,	supernumerary	chromosomes	

or	lineage-specific	chromosomes51.	In	this	Review,	we	will	use	the	terms	accessory	and	

lineage-specific	chromosomes.	
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The	first	characterization	of	virulence	traits	encoded	by	an	accessory	chromosome	was	

in	the	pathogen	Nectria	haematococca	(anamorph	F.	solani)52.		

N.	haematococca	isolates	that	infect	peas	have	an	accessory	chromosome	that	encodes	

cluster	 of	 pea	 pathogenicity	 (PEP)	 genes	 that	 are	 necessary	 for	 virulence	 in	 pea	

plants53.	Isolates	that	do	not	have	the	chromosome	are	avirulent	on	peas	but	can	infect	

other	hosts.	This	indicates	that	the	accessory	chromosomes	have	a	role	in	defining	the	

host	 range	 of	N.	 haematococca	isolates.	 A	 related	 species,	F.	 oxysporum,	 has	 similar	

accessory	 chromosomes,	 which	 are	 termed	 lineage-specific	 chromosomes,	 as	 they	

distinguish	 the	 specific	 host	 of	 the	 pathogen43.	 These	 lineage-specific	 chromosomes	

also	encode	effectors	and	effector-inducing	transcription	factors	that	are	important	for	

pathogenicity54.	 Notably,	 there	 is	 evidence	 that	 lineage-specific	 chromosomes	 can	

move	 horizontally	 and	 mediate	 the	 exchange	 of	 host	 specificities	 between	F.	

oxysporum	lineages.	This	is	a	potential	mechanism	that	has	evolved	to	compensate	for	

the	lack	of	sexual	reproduction	in	this	pathogen43.	

The	 genome	 of	 the	 reference	 isolate	 IPO323	 of	 the	 wheat	 pathogen	Zymoseptoria	

tritici	has	eight	accessory	chromosomes,	which	are	up	to	1	Mb	in	size	and	can	be	lost	

and	 generated	de	 novo	during	 meiosis	 and	 mitosis45,55,56	(Fig.	 4).	 Accessory	

chromosomes	are	found	in	several	species	in	the	Zymoseptoria	genus,	which	suggests	

that	 they	 represent	 an	 ancestral	 dynamic	 trait	 that	 predates	 existing	 species	

diversification15.	The	accessory	chromosomes	of	Z.	 tritici	are	not	enriched	in	effector	

genes;	however,	quantitative	trait	locus	mapping	and	detailed	phenotyping	of	progeny	

with	 and	 without	 different	 accessory	 chromosomes	 have	 revealed	 that	 accessory	

chromosomes	have	a	role	during	in	planta	disease	development57.	Strains	that	lacked	

particular	chromosomes	showed	statistically	significant	increases	in	several	virulence	

traits.	 Interestingly,	 preliminary	 data	 suggest	 that	 the	 effect	 of	 the	 accessory	

chromosomes	in	Z.	 tritici	is	dependent	on	host	genotype,	which	 indicates	an	effect	of	

balancing	selection	on	the	maintenance	of	these	chromosomes	over	long	evolutionary	

times15	(M.	Habig	and	E.H.S.,	unpublished	observations).	
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Figure	 3.	 Characteristics	 of	 fungal	 plant	 pathogen	 genomes.	 a	|	 The	 genome	
architecture	of	 fungal	 plant	pathogens	 is	highly	diverse.	Genomes	 vary	 in	 total	 size,	
repeat	 content	 and	 gene	 number.	 The	 genome	 organization	 can	 vary	 from	 few	
chromosomes	to	many,	and	can	include	accessory	chromosomes	and	particular	genome	
compartments.	b	|	Specific	characteristics	that	distinguish	genome	compartments	from	
the	 core	 genome	 include	 lower	 gene	 density,	 higher	 transposable	 element	 content,	
higher	 rates	 of	 evolution	 and	 distinct	 epigenetic	marks16,44,138,139.	c	|	 Chromosome	7	
of	Zymoseptoria	tritici	has	characteristics	of	both	core	and	accessory	chromosomes61.	
The	 right	 arm	 is	 enriched	 with	 the	 heterochromatin-associated	 histone	 mark	
H3K27me3	and	is	poorly	transcribed61.	A	ribosomal	DNA	(rDNA)	locus	close	to	the	start	
of	the	accessory	region	may	be	involved	in	the	fusion	of	an	accessory	chromosome	to	a	
core	 chromosome.	 A	 gene	 cluster	 that	 is	 potentially	 involved	 in	 virulence	 and	 the	
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production	of	secondary	metabolites	is	transcribed	at	the	right	arm	of	the	chromosome	
in	the	accessory-like	region62.	Active	transcription	of	the	accessory	chromosome	region	
must	 be	 mediated	 by	 chromatin	 remodelling	 during	 infection.	F.	 poae,	Fusarium	
poae;	L.	 maculans,	Leptosphaeria	 maculans;	 LS,	 lineage-specific;	 RIP,	 repeat-induced	
point;	TE,	 transposable	element;	V.	dahliae,	Verticillium	dahliae.	Figure	adapted	 from	
Ref.	61.	
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Figure	4.	Accessory	chromosome	dynamics	and	hybridization	in	pathogenic	fungi.	
a	|	The	reproductive	mode	of	fungal	pathogens	ranges	from	strictly	clonal	to	obligate	
out-crossing.	 Many	 species	 have	 mixed	 reproductive	 systems	 and	 their	 life	 cycles	
include	both	asexual	 and	sexual	 stages.	Accessory	chromosomes,	which	are	 found	 in	
several	 pathogenic	 fungal	 species,	 were	 shown	 to	 be	 lost	 during	 both	 mitosis	 and	
meiosis,	resulting	in	aneuploid	progeny	strains55.	The	underlying	mechanisms	that	are	
responsible	 for	 chromosome	 instability	 are	 unknown.	 A	 possible	 cause	 for	
chromosome	 loss	 during	 mitosis	 could	 be	 errors	 during	 the	 segregation	 of	 sister	
chromatids	 (alternative	 scenario	 during	 mitosis).	b	|	 Hybridization	 of	 two	Blumeria	
graminis	formae	 speciales	 (f.	 sp.),	B.	 graminis	f.	 sp.	tritici	(blue)	 and	B.	 graminis	f.	
sp.	secalis	(red),	 led	 to	 the	 emergence	 of	 a	 new	 pathogen,	B.	 graminis	f.	 sp.	triticale,	
which	 infects	 the	hybrid	 crop	 triticale;	 a	hybrid	of	wheat	 and	 rye17.	After	 the	 initial	
hybridization,	 the	 triticale-infecting	hybrid	 backcrossed	with	B.	 graminis	f.	 sp.	tritici.	
This	 example	 illustrates	 an	 extraordinarily	 fast	 adaptation	 to	 a	 new	 host	 that	 is	
mediated	by	a	combination	of	parental	virulence	factors	necessary	for	host	infection.	
	

Transposable	 element-rich	 genome	 compartments.	The	 genomes	 of	 several	

pathogenic	 fungi	 (pathogens	 of	 wild	 and	 cultivated	 hosts),	 include	 genome	

compartments	 that	 exist	 as	 accessory	 'islands'	on	 core	 chromosomes	 (Fig.	3).	These	

regions	 can	 span	 several	 hundred	 kilobases	 and	 can	 encode	 virulence	

determinants16,43,44,58,59.	 Accessory	 compartments	 often	 resemble	 accessory	

chromosomes,	 as	 they	 are	 gene-sparse,	 enriched	 in	 transposable	 elements,	 and	 are	

highly	variable	in	sequence	composition	and	structure.	In	L.	maculans	'brassicae'	and	Z.	

tritici,	 transposable	 element-rich	 genome	 compartments	 are	 also	 characterized	 by	

epigenetic	modifications	that	further	associate	with	distinct	patterns	of	transcription	

and	accumulation	of	mutations60,61,62	(Box	1;	Fig.	3).	The	source	of	distinct	epigenetic	

modifications	 may	 derive	 from	 the	 ability	 of	 repetitive	 DNA	 to	 induce	 particular	

epigenetic	changes63,64	(Box	1).	

Transposable	 element-rich	 genome	 compartments	 may	 be	 generated	 by	 structural	

rearrangements	 or	 they	 may	 evolve	 in	 regions	 with	 suppressed	 recombination65.	

Single-molecule	 real-time	 (SMRT)	 sequencing	 data	 have	 enabled	 more	 detailed	

analyses	of	 transposable	element-rich	genome	compartments	 in	pathogenic	 fungi.	 In	

the	wilt	pathogen	Verticillium	dahliae	and	in	Z.	tritici,	accessory	genome	compartments	

originate	 from	structural	rearrangements	and	unfaithful	DNA	repair	across	repeated	

sequences44,58.	 The	 discovery	 of	 active	 transposable	 elements	 in	 accessory	

compartments	 in	V.	 dahliae	further	 supports	 a	 role	 for	 transposable	 elements	 in	

shaping	 these	 genomic	 regions44,58.	 In	Z.	 tritici,	 a	 transposable	 element-rich	
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compartment	on	chromosome	7	has	similar	sequence	composition	(gene	density,	gene	

annotation	and	GC	content)	and	histone	modifications	as	the	accessory	chromosomes	

of	the	pathogen,	and	may	be	an	ancestral	accessory	chromosome	that	has	fused	with	a	

core	chromosome	(Fig.	3c).	

Pathogen	genomes	that	have	low	transposable	element	content	can	also	contain	rapidly	

evolving	genomic	regions	that	favour	effector	evolution.	The	genomes	of	the	three	smut	

fungi	Ustilago	maydis,	Sporisorium	 scitamineum	and	Sporisorium	 reilianum48,66,67	have	

a	low	transposable	element	content	(7%);	however,	the	few	transposable	elements	that	

are	present	are	associated	with	virulence	gene	clusters66	(Table	1).	These	gene	clusters	

show	signatures	of	accelerated	evolution	and	gene	diversification	that	are	driven	by	a	

high	rate	of	tandem	gene	duplications,	which	are	facilitated	by	the	repetitive	DNA48.	

A	 local	 accumulation	 of	 transposable	 elements	 may	 occur	 in	 regions	 in	 which	

recombination	 is	 suppressed;	 for	 example,	 in	 non-recombining	 mating-type	 loci	

of	heterothallic	fungi65.	 Thus	 far,	 few	 studies	 have	 addressed	 recombination	 rates	

across	 genome	 compartments	 of	 pathogenic	 fungi,	 and	 the	 correlation	 between	

recombination	and	transposable	element	content	has	been	poorly	addressed.	However,	

recombination	seems	to	be	significantly	reduced	in	the	accessory	chromosomes	of	Z.	

tritici,	which	supports	a	role	for	recombination	in	shaping	the	genome	architecture	of	

fungal	 pathogens,	 including	 the	 initial	 emergence	 and	maintenance	 of	 transposable	

element-rich	compartments68.	

	
Box	1:	Silencing	of	transposable	elements	in	compartmentalized	regions	

In	sexually	reproducing	populations,	transposable	elements	can	be	transmitted	during	

meiosis.	 Asexual	 lineages	 have	 a	 lower	 probability	 of	 acquiring	 new	 transposable	

elements;	however,	once	 invaded,	 they	 are	more	 susceptible	 to	 their	 expansion	 and	

deleterious	 effects126.	 Different	 mechanisms	 to	 prevent	 and	 control	 the	 spread	 of	

transposable	 elements	 in	 fungal	 genomes	 have	 been	 described,	 which	 include	 DNA	

methylation,	 the	production	of	small	RNAs	that	are	 involved	 in	quelling	and	meiotic	

silencing127,	and	repeat-induced	point	(RIP)	mutation93	(see	the	figure).	RIP	mutation	

is	a	process	that	mutates	duplicated	DNA	sequences	in	the	genome	through	homology	

recognition128,129.	Signatures	of	RIP	mutation	are	C	to	T	and	G	to	A	mutations,	which	

have	 been	 described	 in	 several	 genomes	 of	 fungal	 plant	 pathogens,	 including	 both	
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ascomycete	and	basidiomycete	species29,130,131.	Experimental	 evidence	 for	active	RIP	

mutation	 has	 been	 shown	 in	Leptosphaeria	 maculans132	but	 is	 still	 lacking	 in	 other	

fungal	pathogen	species.	Interestingly,	studies	of	histone	and	DNA	methylation	and	RIP	

mutation	 in	 fungal	 plant	 pathogens	 have	 revealed	 a	 correlated	 non-random	

distribution	of	heterochromatin,	DNA	methylation	and	RIP	mutations61,133,134.	

Highly	 expressed	 effector	 genes	 have,	 in	many	 cases,	 been	 shown	 to	 associate	with	

transposable	element-rich	compartments.	Mechanisms	that	enable	gene	transcription	

in	the	vicinity	of	transposable	elements	are	therefore	crucial	in	many	plant	pathogen	

genomes.	Epigenetic	modifications	have	been	shown	to	have	an	important	role	in	the	

maintenance	 of	 genome	 compartments	 and	 effector	 expression.	 In	 the	

genus	Zymoseptoria,	 lineage-specific	or	accessory	chromosomes	show	enrichment	for	

the	 'facultative'	 heterochromatic	 histone	 methylation	 mark	 H3K27me3	

(Refs	61,135,136).	 Furthermore,	 in	Fusarium	 graminearum	and	Fusarium	 fujikuroi,	

H3K27me3	 has	 a	 crucial	 role	 in	 the	 regulation	 of	 genes	 that	 are	 related	 to	

pathogenicity135,136.	 In	Z.	 tritici,	H3K27me3	is	significantly	enriched	on	the	accessory	

chromosomes	but	is	only	observed	in	the	subtelomeric	regions	(the	DNA	immediately	

neighbouring	the	telomeres)	of	the	core	chromosomes61.	Thus,	genes	on	the	accessory	

chromosomes	may	be	regulated	by	chromatin	modifications,	similarly	to	genes	related	

to	 pathogenicity	 in	Fusarium	spp.	 In	in	 vitro	experiments	 on	Leptosphaeria	 maculans	

'brassicae',	another	histone	mark	(H3K9me3)	contributed	to	the	regulation	of	effector	

genes	embedded	in	repeat-rich	DNA60.	Marked	upregulation	of	effector	genes	during	

plant	infection	suggests	that	dynamic	chromatin	modifications	are	associated	with	the	

pathogenic	lifestyle	of	L.	maculans	'brassicae'.	Furthermore,	in	L.	maculans	'brassicae',	

RIP	mutation	 can	 have	 an	 important	 role	 in	 silencing	 transposable	 elements	 and	 in	

effector	evolution29.	
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Genome	 architecture	 and	 plasticity.	The	 genomes	 of	 several	 hundred	 fungal	 plant	

pathogens	have	been	sequenced,	which	has	provided	a	key	resource	for	the	analysis	of	

genome	 architecture.	 An	 important	 discovery	 was	 that	 the	 genome	 architecture,	

notably	the	genome	size	and	transposable	element	content,	can	vary	greatly	between	

closely	 related	 species.	 A	 detailed	 comparison	of	18	genomes	 of	 species	 in	 the	 class	

Dothideomycetes	 (including	 the	 genomes	 of	 several	 prominent	 plant	 pathogens,	

including	Alternaria	 brassicicola,	Pyrenophora	 tritici-repentis,	 Z.	

tritici	and	Cladosporium	 fulvum)	 revealed	 a	 particular	 phenomenon	 described	

as	mesosynteny69.	 Mesosynteny	 refers	 to	 the	 conservation	 of	 gene	 content	 in	

chromosomes,	 but	 variation	 in	 gene	 order	 and	 orientation70.	 Thus,	 species	 with	

mesosynteny	 have	 an	 excess	 of	 intra-chromosomal	 rearrangements.	 The	 underlying	

mechanisms	that	are	responsible	for	this	phenomenon	are	poorly	understood,	but	they	

may	 relate	 to	 the	 specific	 transposition	 mechanisms	 of	 genomic	 elements	 that	 are	

abundant	in	species	in	the	Dothideomycetes.	

Another	 remarkable	 discovery	 among	 species	 in	 the	 Dothideomycetes	 is	 the	 large	

variation	in	genome	sizes.	Species	in	the	L.	maculans–Leptosphaeria	biglobosa	species	

complex	 are	 pathogens	 of	 cruciferous	 plants.	L.	 maculans	'brassicae'	 is	 the	 only	

member	 that	 has	 a	 high	 transposable	 element	 content	 (35%)71.	 By	 contrast,	 the	

genomes	 of	 four	 other	 members	 of	 the	L.	 maculans–	L.	 biglobosa	species	 complex	

contain	 less	 than	 4%	 repeat	 sequences,	 which	 indicates	 a	 recent	 invasion	 of	

transposable	 elements	 in	L.	 maculans	'brassicae'	 (Refs	29,71).	 Similar	 examples	 of	

lineage-specific	 expansions	 of	 transposable	 element	 families	 in	 related	 fungal	 plant	

pathogens	include	Pseudocercospora	spp.	in	the	Sigatoka	disease	complex	of	the	banana	

plant72.	Genome	size	variation	and	the	distribution	of	different	 transposable	element	

families	between	the	three	species	Pseudocercospora	musae	(83	Mb),	Pseudocercospora	

eumusae	(54	Mb)	and	Pseudocercospora	fijiensis	(74	Mb),	suggest	that	lineage-specific	

transposable	element	expansions	have	an	important	role	during	species	divergence.	

Transposable	 element	 invasions	 in	 fungal	 genomes	 can	 result	 in	 the	 expansion	 of	

certain	 gene	 families	 and	 also	 substantial	 changes	 in	 genome	 architecture,	 which	

includes	chromosome	numbers43,73.	For	example,	differences	in	genome	organization	

are	 present	 among	 plant	 pathogens	 in	 the	 genus	Fusarium43,74.	 Fusarium	

graminearum	and	F.	oxysporum	represent	two	closely	related	virulent	pathogens	that	

have	distinct	lifestyles	and	markedly	different	genome	architectures.	The	genome	of	F.	
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oxysporum	(60	Mb)	comprises	20%	repetitive	DNA	and	15	chromosomes,	and	includes	

lineage-specific	chromosomes43.	By	contrast,	the	genome	of	F.	graminearum	comprises	

only	3%	repetitive	DNA	and	a	total	of	four	chromosomes.	

In	 summary,	 pathogenic	 fungi	 exhibit	 high	 levels	 of	 genome	 plasticity	 and	 variable	

genome	architectures.	The	variation	that	is	observed	between	related	species	is	mainly	

due	 to	 differences	 in	 transposable	 element	 containment.	 Although	 transposable	

elements	predominantly	have	negative	effects	on	their	host	genome,	fungal	pathogens	

provide	remarkable	examples	of	 the	advantageous	association	between	transposable	

elements	 and	 rapidly	 evolving	 virulence	 determinants.	 Below,	 we	 consider	

mechanisms	 that	 can	 cause	 the	 observed	 differences	 in	 genome	 architecture	 and	

transposable	element	content	among	related	species.	
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Population	genetics	and	evolution	

The	 evolution	 of	 gene	 variants	 in	 a	 population	 is	 governed	 by	 a	 set	 of	 evolutionary	

forces.	Essentially,	genetic	variation	is	the	product	of	mutations	and	recombination	that	

contribute	to	variation	in	the	genome	(Box	2).	The	fate	of	any	given	mutation	or	allele	

in	the	genome	is	determined	by	natural	selection	and	genetic	drift	(stochastic	events),	

and	 the	 relative	 contribution	 of	 these	 processes	 is	 determined	 by	 the	effective	

population	size	(Ne)	of	the	species.	In	terms	of	evolution,	the	Ne	is	more	relevant	than	

the	actual	number	of	individuals	in	a	population.	Ne	expresses	the	degree	to	which	gene	

frequencies	are	 transmitted	across	generations.	Thus,	 a	 large	population	can	behave	

genetically	similar	to	a	small	population	if	only	a	minor	fraction	contributes	to	the	next	

generation75.	 Notably,	 asexual	 species	 generally	 have	 a	 lower	 Ne	than	 sexually	

reproducing	species,	as	offspring	are	essentially	copies	of	their	parents.	In	populations	

that	 have	 a	 large	 Ne,	 the	 effect	 of	 genetic	 drift	 is	 relatively	 small	 compared	 with	

populations	that	have	a	small	Ne.	Two	important	points	to	consider	here	are	that	the	

Ne	of	an	organism	can	vary	over	time	and,	consequently,	the	importance	of	genetic	drift	

in	genome	evolution	can	also	vary	over	time.	

Box	2:	Determinants	of	genome	evolution:	genetic	drift	and	selection	

Genetic	 diversity	 results	 from	 mutation	 (including	 point	 mutations,	 deletions,	

insertions	and	duplications)	and	recombination	(including	chromosome	crossover	and	

heterozygote	 gene	 conversion	 during	meiosis),	 which	 contribute	 to	 allelic	 variation	

within	and	among	chromosomes.	The	fitness	effect	of	a	mutation	can	be	classified	into	

three	 categories:	 first,	mutations	 can	 be	 selectively	 neutral,	 thus	 there	 is	 no	 fitness	

effect	 for	 individuals	 that	 have	 the	 particular	 mutation;	 second,	 mutations	 can	 be	

deleterious	and	reduce	the	fertility	or	survival	of	an	individual;	and,	third,	mutations	

can	 be	 advantageous	 and	 increase	 the	 fitness	 of	 an	 individual.	 The	 three	 categories	

comprise	 a	 continuum	 of	 fitness	 effects	 that	 range	 from	 completely	 deleterious	

(individuals	 that	 have	 the	 mutations	 either	 die	 or	 are	 infertile)	 to	 highly	 adaptive	

(individuals	that	have	the	mutations	are	among	the	only	individuals	that	can	reproduce	

in	the	population).	

The	 fate	of	neutral	mutations	 is	determined	purely	by	chance;	 a	population	genetics	

process	termed	 'genetic	drift'.	As	biological	populations	have	 finite	sizes,	 a	mutation	

that	 evolves	 by	 genetic	 drift	 will,	 over	 time,	 either	 be	 lost	 or	 become	 spread	 and	
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ultimately	 fixed	in	the	population.	This	process	 is	determined	by	the	demography	of	

the	 population,	 its	 size	 and	 its	 variation	 in	 time	 (for	 example,	population	 growth	or	

bottleneck)	and	space	(also	known	as	population	structure)99.	

Conversely,	the	fate	of	non-neutral	mutations	depends	on	their	fitness,	which	is	their	

relative	selective	advantage	or	disadvantage	(selection	coefficient	 's').	Positively	and	

negatively	selected	mutations	are	also	affected	by	genetic	drift,	which	can	counteract	

the	effect	of	selection.	Mutations	that	have	negative	effects	can	therefore	spread	in	the	

population	by	chance,	whereas	positively	selected	mutations	might	be	lost.	The	relative	

importance	of	these	two	forces	is	determined	by	the	effective	population	size	(Ne)	and	

the	 selection	 coefficient	 of	 mutations.	 In	 particular,	 genetic	 drift	 will	 dominate	

when	s	<1/4	Ne	(Ref.	75).	

	

Evolution	with	and	without	 sexual	 reproduction.	The	 reproductive	modes	of	 fungi	

range	 from	 predominantly	 clonal	 to	 obligate	 out-crossing	 (Fig.	 4;	Table	 1).	 The	

advantages	 of	 clonal	 reproduction	 are	 that	 co-adapted	 allele	 combinations	 are	

maintained	 in	the	population	and	 that	 fit	genotypes	can	be	rapidly	propagated76.	By	

contrast,	sexual	reproduction	can	enable	a	rapid	response	to	environmental	changes	

by	increasing	the	efficacy	by	which	natural	selection	can	fix	and	combine	advantageous	

mutations77.	 In	 some	 species,	 sexual	 mating	 is	 directly	 linked	 to	 pathogenicity	 and	

therefore	 constitutes	 an	 important	 step	 in	 life	 cycles.	 For	 example,	 the	 dikaryotic	

filamentous	structures	 that	 are	 required	 for	 the	 invasive	growth	of	smut	 fungi,	such	

as	U.	maydis,	are	only	formed	through	sexual	mating;	therefore,	cells	that	are	unable	to	

mate	are	avirulent78.	In	addition,	mating	can	be	important	for	the	production	of	sexual	

spores,	such	as	ascospores,	basidiospores	and	zygospores,	as	dispersal	propagules	and	

for	long-time	survival	in	the	environment.	Below,	we	consider	the	importance	of	sex	in	

the	context	of	genome	evolution.	

A	 pattern	 that	 is	 shared	 among	 most	 sexually	 reproducing	 species	 is	 that	 meiotic	

recombination	events	are	unevenly	distributed	along	chromosomes.	In	many	species,	

fine-scale	variation	in	the	recombination	rate	is	due	to	the	presence	of	recombination	

hotspots,	 at	 which	 crossover	 events	 tend	 to	 concentrate.	 In	Z.	 tritici,	 variation	 in	

recombination	rates	has	been	studied	using	both	experimental	mating	and	population	

genomic	 analyses68,79.	 These	 studies	 demonstrate	 exceptionally	 high	 rates	 of	

recombination	 (∼60	 cM	per	Mb)	 and	 a	 high	abundance	of	 intragenic	 recombination	
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hotspots	that	may	facilitate	the	rapid	fixation	of	advantageous	mutations.	Preliminary	

data	 from	 a	 comparative	 study	 of	Z.	 tritici	and	 its	 sister	 species	Zymoseptoria	

ardabiliae	show	 that	 in	Z.	 tritici	the	 recombination	 rate	 varies	 across	 and	 between	

chromosomes,	with	smaller	core	chromosomes	having	a	higher	rate	of	recombination.	

Fine-scale	variation	 in	 recombination	rate	 is	mainly	explained	by	 the	distribution	of	

recombination	 hotspots	 that	 frequently	 colocalize	 with	 genes,	 although	 these	 data	

require	validation.	The	 recombination	 landscapes	of	Z.	 tritici	and	 its	 sister	 species	Z.	

ardabiliae	show	some	conservation,	whereas	recombination	hotspot	positions	are	not	

conserved79	and	 even	 vary	 between	 independent	 crosses	 of	Z.	 tritici68.	 The	

consequence	of	such	a	dynamic	recombination	landscape	is	that	orthologous	genes	can	

be	 exposed	 to	 markedly	 different	 rates	 of	 recombination	 and	 therefore	 evolve	 at	

varying	rates	in	closely	related	species41.	High	recombination	rates	and	recombination	

hotspots	 in,	 or	 near,	 coding	 sequences	 are	 also	 found	 in	 other	 species,	 such	 as	M.	

oryzae,	F.	 graminearum	and	Microbotryum	 violaceum41,80,81,	which	 suggests	 that	 high	

recombination	rates	may	be	a	more	general	mechanism	to	accelerate	gene	evolution	in	

pathogenic	fungi.	

Clonal	populations	are	sometimes	considered	to	be	'evolutionarily	impaired',	because	

of	their	inability	to	recombine	advantageous	mutations	that	occur	at	independent	loci	

in	 the	 genome.	 In	 addition,	 non-advantageous	 and	 deleterious	 mutations	 may	

accumulate	 in	 the	genome	 in	 an	 irreversible	manner,	 a	 phenomenon	 that	 is	 termed	

'Muller's	ratchet'	 (Ref.	82).	 If	 these	are	the	 consequences	of	 clonal	propagation,	why	

are	asexual	species	common	and	successful	among	fungal	plant	pathogens?	

Studies	 are	 required	 to	understand	 the	 long-term	 evolutionary	 processes	 in	 asexual	

fungal	 pathogens.	 However,	 the	 association	 between	 transposable	 elements	 and	

effector	genes	suggests	 that	high	mutation	rates	 in	repetitive	genome	compartments	

support	effector	innovation	and	adaptation,	as	shown	in	clonal	populations	of	the	rice	

blast	 pathogen	M.	 oryzae	and	 the	Fusarium	wilt	 pathogen	F.	 oxysporum29,42,43.	 The	

complete	fitness	effects	of	mutations	that	are	mediated	by	transposable	elements	have	

not	 been	 assessed	 in	 fungal	 pathogens.	 However,	 transposable	 elements	 also	 cause	

non-adaptive	and	deleterious	changes	that	reduce	the	 fitness	of	the	host.	Population	

genomic	data	of	well-assembled	 fungal	genomes	and	measures	of	mutational	 fitness	

effects	 are	 required	 to	 address	 the	 effects	 of	 transposable	 elements	 on	 adaptive	

evolution.	
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Another	factor	to	consider	is	the	time	span	of	asexual	reproduction83.	Evidence	of	rare	

or	 cryptic	 sex	 has	 been	 documented	 in	 asexual	 species,	 such	 as	V.	 dahliae	and	F.	

oxysporum,	 by	 analyses	 of	 multilocus	 genotypes,	 mating-type	 frequencies	 and	 the	

conservation	 of	meiosis-related	 genes84,85.	 Furthermore,	 unisexual	mating,	 in	which	

meiotic	basidiospores	are	produced	from	the	fusion	of	mitotically	produced	nuclei,	has	

been	 documented	 in	 the	 otherwise	 heterothallic	 human	 pathogen	Cryptococcus	

neoformans86.	These	findings	suggest	that	recombination,	even	if	rare	or	occurring	as	

unisexual	or	parasexual	reproduction,	may	counteract	the	effect	of	Muller's	ratchet	and	

contribute	to	adaptive	evolution	in	species	that	are	otherwise	predominantly	clonal.	

Interestingly,	sexual	reproduction	has	been	lost	or	decreased	in	several	important	crop	

pathogens	that	have	evolved	from	sexual	progenitors	on	wild	hosts87,88,89.	The	loss	of	

sexual	reproduction	in	the	rice	blast	pathogen	M.	oryzae	and	the	rust	fungus	Puccinia	

striiformis	forma	specialis	(f.	sp.)	tritici	coincided	with	the	emergence	of	clonal	linages	

that	successfully	achieved	global	spread	on	agricultural	hosts87,90.	However,	in	Asia,	the	

population	genetics	structure	of	these	species	is	characterized	by	sexual	recombination	

and	high	levels	of	genetic	variation91,92.	As	Asia	is	the	point	of	origin	for	both	pathogens,	

the	 sexual	 populations	 probably	 reflect	 the	 ancestral	 population	 biology	 of	 both	

species.	To	what	extent	the	clonality	of	many	crop	pathogens	is	a	product	of	agricultural	

environments	 remains	 unclear	 and	 can	 only	 be	 elucidated	 by	 further	 population	

genetics	studies	of	pathogens	of	wild	plants.	

	

The	 origin	 of	 transposable	 element	 invasions	 and	 expansions.	 Transposable	

elements	are	mobile	genetic	elements	that	replicate	by	invading	the	genome	of	a	host	

cell.	Most	 transposable	 elements	 exert	negative	 effects,	 as	 they	 replicate	 and	 can	be	

inserted	into	functionally	important	DNA,	which	can	be	damaging	to	the	host	organism.	

Fungi	 have	 evolved	 a	 wide	 range	 of	 genome	 defence	 mechanisms	 to	 silence	

transposable	elements,	including	DNA	methylation,	heterochromatin,	repeat-induced	

point	(RIP)	mutation	and	small	RNAs93	(Box	1).	Interestingly,	these	mechanisms	exhibit	

variability	between	closely	related	species,	which	suggests	another	layer	of	variation	

in	genome	evolution	and	variation	in	the	co-evolution	of	transposable	elements	and	the	

host	cell94.	

Closely	 related	 species	 can	 vary	 considerably	 in	 the	 composition	 and	 abundance	 of	

transposable	 element	 families.	 The	 composition	 of	 these	 families	 can	 vary	 from	 the	
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lineage-specific	dynamics	of	ancestral	transposable	elements	or	from	lineage-specific	

introductions	of	transposable	elements	through	infection	and	horizontal	transfer	(for	

example,	 endogenous	 retroviruses)95,96.	 In	 addition,	 expansions	 of	 transposable	

elements	may	be	caused	by	different	conditions.	At	the	mechanistic	level,	transposable	

elements	may	be	activated	by	various	environmental	stresses97,	or	they	may	expand	

when	genome	defences	become	inactivated	or	less	efficient94.	 In	 terms	of	population	

genetics,	 transposable	 element	 expansions	 can	 occur	 during	 prolonged	 asexual	

reproduction,	 as	 deleterious	 mutations,	 such	 as	 an	 increase	 in	 the	 copy	 number	 of	

transposable	 elements,	 accumulate	 in	 the	 genome	 in	 the	 absence	 of	 sexual	

recombination98.	 An	 increase	 in	 the	 strength	 of	 genetic	 drift,	 which	 can	 occur	 in	

organisms	 that	 have	 low	 Ne,	 may	 also	 result	 in	 the	 expansion	 of	 transposable	

elements99.	

Correlation	analyses	of	genome	sizes	and	Ne	using	data	from	many	different	taxa	have	

shown	that	multicellular	organisms	with	large	genomes	generally	have	smaller	Ne	and	

contain	more	transposable	elements	than	 those	with	small	genomes75.	A	model	 that	

was	proposed	to	explain	these	correlations	posits	 that	a	new	mutation	(for	example,	

the	 insertion	 or	 transposition	 of	 a	 transposable	 element	 that	 has	 a	 selective	

disadvantage,	with	a	selection	coefficient	(s)	<0)	can	be	 fixed	by	genetic	drift	despite	

being	 under	 negative	 selection	 pressure	 if	 the	 product	Ne	×	s	is	 small99.	 This	 can	 be	

explained	by	the	reduced	efficacy	of	selection	and	the	increased	effect	of	genetic	drift	

in	organisms	that	have	a	small	Ne	(Box	2).	Therefore,	the	invasion	and	proliferation	of	

transposable	elements	 in	pathogens	may	have	occurred	during	periods	 in	which	the	

Ne	was	small.	A	small	Ne	can	be	 the	product	of	 a	population	bottleneck	or	of	 asexual	

reproduction;	 features	 that	 are	 both	 frequently	 observed	 in	 fungal	 plant	

pathogens87,89,90,100,101.	

Across	the	genome,	the	strength	of	genetic	drift	and	selection	may	vary.	This	difference	

primarily	results	from	variation	 in	recombination	across	the	genome.	 Just	as	asexual	

species	 may	 accumulate	 more	 transposable	 elements,	 regions	 in	 the	 genome	 that	

recombine	 less	may	 also	 accumulate	more	 transposable	 elements	 and	 non-adaptive	

mutations	as	a	consequence	of	stronger	genetic	drift	and	a	lower	efficacy	of	selection.	

A	 model	 to	 illustrate	 this	 phenomenon	 is	 provided	 by	 dimorphic	 mating-type	

chromosomes	 that	 carry	 genes	 that	 are	 responsible	 for	 mating	 compatibility65,102.	

Dimorphic	 mating	 chromosomes	 and	 mating-type	 loci	 are	 characterized	 by	 a	
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suppression	of	recombination,	which	has	fundamental	consequences	for	the	evolution	

of	 these	 chromosomes.	 For	 example,	 in	Neurospora	 tetrasperma,	 genes	 that	 are	

encoded	by	 the	mat	a	and	mat	A	chromosomes	have	an	excess	of	 allele-specific	non-

synonymous	 codon	 substitutions;	 this	 is	 consistent	 with	 less	 efficient	 negative	

selection	 and	 linkage	 disequilibrium	 in	 these	 non-recombination	 regions102.	

Furthermore,	 in	 the	 smut	 fungus	M.	 lychnidis-dioicae,	mating-type	 chromosomes	 are	

also	characterized	by	an	accumulation	of	non-synonymous	substitutions,	and	an	excess	

of	repetitive	DNA	and	structural	rearrangements65,103,104.	These	features	resemble	the	

evolutionary	patterns	in	transposable	element-rich	compartments,	including	accessory	

chromosomes	and	repeat	islands,	and	illustrate	how	the	suppression	of	recombination	

may	 support	 the	 emergence	 and	 maintenance	 of	 rapidly	 evolving	 genome	

compartments.	

In	summary,	genome	analyses	have	shown	that	compartmentalized	genomes	in	many	

fungal	plant	pathogens	originate	from	transposable	element	invasions	and	expansions.	

Variation	 in	population	genetics	parameters	 (including	natural	 selection	and	genetic	

drift)	 can	 explain	 the	 different	 quantitative	 and	 qualitative	 distributions	 of	

transposable	 elements	 in	 fungal	 species.	 In	 particular,	 population	 bottlenecks	 that	

result	 in	 low	 Ne	and	 prolonged	 clonal	 reproduction	 may	 favour	 the	 invasion	 and	

expansion	 of	 transposable	 elements	 in	 pathogen	 genomes.	 Last,	 it	 has	 also	 been	

proposed	that	transposable	element	invasion	in	the	genomes	of	fungal	plant	pathogens	

could	involve	selection	beyond	the	species	level,	with	species	that	have	higher	levels	of	

transposable	elements	being	less	likely	to	become	extinct49.	However,	the	evolutionary	

relevance	of	such	'clade	-selection'	is	debated105.	

Heterokaryons	 and	 heterozygosity.	The	 examples	 above	 build	 on	 the	 genome	

analyses	of	haploid	genome	sequences.	Indeed,	the	nuclei	and	hyphae	of	many	fungal	

pathogens	are	haploid,	except	during	transient	diploid	stages	that	form	during	sexual	

life	 cycles.	However,	many	ascomycete	and	basidiomycete	 fungi	have	heterokaryotic	

life	 stages,	 in	 which	 genetically	 distinct	 nuclei	 coexist	 within	 the	 same	 cell;	 this	

provides	another	layer	of	genetic	variation.	Heterokaryons	may	arise	through	mating	

or	 hyphal	 fusion	 of	 homokaryotic	 individuals,	 and	 represent	 a	 more	 complex	

association	 of	 the	 two	 parental	 genomes	 relative	 to	 diploidy106.	 Interestingly,	

experimental	mating	of	genetically	distinct	homokaryons	of	the	pathogenic	white	rot	

fungus	Heterobasidion	 parviporum	showed	 that	 nuclear	 ratios	 in	 heterokaryons	
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frequently	deviate	from	a	1:1	ratio	and	that	the	environment	can	affect	the	frequencies	

of	nuclei107.	The	underlying	nuclear	ratio	in	H.	parviporum	heterokaryons	affects	gene	

expression	 and	 growth	 rate,	 and	 also	 potentially	 affects	 virulence,	 as	 shown	 in	

heterokaryons	of	Heterobasidion	annosum,	which	is	the	causative	agent	of	root	and	butt	

rot	in	conifers108.	

Another	interesting	example	can	be	found	in	the	life	cycle	of	agriculturally	important	

rust	fungi	that	have	complex	life	cycles	that	often	involve	two	hosts	and	the	production	

of	 several	 types	of	spore,	 including	haploid	pycniospores	 (n),	dikaryotic	 aeciospores	

(n	+	n)	 and	 diploid	 (2n)	 teliospores.	 The	 wheat	 stripe	 rust	 fungus	P.	 striiformis	f.	

sp.	tritici	infects	 wheat	 by	 dikaryotic	 aeciospores	 produced	 on	 the	 alternative	

host	Berberis	vulgaris.	During	infection	of	wheat,	the	pathogen	propagates	asexually	to	

produce	dikaryotic	urediniospores	or	diploid	teliospores	that	function	as	inoculum	for	

new	 infections	 on	 wheat	 and	B.	 vulgaris,	 respectively88.	 Genome	 sequencing	 and	

assembly	 of	 the	 diploid	 asexual	 stage	 identified	 regions	 of	 exceptionally	 high	

heterozygosity109.	How	this	is	advantageous	for	pathogenicity	is	unclear;	however,	the	

asexual	 form	 of	P.	 striiformis	f.	 sp.	tritici	may	 benefit	 from	 variation	 in	 heterozygous	

genomic	regions.	The	genetic	and	functional	dissection	of	 the	dikaryotic,	diploid	and	

haploid	stages	of	rust	 fungi	 life	 cycles	are	required	to	understand	 the	 importance	of	

nuclear	variability	in	virulence.	

Hybridization,	 introgression	and	horizontal	gene	transfer.	Hybridization	refers	 to	

the	fusion	or	mating	of	non-conspecific	individuals110.	Recurrent	backcrossing	between	

hybrids	and	parental	species	is	referred	to	as	introgression,	and	both	hybridization	and	

introgression	are	thought	to	be	important	for	the	evolution	of	fungal	plant	pathogens.	

Both	 can	 occur	 when	 intersterility	 is	 incomplete,	 which	 enables	 sexual	 mating	 or	

cellular	fusion	between	non-conspecific	lineages.	Under	the	appropriate	conditions,	the	

outcome	of	introgression	or	hybridization	can	be	successful,	which	may	generate	new	

lineages	 or	 new	 adaptive	 traits	 in	 existing	 species.	 Hybridization	 can	 involve	 both	

sexual	and	asexual	interactions.	Homoploid	hybrids	may	emerge	from	sexual	mating,	

which	 results	 in	 hybrids	 that	 have	 the	 same	 chromosome	 number	 as	 the	 parental	

species111.	By	contrast,	in	heteroploid	hybrids,	both	parental	genomes	are	entirely	or	

partially	maintained,	which	results	in	aneuploid	or	polyploid	hybrids112,113.	
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Phylogenetic	 studies	 and	 comparative	 genome	 analyses	 have	 provided	 several	

examples	 of	 hybrid	 fungal	 plant	 pathogens	 that	 have	 originated	 from	 interspecific	

mating110,114.	 Hybrids	 can	 propagate	 as	 new	distinct	 lineages	 if	 they	 are	 fertile,	 can	

compete	 with	 coexisting	 parental	 species	 and	may	 have	 adaptive	 traits	 that	 enable	

them	to	colonize	a	new	host.	In	some	cases,	hybrids	can	represent	transient	stages	that	

backcross	with	the	parental	species	and	function	as	a	'bridge'	for	the	transfer	of	genetic	

material	 from	 one	 species	 to	 the	 other	 through	 'introgressive	 hybridization'	

(Refs	110,115)	 (Fig.	 4).	 This	 is	 typically	 the	 outcome	 if	 the	 fitness	 of	 the	 hybrid	 is	

inferior	 to	 the	 parental	 species.	 However,	 hybrid	 genetic	 elements	may	 persist	 and	

increase	in	frequency	if	they	confer	a	selective	advantage.	

An	interesting	example	of	hybridization	is	provided	by	a	recent	population	genomics	

study	 of	 the	 cereal	 mildew	 pathogen	Blumeria	 graminis.	 This	 revealed	 an	 unusual	

distribution	 of	 SNPs	 in	B.	 graminis	f.	 sp.	triticale17,	 a	 lineage	 that	 infects	 triticale	 (a	

hybrid	of	wheat	and	rye)	(Fig.	4).	The	genome	of	B.	graminis	f.	sp.	triticale	comprises	a	

mosaic	 of	B.	graminis	f.	 sp.	tritici	and	B.	graminis	f.	 sp.	secalis	genomic	 segments	with	

only	 a	 small	 number	 of	 private	 polymorphisms	 (not	 present	 in	B.	 graminis	f.	

sp.	tritici	and	B.	graminis	f.	sp.	secalis),	which	is	consistent	with	a	recent	hybridization	

event17.	 The	 results	 from	 this	 study	 suggested	 that	 after	 initial	 hybridization	

(between	B.	 graminis	f.	 sp.	tritici	and	B.	 graminis	f.	 sp.	secalis)	 the	 triticale-infecting	

hybrid	backcrossed	a	 few	times	with	 the	parental	B.	graminis	f.	 sp.	tritici.	The	recent	

emergence	 of	B.	 graminis	f.	 sp.	triticale	(within	 the	 past	 30	 years)	 shows	 the	 rapid	

adaptation	of	a	hybrid	fungal	plant	pathogen	to	a	new	hybrid	host.	

With	the	availability	of	genome	sequences	from	many	different	taxa,	there	is	increasing	

evidence	of	multiple	gene	transfers	between	species	and	even	between	kingdoms116.	

Notably,	horizontal	gene	transfer	has	been	identified	between	fungal	plant	pathogens.	

For	 example,	Parastagonospora	 nodorum	and	Pyrenophora	 tritici-repentis	are	 wheat	

pathogens,	 and	 both	 have	 an	 almost	 identical	 effector	 gene	 that	 is	 involved	 in	 host	

susceptibility,	known	as	ToxA117,118,119.	Comparative	genome	analyses	and	population	

genetics	 analyses	 of	 the	TOXA	allele	 revealed	 that	 it	 was	 inserted	 in	 the	P.	 tritici-

repentis	genome	through	horizontal	gene	transfer	from	P.	nodorum117.	In	this	case,	the	

transfer	probably	occurred	either	through	hyphal	 fusion	or	 from	a	wheat-associated	

vector,	such	as	a	virus	or	bacterium.	Interestingly,	TOXA	was	identified	in	the	genome	

of	a	third	wheat	pathogen,	Bipolaris	sorokiniana120,	and	thus	 is	an	example	of	a	gene	
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that	is	readily	taken	up	by	different	wheat	pathogens	to	induce	host	susceptibility119.	

Studies	have	revealed	similar	signatures	of	horizontal	gene	transfer	in	the	genomes	of	

other	fungal	plant	pathogens.	The	abundance	of	phylogenetic	'outlier'	genes	suggests	

that	the	acquisition	of	foreign	DNA	from	other	fungi,	bacteria	or	plants	can	contribute	

to	 genome	 and	 phenotype	 evolution121,122,123.	 However,	 evidence	 for	mechanisms	 of	

horizontal	gene	transfer	in	fungi	is	sparse	and	further	studies	are	necessary	to	validate	

the	importance	of	this	process	in	genome	evolution43.	 	
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Conclusions	and	outlook	
So	far,	our	research	on	the	genomes	of	fungal	plant	pathogens	has	been	descriptive	and	

has	 focused	 on	 the	 diversity	 of	 mechanisms	 that	 promote	 the	 rapid	 evolution	 of	

pathogenicity	 related	 traits.	 However,	 the	 underlying	 population	 genetics	 processes	

that	have	been	important	in	shaping	genome	architecture	in	pathogens	are	still	poorly	

understood;	 understanding	 them	will	 require	 improved	models	 for	 the	 inference	 of	

mutational	and	recombination	processes.	These	should	incorporate	the	particularities	

of	fungal	pathogen	genomes,	including	high	and	variable	mutation	and	recombination	

rates,	 marked	 variation	 in	 transposable	 element	 content	 and	 genome	

compartmentalization.	

Given	the	discovery	of	substantial	levels	of	genome	plasticity,	fungal	plant	pathogens	

currently	 function	 as	 model	 organisms	 to	 address	 fundamental	 questions	 in	

evolutionary	 biology	 beyond	 plant	 pathology,	 such	 as	 the	 importance	 of	 sexual	

reproduction,	 the	 evolution	 of	 gene	 organization,	 and	 chromosomal	 stability	 and	

integrity44,48,58.	This	understanding	may	also	have	relevance	to	cancer	research.	Cancer	

cells	 are	 known	 to	 accumulate	 a	 wide	 range	 of	 somatic	mutations,	 including	 whole	

chromosome	 duplications	 and	 losses,	 and	 structural	 rearrangements.	 Fungal	

pathogens	may,	with	 their	 highly	 dynamic	 genomes,	 function	 as	 new	models	 in	 the	

research	of	cancer	cell	evolution124,125.	

Finally,	 agriculture	 can	markedly	 affect	demographic	 fluctuations	of	 crop-associated	

pathogens	by	providing	homogeneous	environments,	which	may	be	conducive	for	the	

evolution	and	dispersal	of	pathogens.	We	need	to	 improve	our	understanding	of	 the	

effect	 of	 environmental	 conditions	 on	 the	 population	 genetics	 structure	 of	 plant	

pathogens.	Changes	 in	population	genetics	parameters	over	 time	may	have	a	 crucial	

role	 in	 shaping	 genome	 architecture,	 including	 advantageous	 associations	 between	

transposable	elements	and	rapidly	evolving	effector	genes.	
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Glossary	
Biotrophs	
Pathogens	that	manipulate	host	defences	and	obtain	their	nutrients	from	living	plant	
cells	through	specialized	'feeding'	structures	or	hyphae	formed	intracellularly	in	the	
host.	
	
Necrotrophs	
Pathogens	that	kill	host	cells	by	secreting	toxins	and	enzymes	to	obtain	nutrients	for	
growth	and	reproduction.	
	
Hemibiotrophs	
Pathogens	that	undergo	a	longer	latent	or	biotrophic	phase	followed	by	a	switch	to	
necrotrophic	growth.	
	
Effectors	
Pathogen-produced	molecules	that	are	secreted	during	infection	to	manipulate	host	
defences	and	facilitate	pathogen	invasion.	
	
Apoplastic	space	
Space	outside	of	the	plant	plasma	membrane.	
	
Symplastic	space	
Space	on	the	inner	side	of	the	plant	plasma	membrane.	
	
Cultivars	
Varieties	of	crop	plants	of	the	same	species	that	have	distinct	phenotypes	and	
genotypes.	Distinct	cultivars	are	obtained	by	plant	breeding,	whereby	desired	traits	
are	selected	and	propagated.	
	
Transposable	elements	
Genetic	elements	that	move	from	one	location	in	the	genome	of	their	host	to	another.	
Transposable	elements	are	also	known	as	transposons.	
	
Metapopulation	dynamics	
Local	fluctuations	in	the	(actual	as	well	as	effective)	population	size	of	spatially	
separated	populations	that	belong	to	the	same	species.	
	
Non-synonymous	mutations	
Nucleotide	changes	in	coding	sequences	that	alter	the	amino	acid	sequence	in	the	
translated	proteins.	
	
Synonymous	mutations	
Nucleotide	changes	in	coding	sequences	that	alter	the	codons,	but	not	the	amino	acid	
sequence,	in	translated	proteins.	
	
Trench	warfare	
A	model	that	predicts	constant	diversity	in	a	host–pathogen	system,	due	to	the	
maintenance	of	multiple	alleles	at	a	co-evolving	locus	by	positive	diversifying	
selection	or	balancing	selection.	
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'Arms	race'	evolution	
The	co-evolution	of	host	and	pathogen	alleles,	which	results	in	the	recurrent	fixation	
of	advantageous	alleles	at	a	co-evolving	locus.	The	fixation	of	advantageous	alleles	is	
mediated	by	positive	directional	selection.	
	
Tajima’s	D	
A	statistical	test	parameter	that	is	used	in	population	genetics	and	DNA	sequence	
analyses.	Tajima's	test	is	used	to	identify	sequences	that	do	not	fit	the	neutral	theory	
model,	by	which	the	fate	of	any	mutation	is	determined	by	genetic	drift.	
	
Divergence	patterns	
The	distribution	of	substitutions	varies	along	the	genome,	as	different	parts	of	the	
genome	evolve	by	processes	and	by	different	rates.	The	underlying	pattern	of	
divergence	can	be	investigated	to	unravel	the	history	of	mutational	events	and	the	
effect	of	selection	versus	neutral	processes	on	the	sequence	evolution.	
	
Selective	sweep	
An	increase	in	the	frequency	of	an	advantageous	allele	(and	closely	linked	
chromosomal	segments)	that	is	caused	by	positive	selection.	Sweeps	initially	decrease	
genetic	variation	and	subsequently	lead	to	a	local	excess	of	rare	alleles	(homozygosity	
excess)	as	new	unique	mutations	accumulate.	
	
Linkage	disequilibrium	
The	non-random	association	of	alleles	at	different	loci.	
	
Accessory	chromosomes	
Chromosomes	that	are	not	present	in	all	isolates	of	the	same	pathogenic	species.	Such	
chromosomes	often	encode	determinants	of	host	specificity.	
	
Heterothallic	
In	heterothallic	species,	two	individuals	that	have	opposite	mating	types	are	required	
for	sexual	reproduction.	By	contrast,	homothallic	organisms	have	both	mating	types	
in	one	thallus.	
	
Mesosynteny	
A	term	that	refers	to	the	conservation	of	gene	content	on	chromosomes,	but	a	
variation	in	the	gene	order	and	orientation.	This	is	a	phenomenon	that	is,	thus	far,	
particularly	described	in	dothideomycete	fungi.	
	
Effective	population	size	
(Ne).	The	approximate	number	of	breeding	individuals	that	produce	offspring	that	live	
to	reproductive	age.	This	number	influences	the	rate	of	loss	of	genetic	variation,	the	
efficiency	of	natural	selection,	and	the	accumulation	of	beneficial	and	deleterious	
mutations.	It	is	frequently	much	smaller	than	the	number	of	individuals	in	a	
population.	
	
Sexual	spores	
Spores	that	originate	from	sexual	crossings	that	differ	morphologically	from	asexual	
spores.	
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Muller's	ratchet	
The	irreversible	accumulation	of	deleterious	mutations	in	organisms	that	reproduce	
asexually.	
	
Parasexual	
A	process	whereby	genetic	material	is	exchanged	between	fused	hyphae	or	cells	
without	meiosis.	Parasexuality	enables	the	organism	to	recombine	its	genome	and	
generate	new	genotypes	in	the	absence	of	sexual	mating.	
	
Selection	coefficient	
The	average	proportional	reduction	in	fitness	of	one	genotype	relative	to	another	
owing	to	selection	(designated	by	's').	
	
Heterokaryons	
Cells	that	contain	two	or	more	genetically	distinct	nuclei.	
	
Introgressive	hybridization	
The	transfer	of	genes	from	one	species	to	another	through	hybridization	followed	by	
backcrossing	with	the	parental	species.	
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Abstract	
The	haploid	genome	of	the	pathogenic	fungus	Zymoseptoria	tritici	is	contained	on	“core”	

and	“accessory”	chromosomes.	While	13	core	chromosomes	are	 found	 in	all	strains,	as	

many	 as	 eight	 accessory	 chromosomes	 show	 presence/absence	 variation	 and	

rearrangements	 among	 field	 isolates.	 We	 investigated	 chromosome	 stability	 using	

experimental	evolution,	karyotyping	and	genome	sequencing.	We	report	extremely	high	

and	variable	rates	of	accessory	chromosome	loss	during	mitotic	propagation	in	vitro	and	

in	planta.	Spontaneous	chromosome	loss	was	observed	in	2	to	>50	%	of	cells	during	four	

weeks	of	incubation.	Similar	rates	of	chromosome	loss	in	the	closely	related	Z.	ardabiliae	

suggest	that	this	extreme	chromosome	dynamic	is	a	conserved	phenomenon	in	the	genus.	

Elevating	the	incubation	temperature	greatly	increases	instability	of	accessory	and	even	

core	 chromosomes,	 causing	 severe	 rearrangements	 involving	 telomere	 fusion	 and	

chromosome	breakage.	Chromosome	losses	do	not	impact	the	fitness	of	Z.	tritici	in	vitro,	

but	some	 lead	to	 increased	virulence	suggesting	an	adaptive	role	of	 this	extraordinary	

chromosome	instability.	 	
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Introduction	
Pathogenic	fungi	pose	global	threats	to	agriculture,	human,	and	animal	health.	Pathogens	

infecting	plants	and	animals	have	been	shown	to	rapidly	adapt	to	changing	environments,	

including	industrial	agriculture	and	medical	treatments,	usually	in	response	to	adaptive	

pressure	caused	by	the	widespread	use	of	fungicides	and	pharmaceuticals	(Selmecki	et	

al.,	2010;	Bennett	et	al.,	2014).	The	genomes	of	many	prominent	fungal	plant	pathogens	

exhibit	 high	 levels	 of	 structural	 variation	 including	 isolate-	 or	 lineage-specific	 regions	

often	 characterized	 by	 high	 repeat	 contents,	 and	 accessory	 chromosomes	 varying	 in	

frequency	 among	 individual	 isolates	 (De	 Jonge	 et	 al.,	 2013;	 Persoons	 et	 al.,	 2014;	

Plissonneau	 &	 Stürchler,	 2016).	 Structural	 variation	 is	 often	 associated	 with	 meiotic	

recombination,	 but	 highly	 variable	 regions	 are	 also	 found	 in	 asexually	 and	 mostly	

asexually	reproducing	species	(Wang	et	al.,	2006;	Chuma	et	al.,	2011;	Faino	et	al.,	2016).	

In	several	plant	pathogenic	fungi,	determinants	of	virulence,	so	called	effector	proteins,	

are	located	in	dynamic	regions	of	the	genome	(Miao	et	al.,	1991a;	Coleman	et	al.,	2009;	Ma	

et	 al.,	 2010).	 Accessory	 chromosomes	 often	 carry	 genes	 that	 encode	 virulence	

determinants	 and	 are	 linked	 to	 pathogenicity.	 Therefore,	 the	 absence	 of	 a	 particular	

chromosome	in	some	species	results	in	avirulent	phenotypes	(Ma	et	al.,	2010;	Tsuge	et	al.,	

2016;	 Vlaardingerbroek	 et	 al.,	 2016;	 van	 Dam	 et	 al.,	 2018).	 Little	 is	 known	 about	 the	

mechanisms	 that	 drive	 the	 dynamics	 of	 accessory	 chromosomes	 and	 highly	 variable	

regions	in	genomes	of	eukaryotic	pathogens.		

The	plant	pathogenic	fungus	Zymoseptoria	tritici	causes	disease	on	wheat,	especially	in	

Northern	Europe	and	North	America,	resulting	 in	extensive	annual	yield	 loss	(Fones	&	

Gurr,	2015;	Torriani	et	al.,	2015).	The	Z.	 tritici	 reference	 isolate	 IPO323	contains	eight	

accessory	chromosomes	with	sizes	ranging	from	0.4	to	1	Mb,	accounting	for	12%	of	the	

entire	genome	(Goodwin	et	al.,	2011).	Chromosome	rearrangements,	including	complete	

loss	of	accessory	chromosomes,	are	a	frequent	phenomenon	in	this	fungus	and	have	been	

widely	studied	as	a	consequence	of	meiosis	(Wittenberg	et	al.,	2009;	Croll	et	al.,	2015;	

Fouche	 et	 al.,	 2017).	 Infection	 experiments	 with	 Z.	 tritici	 strains	 in	 which	 single	 or	

multiple	accessory	chromosomes	had	been	deleted	showed	that	at	least	some	accessory	

chromosomes	 encode	 virulence	 factors	 that	 determine	 host	 specificity	 (Habig	 et	 al.,	

2017).	In	contrast	to	the	core	chromosomes,	accessory	chromosomes	are	enriched	with	

transposable	elements	and	have	low	gene	density	(Goodwin	et	al.,	2011).	Chromatin	of	

accessory	 chromosomes	 shows	 hallmarks	 of	 constitutive	 and	 facultative	

heterochromatin,	consistent	with	the	observed	transcriptional	silencing	of	genes	present	
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on	these	chromosomes	(Kellner	et	al.,	2014;	Rudd	et	al.,	2015;	Schotanus	et	al.,	2015).	The	

centromeres,	subtelomeric	regions	and	telomeric	repeats	of	accessory	chromosomes	are	

indistinguishable	 from	those	of	core	chromosomes	(Schotanus	et	al.,	2015),	suggesting	

that	 accessory	 chromosomes	 contain	 all	 the	 required	 regions	 for	 proper	 chromosome	

segregation.	The	unusual	high	number	of	accessory	chromosomes,	in	combination	with	

the	 extreme	 variability	 in	 chromosome	 content	 among	 field	 isolates	 or	 progeny	 from	

controlled	 crosses,	 make	 Z.	 tritici	 an	 excellent	 eukaryotic	 model	 to	 study	 accessory	

chromosomes	 and	 their	 dynamics	 (Mehrabi	 et	 al.,	 2007;	 Wittenberg	 et	 al.,	 2009;	

Stukenbrock	 et	 al.,	 2010;	 Goodwin	 et	 al.,	 2011).	 Here,	 we	 provide	 evidence	 for	

unexpectedly	high	 rates	of	 chromosome	 loss	and	changes	during	asexual	propagation,	

both	in	vitro	and	in	planta.	We	describe	the	types	of	structural	rearrangements	and	overall	

variation	in	chromosome	stability	in	this	important	crop	pathogen.	

	

Results		
Accessory	chromosomes	are	lost	at	a	very	high	rate	in	vitro	

To	assess	 the	stability	of	 accessory	 chromosomes	 in	Z.	 tritici	we	 conducted	an	 in	 vitro	

long-term	growth	experiment.	We	used	the	Z.	tritici	isolate	IPO323Dchr18,	derived	from	

the	reference	strain	IPO323	for	which	there	is	a	completely	assembled	genome	(Goodwin	

et	al.,	2011).	 IPO323Dchr18	 lost	chromosome	18	during	previous	 in	vitro	propagation,	

and	is	here	referred	to	as	Zt09	(Kellner	et	al.,	2014).	We	propagated	fungal	cells	in	liquid	

culture	at	18°C,	including	eight	transfers	to	fresh	medium.	After	four	weeks	(representing	

~80	cell	divisions	per	cell),	576	single	strains	originating	from	three	replicate	cultures	

were	 tested	 for	 the	 presence	 of	 the	 seven	 accessory	 chromosomes	 from	 the	 Zt09	

progenitor	 by	 a	 PCR	 assay.	 The	 presence	 of	 marker	 regions,	 located	 close	 to	 the	

centromere,	and	the	right	and	left	telomere	repeats	of	each	accessory	chromosome,	were	

tested	 (Table	 S1).	 When	 the	 screening	 by	 PCR	 suggested	 absence	 of	 an	 accessory	

chromosome,	we	further	validated	the	result	by	electrophoretic	separation	of	the	fungal	

chromosomes	by	pulsed	field	gel	electrophoresis	(PFGE)	(Figure	1	A	and	B).	Thirty	eight	

of	 the	 576	 (~7	%)	 tested	 strains	 lacked	 one	 accessory	 chromosome.	We	 did	 not	 find	

strains	 that	 lacked	 more	 than	 one	 chromosome,	 but	 observe	 a	 clear	 trend	 where	

accessory	chromosomes	14,	15	and	16	were	lost	more	frequently	than	smaller	accessory	

chromosomes	 (Table	1).	For	example,	 chromosome	14	was	absent	 in	eighteen	strains,	

chromosome	15	in	eight	and	16	in	nine	strains.	The	small	chromosomes	20	and	21	were	
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lost	only	in	two	and	one	strain,	respectively,	whereas	chromosomes	17	and	19	were	never	

absent	following	the	in	vitro	propagation	(Table	1	and	Table	S2).		

Figure	 1.	 Screening	 by	 PCR	 and	 pulsed-field	 gel	 electrophoresis	 to	 identify	
accessory	chromosome-loss	strains	in	Z.	tritici.	(A)	Screening	by	PCR	of	the	progenitor	
Zt09	strain	and	evolved	strains	to	assess	chromosome	losses	using	primer	pairs	located	
close	to	the	centromeric	region	of	the	respective	accessory	chromosome.	Multiplex	PCR	
was	 used	 to	 simultaneously	 screen	 for	 the	 presence	 or	 absence	 of	 all	 accessory	
chromosomes	 in	 one	 strain.	 Absence	 of	 a	 PCR	 product	 indicates	 the	 absence	 of	 the	
chromosome;	chromosome	18	is	not	present	in	Zt09.	(B)	Pulsed-field	gel	electrophoresis	
(PFGE)	was	conducted	to	validate	the	absence	of	accessory	chromosomes	in	chromosome	
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loss	 candidates	 identified	 by	 the	 initial	 PCR.	 Here,	 the	 separation	 of	 small	 accessory	
chromosomes	of	the	progenitor	strain	Zt09	and	four	chromosome-loss	strains	is	shown.	
The	corresponding	chromosome	to	each	band	 is	indicated	on	the	right.	The	absence	of	
chromosomal	bands	confirms	the	loss	of	the	respective	chromosome;	chromosome	18	is	
similar	in	length	to	16	and	17	but	is	absent	in	Zt09.	PFGE	of	the	accessory	(C)	and	mid-
size	 (D)	 chromosomes	 of	 strains	 originating	 from	 the	 in	 vitro	 temperature	 stress	
experiment	 confirms	 multiple	 accessory	 chromosome	 losses,	 size	 alterations	 and	
chromosome	 fusions	 (see	 also	 Figures	 3	 and	 S1	 and	 Table	 S3).	 The	 bands	 for	
chromosomes	3,	12,	13	and	21	are	absent	in	strain	28-2,	however,	genome	sequencing	
confirms	that	the	chromosomes	are	still	present	in	the	genome	(Figure	2C).	The	absence	
of	 bands	 on	 the	 PFGE	 can	 be	 explained	 by	 chromosome	 size	 changes	 whereby	
chromosomes	3	and	13	and	12	and	21	have	experienced	chromosome	fusions	(Figure	3	
and	S1).	Note	a	new	chromosome	band	with	a	size	of	~1.8	Mb	resulting	from	the	fusion	of	
chromosomes	12	and	21.	In	the	strain	28-3,	the	accessory	chromosomes	17	and	19	are	
shorter	than	the	reference	chromosomes	due	to	chromosome	breakage	(Figure	2C	and	
Table	S3).	Strain	28-4	has	an	additional	band	of	~1.2	Mb,	representing	the	 fusion	of	a	
duplicated	chromosome	17	(Figure	S1).		All	images	of	stained	gels	are	color-inverted	to	
make	differences	more	obvious.	
	

Table	1.	Summary	of	chromosome	losses	in	Z.	tritici	during	evolution	experiments	
in	vitro	and	in	planta.	Listed	are	the	number	of	cells	that	lost	an	accessory	chromosome	
and	which	accessory	chromosomes	were	 lost.	Sizes	of	 the	accessory	chromosomes	are	
listed	next	to	the	chromosome	number.	Strains	with	more	than	one	chromosome	lost	are	
listed	in	brackets.		
	

Chromosome	
(kb)	
	

Zt09	in	vitro	
culture	

Zt09	in	vitro	
plate	

IPO323	in	
planta	

Zt09	in	vitro	
temperature	

stress	
14	(773)	
15	(639)	
16	(607)	
17	(584)	
18	(574)	
19	(550)	
20	(472)	
21	(409)	

18	
8	
9	
0	
N/A	
0	
2	
1	

0	
0	
4	
0	
N/A	
0	
0	
1	

1	
6	
1	
0	
7	
2	
0	
0	

108	(33)	
2	(8)	
0	(9)	
0	
N/A	
2	(2)	
1	(17)	
1	(7)	

Total	chr	loss	
strains	

	
Total	strains	

tested	

38	
	
	

576	

5	
	
	
40	

17	
	
	

986	

114	(34)	
	
	

188	
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We	considered	the	possibility	that	natural	selection	acted	on	a	large	population	of	cells	in	

the	 liquid	 Z.	 tritici	 cultures	 and	 thereby	 contributed	 to	 the	 observed	 non-random	

chromosome	losses.	To	test	this,	we	designed	a	second	evolution	experiment	to	propagate	

individual	 cell	 lineages	 in	 the	 absence	 of	 selection.	 For	 this	 experiment,	 40	 strains	

originating	from	one	common	progenitor	(Zt09)	were	cultivated	on	plates.	Every	week,	

randomly	selected	colonies	derived	from	single	cells	were	transferred	to	a	 fresh	plate.	

These	 repeated	 strong	 bottlenecks	 allowed	us	 to	propagate	 single	 lineages	of	Z.	 tritici	

without	an	effect	of	natural	selection	(Barrick	&	Lenski,	2013).	After	four	weeks	of	growth	

(including	 four	 transfers	 to	 new	 plates),	 the	 40	 evolved	 strains	 were	 tested	 for	 the	

presence	of	accessory	chromosomes	as	described	above.	Five	out	of	40	(~13	%)	strains,	

twice	as	many	as	in	the	previous	experiment,	lacked	an	accessory	chromosome	suggesting	

that	 selection	 in	 a	 larger	 population	 of	 cells	 indeed	 had	 removed	 some	 of	 the	

spontaneously	 occurring	 chromosome	 losses.	 Interestingly,	 in	 this	 experiment	 we	

observe	 the	 loss	of	only	 two	different	 chromosomes:	Chromosome	16	was	 lost	 in	 four	

strains,	 and	 chromosome	 21	 in	 one	 strain.	 Our	 two	 in	 vitro	 experiments	 suggest	 that	

chromosome	 loss	 is	 not	 entirely	 random,	 and	 that	 specific	 chromosomes	 are	 lost	 at	 a	

higher	 rate	 (Table	 1),	 depending	 on	 the	 in	 vitro	 growth	 conditions.	 The	 frequency	 of	

chromosome	 losses	 during	 asexual	 growth	 in	 vitro	 is	 extremely	 high	 in	 Z.	 tritici	 and	

exceeds	 previously	 reported	 spontaneous	 chromosome	 losses	 in	 F.	 oxysporum	 f.	 sp.	

lycopersici	by	far	(Vlaardingerbroek	et	al.,	2016).		

	

Accessory	chromosomes	are	unstable	in	planta	

The	growth	of	Z.	tritici	in	rich	medium	in	vitro	is	highly	distinct	from	growth	of	the	fungus	

in	 its	natural	environment.	Zymoseptoria	tritici	 is	a	hemi-biotrophic	pathogen	 infecting	

the	mesophyll	of	wheat	leaves	(Ponomarenko	et	al.,	2011;	Goodwin	et	al.,	2011),	where	it	

forms	 asexual	 fruiting	 bodies,	 pycnidia,	 containing	 presumably	 clonal	 conidiospores	

(pycnidiospores).	Pycnidia	develop	in	the	sub-stomatal	cavities,	where	the	environment	

and	 nutrient	 availability	 differ	 from	our	 tested	 in	 vitro	 conditions	 (Rudd	 et	 al.,	 2015;	

Haueisen	 et	 al.,	 2017).	 To	 test	whether	 chromosome	 loss	 occurs	 only	 in	 vitro	 or	 also	

during	the	natural	lifecycle	of	Z.	tritici,	we	assessed	the	loss	of	accessory	chromosomes	in	

planta.	We	collected	pycnidia	from	wheat	leaves	infected	with	the	Z.	tritici	strain	IPO323	

and	 tested	 single	 pycnidiospores	 for	 the	 presence	 of	 accessory	 chromosomes.	 A	 total	

number	of	968	pycnidiospores	originating	from	42	separate	pycnidia	were	screened	by	

PCR.	 In	 total,	 17	 strains	 missing	 an	 accessory	 chromosome	 were	 identified	 (~1.7%).	



Genome	instability	during	vegetative	growth	
 

 73	

Chromosomes	 15	 and	 18	 were	 the	 most	 frequently	 lost	 chromosomes,	 while	

chromosomes	17,	20	and	21	were	not	lost	in	any	of	the	strains	(Table	1	and	Table	S2).	As	

for	the	in	vitro	experiments,	no	strains	lacking	more	than	one	chromosome	were	found.	

Interestingly,	 chromosome	 18,	 which	 was	 found	 to	 be	 lost	 at	 high	 rates	 in	 our	 plant	

experiments,	was	shown		to	be	frequently	absent	in	field	isolates	of	Z.	tritici	(Croll	et	al.,	

2013;	McDonald	et	al.,	2016).	In	summary,	our	findings	show	that	chromosome	loss	in	Z.	

tritici	 not	 only	 results	 from	 the	 non-disjunction	 of	 homologous	 chromosomes	 during	

meiosis	 II,	 as	 proposed	 previously	 (Wittenberg	 et	 al.,	 2009),	 but	 also	 from	 frequent	

chromosome	 losses	during	asexual	 growth	and	mitotic	spore	 formation	 in	planta.	The	

observed	 frequency	 of	 chromosome	 losses	 in	 planta	 is	 not	 as	 high	 as	 during	 in	 vitro	

growth,	 however,	 the	 number	 of	mitotic	 divisions	 to	 develop	 pycnidia	 is	 presumably	

lower	than	during	four	weeks	of	in	vitro	growth.	Therefore,	we	propose	that	the	reduced	

number	 of	 chromosome	 losses	 in	 planta	 rather	 reflects	 the	 reduced	 number	 of	 cell	

divisions	than	possible	fitness	effects	of	chromosome	losses.	

	

Chromosome	instability	is	greatly	increased	during	exposure	to	heat	stress	

In	 their	 natural	 environments,	 pathogens	 are	 exposed	 to	 various	 kinds	 of	 biotic	 and	

abiotic	 stresses.	 For	 example,	 the	 local	 environment	 on	 the	 leaf	 surface	 can	 fluctuate	

severely	in	temperature	and	humidity	conditions	(Zhan	&	McDonald,	2011).	We	assessed	

the	impact	of	an	increase	in	temperature	on	chromosome	stability	of	Z.	tritici.	To	this	end,	

we	cultivated	Zt09	in	vitro	at	elevated	temperatures,	namely	an	increase	of	ten	degrees	

Celsius	from	18°	to	28°C	during	four	weeks	of	incubation.	Subsequent	screening	by	PCR	

for	accessory	chromosomes	revealed	severe	chromosome	losses	in	the	tested	strains.	Out	

of	 188	 evolved	 and	 tested	 strains,	 148	 (~80	%)	were	missing	 at	 least	 one	 accessory	

chromosome.	Chromosome	14	was	the	most	frequently	lost	chromosome	and	34	evolved	

strains	 were	 lacking	 more	 than	 one	 chromosome.	 The	 maximum	 number	 of	 missing	

chromosomes	was	six	in	one	strain	(Table	1	and	Table	S2).	PFGE	revealed	that	karyotype	

alterations	were	not	 restricted	 to	 simple	 chromosome	 loss	as	observed	 in	 the	 in	 vitro	

experiments	at	18°C	and	the	in	planta	experiments.	In	contrast,	we	observed	frequent	size	

variation	 of	 both	 core	 and	 accessory	 chromosomes	 as	 a	 consequence	 of	 chromosome	

breakage,	fusions	and	duplications	(see	below)	(Figure	1C	and	1D,	Figure	S1,	Table	S3).		
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Genome	 sequencing	 of	 chromosome-loss	 strains	 reveals	 chromosome	 breakage	

and	fusion,	but	a	low	number	of	SNPs		

In	total,	we	sequenced	19	genomes	originating	from	the	different	in	vitro	and	the	in	planta	

experiment	 and	 the	 respective	 progenitor	 strains;	 all	 sequencing	 results	 have	 been	

deposited	 in	 the	 Sequence	 Read	 Archive	 (SRA)	 under	 BioProject	 ID	 PRJNA428438.	

Overall,	we	confirmed	the	absence	of	complete	accessory	chromosomes	(Figure	2A),	and	

we	found	very	few	additional	changes.	After	filtering	to	exclude	reads	of	poor	quality	and	

coverage	(see	Materials	and	Methods,	Supplementary	Text)	we	identified	a	total	number	

of	nine	SNPs	in	eight	sequenced	strains	originating	from	the	in	vitro	experiment	in	liquid	

culture	at	18°C	and	the	in	planta	experiment.	Of	these,	three	SNPs	were	located	in	coding	

regions	 (Table	 S4).	 Besides	 the	 complete	 loss	 of	 accessory	 chromosomes	 and	 the	

identified	 SNPs,	 we	 found	 no	 other	 mutations	 when	 comparing	 the	 progenitor	 and	

evolved	 strains.	 However,	 we	 identified	 SNPs	 distinguishing	 Zt09	 from	 our	 IPO323	

reference	strain,	and	the	published	genome	sequence;	most	of	these	SNPs	were	in	non-

coding	 sequences	 (Table	 S4).	 As	we	 show	 chromosome	 losses	 in	 different	 strains,	we	

conclude	that	the	few	point	mutations	do	not	have	measurable	impact	on	chromosome	

loss.	
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Figure	2.	Whole	genome	sequencing	confirms	loss	of	accessory	chromosomes	in	Z.	
tritici	and	Z.	ardabiliae.	The	genomes	of	chromosome-loss	strains	derived	from	(A)	the	
Z.	tritici	in	vitro	evolution	experiment	and	the	in	planta	pycnidiospore	isolations,	and	(B)	
the	Z.	ardabiliae	in	vitro	evolution	experiment	and	the	respective	progenitor	strains	were	
sequenced	by	paired-end	Illumina	sequencing	and	mapped	to	the	respective	reference	
isolates,	 IPO323	 (Z.	 tritici)	 or	 Za17	 (Z.	 ardabiliae).	 The	 losses	 of	 entire	 chromosomes	
(white	boxes)	were	verified	for	each	strain,	but	few	mutations	in	form	of	SNPs,	INDELs	or	
copy	number	variation	were	detected	(Table	S4).	The	Z.	tritici	reference	genome	consists	
of	whole	chromosomes,	while	the	Z.	ardabiliae	reference	genome	is	composed	of	unitigs	
obtained	 from	 the	 SMRT	 sequencing	 assembly	 (ordered	 by	 name	 of	 the	 unitig).	 (C)	
Genome	sequencing	of	strains	derived	from	the	temperature	stress	experiment	revealed,	
besides	verification	of	accessory	chromosome	losses,	chromosome	breaks	at	the	ends	of	
core	and	accessory	 chromosomes	 (red	 lines)	and	accessory	 chromosome	duplications.	
Darker	blue	shading	indicates	higher	coverage.	Most	repetitive	sequences	have	a	higher	
coverage	than	single	copy	regions	resulting	 in	different	shades	of	blue	 in	 the	coverage	
graph.	The	 intense	dark	blue	 lines	 indicate	high	 coverage	 regions	on	rDNA	clusters	or	
repetitive	DNA	due	to	underestimation	of	repeats	in	the	reference	assembly	(for	example,	
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the	thin	black	line	in	chromosome	7	indicates	the	location	of	several	rDNA	cluster	repeats,	
the	only	such	repeats	in	the	annotated	genome	sequence,	but	the	expected	true	number	
of	rDNA	repeats	is	~50).	

Whole	genome	sequencing	of	 five	strains	evolved	at	28°C	verified	the	 losses	of	several	

accessory	chromosomes.	Furthermore,	comparison	of	the	re-sequenced	genomes	of	the	

progenitor	 and	 the	 evolved	 strains	 revealed	 substantial	 size	 variation	 resulting	 from	

chromosome	breakage	of	core	and	accessory	chromosomes,	and	duplications	of	accessory	

chromosomes	(Figure	2C).	Chromosome	breaks	located	close	to	the	ends	of	chromosomes	

resulted	 in	 shortened	 chromosomes	 caused	 by	 subtelomeric	 deletions	 of	 ~0.2-60	 kb	

(Table	S3).	Detailed	analyses	of	the	distribution	of	discordant	paired-end	reads	mapping	

to	 different	 chromosomes	 revealed	 a	 high	 number	 of	 reads	 at	 the	 chromosome	

breakpoints	with	the	respective	read	mates	mapping	to	telomeric	repeats	(Figure	3).	This	

suggested	 that	 most	 chromosome	 breaks	 resulted	 in	 shorter	 chromosomes	 to	 which	

telomeres	were	added	de	novo.	Besides	de	novo	telomere	formation,	we	found	evidence	

for	 fusion	 of	 core	 chromosomes	 in	 strain	 Zt09	 28-2,	 where	 discordant	 read	mapping	

indicated	fusion	of	the	right	arms	of	chromosomes	3	and	13	(Table	S3	and	Figure	3).	PFGE	

and	Southern	blots	further	showed	fusion	of	chromosomes	12	and	21	in	Zt09	28-2	(Figure	

S1).	 In	 a	 previous	 study,	 we	 reported	 evidence	 for	 the	 likely	 fusion	 of	 an	 ancestral	

accessory	chromosome	and	core	chromosome	7	in	the	reference	isolate	IPO323	and	Zt09	

(Kellner	et	al.,	2014;	Schotanus	et	al.,	2015).	Here,	we	deduced	a	fusion	of	the	duplicated	

chromosome	17	in	strain	Zt09	28-4	(Figure	1C	and	D,	Figure	S1).	Similar	fusions	of	the	

same	accessory	chromosome	17	following	meiosis	had	been	suggested	previously,	and	

“breakage-fusion	bridge”	cycles	(McClintock,	1938,	1941)	were	invoked	as	a	mechanism	

to	 form	a	new	accessory	chromosome	(Croll	et	al.,	2013).	 In	 total,	 in	 the	 five	analyzed	

genomes	 derived	 from	strains	grown	 at	 28°C,	we	 identified	 spontaneous	 changes:	 (1)	

fifteen	 chromosome	 breakages	 (twelve	 with	 de	 novo	 telomere	 formation	 and	 three	

without	 evidence	 for	 new	 telomeres),	 (2)	 three	 chromosome	 fusions,	 (3)	 three	

chromosome	duplications,	and	(4)	16	chromosome	losses	(Table	S3).	A	key	observation	

from	our	genome	data	analyses	is	the	frequent	involvement	of	de	novo	telomere	formation	

and	chromosomal	 fusion	as	a	mechanism	to	heal	broken	chromosome	ends.	While	 this	

has	been	reported	for	cancer	cells	(Murnane,	2012),	it	is	generally	considered	a	rare	event	

in	normal,	non-transformed	cells.	Here	we	show	 that	de	novo	 telomere	 formation	and	

chromosome	fusion	readily	occur	in	a	filamentous	fungus	during	growth	at	temperature	

stress.		
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Figure	3.	Discordant	read	analysis	 reveals	chromosome	 fusion	and	chromosome	
breakage.	 (A)	 Schematic	 illustration	 of	 discordant	 read	 mapping	 in	 the	 case	 of	
chromosome	breakage	 and	 fusion.	 If	 chromosome	breakage	 is	 followed	by	 fusion	 to	a	
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different	chromosome,	the	discordantly	mapping	reads	at	the	breakpoint	will	have	their	
respective	read	mate	on	the	chromosome	that	is	fused	to	the	breakpoint.	If	breakage	is	
followed	by	de	novo	telomere	formation,	the	discordant	reads	have	their	respective	read	
mates	on	telomeric	repeats	on	random	chromosomes.	(B)	and	(C)	Read	mapping	to	the	
genome	of	the	reference	isolate	IPO323.	(B)	In	the	experimentally	evolved	strains	of	Z.	
tritici	at	28°C,	the	fusion	of	chromosomes	3	and	13	in	the	strain	Zt09	28-2	is	indicated	by	
the	increased	occurrence	of	discordant	reads	at	the	chromosome	breakpoint	of	the	right	
arm	 of	 chromosome	 3	 and	 the	 right	 arm	 of	 chromosome	 13.	 The	 color	 of	 the	 reads	
represents	 the	chromosome	their	respective	mate	 is	mapping	to.	Color	intensity	of	 the	
reads	indicates	the	mapping	quality.	(C)	New	telomere	formation	at	the	breakpoint,	here,	
as	 example,	 shown	 for	 chromosome	 9	 in	 the	 strain	 Zt09	 28-2.	 Telomere	 formation	 is	
indicated	by	a	high	number	of	discordant	reads,	where	the	read	mates	are	mapping	to	the	
telomeric	 repeats	 of	 different	 chromosomes.	 As	 an	 example,	 the	 right	 telomere	 of	
chromosome	1	 is	shown,	where	one	mate	of	 the	discordant	reads	at	 the	breakpoint	of	
chromosome	 9	 is	 located	 (dashed	 line).	 A	 total	 of	 twelve	 breakage	 events	 that	 were	
followed	by	de	novo	telomere	formation	were	detected	in	the	five	analyzed	strains	derived	
from	the	experiment	at	elevated	temperature.	
	

Accessory	chromosome	instability	also	occurs	in	Zymoseptoria	sister	species	

To	assess	whether	the	high	frequency	of	mitotic	chromosome	loss	is	specific	to	Z.	tritici,	

we	conducted	a	short-term	in	vitro	evolution	experiment	on	the	 fungus	Z.	ardabiliae,	a	

closely	related	sister	species	of	Z.	tritici	that	infects	wild	grasses.	We	used	the	previously	

characterized	 isolate	 STIR04	1.1.1	 (Stukenbrock	 et	 al.,	 2011),	 here	 called	Za17,	 in	 our	

experiments.		

We	first	generated	a	high-quality	reference	genome	based	on	long-read	SMRT	sequencing	

(Supplementary	 Text).	 To	 identify	 sequences	 of	 accessory	 chromosomes	 we	 first	

combined	analyses	of	a	population	genomic	dataset	and	PFGE	(Stukenbrock	et	al.	2011;	

Stukenbrock	&	Dutheil	2018).	Our	analyses	reveal	at	least	four	accessory	chromosomes	

varying	in	their	frequency	among	17	Z.	ardabiliae	isolates.	Based	on	these,	we	designed	

primers	to	amplify	six	loci	located	on	putative	accessory	chromosomes	of	Za17	(Table	S1).	

Next,	we	 conducted	 an	 in	 vitro	 evolution	 experiment	 at	 18°C	 for	 four	weeks	 in	 liquid	

culture	 with	 Za17	 as	 the	 progenitor	 strain.	 Screening	 of	 288	 single	 clones	 by	 PCR	

identified	 five	 strains	 lacking	one	of	 the	accessory	 chromosomes	 (~1.7%).	We	 further	

verified	the	absence	of	accessory	chromosomes	by	PFGE	and	whole	genome	sequencing	

for	three	of	the	five	Z.	ardabiliae	strains	(Figure	2B).	These	findings	resemble	the	rapid	

loss	of	chromosomes	in	Z.	tritici	and	suggest	a	common	phenomenon,	most	likely	related	

to	mitotic	cell	division	in	the	two	Zymoseptoria	species.			
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Accessory	chromosome	losses	affect	in	planta	phenotypes	

We	next	addressed	the	impact	of	spontaneous	chromosome	loss	by	comparing	the	fitness	

of	the	progenitor	and	evolved	Z.	tritici	strains	under	different	in	vitro	growth	conditions,	

and	during	 infection	of	a	susceptible	wheat	variety	by	comparing	growth	and	pycnidia	

formation.	In	vitro,	the	growth	rate	of	strains	lacking	an	additional	accessory	chromosome	

(Zt09∆14	and	Zt09∆21)	was	comparable	to	the	growth	rate	of	the	progenitor,	Zt09,	but	

with	a	slight	tendency	to	slower	growth	of	the	derived	chromosome-loss	strains	(Figure	

S2).	For	a	more	detailed	phenotypic	characterization,	we	used	the	five	chromosome-loss	

strains	 isolated	 from	pycnidia	 from	the	in	planta	experiment	(Table	S2).	Several	stress	

conditions	including	osmotic,	oxidative,	temperature,	and	cell	wall	stresses	were	tested	

in	 vitro.	We	 compared	 the	 fungal	 phenotypes	of	 the	 chromosome-loss	 strains	 and	 the	

progenitor	 strain	 IPO323	 and	 observed	 no	 difference	 in	 growth	 rate	 or	 colony	

morphology	 between	 any	 chromosome-loss	 strain	 and	 IPO323	 (Figure	 S3).	 In	 planta,	

however,	 we	 observed	 phenotypic	 differences	 between	 the	 evolved	 chromosome-loss	

strains	 and	 their	 progenitor.	We	measured	 fitness	 by	 counting	 the	 number	 of	 asexual	

fruiting	bodies	formed	in	stomata	on	infected	wheat	leaves	and	found	a	slightly	higher	

fitness	of	the	chromosome-loss	strains	compared	to	the	progenitor	strain	(Figure	4).	The	

difference	was	most	pronounced	for	the	strains	lacking	chromosome	14	and	chromosome	

19	where	the	density	of	pycnidia	was	found	to	be	significantly	higher	(p	values	of	0.0003	

and	0.015,	Wilcoxon-Rank-Sum	test	and	Holm’s	correction	for	multiple	testing)	compared	

to	the	IPO323	progenitor	(Figure	4).		
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Figure	 4.	 In	 planta	 infection	 assays	 reveal	 a	 negative	 effect	 of	 accessory	
chromosomes	on	fitness.	To	investigate	the	effect	of	accessory	chromosome	losses	on	Z.	
tritici	infection	of	wheat,	three	independent	experiments	with	the	reference	strain	IPO323	
and	 five	 chromosome-loss	 strains	 were	 conducted.	 The	 fitness	 of	 each	 strain	 was	
measured	 by	 counting	 the	 number	 of	 pycnidia	 per	 cm2	 on	 the	 leaf	 surface.	 Statistical	
analysis	 (Wilcoxon-rank-sum	 test	 and	 Holms	 correction,	 P-values	 0.0003	 and	 0.015)	
identified	two	chromosome-loss	strains	(Chr.	14	and	19)	that	show	a	significantly	higher	
number	of	pycnidia	compared	to	the	reference	strain	IPO323	under	the	conditions	used	
in	this	experiment.	
	

	 	

*** *
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Discussion	
Consequences	for	evolution	of	accessory	chromosomes	

Accessory	chromosomes	were	proposed	to	serve	as	an	‘evolutionary	cradle’	for	creating	

novel	 virulence	 genes	 without	 risking	 the	 disruption	 of	 essential	 genes	 on	 the	 core	

chromosomes	 (Croll	 &	McDonald,	 2012).	 Indeed,	 signatures	 for	 accelerated	 evolution	

were	 shown	 by	 overall	 higher	 dN/dS	 ratios	 of	 genes	 on	 the	 accessory	 chromosomes	

compared	 to	 the	 core	 chromosomes	 (Stukenbrock	 et	 al.,	 2010).	 However,	 natural	

selection	acts	at	 the	level	of	 individuals	and	cannot	maintain	“a	playground”	 for	 future	

beneficial	effects.	Rather,	we	hypothesize	that	the	dynamic	of	accessory	chromosome	loss	

reflects	 a	 dynamic	 in	 the	 selective	 environment	 of	 Z.	 tritici,	 where	 under	 certain	

conditions	 these	 small	 chromosomes	confer	a	 fitness	advantage,	while	under	different	

conditions	they	cause	decrease	in	fitness.	A	fitness	advantage	of	chromosome-loss	strains	

in	 planta	 may	 indicate	 the	 presence	 of	 avirulence	 factors	 on	 at	 least	 some	 accessory	

chromosomes.	Avirulence	 factors	can	be	recognized	by	the	host	 to	 induce	a	resistance	

response	resulting	in	reduction	in	virulence	or	even	abortion	of	infection	(Petit-Houdenot	

&	Fudal,	2017;	Zhong	et	al.,	2017).	Our	previous	findings	support	this	notion,	as	we	found	

small	 but	 significant	 negative	 effects	 of	 accessory	 chromosomes	 during	 host	 infection	

(Habig	 et	 al.,	 2017).	 In	 other	 pathogenic	 fungi,	 however,	 the	 opposite	 effect	 has	 been	

demonstrated	 in	 several	 cases.	 A	 strong	 positive	 impact	 on	 virulence	 of	 accessory	

chromosomes	 have	 been	 observed	 in	 Fusarium	 oxysporum	 f.	 spp.	 and	 Nectria	

haematococca	 (Coleman	 et	 al.,	 2009;	Ma	 et	 al.,	 2010;	 van	 Dam	 et	 al.,	 2018).	 In	 these	

pathogens	 chromosome	 losses	 resulted	 in	 complete	 loss	 of	 pathogenicity.	While	 these	

cases	 are	 currently	 considered	 the	 norm,	 our	 observations	 show	 that	 responses	 to	

accessory	chromosome	loss	can	be	more	varied.	Even	though	this	fungus	is	an	important	

pathogen	 in	all	wheat-growing	countries,	 the	biology	of	Z.	 tritici	 is	 still	not	 completely	

understood.	Mating	and	overwintering	in	the	soil	or	litter	layer	remain	largely	unknown	

lifecycle	stages,	and	we	postulate	that	they	impose	different	selection	pressures	on	the	

fungus.	 During	 these	 stages,	 accessory	 chromosomes	 may	 confer	 significant	 fitness	

advantages	that	have	not	been	demonstrated	yet.	Besides	spontaneous	chromosome	loss	

during	meiosis	(Wittenberg	et	al.,	2009),	accessory	chromosomes	have	been	shown	to	

follow	non-Mendelian	segregation	and	are	transmitted	at	a	significantly	higher	rate	than	

expected,	if	one	of	the	two	mating	partners	lacks	an	accessory	chromosome	(Habig	et	al,	

submitted).	While	there	is	no	comprehensive	mechanistic	explanation	yet,	chromosome	

conservation	 by	 re-replication	 during	 meiosis	 may	 counteract	 the	 chromosome	 loss	
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during	vegetative	growth	and	 therefore	maintain	accessory	 chromosomes	 in	pathogen	

populations.	In	Alternaria	alternata,	the	spontaneous	loss	of	a	conditionally	dispensable	

chromosome	 during	 sub-culturing	 has	 been	 described	 for	 one	 isolate	 (Johnson	 et	 al.,	

2001).	Furthermore,	 loss	of	a	conditionally	dispensable	chromosome	after	meiosis	has	

been	observed	in	Nectria	haematococca	(aka	Fusarium	solani	MPVI)	(Miao	et	al.,	1991b).	

A	 recent	 study	 of	 the	 plant	 pathogenic	 fungus	 Fusarium	 oxysporum	 forma	 specialis	

lycopersici	describes	the	spontaneous	loss	of	dispensable	chromosomes	in	vitro	in	one	cell	

out	 of	 35,000	 (Vlaardingerbroek	 et	 al.,	 2016).	 This	 rate	 is	 much	 lower	 than	 the	

chromosome	loss	rate	that	we	observe	in	Z.	tritici	and	Z.	ardabiliae,	where,	depending	on	

the	 growth	 conditions,	more	 than	 one	 cell	 out	 of	 two	 to	 one	 cell	 out	 of	 50,	 lacks	 an	

accessory	 chromosome.	 In	 combination,	 these	 results	 indicate	 that	 chromosome	

instability	is	a	common	phenomenon	in	fungi,	but	the	stability	of	chromosomes	can	vary	

substantially	between	different	 species.	 Studies	 in	Saccharomyces	 and	Candida	 species	

have	 shown	 that	 chromosome	 loss	 resulting	 in	 aneuploidy	 is	 a	 relatively	 frequent	

phenomenon	in	diploid	cells	and	is	advantageous	under	certain	conditions	(Selmecki	et	

al.,	 2010;	 Kumaran	 et	 al.,	 2013;	 Bennett	 et	 al.,	 2014;	 Zhu	 et	 al.,	 2014).	 The	 loss	 of	

chromosomes	 in	haploid	organisms,	 such	as	Z.	 tritici,	 is	 expected	 to	have	more	severe	

consequences,	as	genetic	information	is	lost	from	the	cell.	We	considered,	however,	that	

the	effect	of	rapid	chromosome	loss	or	instability	may	be	advantageous	if	these	traits	are	

selected	for	in	pathogens	like	Zymoseptoria.	

The	temperature	stress	experiment	in	vitro	showed	that	genome	instability	in	Z.	tritici,	at	

this	temperature,	is	not	restricted	to	the	accessory	chromosomes,	but	also	involves	the	

core	 genome.	 New	 chromosome	 formation	 induced	 by	 telomere	 to	 telomere	 fusion	

followed	 by	 breakage	 of	 the	 dicentric	 chromosome	 was	 reported	 in	 Cryptococcus	

neoformans	(Fraser	et	al.,	2005)	but	likely	occurred	during	meiosis	rather	than	mitosis.	In	

the	 asexual	 Candida	 glabrata,	 clinical	 isolates	 frequently	 inhabit	 chromosomal	

rearrangements	 indicating	 that	 structural	 variation	 acts	 as	 a	 virulence	 mechanism	

(Poláková	et	al.,	2009)	and	might	be	a	response	to	stresses	such	as	antifungal	treatment	

or	elevated	temperature	as	observed	here.	The	instable	regions	close	to	the	chromosome	

ends	on	the	core	chromosomes,	however,	show	structural	characteristics	similar	to	the	

accessory	chromosomes,	such	as	higher	repeat	content,	lower	gene	density	and	specific	

histone	modification	patterns	(Dhillon	et	al.,	2014;	Grandaubert	et	al.,	2015;	Schotanus	et	

al.,	2015).		
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The	accessory	chromosomes	of	Z.	tritici	do	not	differ	in	terms	of	centromere	or	telomere	

organization	from	the	core	chromosomes,	but	the	chromatin	is	largely	transcriptionally	

inactive	and	potentially	more	condensed	due	to	an	enrichment	with	the	histone	H3	that	

is	 trimethylated	 at	 lysine	 27	 (H3K27me3),	 which	 covers	 almost	 all	 of	 the	 accessory	

chromosomes	 (Schotanus	 et	 al.,	 2015).	 H3K27me3	 is	 also	 enriched	 in	 subtelomeric	

regions	of	core	chromosomes,	that	we	show	here	as	prone	to	instability.	High-resolution	

microscopic	 analyses	 indicate	 an	 unusual	 localization	 of	 centromeres	 in	 the	 Z.	 tritici	

nuclei,	suggesting	a	distinct	spatial	organization	of	different	chromosomes	(Schotanus	et	

al.,	 2015).	 Heterochromatin	 has	 been	 found	 close	 to	 the	 nuclear	 periphery,	 and	

H3K27me3	has	 been	 shown	 to	 be	 involved	 in	 facilitating	 lamina-proximal	 positioning	

(Harr	et	al.,	2015).	We	hypothesize	that	the	heterochromatic	structure	reflects	a	distinct	

physical	organization	of	 core	and	accessory	 chromosomes	and	 likely	 the	 subtelomeric	

regions	 in	 the	 nucleus	 of	 Z.	 tritici,	 and	 that	 this	 is	 correlated	 to	 the	 instability	 of	

heterochromatic	regions	and	chromosomes.	A	Hi-C	study	on	Neurospora	crassa	showed	

that	 absence	 of	 H3K27me3	 resulted	 in	 movement	 of	 subtelomeric	 regions	 and	

centromeres	 from	 the	 nuclear	periphery	 into	 the	 nuclear	matrix	 (Klocko	 et	 al.,	 2016).	

Further	experiments	 focusing	on	 localization	of	specific	Zymoseptoria	chromosomes	 in	

the	nucleus	by	cytology	or	Hi-C	(Galazka	et	al.,	2016)	should	be	conducted	to	address	this	

hypothesis.		

In	 conclusion,	 using	 experimental	 evolution,	 electrophoretic	 karyotyping	 and	 genome	

sequencing	we	showed	that	the	accessory	chromosomes	of	Z.	tritici	are	highly	unstable	

during	asexual	growth	across	numerous	mitotic	cell	divisions	(“mitotic	growth”)	in	vitro	

as	well	as	in	planta.	Surprisingly,	increasing	the	temperature	from	18	to	28°C	dramatically	

increased	overall	genome	instability	in	Z.	tritici.	Besides	chromosome	losses	we	observed	

structural	variation	in	form	of	chromosome	breakage,	duplication,	and	fusion	involving	

both	 core	 and	 accessory	 chromosomes,	 and	 all	 events	were	 increased	 near	 telomeric	

sequences.	 In	 Z.	 tritici,	 all	 of	 these	 chromosome	 abnormalities	 have	 thus	 far	 been	

associated	with	meiosis	(Wittenberg	et	al.,	2009;	Croll	et	al.,	2013),	however,	our	study	

highlights	 an	 important	 role	 of	 mitotic	 growth	 in	 generating	 genetic	 diversity.	 The	

variability	in	chromosome	number	and	structure	obtained	over	a	relatively	short	period	

of	time	(during	one	infection	event,	or	four	weeks	of	vegetative	growth)	correlates	with	

the	 genomic	 diversity	 observed	 in	 field	 populations	 of	 this	 important	 plant	 pathogen	

(McDonald	&	Martinez,	1991;	Linde	et	al.,	2002;	Zhan	et	al.,	2003;	Mehrabi	et	al.,	2007).	

Our	findings	demonstrate	that	even	sexual	fungal	pathogens	can	accelerate	the	generation	
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of	 new	genetic	 diversity	 by	mitosis-associated	 structural	 variation.	The	mitotic	 events	

responsible	for	these	rearrangements	are	still	to	be	characterized.		

Lastly,	chromosome	instability	has	been	observed	in	various	organisms	and	is	a	frequent	

phenomenon	 in	 cancer	 cells	 (McGranahan	 et	 al.,	 2012).	 Epigenetic	 factors	 and	

heterochromatin	in	particular	have	been	shown	to	impact	chromosome	stability	in	human	

cancer	 cells	 (Slee	 et	 al.,	 2012).	 The	 accessory	 chromosome	dynamics	 correlating	with	

distinct	 chromatin	 patterns	 suggest	 that	 Z.	 tritici	 may	 provide	 a	 new	 model	 for	

mechanistic	studies	of	chromosome	instability	in	cancer	cells.		 	
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Materials	and	Methods	
Short	term	in	vitro	growth	experiment	in	liquid	culture	

Zymoseptoria	strains	were	diluted	from	glycerol	stocks	(-80°C),	plated	on	YMS	agar	(4	g	

yeast	extract,	4	g	malt	extract,	4	g	sucrose,	and	20	g	agar	per	1	liter)	plates	and	grown	for	

seven	days	at	18°C	to	obtain	single	colonies.	One	single	colony	was	picked	and	suspended	

in	100	µL	of	YMS.	Three	replicate	cultures	were	inoculated	with	20	µL	of	cells	from	the	

single	colony	(~50,000	cells).	Cells	were	grown	in	25	mL	YMS	medium	at	18°C	or	28°C	

shaking	at	200	rpm	and	900	µL	of	the	cultures	were	transferred	to	fresh	medium	after	3-

4	days	of	growth.	In	total	eight	transfers	were	conducted,	for	a	total	time	course	of	four	

weeks.	

	

Short	term	in	vitro	growth	experiment	on	agar	plates	

A	 single	 colony	 derived	 directly	 from	 a	 plated	 dilution	 of	 frozen	 stock	 for	 Zt09	

(IPO323∆18)	 was	 resuspended	 in	 1000	 µL	 YMS	 including	 25%	 glycerol	 by	 2	 min	

vortexing	on	a	VXR	basic	Vibrax	at	2,000	rpm,	and	10-50	µL	were	replated	onto	a	YMS	

agar	 plate.	 Forty	 replicates	were	 produced.	 Cells	were	 grown	 for	 seven	 days	 at	 18°C	

whereby	a	random	colony	(based	on	vicinity	to	a	prefixed	position	on	the	plate)	derived	

from	 a	 single	 cell	was	 picked	 and	 transferred	 to	 a	 new	plate	 as	 described	 above.	 The	

transfer	was	conducted	for	a	total	of	four	times	before	a	randomly	chosen	colony	of	each	

replicate	 was	 PCR	 screened	 and	 their	 complement	 on	 accessory	 chromosomes	

characterized	as	described	below.	

	

Screening	by	PCR	

Cells	from	transfer	eight	of	liquid	cultures	were	diluted	and	plated	on	YMS-agar	plates	to	

obtain	single	colonies.	To	extract	DNA,	single	colonies	were	suspended	in	50	µL	of	25	mM	

NaOH	and	boiled	at	98°C	for	10	min;	50	µL	of	40	mM	Tris-HCl,	pH	5.5,	were	added	and	4	

µL	were	used	as	template	for	the	PCR.	Primers	for	the	right	and	left	subtelomeric	regions	

and	close	to	the	centromere	were	used	for	the	chromosome	loss	screening	in	our	Z.	tritici	

isolates,	for	Z.	ardabiliae	primers	in	the	center	of	candidate	accessory	chromosome	unitigs	

were	used.	Primers	and	expected	fragment	lengths	are	listed	in	Table	S1.	Primers	were	

designed	with	Clonemanager	(Sci-Ed	Software,	Denver,	USA)	and	MacVector	and	ordered	

from	eurofins	Genomics	(Ebersberg,	Germany).			
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Plant	experiments	and	pycnidia	isolation	

Growth	conditions	 for	plants	were	16	h	at	 light	 intensity	of	~200	µmol/m-2s-1	and	8	h	

darkness	in	growth	chambers	at	20°C	with	90%	humidity.	Seeds	of	the	Z.	tritici	susceptible	

wheat	cultivar	Obelisk	(Wiersum	Plantbreeding	BV,	Winschoten,	The	Netherlands)	were	

germinated	on	wet	 sterile	Whatmann	paper	 for	 four	days	at	 growth	conditions	before	

potting.	Following	potting,	plants	were	further	grown	for	seven	days	before	infection.		

For	 the	 phenotypic	 analyses,	 three	 independent	 experiments	were	 conducted	 and	 21	

plants	were	used	per	strain	per	experiment.	An	~5	cm	long	section	on	the	second	leaf	of	

each	plant	was	 infected	by	brushing	a	 cell	 suspension	with	107	 cell/ml	 in	H2O	+	0.1%	

Tween	20	on	the	abaxial	and	adaxial	side	of	the	second	leaf.		Plants	were	placed	into	sealed	

bags	containing	~1	L	of	water	for	48	h	to	facilitate	infection	at	maximum	air	humidity.		

Infected	leaf	areas	were	harvested	21	days	post	infection	for	further	phenotypic	analysis	

or	 prepared	 for	pycnidia	 isolation	 by	 surface	 sterilization	with	 1.2%	NaClO	 for	 2	min	

followed	by	70%	ethanol	 for	a	 few	seconds	and	washed	 twice	with	H2O.	Leaves	were	

placed	into	a	sterile	environment	with	maximum	air	humidity	and	incubated	for	7-14	days	

at	plant	growth	conditions.	Spores	that	had	been	pressed	out	from	pycnidia	were	isolated	

using	 a	 sterile	 syringe	 needle	 and	 resuspended	 into	 50	 µL	 YMS	 medium	 with	 50%	

glycerol.	Cells	were	suspended	by	30	min	vortexing	on	a	VXR	basic	Vibrax	(IKA,	Staufen,	

Germany)	 at	 2,000	 rpm,	 plated	 on	 YMS	 agar,	 and	 incubated	 for	 seven	 days	 at	 18°C.	

Colonies	arising	from	single	cells	were	PCR	screened	and	their	complement	on	accessory	

chromosomes	characterized	as	described	below.	

	

Phenotypic	characterization	of	infected	leaves	

Harvested	leaves	were	taped	to	a	sheet	of	paper	and	scanned	using	a	flatbed	scanner	at	a	

resolution	of	2,400	dpi.	The	scanned	leaves	were	analyzed	using	ImageJ	(Schneider	et	al.,	

2012)	 and	 a	 plug-in	 described	 previously	 (Stewart	 et	 al.,	 2016).	 The	measurement	 of	

pycnidia/cm2	was	used	for	further	statistical	analyses	in	R	(Ihaka	&	Gentleman,	1996).	

The	Wilcoxon-Rank-Sum	test	and	the	Holm’s	correction	for	multiple	testing	were	applied	

to	assess	statistical	differences	between	the	samples.	

	

In	vitro	phenotype	assay	

A	spore	solution	containing	107	cells/mL	and	tenfold	dilution	series	to	1,000	cells/mL	was	

prepared.	 To	 test	 for	 responses	 to	 different	 stress	 conditions	 in	 vitro,	 YMS	 plates	

containing	NaCl	(0.5	M	and	1	M),	sorbitol	(1	M	and	1.5	M),	Congo	Red	(300	µg/mL	and	
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500	µg/ml),	H2O2	(1.5	mM	and	2	mM),	MMS	(methyl	methanesulfonate,	0.01	%),	a	H2O-

agar	 plate	 and	 two	plates	 containing	 only	 YMS	were	 prepared.	 Three	 µL	 of	 the	 spore	

suspension	dilutions	were	pipetted	on	the	plates	and	incubated	at	18°C	for	seven	days.	

One	of	the	YMS	plates	was	incubated	at	28°C	to	test	for	thermal	stress	responses.		

	

In	vitro	growth	assay					

YMS	liquid	cultures	containing	105	cells/mL	of	either	Zt09	or	the	chromosome-loss	strains	

Zt09∆14	 and	 Zt09∆21	were	 prepared.	 Three	 replicates	 per	 strain	 were	 used	 in	 each	

experiment.	The	spores	were	grown	for	four	days	at	18°C	at	200	rpm	in	25	mL	YMS	and	

the	OD600	was	measured	at	different	time	points	throughout	the	experiment.	The	data	was	

fitted	using	the	R	package	growthcurver	(Sprouffske	&	Wagner,	2016)	and	the	r	values	of	

each	 replicate	 used	 for	 statistical	 comparison.	 Wilcoxon-rank-sum	 test	 was	 used	 to	

compare	the	r	values	of	the	different	strains.		

	

Pulsed	field	gel	electrophoresis	(PFGE)	and	Southern	blotting	

Fungal	 strains	 were	 grown	 in	 YMS	 medium	 for	 five	 days.	 Cells	 were	 harvested	 by	

centrifugation	for	10	min	at	3,500	rpm.	5	x	108	cells	were	used	for	plug	preparation.	The	

cells	were	resuspended	in	1	mL	H2O	and	mixed	with	1	mL	of	2.2	%	low	range	ultra	agarose	

(Bio-Rad,	 Munich,	 Germany).	 The	 mixture	 was	 pipetted	 into	 plug	 casting	 molds	 and	

cooled	 for	 1	 h	 at	 4°C.	 The	 plugs	 were	 transferred	 to	 50	 mL	 screw	 cap	 Falcon	 tubes	

containing	5	mL	of	 lysis	buffer	(1	%	SDS;	0.45	M	EDTA;	1.5	mg/ml	proteinase	K,	Roth,	

Karlsruhe,	Germany),	and	incubated	in	lysis	buffer	for	48	h	at	55°C,	replacing	the	buffer	

once	after	24	h.	Chromosomal	plugs	were	washed	 three	 times	 for	20	min	with	1	x	TE	

buffer	before	storage	in	5	mL	of	0.5	M	EDTA	at	4°C.	PFGE	was	performed	with	a	CHEF-DR	

III	pulsed	field	electrophoresis	system	(BioRad,	Munich,	Germany).	To	separate	the	small	

accessory	chromosomes,	the	following	settings	were	applied:	switching	time	50	s	–	150	s,	

5	V/cm,	120°	angle,	1	%	pulsed	 field	agarose	(BioRad,	Munich,	Germany)	 in	0.5	x	TBE	

(TRIS/borate/EDTA)	for	48	h.	Separation	of	mid-size	chromosomes	was	conducted	with	

the	settings:	switching	time	250	s	–	1000	s,	3	V/cm,	106°	angle,	1	%	pulsed	field	agarose	

in	 0.5	 x	 TBE	 for	 72	 h.	 Saccharomyces	 cerevisiae	 chromosomal	 DNA	 (BioRad,	 Munich,	

Germany)	was	used	as	size	marker	for	the	accessory	chromosomes,	and	Hansenula	wingei	

chromosomal	 DNA	 (BioRad,	 Munich,	 Germany)	 for	 mid-size	 chromosomes.	 Gels	 were	

stained	in	ethidium	bromide	staining	solution	(1	µg/ml	ethidium	bromide	in	H2O)	for	30	

min.	Detection	of	 chromosomal	bands	was	performed	with	 the	GelDocTM	XR+	system	
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(Bio-Rad,	Munich,	Germany).		

Southern	blotting	was	performed	as	described	previously	(Southern,	1975)	using	DIG-

labeled	probes	generated	with	the	PCR	DIG	 labeling	Mix	(Roche,	Mannheim,	Germany)	

following	the	manufacturer’s	instructions.			

	

Sequencing	and	genome	comparison	

DNA	 for	whole	 genome	 sequencing	was	 prepared	 as	 described	 in	 (Allen	 et	 al.,	 2006).	

Library	preparation	with	a	reduced	number	of	PCR	cycles	(four	cycles)	and	sequencing	

were	 performed	 by	 the	 Max	 Planck	 Genome	 Center,	 Cologne,	 Germany	

(http://mpgc.mpipz.mpg.de/home/)	 using	 an	 Illumina	 HiSeq3000	 machine,	 obtaining	

~30x	 coverage	 with	 150-nt	 paired-end	 reads.	 Raw	 reads	 were	 quality	 filtered	 using	

Trimmomatic	 and	mapped	 to	 the	 reference	 genome	 of	 Z.	 tritici	 or	 Z.	 ardabiliae	using	

bowtie2.	 SNP	 calling	 was	 conducted	 with	 samtools	 and	 bcftools	 and	 further	 quality	

filtered.	The	filtered	SNPs	were	validated	by	manual	inspection.	The	data	was	visualized	

in	IGV	(Integrative	Genomics	Viewer,	http://software.broadinstitute.org/software/igv/)	

(Thorvaldsdóttir	et	al.,	2013).	Detailed	commands	 for	each	step	of	 the	data	processing	

pipeline	can	be	found	in	the	Supplementary	Text.			

	

Accession	numbers:	The	sequencing	data	generated	for	this	project	were	deposited	in	

the	Sequence	Read	Archive	under	BioProject	ID	PRJNA428438.	
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Figure	S1.	Southern	blotting	of	pulsed-field	gels	using	chromosome-specific	probes	
confirms	 chromosome	 fusions.	 To	 prove	 and	 visualize	 chromosome	 fusions	 in	 the	
strains	derived	from	the	temperature	stress	experiment,	we	conducted	PFGE	followed	by	
Southern	blots	with	probes	specific	to	the	chromosomes,	which	based	on	genome	data	
and	karyotype	analyses,	were	found	to	have	fused.	Panel	(A)	shows	a	color-inverted	image	
of	 the	 pulsed-field	 gel	 (top)	 and	 Southern	 blot	 (bottom)	 using	 a	 probe	 specific	 for	
chromosome	17.	The	genomes	of	all	tested	strains	have	chromosome	17,	and	the	genomes	
of	 strains	 Zt09	 28-2	 and	 Zt09	 28-4	 contain	 a	 duplicated	 chromosome	17	 (Figure	 2C).	
While	in	Zt09	28-2	the	duplication	resulted	in	two	separate	copies	of	the	chromosome,	
the	two	chromosomes	17	in	Zt09	28-4	fused	and	formed	a	new	~	1.2	Mb	chromosome.	
(B)	 For	 the	 second	 Southern	 blot,	 we	 used	 probes	 for	 chromosomes	 12	 and	 21.	
Chromosome	21	is	absent	in	the	strains	Zt09	28-1	and	Zt09	28-3	(PFGE,	top	and	Southern	
analyses,	bottom).	Genome	sequencing	shows	that	chromosome	21	is	present	in	Zt09	28-
2	(Figure	2C),	however	the	respective	band	on	the	pulsed-field	gel	is	missing.	Similarly,	
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chromosomes	12	and	13	are	not	present	in	this	strain	(PFGE,	top),	while	the	chromosome	
sequences	are	present	in	the	whole	genome	sequence	data.	Apparent	loss	of	chromosome	
13	can	be	explained	by	the	fusion	of	chromosomes	3	and	13,	as	indicated	by	the	sequence	
analysis	(Figure	3).	The	probes	for	chromosomes	12	and	21	both	hybridize	to	one	band	
in	the	size	of	~1.8	Mb	(Southern,	bottom)	matching	the	size	expected	if	a	chromosome	
fusion	occurred	and	explaining	 the	absence	of	 their	 respective	 ‘original’	 chromosomal	
bands.	 	
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Figure	 S2.	 Growth	 assay	 of	 Zt09	 and	 chromosome-loss	 strains	 Zt09∆14	 and	
Zt09∆21.	Three	independent	growth	assays	were	conducted	with	the	progenitor	strain	
Zt09	(A)	and	two	chromosome-loss	strains	Zt09∆14	(B)	and	Zt09∆21	(C),	representing	
the	loss	of	the	largest	and	smallest	accessory	chromosome.	Plotted	are	the	fitted	growth	
curves	of	all	replicates	and	experiments	generated	with	the	R	package	growthcurver.	The	
growth	curves	are	based	on	OD600	measurements.	Panel	(D)	displays	a	boxplot	of	all	r	
values	of	the	different	strains.	There	are	no	significant	differences	between	the	growth	
curves	 of	 the	 three	 tested	 strains	 (Wilcoxon-rank-sum	 test	 Zt09	 –	 Zt09∆14:	P-value	 =	
0.1443,	Zt09	-	Zt09∆21:	P-value	=	0.3762).	 	
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Figure	S3.	In	vitro	stress	assays	of	the	Z.	tritici	reference	isolate	IPO323	and	the	in	
planta	chromosome-loss	strains.	Several	in	vitro	stress	conditions	were	tested	to	assess	
the	 effect	 of	 accessory	 chromosome	 losses	 on	 fitness.	 Five	 in	 planta	 chromosome-loss	
strains	were	tested,	IPO323	was	used	as	the	reference	strain.	We	observed	no	noteworthy	
differences	 in	growth	rate	or	colony	morphology	between	reference	and	chromosome-
loss	strains.	
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Abstract	
Chromosome	 and	 genome	 stability	 are	 important	 for	 normal	 cell	 function	 and	 often	

instability	 correlates	 with	 disease	 and	 dysfunction	 of	 DNA	 repair	 mechanisms.	 Many	

organisms	inhabit	supernumerary	or	accessory	chromosomes	that	deviate	from	standard	

chromosomes.	The	pathogenic	fungus	Zymoseptoria	tritici	has	as	many	as	eight	accessory	

chromosomes.	 These	 chromosomes	 are	 highly	 instable	 during	 meiosis	 and	 mitosis,	

transcriptionally	 repressed	 and	 show	 enrichment	 of	 repetitive	 elements	 and	 of	 the	

heterochromatic	histone	methylation	marks	H3K27me3	and	H3K9me3.	To	elucidate	the	

role	of	heterochromatin	on	genome	stability	in	Z.	tritici,	we	created	deletion	mutants	of	

the	 methyltransferases	 responsible	 for	 H3K27me3	 and	 H3K9me3,	 respectively.	 We	

combined	 experimental	 evolution	 and	 genomic	 analyses	 to	 follow	 the	 impact	 of	 these	

deletions	 on	 chromosome	 and	 genome	 stability.	 We	 used	 ChIP-seq,	 whole	 genome	

sequencing	and	RNA-seq	 to	 compare	 changes	 in	 chromatin	and	genome	structure	and	

differences	in	gene	expression	between	mutant	and	wild	type	strains.	Analyses	of	genome	

and	ChIP-seq	data	reveal	dramatic	chromatin	reorganizations,	genome	rearrangements	

and	 formation	 of	 new	 chromosomes	 in	 the	 absence	 of	 H3K9me3	 together	 with	

transposable	element	activation.	Loss	of	H3K27me3,	however,	increases	the	stability	of	

accessory	chromosomes	under	normal	growth	conditions	in	vitro	compared	to	the	wild	

type.	 Based	 on	 these	 results,	we	 conclude	 a	 strong	 impact	 of	H3K9me3	on	 chromatin	

organization	and	genome	stability	and	an	important	role	of	H3K27me3	for	the	stability	of	

accessory	chromosomes.	

	
Introduction	
Epigenetic	mechanisms	play	an	important	role	in	gene	and	genome	organization	ranging	
from	 structural	 determinants	 of	 chromosome	 and	 chromatin	 structure	 to	 fine	 scale	

transcriptional	regulation	(Kornberg	&	Lorch,	1992;	Goldberg	et	al.,	2007;	Venkatesh	&	

Workman,	2015).	A	well-studied	hallmark	of	epigenetic	regulation	is	the	modification	of	

histone	tails	altering	chromatin	structure	(Bannister	&	Kouzarides,	2011).	The	chromatin	

structure	determines	accessibility	of	the	underlying	DNA	to	regulatory	elements	(Harr	et	

al.,	 2016).	 Tightly	 packed	DNA,	 known	 as	 heterochromatin,	 is	 less	 accessible	 for	DNA	

binding	proteins	and	shows	little	transcriptional	activity.	Heterochromatic	regions	often	

cluster	together	and	are	spatially	separated	from	more	active	and	accessible,	euchromatic	

regions	(Zimmer	&	Fabre,	2011).	Specific	histone	modifications	are	associated	with	either	

heterochromatic	or	euchromatic	regions.	Some	of	the	most	studied	histone	modifications	
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are	 H3K9me2/3	 and	 H3K27me2/3	 as	 heterochromatin	 marks	 and	 H3K4me2/me3	 as	

euchromatin	markers.	 Threefold	methylation	of	 histone	 3	 lysine	 9	 is	 catalyzed	 by	 the	

histone	methyltransferase	KMT1	 (Su(Var)3-9)	 (Rea	et	al.,	 2000;	Allis	et	al.,	 2007)	and	

previous	studies	demonstrated	a	 clear	 link	 between	 this	 constitutive	heterochromatin	

mark	 and	 repeat-rich	 genome	 regions	 and	 the	 control	 of	 transposable	 elements	

(Mikkelsen	et	al.,	2007;	Zeller	et	al.,	2016).		

The	 distribution	 and	 role	 of	 the	 facultative	 heterochromatin-associated	 H3K27me3	

(threefold	methylation	of	histone	3	lysine	27),	mediated	by	KMT6	(E(Z))	as	part	of	the	

PRC2	 complex	 (Müller	 et	 al.,	 2002),	 is	more	 variable	 and	 seems	 to	 differ	 in	 different	

species.	In	plants	and	animals,	H3K27	methylation	is	required	for	development	and	cell	

differentiation	 (Goodrich	 et	 al.,	 1997;	 O’Carroll	 et	 al.,	 2001;	 Lee	 et	 al.,	 2006;	 Holec	 &	

Berger,	2012),	and	aberration	of	normal	H3K7me3	distribution	is	often	associated	with	

developmental	defects	and	is	prevalent	in	cancer	cells	(Wei	et	al.,	2008;	Holm	et	al.,	2012;	

Ngollo	 et	 al.,	 2017).	 In	 fungi,	 H3K27me3	 correlates	 with	 subtelomeric	 gene	 silencing	

(Jamieson	 et	 al.,	 2013;	 Basenko	 et	 al.,	 2015),	 and	 has	 been	 shown	 to	 play	 a	 role	 in	

transcriptional	 regulation	 of	 secondary	 metabolite	 gene	 clusters	 in	 some	 species	

(Connolly	et	al.,	2013;	Chujo	&	Scott,	2014;	Studt	et	al.,	2016).	Furthermore,	H3K27me3	

appears	to	be	a	hallmark	of	so-called	accessory	chromosomes	that	are	found	in	several	

plant	pathogen	species.	These	accessory	chromosomes	show	presence/absence	variation	

among	 individuals	and	are	often	characterized	by	extensive	structural	rearrangements	

and	length	variation	(Covert,	1998;	Möller	&	Stukenbrock,	2017).	The	functional	role	of	

accessory	chromosomes	 in	 fungal	pathogens	could	be	related	to	 increased	virulence	 in	

some	 species	 such	 as	 Fusarium	 oxysporum,	 Nectria	 haematococca	 and	 Leptosphaeria	

maculans	(Miao	et	al.,	1991;	Ma	et	al.,	2010).	However,	in	another	fungal	plant	pathogen,	

Zymoseptoria	tritici,	some	accessory	chromosomes	have	been	demonstrated	to	confer	a	

fitness	 cost	 and	 decrease	 in	 virulence	 (Habig	 et	 al.,	 2017).	 Interestingly,	 accessory	

chromosomes	 often	 structurally	 differ	 from	 core	 chromosomes.	 In	Z.	 tritici,	 accessory	
chromosomes	 exhibit	 a	 higher	 repeat	 and	 lower	 gene	 density	 compared	 to	 core	

chromosomes	 and	show	only	 very	 little	 transcriptional	 activity	 (Goodwin	 et	 al.,	 2011;	

Kellner	et	al.,	2014;	Rudd	et	al.,	2015).	

Consistently,	 their	 chromatin	 structure	 is	 predominantly	 heterochromatic	 with	

H3K27me3	 covering	 the	 entire	 accessory	 chromosomes	 and	 H3K9me3	 covering	

repetitive	sequences	(Schotanus	et	al.,	2015).	This	unusual,	wide-ranging	distribution	of	

H3K27me3	has	also	been	reported	for	accessory	chromosomes	of	fungal	species	in	the	
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genus	Fusarium	(Galazka	&	Freitag,	2014;	Studt	et	al.,	2016)	suggesting	a	special	role	of	

facultative	 heterochromatin	 for	 these	 chromosomes	 in	 fungi.	 Though	 accessory	

chromosomes	are	a	frequent	phenomenon	in	fungi,	little	is	known	about	their	origin	and	

maintenance.	Studies	on	chromosome	stability	revealed	that	accessory	chromosomes	are	

highly	 unstable,	 both	 during	mitosis	 (Miao	 et	al.,	 1991;	 Vlaardingerbroek	 et	 al.,	 2016;	

Moeller	et	al.,	2018)	and	meiosis	(Wittenberg	et	al.,	2009).	Centromeres	and	telomeres	

are	 important	 structural	 components	 of	 chromosomes.	 In	 plants,	 centromeres	 of	 B	

chromosomes,	 equivalents	 to	 fungal	 accessory	 chromosomes,	 differ	 compared	 to	 A	

chromosomes	 (Jin	 et	 al.,	 2005).	 However,	 in	 a	 previous	 study	 we	 addressed	 the	

composition	of	centromeres	and	telomeres	in	Z.	tritici	and	could	not	detect	differences	

between	 core	 and	 accessory	 chromosomes	 (Schotanus	 et	 al.,	 2015).	 An	 intriguing	

question	 is	 therefore,	 to	what	extent	 the	particular	histone	methylation	pattern	on	the	

accessory	 chromosomes	 contributes	 to	 the	 structural	 differences,	 transcriptional	

repression	and	instability?		

In	this	study,	we	elucidated	the	roles	of	H3K9me3	and	H3K27me3	on	genome	stability	in	

the	 wheat	 pathogen	 Z.	 tritici.	 The	 presence	 of	 eight	 accessory	 chromosomes	 in	 the	

reference	 isolate	 IPO323	 makes	 Z.	 tritici	 an	 excellent	 model	 to	 study	 accessory	

chromosome	characteristics	and	dynamics.	By	 combining	experimental	 evolution	with	

genome,	transcriptome	and	ChIP	sequencing,	we	could	show	that	both	heterochromatin-

associated	 histone	methylation	marks	 contribute	 significantly,	 but	 in	 distinct	ways,	 to	

chromosome	 stability	 and	 integrity.	 While	 the	 presence	 of	 H3K27me3	 enhances	

chromosome	 loss	 and	 instability,	 loss	 of	 H3K9me3	 promotes	 chromosome	 breakage,	

segmental	 duplications	 as	 well	 as	 the	 formation	 of	 new	 chromosomes	 −	 possibly	

resembling	the	emergence	of	accessory	chromosomes.	Surprisingly,	 loss	of	H3K27me3	

did	not	result	in	an	overall	increased	transcriptional	activation,	but	rather	decreases	the	

number	of	expressed	genes.	However,	the	mutant	strain	lacking	H3K9me3	and	a	double	

deletion	mutant	 lacking	 both,	 H3K9me3	 and	H3K27me3,	 showed	 a	 higher	 number	 of	

expressed	genes,	as	well	as	transposable	element	activation.	Taken	together,	our	findings	

demonstrate	 the	 importance	 of	 constitutive	 heterochromatin	 for	maintaining	 genome	

stability	and	gene	silencing	as	well	as	an	unexpected	destabilizing	influence	of	facultative	

heterochromatin	on	mitotic	accessory	chromosome	transmission.	
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Results	
Deletion	 of	 histone	 methyltransferase	 encoding	 genes	 kmt1	 and	 kmt6	 in	

Zymoseptoria	tritici	

To	 investigate	 the	 impact	 of	 heterochromatin	 on	 fitness,	 transcription	 and	 genome	

stability	in	Z.	tritici,	we	generated	mutants	of	the	two	histone	methyltransferases	KMT1	

(Dim-5)	 and	 KMT6	 (Set-7).	 KMT1	 is	 the	 histone	 methyltransferase	 responsible	 for	

threefold	methylation	of	H3K9	(Rea	et	al.,	2000;	Allis	et	al.,	2007),	whereas	KMT6	has	been	

shown	to	add	methyl	groups	to	H3K27	(Müller	et	al.,	2002).	In	Z.	tritici	we	identified	the	

genes	 predicted	 to	 encode	 the	 homologs	 of	 KMT1,	 Zt_chr_1_01919	 and	 KMT6,	

Zt_chr_4_00551,	hereafter	referred	to	as	kmt1	and	kmt6,	respectively	(Grandaubert	et	al.,	

2015).		

We	used	an	Agrobacterium	tumefaciens-mediated	transformation	protocol	(Bowler	et	al.,	

2010)	to	delete	the	two	genes	encoding	for	KMT1	and	KMT6	in	the	Z.	tritici	isolate	Zt09,	a	

derivate	 of	 the	 reference	 isolate	 IPO323	 that	 has	 lost	 chromosome	18	 during	 in	 vitro	

growth	(Goodwin	et	al.	2011;	Kellner	et	al.	2014).		Correct	integrations	of	the	hygromycin	

resistance	cassette	and	resulting	gene	deletions	were	verified	by	PCR	and	Southern	blot	

(Figure	S1).	We	furthermore	generated	a	double	deletion	mutant	by	deleting	the	kmt1	

gene	 in	 a	 kmt6	 deletion	 mutant	 background	 using	 nourseothricin	 resistance	 as	 an	

additional	 selection	 marker.	 In	 total,	 we	 identified	 eight	 Dkmt1,	 six	 Dkmt6	 and	 ten	

independent	 Dkmt1/kmt6	 transformants,	 hereafter	 called	 Dk1/k6.	 Dkmt1	 and	 Dkmt6	

single	mutants	were	complemented	by	integrating	the	respective	deleted	gene	and	a	neo+	

resistance	marker	(conferring	G418	resistance)	at	the	native	gene	loci	(Table	S1).	

To	confirm	absence	of	histone	modifications	and	to	assess	changes	in	histone	modification	

patterns	 in	 the	 methyltransferase	 mutants,	 we	 performed	 ChIP-seq	 on	 Zt09,	 Dkmt1,	

Dkmt6	and	 the	 double	 deletion	mutant	Dk1/k6.	Analysis	 of	 ChIP-seq	 data	 verified	 the	

absence	of	H3K9me3	in	Dkmt1	and	Dk1/k6	as	well	as	the	absence	of	H3K27me3	in	Dkmt6	

and	Dk1/k6	mutants	(Figure	S2).		

	

Deletion	of	kmt1,	but	not	kmt6,	severely	impacts	in	vitro	and	in	planta	growth	

To	assess	if	deletion	of	kmt1	and	kmt6	has	an	impact	on	in	vitro	growth	or	pathogenicity	

on	wheat,	we	performed	comparative	growth	and	virulence	assays	including	the	mutants	

and	the	wild	type	isolate	Zt09.		To	compare	growth	rates,	deletion	and	complementation	

strains	were	grown	 in	 liquid	YMS	cultures	and	 the	OD600	was	measured	until	 the	 cells	
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reached	 the	 stationary	 phase.	 Overall,	 the	Dkmt1	 strains	 and	Dk1/k6	 double	 deletion	

mutants	showed	significantly	reduced	growth	in	in	vitro	cultures	(Figure	S3).	The	Dkmt6	

mutants	 and	 both	 kmt1+	 and	 kmt6+	 complementation	 strains	 showed	 no	 significant	

differences	in	growth	compared	to	Zt09	(Wilcoxon-rank-sum	test,	P-values:	Dkmt1	0.025;	

Dkmt6	0.42;	Dk1/6	0.005;	kmt1+	0.28;	kmt6+	0.63).	

We	furthermore	assessed	the	tolerance	of	the	Dkmt1,	Dkmt6	and	Dk1/k6	mutants	towards	

different	abiotic	stressors	in	vitro	testing	temperature,	cell	wall,	oxidative	and	genotoxic	

stresses.	As	observed	in	the	growth	assay,	the	Dkmt1	and	Dk1/k6	double	deletion	mutants	

showed	reduced	overall	growth	under	all	tested	conditions	(Figure	S4).	Especially,	when	

exposed	 to	 osmotic	 stress	 in	 form	 of	 high	 sorbitol	 concentrations	 and	 the	 cell	 wall-

interfering	agent	Congored,	growth	of	Dkmt1	and	Dk1/k6	deletion	mutants	was	strongly	

impaired.	 The	 Dkmt6	 mutants	 showed	 little	 differences	 compared	 to	 Zt09,	 however,	

elevated	 temperatures	 led	 to	 increased	melanization	 in	 the	Dkmt6	mutants	 suggesting	

involvement	of	H3K27me3	in	temperature	stress	response.	This	phenotype	was	reversed	

in	the	complementation	strain	(Figure	S5).	

To	study	the	effect	of	the	histone	methyltransferase	deletions	on	the	ability	to	infect	the	

natural	Z.	tritici	host	plant	wheat,	we	inoculated	leaves	of	the	susceptible	wheat	cultivar	

Obelisk	with	single	cells	of	Dkmt1,	Dkmt6,	the	Dk1/k6	double	deletion	mutant	and	wild	

type	 strains.	 We	 conducted	 three	 independent	 experiments,	 including	 40	 leaves	 per	

treatment	and	using	at	least	two	biological	replicates	per	strain.	Infection	symptoms	were	

evaluated	and	compared	as	 the	percentage	of	leaf	area	covered	with	pycnidia	(asexual	

fruiting	bodies)	and	necrotic	lesions	within	the	inoculated	leaf	areas	by	manual	inspection	

as	well	 as	 by	 automated	 image	 analysis	 of	 scanned	 leaves	 (Stewart	 et	 al.,	 2016).	 The	

infection	 assays	 demonstrated	 little	 impact	 of	 the	H3K27me3	histone	modification	 on	

virulence.	The	reference	strain	Zt09	as	well	as	the	Dkmt6	mutants	were	able	to	infect	and	

produce	pycnidia,	however,	 the	number	of	pycnidia	was	 lower	and	necrotic	 leaf	 areas	

smaller	 in	 the	 Dkmt6	 mutants	 (Figure	 S6).	 Consistent	 with	 the	 observed	 in	 vitro	

phenotype	and	overall	reduced	fitness	of	the	Dkmt1	and	Dk1/k6	mutants,	wheat	infection	

by	 the	 two	mutants	 resulted	 in	 the	 formation	of	 almost	no	 infection	symptoms.	 If	 any	

symptoms	developed,	these	appeared	considerably	later	than	symptoms	caused	by	the	

wild	type	Zt09	and	the	Dkmt6	mutants	(Figure	S6).		
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Loss	of	H3K9me3	impacts	H3K27me3	localization	

We	next	addressed	how	the	deletion	of	kmt1	and	kmt6	 impacts	 the	distribution	of	 the	

other	tested	histone	modifications.	To	this	end,	we	generated	ChIP-seq	datasets	to	identify	

patterns	 of	H3K4me2,	H3K9me3	 and	H3K27me3	histone	methylation	 in	 Zt09	 and	 the	

methyltransferase	mutant	strains.	A	previous	study	 in	Z.	 tritici	 found	that	H3K4me2	is	

associated	with	gene-rich,	transcriptionally	active	regions	on	core	chromosomes,	while	it	

is	 rarely	 present	 on	 accessory	 chromosomes.	Constitutive	 heterochromatin	 associated	

with	 H3K9me3	 locates	 almost	 exclusively	 on	 repetitive	 elements.	 The	 facultative	

heterochromatin	 mark	 H3K27me3	 covers	 nearly	 the	 entire	 length	 of	 all	 accessory	

chromosomes	 and	 is	 enriched	 predominantly	 in	 the	 subtelomeric	 regions	 of	 core	

chromosomes	 (Schotanus	 et	 al.,	 2015).	 Other	 studies	 in	 different	 Fusarium	 species	

confirmed	the	facultative	heterochromatic	pattern	on	accessory	chromosomes	(Galazka	

&	 Freitag,	 2014)	 suggesting	 that	 H3K27me3	 represents	 a	 hallmark	 of	 accessory	

chromosomes	in	fungi.		

Analyses	of	ChIP-seq	data	confirmed	the	loss	of	H3K9me3	in	the	Dkmt1	mutant,	loss	of	

H3K27me3	in	the	Dkmt6	mutant	and	the	absence	of	both	marks	in	the	Dk1/k6	mutants	

(Figure	S2).	

We	computed	the	sequence	coverage	of	each	histone	modification	per	chromosome	to	

estimate	the	global	effects	on	chromatin	structure.	Interestingly,	the	absence	of	a	histone	

methylation	mark	had	different	effects	on	the	distribution	of	other	methylation	marks	on	

core	and	accessory	chromosomes	(Figure	1,	Table	S2).	On	core	chromosomes,	the	amount	

of	neither	H3K4me2	nor	H3K9me3	(Figure	1A	and	B)	changes	in	any	of	the	mutants,	while	

an	increased	number	of	sequences	were	associated	with	H3K27me3	in	the	Dkmt1	mutant	

(Figure	1C).	On	the	accessory	chromosomes	we	observe	changes	in	coverage	of	H3K4me2	

and	H3K27me3.	We	find	higher	amounts	of	H3K4me2	in	the	Dkmt1	and	Dk1/k6	mutants	

and	a	slight	increase	in	Dkmt6	mutants	(Table	S2).		
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Figure	 1.	 Histone	 methylation	 enrichment	 per	 chromosome	 and	 dynamics	 of	
H3K9me3	and	H3K27me3.	(A),	(B)	and	(C)	display	the	percentage	of	sequence	coverage	
of	core	and	accessory	chromosomes	with	H3K4me2,	H3K9me3	and	H3K27me3	relative	
to	the	chromosome	length.	H3K4me2	coverage	on	accessory	chromosomes	increases	in	
all	 mutant	 strains	 (A),	 while	 there	 are	 little	 differences	 in	 the	 overall	 coverage	 with	
H3K9me3	 between	 Zt09	 and	 Dkmt6	 (B).	 H3K27me3	 enrichment	 increases	 on	 core	
chromosomes	and	decreases	on	accessory	chromosomes	 in	the	Dkmt1	mutant	(C).	(D)	
Genome	 coverage	 in	 bp	 of	 H3K9me3	 (red),	 H3K27me3	 (orange)	 or	 regions	 that	 are	
covered	by	both	marks	(dark	orange).	Depicted	 is	 the	number	of	bp	enriched	with	the	
respective	methylation	 in	 one	 strain	 (e.g.	 Zt09,	Dkmt1,	Dkmt6)	 and	 the	 overlap	 of	 the	
detected	enriched	regions	between	strains.	The	amount	of	H3K9me3	enriched	sequences	
is	very	similar	in	Zt09	and	Dkmt6	mutants,	as	is	the	location	of	these	regions,	shown	by	
the	 high	 amount	 of	 overlap.	 Total	 H3K27me3	 coverage	 increases	 in	 Dkmt1	 and	 the	
locations	differ	based	on	the	smaller	amount	of	regions	overlapping	with	H3K27me3	in	
Zt09.	 This	 can	 be	 explained	 by	movement	 of	 H3K27me3	 to	 former	H3K9me3	 sites	 in	
Dkmt1.	While	overlap	of	H3K9me3	and	H3K27me3	is	similar	in	Zt09	and	Dkmt6	mutants,	
the	 overlap	 notably	 increases	 in	 the	Dkmt1	 strain.	H3K27me3	 thereby	 relocates	 from	
genes	(E)	to	transposable	elements	(F).	A	similar	movement	of	H3K9me3	in	the	Dkmt6	
mutant	was	not	observed.		

	
In	the	Dkmt1	mutants,	the	amount	of	sequences	covered	by	H3K27me3	decreases	on	the	

accessory	 chromosomes	 compared	 to	 Zt09,	 representing	 the	 opposite	 trend	 to	 the	

observations	made	 on	 the	 core	 chromosomes.	However,	 this	 effect	 varies	 on	different	

accessory	 chromosomes.	 Upon	 deletion	 of	 kmt1,	 chromosomes	 19,	 20	 and	 21	 lose	

between	14	and	40	%	of	H3K27me3	coverage,	while	chromosomes	14,	15,	16	and	17	only	

lose	 between	 2	 and	 10	 %	 of	 coverage	 (Figure	 1	 and	 Table	 S2).	 The	 difference	 in	

H3K27me3	 distribution	 can	 be	 explained	 by	 movement	 of	 H3K27me3	 to	 former	

H3K9me3-associated	sequences	in	the	Dkmt1	mutant	(Figure	1D).	While	enrichment	on	

genes	 decreases	 (Figure	 1E),	 more	 transposable	 elements	 (TEs)	 show	 H3K27me3	

enrichment	 in	 the	 Dkmt1	mutant	 (Figure	 1F).	 These	 observations	 reveal	 that	 loss	 of	

H3K9me3	promotes	H3K27me3	movement	to	transposable	elements	and	simultaneous	

loss	of	H3K27me3	at	its	original	positions.	The	subtelomeric	H3K27me3	enrichment	is	

not	affected	by	the	relocation.	This	might	explain	why	we	observe	opposite	effects	on	core	

and	 accessory	 chromosomes,	 as	 core	 chromosomes	 predominantly	 show	 H3K27me3	

enrichment	 in	 subtelomeric	 regions	while	 accessory	 chromosomes	 contain	 an	 overall	

enrichment.	
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In	conclusion,	loss	of	H3K9me3	has	a	great	impact	on	H3K27me3	distribution,	while	loss	

of	 H3K27me3	 has	 little	 influence	 on	 H3K9me3.	 Absence	 of	 both,	 H3K9me3	 and	

H3K27me3,	enables	new	enrichment	of	H3K4me2,	on	which,	however,	H3K9me3	has	a	

larger	impact	than	H3K27me3	shown	by	higher	increase	of	H3K4me2	enriched	sequences	

in	those	mutants.	In	addition,	deletion	of	kmt1	promotes	large	scale	rearrangements	of	

other	histone	modifications,	 indicating	more	 dramatic	 effects	 on	 genome	 organization	

and	expression	than	deletion	of	kmt6.	

	
H3K27me3	 has	 little	 effects	 on	 transcriptional	 activation,	 loss	 of	 H3K9me3	

enhances	expression	of	transposable	elements	

In	other	species,	H3K27me3	plays	a	crucial	role	 in	gene	regulation,	while	H3K9me3	is	

involved	in	silencing	of	transposable	elements	(Connolly	et	al.,	2013;	Studt	et	al.,	2016;	

Zeller	et	al.,	2016).	Based	on	our	observations	in	the	ChIP-seq	data,	we	hypothesized	that	

the	 two	 histone	 methylation	 marks	 have	 the	 same	 effects	 in	 Z.	 tritici.	 To	 test	 this	

hypothesis,	we	sequenced	the	in	vitro	transcriptomes	of	two	replicates	of	the	reference	

isolate	Zt09	as	well	as	of	the	∆kmt1,	∆kmt6	and	the	Dk1/k6	double	deletion	mutants.		

First,	 we	 compared	 the	 total	 number	 of	 expressed	 genes.	 In	 total,	 11,839	 genes	 are	

annotated	 in	 the	 reference	 isolate	 (Grandaubert	 et	 al.,	 2015).	 Out	 of	 these,	 8,906	 are	

expressed	(RPKM	>	2)	 in	our	reference	strain	Zt09.	The	number	of	expressed	genes	 is	

considerably	 higher	 in	 both,	 the	Dkmt1	 (9,259)	 and	 the	Dk1/k6	 (9,459)	mutants,	 but	

surprisingly	lower	in	the	Dkmt6	(8,717)	mutants.	This	is	in	contrast	to	previous	studies,	

where	deletion	of	kmt6	entails	an	activation	of	otherwise	silenced	gene	clusters	and	an	

overall	transcriptional	activation	(Connolly	et	al.,	2013;	Studt	et	al.,	2016).	While	80	%	of	

genes	 on	 core	 chromosomes	 are	 expressed	 in	 Zt09,	 only	~	 25	%	of	 genes	 located	 on	

accessory	 chromosomes	 display	 transcriptional	 activity.	 This	 number	 is	 higher	 in	 all	

mutant	strains:	~	40	–	50	%	(Figure	2A,	Table	S3).	Consistent	with	the	higher	total	number	

of	expressed	genes,	we	found	the	majority	of	differentially	expressed	(DE)	genes	(DESeq2,	

Padj	 <	0.001,	│log2	 fold-change│	>	2)	 to	be	 significantly	upregulated	 (­)	 in	 the	Dkmt1	

mutant	(­	365	of	477)	and	in	the	Dk1/k6	mutant	(­	368	of	477),	whereas	the	majority	of	

DE	genes	was	downregulated	(¯)	in	the	Dkmt6	mutant	(¯	188	of	310)	(Table	S3).		
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	Figure	 2.	 Transcriptome	 analysis	
reveals	 activation	of	 transcription	
on	accessory	chromosomes	and	of	
transposable	 elements.	 Boxplots	
showing	 the	 distribution	 of	
expression	 values	 (RPKM)	 for	 genes	
located	 on	 core	 and	 accessory	
chromosomes	 (A)	 and	 associated	 to	
the	 tested	 histone	modifications	 (B)	
as	well	as	normalized	read	counts	of	
transposable	 elements	 (C)	 during	 in	
vitro	 growth.	 Expression	 on	 core	
chromosomes	 is	 in	 general	 higher	
than	 on	 accessory	 chromosomes.	
However,	 transcription	 on	 accessory	
chromosomes	 is	 increased	 in	 all	
histone	 methyltransferase	 mutant	
strains.	 	 Genes	 associated	 to	
H3K4me2	 display	 the	 highest	
expression,	while	genes	associated	to	
H3K9me3	 and	 H3K27me3	 show	 in	
general	 less	 transcriptional	 activity.	
Transcription	 of	 H3K27me3-
associated	 genes	 is	 to	 some	 extent	
increased	in	all	mutants	but	does	not	
correlate	 to	 an	 overall	 activation	 of	
associated	 genes.	 Transcription	 of	
annotated	transposable	elements	is	in	
general	very	low	but	increases	in	the	
absence	of	H3K9me3	(Dkmt1)	and	 is	
further	elevated	when	both	H3K9me3	
and	H3K27me3	are	absent	(Dk1/6).	
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Genome	wide,	1,365	genes	are	associated	with	H3K27me3	and	259	genes	with	H3K9me3.	

Interestingly,	only	a	 small	 fraction	of	 genes	associated	with	these	histone	marks	were	

activated	 or	 differentially	 expressed	 (Figure	 2B).	 Surprisingly,	 the	 expression	 of	

H3K9me3-associated	genes	was	on	average	higher	than	of	H3K27me3-associated	genes	

(Figure	 2B)	 indicating	 a	 stronger	 effect	 on	 transcriptional	 repression	 by	 H3K27me3.	

However,	 although	 transcription	 of	 H3K9me3	 or	 H3K27me3-associated	 genes	 slightly	

increases	 in	 the	 respective	 methyltransferase	 deletion	 mutants,	 loss	 of	 any	 of	 these	

methylation	marks	 is	not	sufficient	 for	 transcriptional	 activation	suggesting	additional	

mechanisms	involved	in	the	transcriptional	regulation	of	these	genes.	

	

In	other	fungal	species,	removal	of	H3K9me3	and	especially	H3K27me3	was	linked	to	the	

activation	 of	 certain	 gene	 classes,	 in	 particular	 secondary	 metabolite	 gene	 clusters	

(Connolly	et	al.,	2013;	Chujo	&	Scott,	2014;	Studt	et	al.,	2016).	To	assess	if	genes	with	a	

specific	 function	 are	 enriched	 amongst	 the	 activated	 genes,	 we	 performed	 a	 Gene	

Onthology	(GO)	enrichment	analysis	(topGO,	Fisher’s	exact	test,	P-value	<	0.01).	We	found	

two	GO	categories	enriched	amongst	upregulated	genes	in	Dkmt1	and	Dk1/k6	mutants:	

DNA	 integration	 (GO:0015074)	 and	 RNA-dependent	 DNA	 replication	 (GO:0006278).	

Predicted	 functions	 assessed	 by	 BLAST	 analyses	 of	 the	 proteins	 encoded	 by	 the	

upregulated	 genes	 in	 these	 categories	 include	 reverse	 transcriptases,	 integrases,	

recombinases	 and	 genes	 containing	 transposon-	 or	 virus-related	 domains	 (Table	 S4).	

Consistent	 with	 these	 findings,	 we	 detected	 an	 increased	 number	 of	 transcripts	

originating	from	annotated	transposable	elements	in	the	Dkmt1	and	Dk1/k6	mutants,	but	

not	in	Dkmt6	mutant	(Figure	2C).	Annotated	TEs	are	strongly	associated	with	H3K9me3	

(Schotanus	 et	 al.,	 2015).	 Transposons	 in	 subtelomeric	 regions	 and	 on	 accessory	

chromosomes	show	additional	H3K27me3	enrichment.	Removal	of	H3K9me3,	but	not	of	

H3K27me3,	 appears	 to	 be	 responsible	 for	 transposon	 activation.	 Certainly,	 their	

transcription	is	further	enhanced,	when	H3K27me3	is	removed	in	addition	to	H3K9me3	

in	 the	 Dk1/k6	mutant.	 Amongst	 the	 genes	 upregulated	 in	 the	 Dkmt6	mutant	 no	 GO	

categories	 were	 enriched	 but	 based	 on	 the	 previous	 finding	 of	 secondary	 metabolite	

activation,	 we	 further	 investigated	 possible	 roles	 of	 H3K9me3	 and	 H3K27me3	 in	

secondary	 metabolite	 gene	 regulation.	 Therefore,	 we	 identified	 putative	 secondary	

metabolite	 cluster	 in	 the	 Z.	 tritici	 reference	 genome	 using	 antiSMASH	 (antibiotics	 &	

Secondary	 Metabolite	 Analysis	 SHell)	 (Weber	 et	 al.,	 2015).	 We	 found	 a	 total	 of	 27	
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secondary	 metabolite	 clusters,	 all	 located	 on	 core	 chromosomes,	 and	 merged	 the	

identified	genes	with	the	existing	gene	annotation	(Table	S5).	Except	for	the	activation	of	

one	 putative	 cluster	 on	 chromosome	7	 in	 the	Dk1/k6	mutant,	we	 did	 not	 identify	 any	

differential	 expression	 of	 genes	 belonging	 to	 secondary	metabolite	 clusters.	 Based	 on	

these	findings,	we	conclude	that,	unlike	in	other	fungi,	H3K9me3	and	H3K27me3	are	not	

involved	 in	 transcriptional	 regulation	 of	 secondary	 metabolites	 in	 Z.	 tritici.	 Taken	

together,	 the	effects	of	 losing	H3K9me3	and	H3K27me3	on	gene	expression	under	the	

tested	 conditions	 are	 limited.	 Removal	 of	 these	 histone	 modifications	 has	 little	

consequences	 for	 the	expression	of	 the	vast	majority	of	associated	genes	and	seems	to	

rather	indirectly	impact	the	expression	of	non-associated	genes.	Loss	of	H3K9me3	rather	

affects	 transposable	 element	 expression	while	 absence	 of	H3K27me3	 overall	 has	 very	

little	impact	on	transcriptional	activation.	

	
Loss	of	heterochromatin	dramatically	affects	chromosome	and	genome	stability		

Core	 and	 accessory	 chromosomes	 share	 the	 same	 basic	 components	 required	 for	

chromosome	 transmission:	 centromeres	 and	 telomeres	 (Schotanus	 et	 al.,	 2015).	

Accessory	chromosomes	are	enriched	with	transposable	elements,	but	share	the	same	TE	

families	 as	 core	 chromosomes	 (Grandaubert	 et	 al.,	 2015).	 However,	 accessory	

chromosomes	of	Z.	tritici	have	been	shown	to	be	highly	instable,	both	during	meiosis	and	

vegetative	growth	(Wittenberg	et	al.,	2009;	Moeller	et	al.,	2018).	The	most	striking	feature	

that	 sets	 these	 chromosomes	 apart	 is	 the	 particular	 enrichment	 of	 facultative	

heterochromatin	in	form	of	H3K27me3	and,	as	a	consequence	of	the	higher	TE	content,	

an	enrichment	with	H3K9me3.			

To	test	whether	loss	of	these	modifications	affects	genome	and	chromosome	stability	in	

Z.	tritici,	we	conducted	two	different	evolution	experiments	to	study	genome	stability	and	

to	 detect	 dynamics	 of	 accessory	 chromosome	 losses	 in	 different	 strains.	 The	 first	

experiment	addresses	genome	stability	over	a	long	period	of	mitotic	growth	(Figure	3A),	

while	 the	 second	 experiment	 examines	 stability	 under	 reduced	 selection	 to	 detect	

spontaneous	accessory	chromosomes	losses	during	a	short	time	of	asexual	propagation	

(Figure	3B).		
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Figure	 3.	 	 Evolution	 experiments	 to	monitor	 genome	 and	 chromosome	 stability	
during	 mitotic	 growth.	 (A)	 A	 long-term	 growth	 experiment	 over	 six	 months	 was	
conducted	 to	 monitor	 genome	 stability	 in	 Z.	 tritici	 populations.	 Three	 replicate	
populations	per	strain	(Zt09,	Dkmt1,	Dkmt6)	were	grown	in	parallel	exposed	to	the	same	
growth	conditions.	0.1	%	of	the	populations	were	transferred	to	fresh	medium	every	three	
to	four	days.	The	genomes	of	the	progenitor	strains	and	all	populations	after	six	months	
of	 growth	 were	 sequenced	 to	 detect	 structural	 variation.	 (B)	 The	 short-term	 growth	
experiment	over	four	weeks	assessed	stability	of	accessory	chromosomes	by	screening	
individual	 clones	 in	 the	 populations	 for	 presence/absence	 of	 accessory	 chromosomes.	
Strains	(Zt09,	Dkmt1,	Dkmt6,	Dk1/6)	were	grown	in	triplicates	for	four	weeks	and	4	%	of	
the	 population	were	 transferred	 to	 fresh	medium	 every	 three	 to	 four	 days.	 After	 four	
weeks,	single	clones	were	isolated	and	screened	for	the	presence/absence	of	accessory	
chromosomes	by	PCR.	
	
Loss	of	H3K9me3	promotes	large-scale	structural	rearrangements	mediated	by	the	

activation	of	transposable	elements	

For	the	first	experiment,	the	single	mutants	(Dkmt1	and	Dkmt6)	and	Zt09	were	grown	in	

triplicates	 for	~	6	months.	We	sequenced	full	genomes	of	progenitors	and	the	evolved	

populations	after	50	transfers	to	identify	possible	structural	variations	that	arose	during	

the	experiment.	All	strains	were	sequenced	with	~	100	X	coverage	and	paired-end	reads	

were	mapped	to	the	reference	genome	of	IPO323	(Goodwin	et	al.,	2011).	

We	 focused	 our	 analysis	 on	 large	 scale	 chromosomal	 rearrangements	 such	 as	

duplications,	deletions	and	chromosome	breakage.	Structural	variation	was	first	detected	
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computationally	and	confirmed	manually,	and	additional	rearrangements	were	identified.	

A	summary	of	all	detected	rearrangements	 is	listed	 in	Table	S6.	Except	 for	 the	already	

known	absence	of	 chromosome	18	 (Kellner	et	al.,	 2014)	and	 the	previously	described	

variation	in	Zt09	to	the	reference	genome	(Moeller	et	al.,	2018),	we	found	lower	sequence	

coverage	(~	0.6	X)	on	chromosome	17	in	the	Dkmt6	progenitor	strain	(Figure	4A).	This	

difference	 can	 only	 be	 explained	 by	 a	 lower	 copy	 number	 of	 chromosome	 17	 in	 the	

sequenced	DNA	pool.	We	interpret	this	observation	as	the	loss	of	chromosome	17	in	ca.	

40	%	of	the	sequenced	Dkmt6	cells	that	likely	occurred	at	the	beginning	of	the	experiment.	

Unexpectedly,	the	Dkmt1	progenitor	displays	a	large	high-coverage	(~	1.6	X)	region	on	

chromosome	1,	breakage	of	chromosome	6	and	loss	of	chromosome	20	(Figure	4A	and	B,	

Table	S6).	Analysis	of	discordant	read	mappings	at	both	ends	of	the	~	1	MB	high-coverage	

region	 on	 chromosome	 1	 revealed	 formation	 of	 new	 telomeres.	 Pulsed-field	 gel	

electrophoresis	and	Southern	blotting	confirmed	the	formation	of	two	new	chromosomes	

both	containing	the	high-coverage	region	and	either	the	right	or	left	arm	of	chromosome	

1	(Figure	4B).	The	breakpoint	on	the	left	side	coincides	with	a	large	TE-rich	region	that	is	

associated	with	H3K9me3	in	the	wild	type.	The	right	end	is	very	close	(~	15	kb)	to	the	

centromere	 and	 the	 breakpoint	 localizes	 within	 a	 gene-rich	 region	 enriched	 with	

H3K4me2	 (Figure	 4C).	 Chromosome	 breakage	 on	 chromosome	 6	 comprised	

approximately	11	kb	on	the	left	arm	of	chromosome	6.	In	this	case	we	also	detected	de	

novo	 telomeres	 at	 the	 breakpoint	 indicating	 that	 the	 chromosome	 breakage	 led	 to	 a	

shortening	of	chromosome	6.		
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Figure	 4.	 Genome	 sequencing	 of	 progenitor	 strains	 for	 the	 long-term	 growth	
experiment	 and	 analysis	 of	 structural	 variation	 in	 the	 Dkmt1	mutant.	 (A)	 The	
genomes	 of	 all	 progenitor	 strains	 were	 sequenced	 and	 reads	 were	 mapped	 to	 the	
reference	 genome.	 Genome	 coverage	 was	 normalized	 to	 1	 X	 coverage	 to	 allow	
identification	and	comparison	of	differences	within	and	between	strains.	All	strains	are	
missing	chromosome	18,	as	expected.	Dkmt6	has	lower	coverage	(0.4	X)	of	chromosome	
17.	Dkmt1	lost	chromosome	20	and,	most	notably,	shows	a	large	(~	1Mb)	high-coverage	
(1.6	 X)	 region	 on	 chromosome	 1.	 (B)	 Further	 analysis	 of	 this	 high-coverage	 region	
revealed	 de	 novo	 telomere	 formation	 at	 the	 breakpoints	 indicating	 a	 chromosome	
breakage	at	both	ends	of	the	high-coverage	region.	To	validate	chromosome	breakage	and	
possible	 new	 chromosome	 formation,	 we	 conducted	 PFGE	 and	 separated	 the	 large	
chromosomes	of	Zt09,	of	 the	Dkmt1	progenitor	 strain	 (Dkmt1-1)	and	of	 a	 single	 clone	
originating	from	the	Dkmt1	progenitor	strain	stock	(Dkmt1-1-1).	Chromosome	1	(~	6	Mb)	
is	present	in	Zt09	and	Dkmt1-1	(faint	band),	but	not	in	the	Dkmt1-1-1	single	clone.	We	
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conducted	 Southern	 analysis	 on	 the	 PFGE	 blot	 using	 a	 sequence	 of	 the	 high-coverage	
region	as	a	probe.	It	hybridized	to	the	original	chromosome	1	band	in	Zt09	and	Dkmt1-1,	
but	additionally	to	a	~	3.4	Mb	and	~	3.8	Mb	band	in	Dkmt1-1	and	only	to	these	bands	in	
Dkmt1-1-1.	This	confirms	the	formation	of	new	chromosomes,	both	containing	the	high-
coverage	region	and	ending	at	the	respective	breakpoints.	(C)	Examination	of	the	high-
coverage	region	breakpoints	on	chromosome	1.	The	first	breakpoint	locates	within	a	TE-
rich	region	that	is	enriched	with	H3K9me3	in	Zt09	and	shows	little	new	enrichment	with	
H3K27me3	 in	Dkmt1.	 The	 second	 breakpoint	 is	 within	 a	 gene-rich	 region	 that	 is	 not	
enriched	for	neither	H3K9me3	nor	H3K27me3	but	is	located	very	close	to	the	centromere	
(~	15	kb).	
	
After	 six	months	 of	 vegetative	 growth,	 we	 sequenced	 the	 pooled	 genomes	 of	 all	 nine	

‘evolved’	 populations.	 In	 none	 of	 the	 evolved	 Zt09	 or	 Dkmt6	 populations,	 we	 found	

evidence	for	large-scale	genomic	rearrangements	(Figure	5A).	Apart	from	very	few,	small	

deletions	or	duplications	(Table	S6),	the	largest	structural	variation	found	in	one	of	the	

evolved	Dkmt6	populations	(Dkmt6-50-2)	was	a	chromosome	breakage	of	~	18	kb	at	the	

right	end	of	chromosome	15.	However,	we	found	variation	in	the	coverage	of	accessory	

chromosomes	 in	 all	 sequenced	 genomes	 indicating	 whole	 chromosome	 losses	 in	

individual	 cells	 of	 the	 population.	 The	 distinct	 dynamics	 of	 individual	 accessory	

chromosome	losses	were	revealed	by	the	second,	short-term	evolution	experiment.	
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Figure	5.	Genome	sequencing	of	evolved	populations	and	single	clones	originating	
from	the	long-term	growth	experiment.	(A)	The	genomes	of	each	replicate	population	
after	50	transfers	were	sequenced	and	mapped	to	the	reference.	Coverage	is	normalized	
to	1	X.	Except	for	coverage	differences	on	the	accessory	chromosomes,	there	are	hardly	
any	 structural	 variations	 detectable	 for	 the	 evolved	 Zt09	 and	 Dkmt6	 populations.	 In	
contrast,	 Dkmt1	 populations	 contain	 multiple	 high-coverage	 regions	 on	 core	
chromosomes	 as	 well	 as	 large	 deletions	 indicated	 by	 0	 X	 coverage.	 (B)	 To	 further	
characterize	 structural	 variation	 in	 the	 evolved	 Dkmt1	 strains,	 three	 single	 clones	
originating	from	populations	Dkmt1-50-1	(Dkmt1-50-1-1)	and	Dkmt1-50-2	(Dkmt1-50-2-
1	and	Dkmt1-50-2-2)	were	sequenced.	Clones	Dkmt1-50-1-1	and	Dkmt1-50-2-2	show	a	
very	 similar	 pattern	 as	 their	 respective	 populations,	 while	Dkmt1-50-2-1	 resembles	 a	
genotype	that	appears	to	be	rare	in	population	Dkmt1-50-2.	High	coverage	on	entire	core	
chromosomes	 13	 (Dkmt1-50-2-1)	 and	 6	 (Dkmt1-50-2-2)	 indicates	 whole	 core	
chromosome	duplications.	
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In	contrast	to	the	few	detected	variations	in	the	Zt09	and	Dkmt6	populations,	we	found	

numerous	 large-scale	 high-coverage	 regions	 on	 different	 core	 chromosomes,	

chromosome	breakages	followed	by	de	novo	telomere	formation,	chromosomal	fusions,	

as	well	as	several	smaller	deletions	and	duplications	in	the	evolved	Dkmt1	populations	

(Figure	5A,	Table	S6).	All	evolved	Dkmt1	populations	have	 large	duplicated	regions	on	

chromosome	1	(Figure	6),	but	their	locations	as	well	as	the	resulting	structural	variations	

differ	from	the	one	identified	in	the	progenitor	strain	(Figure	6A).	This	can	be	explained	

by	independent	events,	as	not	all	Dkmt1	progenitor	cells	underwent	the	rearrangement	

of	 chromosome	1	 (Figure	 4B),	or	 by	 continuous	 structural	 rearrangement	 events	 as	 a	

consequence	of	the	presence	of	large	duplicated	regions	in	the	genome.	Analyses	of	the	

affected	regions	and	breakpoints	indicate	a	connection	between	the	structural	variations	

of	 progenitor	 (compared	 to	 the	 reference)	 and	 evolved	 strains.	 In	 all	 evolved	Dkmt1	

populations,	duplicated	regions	fully	or	partially	overlap	with	the	high-coverage	region	of	

the	progenitor	 strain	 (Figure	6A-D).	 In	population	Dkmt1-50-2,	 the	 region	close	 to	 the	

centromere,	where	one	of	the	breakpoints	of	the	progenitor	strain	is	located,	is	deleted	

(Figure	6C).	Similarly,	population	Dkmt1-50-3	contains	a	deletion	of	the	breakpoint	region	

close	to	the	centromere	in	the	progenitor	strain,	which	furthermore	includes	the	complete	

centromeric	sequence	(Figure	6D).	
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Figure	6.	 Different	 forms	of	 structural	 variation	 of	 chromosome	1	 in	 the	Dkmt1	
progenitor	strain	(A)	and	the	three	evolved	Dkmt1	populations.	(B-D)	Upper	panels	
display	 the	mappings	 to	 the	 reference	 genome	 including	 indicated	 fusion	 and	de	novo	
telomere	 events,	while	 the	 respective	 lower	 panels	 show	 the	 consequential	 structural	
rearrangements.	 (A)	 In	 the	 progenitor	 strain,	a	 duplicated	 region	was	 involved	 in	 the	
formation	of	two	new	chromosomes.	At	both	breakpoints	of	the	duplicated	sequence,	the	
chromosome	broke	and	telomeres	were	added	de	novo	to	these	breakpoints.	Thus,	two	
new	 chromosomes	were	 formed,	 both	 containing	 the	 duplicated	 sequence.	 (B)	 In	 the	
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evolved	population	Dkmt1-50-1,	two	duplicated	sequences	were	detected.	The	borders	of	
the	 first	 region	 mark	 chromosome	 breakages	 that	 are	 fused	 to	 telomeres	 of	 other	
chromosomes.	The	first	breakpoint	is	attached	to	the	telomere	of	chromosome	13	forming	
a	 new	 5.5	 Mb	 chromosome	 while	 the	 second	 breakpoint	 is	 fused	 to	 the	 telomere	 of	
chromosome	19	(new	2.5	Mb	chromosome).	The	second	duplicated	region	represents	a	
tandem	 duplication	 located	 on	 the	 new	 5.5	 Mb	 chromosome	 that	 falls	 within	 the	
duplicated	 region	 of	 the	 progenitor	 strain.	 (C)	 Population	 Dkmt1-50-2	 contains	 two	
duplicated	regions,	 that	both	resemble	tandem	duplications.	The	second	duplication	 is	
very	similar	to	the	one	found	in	the	progenitor	strain	but	includes	half	of	the	centromere	
and	has	a	deletion,	where	the	breakpoint	close	to	the	centromere	in	the	progenitor	strain	
is	located.	(D)	Population	Dkmt1-50-3	displays	three	duplicated	sequences	that	all	form	
tandem	duplications	resulting	in	the	formation	of	a	7.7	Mb	version	of	chromosome	1.	The	
third	duplicated	 region	 is,	 as	 in	population	Dkmt1-50-2,	 very	 similar	 to	 the	one	 in	 the	
progenitor	strain.	However,	in	this	case	the	complete	centromere-associated	sequence	is	
deleted.	Furthermore,	a	~	50	kb	region	 inside	the	third	duplicated	region	exhibits	3	X	
sequencing	 coverage	 and	 is	 found	 in	 between	 the	 tandem	 duplication	 of	 the	 second	
duplicated	region.	

Since	populations	reflect	a	mixture	of	distinct	genotypes,	we	additionally	sequenced	three	

single	Dkmt1	 clones	of	 the	populations	 from	 transfer	50	 to	 characterize	 the	 structural	

variation	in	more	detail	(Figure	5B).	The	single	clones	were	selected	based	on	different	

karyotypes	in	pulsed-field	gel	electrophoresis	(Figure	S7)	and	originate	from	population	

Dkmt1-50-1	(Dkmt1-50-1-1)	and	Dkmt1-50-2	(Dkmt1-50-2-1	and	Dkmt1-50-2-2).	As	two	

of	these	single	clones	(Dkmt1-50-1-1	and	Dkmt1-50-2-2)	largely	resemble	the	genotypes	

found	 in	 their	 respective	 populations,	 we	 conclude	 the	 presence	 of	 predominant	

genotypes	 in	 the	evolved	 replicate	populations.	However,	Dkmt1-50-2-1	 clearly	differs	

from	this	genotype	and	therefore	indicates	the	existence	of	additional,	rare	genotypes	in	

the	cell	populations.	Relatively	small	deletions	and	duplications	(up	to	30	kb)	as	well	as	

chromosome	breakage	followed	by	de	novo	telomere	formation	were	found	on	almost	all	

chromosomes	and	occurred	mainly	associated	to	annotated	transposable	elements	(Table	

S7).	However,	major	rearrangements,	including	chromosomal	fusions,	were	always	linked	

to	 large	 duplicated	 sequences.	 The	 consequences	 of	 these	 major	 rearrangements	 on	

chromosome	 structure	 are	 described	 in	 Figure	 7.	 Read	 coverage	 and	 PCR	 analyses	

indicate	that	Dkmt1-50-2-2,	as	well	as	the	majority	of	the	Dkmt1-50-2	population,	possibly	

underwent	a	whole	genome	duplication.	As	structural	variation	could	not	be	predicted	as	
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precisely	 as	 for	 the	 other	 two	 single	 clones,	we	 did	 not	 include	Dkmt1-50-2-2	 in	 this	

prediction.		

Figure	7.	Consequences	of	detected	structural	variation	for	chromosome	structure	
in	 the	 evolved	 Dkmt1	 clones	 Dkmt1-50-1-1	 and	 Dkmt1-50-2-1.	 (A)	 A	 total	 of	 six	
duplicated	regions	was	found	in	Dkmt1-50-1-1,	two	each	on	chromosomes	1,	9	and	13.	
The	 breakpoints	of	 the	 first	 duplicated	 sequence	 on	 chromosome	1	 fused	 to	 the	 right	
telomeres	of	chromosome	13	(1*13)	and	19	(1*19),	the	second	duplication	is	a	tandem	
duplication.	While	the	right	telomere	of	chromosome	19	fused	to	chromosome	1,	the	left	
arm	including	the	centromere	is	deleted	and	de	novo	telomere	formation	occurred	at	the	
breakpoint.	Chromosome	13	has	two	duplicated	regions,	one	is	a	tandem	duplication	and	
one	shows	de	novo	telomere	formation	on	both	ends	indicating	a	breakage	of	chromosome	
13.	 The	 right	 telomere	 is	 fused	 to	 chromosome	 1,	 the	 first	 breakpoint	 of	 the	 first	
duplicated	 region	 provides	 the	 new	 left	 telomere	 of	 the	 1*13	 chromosome.	 This	
breakpoint	is	located	very	close	to	the	centromere.	The	left	arm	including	the	centromere	
forms	 a	 new,	 smaller	 chromosome	 13_1,	 ending	 at	 the	 right	 breakpoint	 of	 the	 first	
duplicated	 region	 with	 de	 novo	 telomeres.	 Chromosome	 9	 did	 not	 fuse	 with	 another	
chromosome,	 but	 the	 structural	 variation	 rather	 led	 to	 the	 formation	 of	 two	 smaller	
chromosomes,	both	containing	the	duplicated	sequences.	The	larger	chromosome	9	(9_1),	
ends	at	the	first	breakpoint	of	the	first	duplicated	region	with	de	novo	telomeres	and	ends	
at	 the	breakpoint	of	 the	second	duplicated	 region	with	de	novo	 telomeres.	The	 second	
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duplicated	region	ends	at	the	end	of	the	chromosome	where	de	novo	telomere	formation	
occurred	as	a	result	of	chromosome	breakage	(~	12	kb).	In	the	smaller	chromosome	9	
(9_2),	 the	 two	 duplicated	 regions	 fused,	 deleting	 the	 entire	 sequence	 between	 the	
duplicated	regions.	(B)	In	the	clone	Dkmt1-50-2-1,	we	detected	four	duplicated	regions.	
While	two	are	located	on	chromosome	9	and	result	in	a	very	similar	structural	variation	
as	described	in	(A),	the	other	two	are	found	on	chromosome	1	and	8.	One	breakpoint	of	
each	duplicated	region	marks	a	 fusion	of	 the	respective	chromosomes,	while	 the	other	
one	displays	de	novo	 telomere	 formation.	As	a	result,	 three	new	chromosomes	 form.	A	
new	 chromosome	 that	 represents	 a	 fusion	 of	 chromosomes	 1	 and	 8	 (1*8)	 and	 two	
chromosomes	 that	 are	 shorter	version	of	 chromosomes	1	 (1_1)	and	8	 (8_1).	The	new,	
shorter	versions	both	 contain	 the	 centromeric	 sequence,	while	 the	 fused	chromosome	
does	not	contain	any	sequences	of	the	original	centromeres.	
	
To	investigate	if	the	underlying	sequence	is	involved	in	the	formation	of	rearrangements,	

we	analyzed	the	breakpoints	of	each	duplicated	region.	The	location	of	breakpoints	does	

not	 show	 a	 clear	 TE-associated	 pattern	 as	 observed	 for	 the	 smaller	 deletions	 or	

chromosome	breakages.	Out	of	28	analyzed	breakpoints,	only	seven	are	directly	located	

in	annotated	transposable	elements,	while	thirteen	fall	into	genes,	seven	are	intergenic	

and	 one	 is	 located	 in	 the	 centromere	 (Table	 1).	 Based	 on	 these	 observations,	 we	

hypothesize	 TE	 associated	 instability	 as	 the	 initial	 event	 followed	 by	 continuous	

rearrangements	 resulting	 in	 breakpoints	 that	 are	 not	 directly	 associated	 to	 the	 initial	

event.	 In	 summary,	 deletion	 of	kmt1	has	 a	 great	 impact	 on	 genome	 and	 chromosome	

stability	 resulting	 in	 large	 scale	 rearrangements,	while	Dkmt6	and	 Zt09	 genomes	only	

show	very	few,	small	changes	during	the	course	of	the	experiment.		
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Table	1.	Annotation	of	breakpoints	of	segmental	duplications	in	the	single	clones	
originating	from	evolved	populations	Dkmt1-50-1	and	Dkmt1-50-2.	
 
 

strain	 chromosome	
breakpoint	
location	

type	of	structural	variation	
associated	to	breakpoint	

sequence	
annotation	

	 	 	 	 	
Dkmt1-50-1-1	 	 	 	 	
	 1	 1753118	 fusion	to	chromosome	13	 intergenic	
	 1	 2089657	 fusion	to	chromosome	19	 in	gene	
	 1	 3339041	 tandem	duplication	 in	gene	
	 1	 3459235	 tandem	duplication	 in	gene	
	 9	 563000	 de	novo	telomere	formation	 in	TE	
	 9	 725793	 deletion	 in	gene	
	 9	 1837211	 deletion	 in	TE	
	 9	 2129950	 de	novo	telomere	formation	 in	TE	
	 13	 922381	 tandem	duplication	 intergenic	
	 13	 1065311	 tandem	duplication	 intergenic	
	 13	 266400	 de	novo	telomere	formation	 intergenic	
	 13	 430000	 de	novo	telomere	formation	 intergenic	
Dkmt1-50-2-1	 	 	 	 	
	 1	 1043000	 de	novo	telomere	formation	 in	gene	
	 1	 1386377	 fusion	to	chromosome	8	 in	gene	
	 8	 1553337	 fusion	to	chromosome	1	 in	gene	
	 8	 1725500	 de	novo	telomere	formation	 in	gene	
	 9	 533352	 de	novo	telomere	formation	 intergenic	
	 9	 800760	 deletion	 intergenic	
	 9	 2017411	 deletion	 in	gene	
Dkmt1-50-2-2	 	 	 	 	
	 1	 1908864	 tandem	duplication	 in	gene	
	 1	 2127270	 tandem	duplication	 in	gene	
	 1	 2936604	 tandem	duplication	 in	gene	
	 1	 3844993	 tandem	duplication	 centromere	
	 8	 1813873	 tandem	duplication	 in	TE	
	 8	 1961605	 tandem	duplication	 in	gene	
	 9	 1839250	 de	novo	telomere	formation	 in	TE	
	 9	 1957300	 deletion	 in	TE	
	 9	 1963300	 deletion	 in	TE	
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Loss	of	H3K27me3	drastically	reduces	the	loss	of	accessory	chromosomes		

Accessory	chromosomes	of	Z.	tritici	are	highly	instable,	both	during	meiosis	and	mitosis	

(Wittenberg	et	al.,	2009;	Moeller	et	al.,	2018).	To	assess	if	the	specific	histone	methylation	

pattern	on	accessory	chromosomes	contributes	to	the	observed	instability,	we	performed	

a	short-term	in	vitro	growth	experiment	over	four	weeks.	As	in	the	first	experiment,	each	

strain	was	 grown	 in	 three	 replicate	 cultures,	 this	 time	 transferring	 ~	 4	%	of	 the	 cell	

population	to	fresh	medium	every	three	to	four	days	(Figure	3B).	Also,	a	different	Dkmt1	

transformant	that	still	contains	chromosome	20	was	used	as	progenitor	and	in	addition	

the	Dk1/k6	double	deletion	mutant.	In	this	evolution	experiment,	our	goal	was	to	reduce	

the	 effect	 of	 selection	 and	 to	 improve	 our	 ability	 to	 detect	 spontaneous	 losses	 by	

conducting	a	short-time	experiment	and	by	 increasing	the	number	of	 transferred	cells	

compared	to	the	first	experiment.	After	four	weeks	of	growth,	we	plated	dilutions	of	each	

culture	to	obtain	single	colonies	that	were	subsequently	screened	by	a	PCR	assay	for	the	

presence	of	accessory	chromosomes.	For	each	replicate,	we	screened	192	single	colonies	

whereby	in	total	576	colonies	were	tested	per	strain	(Table	2).		

	
Table	 2.	 Chromosome	 loss	 rates	 and	 frequency	 of	 individual	 accessory	
chromosome	 losses	 in	 the	 Zt09	 reference	 strain	 and	mutants	during	 short-term	
evolution	experiment.	
	

chromosome	 Zt09	 ∆kmt1	 ∆kmt6	 ∆k1/6	
14	 18	 26	 2	 12	
15	 8	 0	 0	 0	
16	 9	 2	 0	 2	
17	 0	 0	 5	 0	
18	 -	 -	 -	 -	
19	 0	 0	 0	 3	
20	 2	 52	 2	 17	
21	 1	 6	 1	 6	
	 	 	 	 	
total	loss	 38	 86	 10	 40	
total	tested	 576	 576	 576	 576	
loss	rate	 6.6%	 14.9%	 1.7%	 6.8%	

	

In	a	previous	study,	we	showed	that	the	accessory	chromosomes	are	lost	at	a	rate	of	~	7	

%	and	we	documented	that	particular	accessory	chromosomes	(	14,	15	and	16)	are	more	

frequently	lost	than	others	(Moeller	et	al.,	2018).	In	comparison	to	wild	type,	the	Dkmt1	

mutant	showed	a	significantly	increased	chromosome	loss	rate	(one	sided	Fisher’s	exact	
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test	 for	 count	data,	P-value	=	2.722e-06).	 Interestingly,	 this	was	not	due	 to	an	overall	

increase	of	accessory	chromosome	losses,	but	rather	by	the	dramatically	 increased	(P-

value	=	3.692e-09)	 loss	 frequency	of	chromosome	20	(Table	2).	The	chromosome	loss	

frequency	of	the	other	accessory	chromosomes	was	either	comparable	to	wild	type	(14,	

17,	19,	21)	or	even	significantly	lower	(15	and	16,	P-values	=	0.001181	and	2.504e-05).		

In	 contrast	 to	 the	Dkmt1	 strains,	we	detected	 significantly	 less	 chromosome	losses	 (P-

value	=	0.0001189)	in	the	Dkmt6	mutants.	Out	of	576	tested	cells,	only	ten	had	lost	an	

accessory	 chromosome.	 This	 represents	 a	 four	 times	 lower	 chromosome	 loss	 rate	

compared	 to	 wild	 type.	 Hence,	 absence	 of	 H3K27me3	 seems	 to	 promote	 stability	 of	

accessory	 chromosomes.	 Notably,	 chromosome	 17	 that	 was	 lost	 with	 the	 highest	

frequency	in	this	mutant-	five	out	of	ten	chromosome	losses	-	was	not	lost	in	any	of	the	

other	mutant	strains	nor	in	the	wild	type.	This	suggests	a	special	role	of	H3K27me3	or	

Dkmt6	for	the	maintenance	of	chromosome	17.	

The	double	deletion	mutant	displayed	a	similar	chromosome	loss	rate	as	wild	type	but	

showed	a	chromosome	loss	distribution	comparable	to	 the	Dkmt1	deletion	strain	with	

chromosome	20	being	lost	significantly	more	(P-value	=	0.0001258)	and	chromosomes	

15	and	16	lost	less	frequently	(P-values	=	0.00195	and	0.008987,	respectively).		

With	the	short-term	growth	experiment,	we	could	show	that	the	chromosome	loss	rate	of	

accessory	 chromosomes	 significantly	 differed	 between	 the	 Z.	 tritici	 heterochromatin	

mutants	and	wild	type.	While	loss	of	H3K9me3	increased	the	 loss	rate,	 in	particular	of	

chromosome	20,	the	absence	of	H3K27me3	decreased	the	chromosome	loss	rate.	When	

both	histone	marks	are	absent,	 the	 loss	 frequency	 is	 comparable	 to	wild	 type,	but	 the	

occurrence	of	individual	chromosome	losses	resembles	the	pattern	observed	in	the	Dkmt1	

mutant.	
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Discussion	
Effects	of	chromatin	reorganization	on	phenotypes	and	transcription	

In	this	study,	we	elucidated	the	roles	of	the	heterochromatin-associated	histone	marks	

H3K9me3	and	H3K27me3	in	the	pathogenic	fungus	Z.	tritici	by	deletion	of	the	respective	

histone	methyltransferases	KMT1	 and	KMT6.	We	 found	 that	 both	 histone	marks	have	

important	but	distinct	functions.	Loss	of	H3K9me3	and	combinational	loss	of	H3K9me3	

and	 H3K27me3	 in	 the	 double	 deletion	 mutant	 had	 severe	 effects	 on	 growth	 and	

reproduction	in	vitro	and	in	planta,	while	loss	of	H3K27me3	alone	only	resulted	in	slight	

differences	to	wild	type	growth.		

The	phenotypic	consequences	 in	vitro	by	the	absence	of	H3K9me3	are	consistent	with	

previous	observations	 in	 filamentous	 fungi	 (Palmer	 et	 al.,	 2008;	 Basenko	 et	 al.,	 2015;	

Zhang	et	al.,	2016).	In	Neurospora	crassa,	the	loss	of	H3K9me3	causes	a	redistribution	of	

H3K27me3	to	former	H3K9me3	positions	and	the	resulting	growth	defects	can	be	rescued	

by	additional	 elimination	of	H3K27me3	 (Basenko	et	al.,	 2015).	While	we	 see	a	 similar	

relocation	 of	 H3K27me3	 in	 the	 Z.	 tritici	Dkmt1	 mutant,	 the	 growth	 defects	 cannot	 be	

restored	 in	the	Dk1/6	double	deletion	mutant	but	are	even	more	severe.	This	suggests	

that	redistribution	of	H3K27me3	is	not	responsible	for	poor	growth	in	the	Z.	tritici	Dkmt1	

strains.		

The	observed	strongly	reduced	virulence	of	Dkmt1	and	Dk1/6	strains	is	likely	a	result	of	

the	overall	impaired	growth	as	found	in	vitro.	However,	H3K9me3	has	been	shown	to	be	

involved	in	effector	gene	regulation	in	the	oilseed	rape	pathogen	Leptosphaeria	maculans	

(Soyer	et	al.,	2014).	Based	on	this	finding	in	another	Dothideomycete	plant	pathogen,	we	

speculate	that	the	reduced	virulence	in	the	Dkmt1	Z.	tritici	mutant	may	also	result	from	

impaired	regulation	of	pathogenicity-related	genes.	

Loss	of	H3K27me3	in	the	Dkmt6	mutants	has	little	impact	on	in	vitro	and	in	planta	growth,	

consistent	with	observations	in	N.	crassa	(Basenko	et	al.,	2015),	but	contrasts	with	studies	

in	 different	 Fusarium	 species,	 where	 absence	 of	 H3K27me3	 either	 leads	 to	 severe	

developmental	defects	or	is	even	essential	for	growth	and	devolpment	(Connolly	et	al.,	

2013;	Studt	et	al.,	 2016).	Furthermore,	 limited	 transcriptional	 activation	 in	 the	Dkmt6	

mutants	 is	 consistent	 with	 similar	 observations	 in	 N.	 crassa	 (Jamieson	 et	 al.,	 2013;	

Basenko	et	al.,	2015)	as	opposed	to	other	studies	in	fungi,	plants	and	animals,	where	loss	

of	H3K27me3	results	in	global	de-repression	of	genes	(Reddington	et	al.,	2013;	Connolly	

et	al.,	2013;	Studt	et	al.,	2016).	Our	analysis	revealed	that	loss	of	H3K9me3	has	a	more	
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dramatic	 effect	 on	 transcriptional	 activation	 than	 loss	 of	 H3K27me3.	 In	 particular	

transposable	elements	and	genes	that	are	associated	with	transposable	elements	display	

higher	expression	or	are	activated	 in	the	Dkmt1	and	Dk1/6	mutants.	This	 is	consistent	

with	previous	findings	(Ding	et	al.,	2007;	Penke	et	al.,	2016;	Zeller	et	al.,	2016)	and	reflects	

the	 strong	 correlation	of	H3K9me3	 to	 transposable	 elements	 (Schotanus	 et	 al.,	 2015).	

Activation	of	transposable	elements	can	have	severe	consequences	for	genome	stability	

and	integrity	(Zeller	et	al.,	2016)	and	may	contribute	to	the	extreme	amount	of	genome	

rearrangements	that	we	detected	in	the	Dkmt1	mutants	(Table	S6	and	S7).	

	

H3K9me3	loss	and	consequences	for	genome	stability	

The	replication	of	heterochromatin-associated	DNA	is	challenging	for	the	cell.	Repeated	

sequences	 can	 form	 secondary	 structures	 that	 aggravate	 the	 replication	 machinery	

(Voineagu	et	al.,	2008).	Instability	of	repeated	sequences	has	consequently	been	linked	to	

errors	during	DNA	replication	(Khurana	&	Oberdoerffer,	2015;	Allshire	&	Madhani,	2017).	

Replication	fork	stability	is	an	important	factor	to	preserve	repeat	stability	and	normally,	

the	 replication	 machinery	 and	 heterochromatin-associated	 proteins	work	 together	 to	

ensure	 faithful	 replication	 and	 genome	 integrity	 (Li	 et	 al.,	 2013).	 In	 Caenorhabditis	

elegans,	loss	of	H3K9me	promotes	transposable	element	transcription	and	formation	of	

R-loops	(RNA:DNA	hybrids)	at	repeated	sequences	during	replication	resulting	in	copy-

number	variations	(Zeller	et	al.,	2016).	These	R-loops	may	induce	replication	fork	stalling	

and	subsequent	DNA	double-strand	breaks.	This	phenomenon	could	be	an	explanation	for	

the	accumulation	of	the	small	deletions	and	duplications,	chromosome	breakage	or	the	

formation	of	large	segmental	duplications	that	we	observed	in	the	Dkmt1	mutants	(Table	

S6	and	S7).	Double-strand	breaks	can	be	repaired	by	non-homologous	end	joining	causing	

deletions	or	translocations	(Chiruvella	et	al.,	2013).	Alternatively,	they	are	healed	by	de	

novo	 telomere	 formation	 (Pennaneach	 et	 al.,	 2006).	 The	 structural	 rearrangements	

detected	in	the	Dkmt1	mutants	indicate	that	repair	of	double-strand	breaks	involves	both	

non-homologous	end	joining	and	de	novo	telomere	formation.			

H3K9me3	has	further	been	shown	to	be	involved	in	large-scale	genome	and	chromosome	

rearrangements	 in	 Drosophila	 melanogaster	 (Peng	 &	 Karpen,	 2009).	 Based	 on	 the	

structural	 variation,	 predominantly	 associated	 to	 transposable	 elements	 in	 the	Dkmt1	

mutants,	we	propose	that	the	main	factor	for	genome	instability	is	replication-associated	
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instability	of	repeated	sequences	promoting	the	formation	of	large-scale	rearrangements	

(Figure	8).		

The	 new	 chromosome	 variants	 that	 are	 formed	 in	 the	Dkmt1	mutants	 do	 not	 always	

contain	 the	 original	 centromere-associated	 sequences.	 We	 hypothesize	 that	

neocentromeres	 are	 readily	 established	 on	 these	 chromosomes.	 Previously,	 we	 have	

shown	that	the	structure	of	Z.	tritici	centromeres	is	unusual,	as	they	do	not	display	typical	

pericentric	heterochromatin	regions	but	contain	actively	transcribed	genes	(Schotanus	et	

al.,	2015).	These	characteristics	are	similar	to	neocentromeres	found	in	Candida	albicans	

(Ketel	et	al.,	2009;	Thakur	&	Sanyal,	2013)	suggesting	that	centromere	 formation	 in	Z.	

tritici	is	highly	dynamic.		

	

Figure	8.	Model	for	the	formation	of	large	structural	rearrangements	in	the	Dkmt1	
mutants.	 1)	 Initially,	 replication	 stress	 at	 repeated	 sequences	 promotes	 structural	
variation	in	form	of	deletion	or	duplications.	2)	Large	segmental	duplications	arise	during	
that	 process	 and	 are	 either	 followed	 by	 chromosome	 breakage	 or	 represent	 a	
consequence	of	double-strand	breakage	and	unfaithful	repair.	3)	New	chromosomes	are	
formed	by	adding	de	novo	telomeres	at	the	chromosomal	breakpoints.	While	one	of	the	
chromosomes	 contains	 the	 original	 centromere,	 the	 other	 chromosome	 forms	 a	
neocentromere.	 4)	 The	 duplicated	 sequences	 are	 target	 of	 mitotic	 recombination	
resulting	 in	a	 fusion	of	 the	 chromosomes.	5)	The	now	dicentric	 chromosome	becomes	
unstable	during	mitosis	and	breaks	between	the	centromeres.	The	broken	chromosome	

X
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ends	 are	 repaired	 either	 by	 de	 novo	 telomere	 formation	 or	 fusion	 to	 a	 different	
chromosome	giving	rise	to	new	breakage-fusion	bridge	cycles.	6)	Alternatively,	one	of	the	
two	 centromeres	 is	 inactivated,	 either	 epigenetically	 or	 by	 deletion	 of	 the	 underlying	
sequence	and	the	chromosome	remains	stable	during	mitosis.	
	
We	found	that	duplicated	sequences	in	the	experimentally	evolved	Dkmt1	mutants	fully	

or	 partially	 overlap	 with	 the	 duplicated	 regions	 of	 the	Dkmt1	 progenitor	 strain.	 This	

strongly	 indicates	 that	 structural	 variations	 are	 highly	 dynamic	 implying	 continuous	

rearrangements.	 This	 led	 us	 to	 the	 hypothesis	 that	 the	 presence	 of	 large	 segmental	

duplications	promotes	mitotic	recombination.	In	yeast,	artificially	duplicated	sequences	

as	 well	 as	 naturally	 occurring	 repeats	 serve	 as	 substrates	 for	 ectopic,	 mitotic	

recombination	 (Liefshitz	 et	 al.,	 1995).	 Furthermore,	 breakage-fusion	 bridge	 cycles	

mediated	 by	 mitotic	 recombination	 and	 translocations	 can	 lead	 to	 chromosomal	

rearrangements	 (McClintock,	 1938,	 1941).	 Repair	 of	 double-strand	 breaks	 by	

translocation	 to	 different	 chromosomes	 or	 mitotic	 recombination	 can	 result	 in	 the	

formation	of	dicentric	chromosomes	that	are	instable	during	mitosis	giving	rise	to	new	

chromosome	 rearrangements	 (Figure	 8).	 In	 a	 previous	 study,	 it	 was	 shown	 that	 the	

formation	 of	 a	 new	 accessory	 chromosome	 was	 conferred	 by	 breakage-fusion	 bridge	

cycles	during	meiosis	in	Z.	tritici	(Croll	et	al.,	2013).	In	our	study,	we	find	evidence	for	the	

occurrence	 of	 breakage-fusion	 bridge	 cycles	 by	 the	 observed	 fusion	 events	 between	

chromosomes	1	and	19	and	between	1	and	13	(Figure	7A).	For	these	chromosomes	we	

observe	that	the	breakpoints	of	a	large	duplicated	sequence	on	chromosome	1	are	fused	

to	 telomeres	 of	 chromosomes	 13	 and	 19.	 Both	 chromosomes	 broke	 close	 to	 their	

centromeres	 resulting	 in	 loss	 of	 the	 centromeric	 sequence.	 A	 mechanism	 to	 avoid	

breakage-fusion	 bridge	 cycles	 is	 the	 inactivation	 of	 centromeres.	 This	 can	 either	 be	

accomplished	 by	 epigenetic	 inactivation	 or	 by	 deletion	 of	 the	 underlying	 sequence	

(Stimpson	et	al.,	2012).	We	detected	deletions	and	partial	duplications	of	centromeres	

(Figure	 6)	 but	 further	 analyses	 have	 to	 be	 conducted	 to	 investigate	 neocentromere	

formation	and	centromere	inactivation.		

The	formation	of	new	chromosomes	described	in	this	study	may	resemble	the	emergence	

of	accessory	chromosomes	in	Z.	tritici.	The	newly	arranged	chromosomes	contain	a	high	

proportion	of	duplicated	sequences,	but	functional	centromeres	and	telomeres	could	be	

readily	maintained.	However,	accessory	chromosomes	in	Z.	tritici	do	not	contain	a	high	

number	 of	 paralogs	 of	 core	 chromosome	 genes	 (Kellner	 et	 al.,	 2014).	 Duplicated	

sequences	 might	 not	 be	 stable	 over	 longer	 evolutionary	 timescales	 and	 those	
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chromosomes	 may	 shrink	 over	 time,	 resulting	 in	 an	 accessory	 chromosome	 mainly	

composed	of	unique	sequences	of	ancestral	core	chromosomes	(Galazka	&	Freitag,	2014).			

In	 summary,	Dkmt1	mutants	 show	 a	 high	 rate	 of	 structural	 variation	 that	 is	 possibly	

mediated	by	replication	stress	at	repetitive	sequences	that	are	normally	enriched	with	

H3K9me3.	Our	data	suggests	that	once	structural	variation	arises,	it	serves	to	promote	

further	 instability.	 The	 presence	 of	 KMT1	 and	 of	 H3K9me3	 respectively,	 is	 therefore	

essential	 to	maintain	genome	 integrity	 in	 this	 fungus.	Transposable	element-mediated	

rearrangements	may	be	 involved	 in	the	genetic	variability	detected	 in	Z.	 tritici	 isolates	

(McDonald	&	Martinez,	 1991;	 Linde	 et	 al.,	 2002;	Mehrabi	 et	 al.,	 2007)	 and	 have	 been	

suggested	 as	 drivers	 of	 genome	 evolution	 in	 various	 species	 (Hedges	&	Batzer,	 2005;	

Feschotte	 &	 Pritham,	 2007;	 Barrón	 et	 al.,	 2014).	 Our	 findings	 concerning	 the	 role	 of	

H3K9me3	for	genome	stability	provide	a	basis	for	future	studies	focusing	on	the	influence	

of	heterochromatin	on	structural	rearrangements	using	Z.	tritici	as	a	model	organism.		

	

H3K27me3	and	the	stability	of	accessory	chromosomes	

Although	~20	%	of	the	genome	of	Z.	tritici	is	enriched	with	H3K27me3	the	role	of	KMT6	

in	transcriptional	regulation	is	not	as	pronounced	as	in	other	fungal	systems.	Hence,	we	

hypothesize	that	H3K27me3	has	other	important	functions	apart	from	gene	silencing.	In	

contrast	to	the	destabilizing	effect	of	KMT1	deletion	and	the	resulting	H3K9me3	loss	on	

genome	integrity,	we	demonstrate	that	the	absence	of	H3K27me3	leads	to	a	reduction	of	

accessory	 chromosome	 losses	 during	 mitotic	 growth	 (Table	 2).	 This	 implies	 that	 the	

enrichment	of	H3K27me3	on	accessory	chromosomes	in	wild	type	cells	is	a	main	driver	

of	their	mitotic	instability.		

We	propose	different	scenarios	how	chromosomes	could	get	lost	during	mitosis	and	how	

H3K27me3	 may	 be	 linked	 to	 these	 processes:	 Accessory	 chromosomes	 may	 not	 be	

accurately	 replicated	 whereby	 only	 one	 sister	 chromatid	 is	 transmitted.	 Or	 non-

disjunction	of	sister	chromatids	during	mitosis	produces	one	cell	with	two	copies	and	one	

cell	 lacking	 the	 respective	 chromosome.	 Previous	 microscopic	 studies	 of	 Z.	 tritici	

centromeres	indicated	that	chromosomes	might	be	physically	separated	in	the	nucleus	

(Schotanus	et	al.,	2015).	Interestingly,	it	was	shown	that	H3K27me3	localizes	close	to	the	

nuclear	periphery	and	loss	of	H3K27me3	enables	movement	of	the	previously	associated	

regions	to	the	inner	nucleus	in	mammals	and	fungi	(Harr	et	al.,	2015;	Klocko	et	al.,	2016).	

Proximity	 to	 the	 nuclear	 membrane	 and	 heterochromatic	 structure	 can	 furthermore	

result	in	different,	often	late	replication	timing	(Heun	et	al.,	2001;	Jørgensen	et	al.,	2007).	
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Loss	of	H3K27me3	and	possible	movement	 to	 the	 inner	nucleus	might	 therefore	alter	

replication	 dynamics	 of	 accessory	 chromosomes	 resulting	 in	 higher	 rates	 of	 faithfully	

replicated	chromosomes	and	lower	rates	of	mitotic	losses.	

Repressed	 chromatin	 regions,	 especially	 associated	 to	 H3K27me3,	 tend	 to	 cluster	

together	and	form	distinct	foci	in	the	nucleus	of	D.	melanogaster	visualized	by	microscopic	

analyses	(Messmer	et	al.,	1992;	Buchenau	et	al.,	1998).	Loss	of	H3K27me3	consequently	

reduces	interaction	between	these	regions	(Denholtz	et	al.,	2013).	We	hypothesize	that	

enrichment	 of	 H3K27me3	 on	 the	 entire	 accessory	 chromosomes	 fuels	 physical	

interactions	that	persist	throughout	mitosis.	This	may	decrease	the	efficiency	to	separate	

sister	chromatids	resulting	in	loss	of	the	chromosome	in	one	cell	and	a	duplication	in	the	

other	cell.	So	far,	we	focused	our	screenings	on	chromosome	losses	but	determining	the	

exact	 rates	of	 accessory	 chromosome	duplications	 is	necessary	 to	 test	 this	hypothesis.	

Genome	sequencing	 of	Z.	 tritici	 chromosome-loss	 strains	 revealed	 that	 duplications	of	

accessory	 chromosomes	 can	 occur	 (Moeller	 et	 al.,	 2018).	 Similar,	 B	 chromosomes	 in	

plants	are	preferentially	inherited	during	meiosis	by	non-disjunction	of	sister	chromatids	

during	the	first	pollen	mitosis	(Banaei-Moghaddam	et	al.,	2012)	indicating	that	deviation	

from	normal	chromosome	segregation	is	a	common	mechanism.	Accessory	chromosomes	

are	 commonly	 found	 in	 natural	 isolates,	 despite	 the	 high	 loss	 rates	we	 demonstrated	

during	mitotic	 growth	 (Moeller	et	al.,	 2018).	This	observation	 implies	 the	presence	of	

other	mechanisms	that	counteract	the	frequent	losses	of	accessory	chromosomes.	Recent	

analyses	 of	 meiotic	 transmissions	 show	 that	 unpaired	 accessory	 chromosomes	 are	

transmitted	at	higher	rates	in	a	uniparental	way	(Habig	et	al.,	submitted).	We	speculate	

that	H3K27me3	might	be	involved	in	accessory	chromosome	transmission	both	during	

mitosis	and	meiosis.		

	

In	summary,	we	demonstrate	that	the	histone	methyltransferases	KMT1	and	KMT6	play	

important	 but	 distinct	 roles	 in	 genome	 stability	 in	 the	 fungus	 Z.	 tritici.	 H3K9me3	 is	

essential	 for	 transcriptional	 regulation	 and	 replication	 of	 repeats	while	 loss	 of	 KMT1	

results	 in	 repeat-associated,	 large-scale	 genome	 rearrangements.	 H3K27me3	 has	 a	

crucial	function	in	accessory	chromosome	transmission,	whereby	presence	of	H3K27me3	

results	 in	 elevated	 chromosome	 loss	 rates	 in	 individual	 cells.	 Although	 detailed	

mechanisms	still	have	to	be	elucidated,	we	present	the	first	evidence	of	the	importance	of	

histone	methylation	in	genome	dynamics	in	fungal	plant	pathogens.			
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Materials	and	Methods	
Culturing	conditions	of	fungal	and	bacterial	strains	

Zymoseptoria	tritici	strains	were	cultivated	on	solid	(2	%	[w/v]	bacto	agar)	or	in	liquid	

YMS	medium	(0.4	%	[w/v]	yeast	extract,	0.4	%	[w/v]	malt	extract,	0.4	%	[w/v]	sucrose).	

Liquid	cultures	were	inoculated	from	plate	or	directly	from	glycerol	stocks	and	grown	for	

3	–	4	days	at	18°C	in	a	shaking	incubator	at	200	rpm.	Plates	were	inoculated	from	glycerol	

stocks	 and	 grown	 for	 5	 –	 6	 days	 at	 18°C.	 Escherichia	 coli	 TOP10	 cells	 were	 grown	

overnight	in	dYT	(1.6	%	[w/v]	trypton,	1	%	[w/v]	yeast	extract,	0.5	%	[w/v]	NaCl	and	2	

%	bacto	agar	for	solid	medium))	supplemented	with	antibiotics	for	plasmid	selection	(40	

µg/mL	kanamycin)	at	37°C	and	at	200	rpm	for	liquid	cultures	.	Agrobacterium	tumefaciens	

strain	AGL1	was	grown	in	dYT	containing	rifampicin	(50	µg/mL)	and	carbenicillin	(100	

µg/mL)	supplemented	with	antibiotics	 for	plasmid	selection	(40	µg/mL	kanamycin)	at	

28°C	at	200	rpm	in	liquid	culture	for	18	h	and	on	plate	at	28°C	for	two	days.		

		

Transformation	of	Z.	tritici	

Z.	 tritici	 deletion	 and	 complementation	 strains	 were	 engineered	 using	 Agrobacterium	

tumefaciens-mediated	transformations	as	described	before	(Bowler	et	al.,	2010;	Poppe	et	

al.,	2015).	Flanking	regions	of	 the	respective	genes	were	used	to	 facilitate	homologous	

recombination	 for	 integration	 at	 the	 correct	 genomic	 location.	 The	 plasmid	 pES61	 (a	

derivate	of	 the	binary	vector	pNOV-ABCD	(Bowler	et	al.,	2010))	was	used	for	 targeted	

gene	 deletion	 and	 complementation.	 Plasmids	 were	 assembled	 using	 a	 restriction	

enzyme-based	 approach	 or	 Gibson	 assembly	 (Gibson	 et	 al.,	 2009).	 Plasmids	 were	

amplified	 in	E.	 coli	 TOP10	 cells	 and	 transformed	 in	 the	A.	 tumefaciens	 strain	AGL1	 as	

described	 previously	 (Zwiers	 &	 De	 Waard,	 2001).	 Gene	 deletions	 of	 kmt1	

(Zt09_chr_1_01919)	and	kmt6	(Zt09_chr_4_00551)	were	facilitated	by	replacement	of	the	

respective	ORF	with	a	hygromycin	resistance	cassette.	The	kmt1/kmt6	double	deletion	

mutant	was	 constructed	 by	 integrating	 a	 nourseothricin	 resistance	 cassette	 replacing	

kmt1	in	a	kmt6	deletion	mutant	background.	Complementation	constructs	containing	the	

respective	gene	and	a	G418	resistance	cassette	were	integrated	at	the	native	loci	in	the	

deletion	strains.	All	plasmids	and	strains	constructed	in	this	study	are	listed	in	Table	S1.	

Transformed	 strains	 were	 screened	 by	 PCR	 for	 correct	 integrations	 of	 the	 construct	

followed	by	Southern	blot	(Southern,	1975)	using	DIG-labeled	probes	generated	with	the	

DIG	labeling	kit	(Roche,	Mannheim,	Germany)	following	manufacturer’s	instructions.			
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DNA	isolation	for	PCR	screenings	and	Southern	blotting	

For	rapid	PCR	screenings	(candidates	for	transformation	and	chromosome	loss),	a	single	

Z.	tritici	colony	was	resuspended	in	50	µL	25	mM	NaOH,	incubated	at	98°C	for	10	min	and	

afterwards	50	µL	40	mM	Tris-HCl	pH	5.5	were	added.	4	µl	mix	subsequently	were	used	as	

template	 for	 PCRs.	 For	 Southern	 blotting,	 we	 used	 a	 standard	 phenol-chloroform	

extraction	protocol	(Sambrock	&	W.	Russel,	2001)	for	DNA	isolation.		

	

Phenotypic	characterization	in	vitro	

For	 the	 in	 vitro	 growth	assays,	 liquid	YMS	cultures	were	 inoculated	with	100	cells/µL	

(OD600	=	0.01);	cells	were	grown	in	25	mL	YMS	at	18°C	and	200	rpm.	For	each	mutant	and	

complementation	 strain,	 two	 transformants	 (biological	 replicates),	 and	 three	 replicate	

cultures	per	transformant	(technical	replicates)	were	used.	For	the	reference	strain	Zt09,	

two	separate	pre-cultures	were	grown	as	biological	replicates	and	each	pre-culture	was	

used	to	inoculate	three	replicate	cultures.	OD600	was	measured	at	different	time	points	

throughout	 the	 experiment	 until	 the	 stationary	 phase	 was	 reached.	 The	 R	 package	

growthcurver	 (Sprouffske	 &	 Wagner,	 2016)	 was	 used	 to	 fit	 the	 growth	 curve	 data	

enabling		to	compare	in	vitro	growth	of	the	different	strains.		

To	 test	 the	 tolerance	 of	mutant	 and	 reference	 strains	 towards	 different	 stressors,	 we	

performed	 an	 in	 vitro	 stress	 assay	 on	 YMS	 plates.	 Each	 plate	 contained	 additives	

constituting	different	stress	conditions.	Cell	suspensions	containing	107	cells/mL	and	a	

tenfold	dilution	series	down	to	100	cells/mL	were	prepared;	3	µL	of	each	dilution	were	

pipetted	 on	 solid	 YMS	 containing	 the	 following	 additives:	 0.5	M	NaCl,	 1	M	NaCl,	 1	 M	

sorbitol,	1.5	M	sorbitol,	1.5	mM	H2O2,	2	mM	H2O2,	300	µg/mL	Congo	red,	0.01	%	MMS	

(methyl	 methane	 sulfonate),	 0.025	 %	 MMS,	 1	 µg/mL	 actinomycin	 D	 and	 1.5	 µg/mL	

actinomycin	D.	Furthermore,	we	included	a	H2O-agar	(2	%	bacto	agar)	plate.	All	plates	

were	incubated	at	18°C	for	six	days,	except	for	one	YMS	plate	that	was	exposed	to	28°C	to	

test	for	thermal	stress	responses.		

	

Phenotypic	characterization	in	planta	

Seedlings	 of	 the	 susceptible	 wheat	 cultivar	 Obelisk	 (Wiersum	 Plantbreeding	 BV,	

Winschoten,	The	Netherlands)	were	potted	(three	plants	per	pot)	after	four	days	of	pre-

germination	 and	 grown	 for	 seven	 more	 days.	 Single	 cell	 suspensions	 of	 mutant	 and	

reference	strain	were	prepared	(108	cells	/	mL	in	H2O	with	0.1	%	Tween	20)	and	brush	

inoculated	on	a	marked	area	on	the	second	leaf.	Following	inoculation,	the	plants	were	
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incubated	in	sealed	plastic	bags	containing	~	1	L	of	H2O	for	48	h	providing	high	humidity	

to	promote	infections.	Growth	conditions	for	the	plants	throughout	the	complete	growth	

phase	and	 infection	were	16	h	light	(200	µmol/m-2s-1)	and	8	h	dark	at	20°C	and	90	%	

humidity.	.	First	appearances	of	symptoms,	necrosis	or	pycnidia,	were	assessed	by	manual	

inspection	of	 every	 treated	 leaf.	 21	 days	 post	 infection,	 inoculated	 leaves	were	 finally	

screened	for	infection	symptoms.	Manual	visual	inspection	of	each	leaf	was	performed	to	

evaluate	 the	 percentage	 of	 leaf	 area	 covered	 by	 necrosis	 and	 pycnidia.	 Six	 different	

categories	were	differentiated	based	on	the	observed	coverage	(0:	0	%,	1:	1	–	20	%,	2:	21	

–	40	%,	3:	41	–	60	%,	4:	61	-80	%,	5:	81	–	100	%).	Automated	symptom	evaluation	was	

performed	by	analysis	of	scanned	images	of	infected	leaf	areas	as	described	previously	

(Stewart	et	al.,	2016).	

	

Long-term	evolution	experiment	

For	the	long-term	evolution	experiment	(~6	months),	cells	were	inoculated	directly	from	

the	glycerol	stocks	into	20	mL	liquid	YMS	cultures.	We	used	Zt09,	Dkmt6	and	Dkmt1,	each	

strain	grown	in	triplicates.	Every	three	to	four	days,	cells	were	transferred	to	new	YMS	

medium.	Cells	were	grown	at	18°C	and	200	rpm.	For	every	transfer,	cell	density	of	the	

cultures	was	measured	by	OD600	and	the	new	cultures	were	inoculated	with	a	cell	density	

of	~	100	cells	/	µL	(correlating	to	a	transfer	of	0.1	%	of	the	population).	After	50	transfers,	

the	 genomes	 of	 the	 evolved	 populations	 and	 each	 progenitor	 strain	 were	 sequenced.	

Additionally,	three	genomes	of	single	clones	derived	from	the	Dkmt1	populations	after	50	

transfers	were	sequenced	to	characterize	genome	rearrangements	in	more	detail.	

	

Short-term	evolution	experiment	

For	the	short-term	evolution	experiment	over	a	time	period	of	four	weeks,	cultures	were	

inoculated	 from	 single	 colonies	 grown	 on	 solid	 YMS.	 Zt09,	 Dkmt6,	 Dkmt1,	 and	 the	

Dkmt6/Dkmt1	double	mutant	were	grown	in	triplicate	YMS	cultures.	For	this	experiment	

we	used	a	different	Dkmt1	mutant	 clone,	 as	we	discovered	 that	 the	 strain	used	 in	 the	

previous	 long-term	evolution	experiment	was	missing	chromosome	20.	Every	three	to	

four	days,	900	µL	culture	were	transferred	to	25	mL	fresh	YMS	(correlating	to	a	transfer	

of	~	4	%	of	the	population).	After	four	weeks	of	growth	(including	eight	transfers	to	new	

medium)	at	18°C	and	200	rpm,	cultures	were	diluted	and	plated	on	YMS	agar	to	obtain	
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single	 colonies.	 These	 single	 colonies	 were	 PCR	 screened	 for	 presence	 of	 accessory	

chromosomes	as	described	in	(Moeller	et	al.,	2018).			

	

Pulsed-field	gel	electrophoresis	(PFGE)	

Cells	were	grown	in	YMS	medium	for	five	days	and	harvested	by	centrifugation	for	10	min	

at	3,500	rpm.	We	used	5	x	108	cells	for	plug	preparation	that	were	washed	twice	with	Tris-

HCl,	pH	7.5,	resuspended	in	1	mL	TE	buffer	(pH	8)	and	mixed	with	1	mL	of	2.2	%	low	range	

ultra	agarose	(Bio-Rad,	Munich,	Germany).	The	mixture	was	pipetted	 into	plug	casting	

molds	 and	 cooled	 for	 1	h	 at	 4°C.	 Plugs	were	placed	 to	 50	mL	 screw	 cap	 Falcon	 tubes	

containing	5	mL	of	lysis	buffer	(1	%	SDS;	0.45	M	EDTA;	1.5	mg/mL	proteinase	K[	Roth,	

Karlsruhe,	Germany])	and	incubated	for	48	h	at	55°C	while	the	buffer	was	replaced	once	

after	24	h.	Chromosomal	plugs	were	washed	three	times	for	20	min	with	1	X	TE	buffer	

before	storage	in	0.5	M	EDTA	at	4°C.	PFGE	was	performed	with	a	CHEF-DR	III	pulsed-field	

electrophoresis	system	(BioRad,	Munich,	Germany).	Separation	of	mid-size	chromosomes	

was	conducted	with	the	settings:	switching	time	250	s	–	1000	s,	3	V/cm,	106°	angle,	1	%	

pulsed-field	agarose	in	0.5	X	TBE	for	72	h.	Large	chromosomes	were	separated	with	the	

following	settings:	switching	time	1000	s	–	2000	s,	2	V/cm,	106°	angle,	0.8	%	pulsed-field	

agarose	in	1	X	TAE	for	96	h.	Saccharomyces	cerevisiae	chromosomal	DNA	(BioRad,	Munich,	

Germany)	 was	 used	 as	 size	 marker	 for	 the	 for	 mid-size	 chromosomes,	

Schizosaccharomyces	pombe	chromosomal	DNA	(BioRad,	Munich,	Germany)	for	the	large	

chromosomes.	 Gels	 were	 stained	 in	 ethidium	 bromide	 staining	 solution	 (1	 μg/mL	

ethidium	bromide	in	H2O)	for	30	min.	Detection	of	chromosomal	bands	was	performed	

with	 the	 GelDocTM	 XR+	 system	 (Bio-Rad,	 Munich,	 Germany).	 Southern	 blotting	 was	

performed	as	described	previously	(Southern	1975)	using	DIG-labeled	probes	generated	

with	the	PCR	DIG	labeling	Mix	(Roche,	Mannheim,	Germany)	following	the	manufacturer’s	

instructions.	

	

ChIP-sequencing	

Cells	were	grown	 in	 liquid	YMS	medium	at	18°C	 for	2	days	until	 an	OD600	of	~	1	was	

reached.	Chromatin	immunoprecipitation	was	performed	as	previously	described	(Soyer	

et	al.,	2015)	with	minor	modifications.	We	used	antibodies	against	H3K4me2	(#07-030,	

Merck	 Millipore),	 H3K9me3	 (#39161,	 Active	 Motif)	 and	 H3K27me3	 (#39155,	 Active	

Motif).	 ChIP	 DNA	was	 purified	 using	 SureBeads™	 Protein	G	Magnetic	 Beads	 (Bio-Rad,	

Munich,	Germany)	and,	replacing	phenol/chloroform	extractions,	we	used	the	ChIP	DNA	
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Clean	 &	 Concentrator	 Kit	 (Zymo	 Research,	 Freiburg,	 Germany).	 We	 sequenced	 two	

biological	and	one	additional	technical	replicate	for	Zt09,	Dkmt1,	Dkmt6,	and	the	Dk1/k6	

strains.	 Sequencing	 was	 performed	 at	 the	 OSU	 Center	 for	 Genome	 Research	 and	

Biocomputing	on	an	Illumina	HiSeq2000	obtaining	50-nt	reads	and	at	 the	Max	Planck-

Genome-centre	Cologne,	Germany	(https://mpgc.mpipz.mpg.de/home/)	on	an	Illumina	

Hiseq3000	platform	obtaining	150-nt	reads	(Table	S8).	

	

RNA-sequencing	

For	RNA	extraction,	cells	were	grown	in	liquid	YMS	at	18°C	and	200	rpm	for	two	days	until	

an	OD600	of	~	1	was	reached.	Cells	were	harvested	by	centrifugation	and	ground	in	liquid	

nitrogen.	 Total	 RNA	 was	 extracted	 using	 TRIzol	 (Invitrogen,	 Karlsruhe,	 Germany)	

according	to	manufacturer’s	instructions.	The	extracted	RNA	was	further	DNAse-treated	

and	cleaned	up	using	the	RNA	Clean	&	Concentrator-25	Kit	(Zymo	Research,	Freiburg,	

Germany).	 RNA	 samples	 of	 two	 biological	 replicates	 of	 Zt09,	 Dkmt1,	 Dkmt6,	 and	 the	

Dkmt1/Dkmt6	 double	 mutant	 were	 sequenced.	 Poly(A)-captured,	 stranded	 library	

preparation	and	sequencing	were	performed	by	the	Max	Planck-Genome-centre	Cologne,	

Germany	 (https://mpgc.mpipz.mpg.de/home/)	 on	 an	 Illumina	 Hiseq3000	 platform	

obtaining	~	20	million	150-nt	reads	per	sample	(Table	S8).	

	

Genome	sequencing	

Genomic	DNA	for	sequencing	was	prepared	as	described	previously	(Allen	et	al.,	2006).	

Library	 preparation	 and	 genome	 sequencing	 of	 the	 progenitor	 strains	 used	 for	 the	

evolution	 experiments	 were	 performed	 at	 Aros,	 Skejby,	 Denmark	 using	 an	 Illumina	

Hiseq2500	platform	obtaining	100-nt	paired-end	reads.	Library	preparation	(PCR-free)	

and	sequencing	of	the	evolved	populations	and	the	three	evolved	single	Dkmt1	mutants	

were	 performed	 by	 the	 Max	 Planck-Genome-centre	 Cologne,	 Germany	

(https://mpgc.mpipz.mpg.de/home/)	 on	 an	 Illumina	 Hiseq3000	 platform	 resulting	 in	

150-nt	paired-end	reads	(Table	S8).	

	

Short	read	mapping	and	data	analysis	

A	detailed	 list	 of	 all	 programs	 and	 commands	 used	 for	mapping	 and	 sequencing	 data	

analyses	 can	 be	 found	 in	 the	 supplementary	 text	 S1.	 All	 sequencing	 data	was	 quality	

filtered	 using	 the	 FastX	 toolkit	 (http://hannonlab.cshl.edu/fastx_toolkit/)	 and	
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Trimmomatic	(Bolger	et	al.,	2014).	RNA-seq	reads	were	mapped	using	hisat2	(Kim	et	al.,	

2015),	mapping	 of	 ChIP	 and	 genome	data	was	 performed	with	Bowtie2	 (Langmead	&	

Salzberg,	 2012).	 Conversion	 of	 sam	 to	 bam	 format,	 sorting	 and	 indexing	 of	 read	

alignments	was	done	with	samtools	(Li,	2011).		

To	detect	enriched	regions	in	the	ChIP	mappings,	we	used	HOMER	(Heinz	et	al.,	2010).	

Peaks	were	called	individually	for	replicates	and	merged	with	bedtools	(Quinlan	&	Hall,	

2010).	Only	enriched	regions	found	in	all	replicates	were	considered	for	further	analyses.	

Genome	coverage	of	enriched	regions	and	overlap	to	genes	and	transposable	elements	

was	calculated	using	bedtools	(Quinlan	&	Hall,	2010).	

We	 used	 cuffdiff	 (Trapnell	 et	 al.,	 2010)	 to	 calculate	 RPKM	 values	 and	 to	 estimate	

expression	 in	 the	 different	 strains.	 Raw	 reads	 mapping	 on	 genes	 and	 transposable	

elements	were	counted	by	HTSeq	(Anders	et	al.,	2015),	differential	expression	analysis	

was	performed	in	R	(Ihaka	&	Gentleman,	1996)	with	DESeq2	(Love	et	al.,	2014).	Cutoff	for	

significantly	differentially	expressed	genes	was	padj	<	0.001	and	|log2	fold-change|	>	2.	

The	R	package	topGO	(Alexa	et	al.,	2006)	was	used	to	perform	gene	ontology	enrichment	

analyses.	Fisher’s	exact	test	(P-value	<	0.01)	was	applied	to	detect	significantly	enriched	

terms	in	the	category	‘biological	process’.	

To	detect	structural	variation	in	the	sequenced	genomes,	we	used	SpeedSeq	(Chiang	et	al.,	

2015)	 and	 LUMPY	 (Layer	 et	 al.,	 2014).	 All	 detected	 variation	was	 further	 verified	 by	

manual	 visual	 inspection.	 Visualization	 was	 performed	 with	 the	 integrative	 genome	

browser	(IGV)	(Thorvaldsdóttir	et	al.,	2013).	 	
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Supplementary	Tables	and	Text	
All	supplementary	tables	and	texts	are	deposited	on	the	supplementary	USB	key.	

	

Table	S1.	Plasmids,	strains	and	primer	designed	for	this	study.	Listed	are	all	primers	used	
to	create	plasmids	and	probes	for	Southern	blots.		
	
Table	 S2.	 Sequence	 coverage	 of	 histone	 modifications	 per	 chromosome	 in	 Zt09	 and	
mutant	strains.	
	
Table	S3.	Expressed	genes	(RPKM	>	2)	and	differentially	expressed	genes	(Padj	<	0.001,	
|log2	fold-change|	>	2)	per	chromosome.	
	
Table	S4.	Enriched	GO	terms	and	upregulated	genes	 in	 the	categories	DNA	replication	
and	RNA-dependent	DNA	replication.	
	
Table	 S5.	 Predicted	 secondary	 metabolite	 gene	 clusters	 merged	 with	 the	 Z.	 tritici	
annotation	(Grandaubert	et	al.,	2015).	
	
Table	 S6.	 Structural	 variation	 detected	 in	 sequenced	 progenitor	 and	 evolved	 strains.	
Listed	are	location,	size	and	type	of	structural	variation.	Only	events	that	have	not	been	
described	before	for	Zt09	are	listed	here.	
	
Table	 S7.	Detailed	 description	 and	 annotation	 of	 structural	 variation	 detected	 in	 the	
single	Dkmt1	clones.	
	
Table	S8.	Statistics	and	overview	of	sequencing	data	generated	in	this	study.			
	
Supplementary	text	S1.	Data	analysis	–	programs	and	commands	used	for	analysis	of	
ChIP-seq,	RNA-seq	and	genome	sequencing	data		 	
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Supplementary	Figures	
	
	

Figure	 S1.	 Southern	 blots	 to	 confirm	 correct	 integration	 of	 deletion	 and	
complementation	constructs:	 for	deletion	of	kmt1	(A),	complementation	of	kmt1	(B),	
deletion	of	kmt6	(C),	complementation	of	kmt6	(D)	and	deletion	of	kmt1	in	a	kmt6	deletion	
background	resulting	in	the	generation	of	a	double	deletion	mutant	(E).	All	tested	strains,	
except	 for	 the	 underlined,	 were	 verified	 as	 correct	 mutants.	 The	 strains	 used	 for	
experiments	in	this	study	are	highlighted	in	bold.	
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Figure	S2.	Verification	of	absence	of	H3K9me3	and	H3K27me3	 in	 the	respective	
histone	methyltransferase	mutant	strains.	Shown	are	the		ChIP-seq	coverage	tracks	
(normalized	to	RPKM	using	deeptools	(Ramírez	et	al.,	2016))	of	one	replicate	per	strain.	
As	an	example,	 the	coverage	of	a	core	chromosome	(8)	and	an	accessory	chromosome	
(19)	is	displayed.	Based	on	the	missing	coverage,	we	confirm	absence	of	H3K9me3	in	the	
Dkmt1	and	the	Dk1/6	strains	and	loss	of	H3K27me3	in	the	Dkmt6	and	Dk1/6	strains.		 	
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Figure	S3.	Growth	assay	to	compare	 in	vitro	 fitness	of	mutant	strains	to	Zt09.	All	
strains	were	grown	in	liquid	YMS	medium	at	18°C	and	the	OD600	was	measured	until	the	
stationary	phase	was	reached	(A).	For	each	strain,	two	biological	replicates	were	grown	
in	 technical	 triplicates	 each.	 The	 growth	 of	Dkmt1	 and	Dk1/6	mutants	 was	 impaired	
compared	to	Zt09	and	Dkmt6	but	could	be	restored	in	the	respective	complementation	
strains.	 (B)	We	 used	 the	 R	 package	 growthcurver	 (Sprouffske	 &	 Wagner,	 2016)	 to	
calculate	 r-values	 for	 each	 growth	 curve.	 The	 values	 for	 Dkmt1	 and	 Dk1/6	 were	
significantly	lower	compared	to	Zt09,	but	not	in	the	complementation	strains	and	Dkmt6.	
	

A

B
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Figure	 S4.	 Assay	 to	 compare	 tolerance	 of	 Zt09	 and	 mutants	 to	 different	 stress	
conditions	 including	 osmotic	 stress	 (NaCl	 and	 Sorbitol),	 oxidative	 stress	 (H2O2),	
genotoxic	stress	(MMS,	actinomycin	D),	temperature	stress	(28°C),	cell	wall	stress	(Congo	
Red),	 and	nutrient	 starvation	 (H2O	agar).	We	observed	almost	no	differences	between	
Zt09	and	Dkmt6	strains,	whereas	Dkmt1	and	Dk1/6	mutants	displayed	decreased	growth,	
as	observed	in	the	growth	rate	comparison.	
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Figure	 S5.	 Stress	 assay	 to	 compare	 growth	 of	 deletion	 and	 respective	
complementation	strains.	(A)	The	Dkmt1	mutants	 showed	overall	decreased	growth	
and	were	particularly	sensitive	to	osmotic	stress.	These	phenotypes	could	be	restored	in	
the	complementation	strains.	(B)	Increased	melanization	at	high	temperatures,	observed	
in	the	Dkmt6	mutants,	was	also	reversed	in	the	respective	complementation	strains.	
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Figure	S6.	Plant	infection	phenotypes	of	Zt09	and	mutant	strains.	Symptoms	in	form	
of	necrotic	lesions	and	pycnidia	were	quantified	after	21	days	of	infection	either	manually	
(A)	and	(B)	or	by	automated	image	analysis	of	infected	leaves	(C)	and	(D).	Furthermore,	
first	appearance	of	symptoms	was	documented	by	daily	screening	of	inoculated	 leaves	
(E)	and	(F).	Virulence	of	both,	Dkmt1	and	Dk1/6	strains	was	highly	impaired.	Symptoms	
of	Dkmt6	strains	were	slightly	reduced	compared	to	Zt09.		 	
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Figure	S7.	Pulsed-field	gel	electrophoresis	of	mid-size	chromosomes	of	Zt09	and	
Dkmt1	progenitor	strains	and	the	three	single	Dkmt1	clones	originating	from	the	
evolved	populations	after	50	transfers.	While	there	are	no	visible	differences	between	
the	 progenitor	 strains,	 all	 three	 single	 Dkmt1	 clones	 exhibit	 different	 karyotypes.	
Chromosome	size	marker	(M):	Saccharomyces	cerevisiae.	
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Möller	&	Stukenbrock	2017,		
“Evolution	and	genome	architecture	in	fungal	plant	
pathogens”	
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Abstract	
Methylation	 of	 DNA	 is	 an	 important	 component	 of	 epigenetic	 regulation	 and	 found	

throughout	all	forms	of	life	ranging	from	prokaryotes	to	mammals.	However,	the	extent	

and	 function	 of	 DNA	 methylation	 differ	 between	 taxa.	 DNA	 methylation	 in	 fungi	 has	

mainly	been	characterized	in	the	model	species	Neurospora	crassa	where	it	is	associated	

to	sequences	targeted	by	the	genome	defense	mechanism	repeat-induced	point	mutation	

(RIP).	Previous	studies	in	the	plant	pathogenic	fungus	Zymoseptoria	tritici	report	absence	

of	 DNA	 methylation	 in	 the	 reference	 strain	 IPO323	 due	 to	 inactivation	 of	 the	 DNA	

methyltransferase	 gene	 Ztdim2	 by	 RIP.	 In	 this	 study,	 we	 demonstrate	 that	 Ztdim2	

however	is	functional	in	other	strains	of	Z.	tritici.	The	presence	of	a	functional	of	Ztdim2	

in	 these	 strains	 correlates	 with	 widespread	 DNA	 methylation.	 Furthermore,	 we	

discovered	 a	 second	 DNA	 methyltransferase,	 ZtdmtA,	 in	 all	 Z.	 tritici	 strains	 that	 is	

putatively	involved	in	the	maintenance	of	DNA	methylation,	but	also	shows	high	sequence	

diversity	within	the	Zymoseptoria	species	complex.	We	present	evidence	for	the	presence	

of	small	amounts	of	DNA	methylation,	even	in	the	strains	containing	an	inactive	Ztdim2	

gene	suggesting	that	DNA	methylation	could	be	maintained	in	conserved	regions	by	the	

alternative	DNA	methyltransferase,	ZtdmtA,	over	time.	Integration	of	a	functional	Ztdim2	

variant	 in	 IPO323	 restores	 DNA	 methylation	 in	 previously	 non-methylated	 regions	

indicating	de	novo	methylation	activity.	Deletion	of	 the	 functional	Ztdim2	 in	another	Z.	
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tritici	isolate	does	not	result	in	loss	of	DNA	methylation	in	those	regions.	Taken	together,	

our	results	indicate	that	the	loss	of	a	putative	de	novo	methyltransferase,	Ztdim2,	resulted	

in	 highly	 reduced	 overall	 DNA	 methylation,	 but	 not	 complete	 elimination	 of	 DNA	

methylation	likely	due	to	the	presence	of	a	maintenance	DNA	methyltransferase	protein	

that	is	highly	diverse	in	different	Z.	tritici	strains	and	closely	related	sister	species.	

	

Introduction	
DNA	methylation	 is	 an	 important	 factor	of	 epigenetic	 regulation	and	 related	 functions	

range	 from	 dynamic	 control	 of	 gene	 expression	 to	 transposon	 silencing	 and	 the	

maintenance	 of	 genome	 integrity	 (Slotkin	 &	 Martienssen,	 2007;	 Jones,	 2012).	 DNA	

methylation	has	been	detected	on	cytosines	and	adenines	in	eukaryotes,	while	cytosine	

methylation	has	been	the	focus	of	most	studies	so	far.	In	mammals,	cytosine	methylation	

is	mainly	found	in	CpG	(cytosine	followed	by	guanine)	contexts.	In	plants	and	fungi	also	

non-CpG	 methylation	 is	 commonly	 detected	 (Martienssen,	 2001).	 Different	 DNA	

methyltransferases	(DNMTs)	are	involved	in	the	establishment	and	maintenance	of	DNA	

methylation	 but	 the	 presence	 and	 number	 of	 enzymes	 involved	 is	 highly	 variable	 in	

different	species	(Lyko,	2018).	In	mammals,	enzymes	in	the	group	of	DNMT1	are	classified	

as	 maintenance	 methyltransferases	 that	 detect	 hemi-methylated	 DNA	 sequences,	 for	

example	 after	 replication,	 when	 only	 one	 of	 the	 two	 DNA	 strands	 is	 methylated,	 and	

methylate	 the	 respective	 cytosine	 of	 the	 newly	 synthesized	 strand.	 De	 novo	

methyltransferases	can	act	on	sequences	that	were	not	methylated	before	presumably	by	

recognition	of	specific	motifs	or	patterns.	Although	DNMTs	are	classified	in	maintenance	

or	de	novo	transferases	their	function	is	not	necessarily	limited	to	one	or	the	other	but	can	

be	rather	dynamic	(Jeltsch	&	Jurkowska,	2014).		

In	fungi,	several	DNMTs	have	been	identified	that	do	not	directly	fall	within	the	categories	

found	 in	 mammals.	 In	 Neurospora	 crassa,	 DNA	 methylation	 is	 mediated	 by	 a	 single	

enzyme,	DIM2	(Kouzminova	&	Selker,	2001).	This	enzyme	shows	sequence	homology	to	

other	 DNMT1	 maintenance	 methyltransferases,	 however	 it	 is	 likely	 a	 fungal	 specific	

DNMT	(Goll	&	Bestor,	2005).	A	second	putative	DNA	methyltransferase,	RID,	was	detected	

in	N.	 crassa	 (Freitag	 et	 al.,	 2002)	 with	 homology	 to	 enzymes	 in	 other	 fungi	 such	 as	

Aspergillus	nidulans	(DmtA)	(Lee	et	al.,	2008)	and	Ascobolus	immersus	(Masc1)	(Malagnac	

et	al.,	1997).	Interestingly,	despite	the	presence	of	a	putative	DNA	methyltransferase,	no	

clear	evidence	for	the	presence	of	DNA	methylation	was	found	in	A.	nidulans.	RID	in	N.	

crassa	and	Masc1	in	A.	immersus	are	part	of	the	genome	defense	mechanisms	RIP	(repeat-
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induced	point	mutation)	and	MIP	(methylation-induced	premeiotically)	acting	against	the	

integration	of	repeated	DNA	(Selker	&	Stevens,	1985).			

In	a	previous	study,	a	transposon-associated	amplification	of	the	DNA	methyltransferase	

gene	 Ztdim2,	 a	 homolog	 of	 N.	 crassa	 dim2,	 and	 subsequent	 inactivation	 by	 RIP	 was	

reported	 in	 the	 Zymoseptoria	 tritici	 reference	 isolate	 IPO323	 (Dhillon	 et	 al.,	 2010;	

Goodwin	et	al.,	2011).	This	resulted	in	a	total	of	23	copies	of	Ztdim2	carrying	signatures	

of	 RIP.	 As	 a	 consequence,	 no	 cytosine	 methylation	 could	 be	 detected	 in	 the	 Z.	 tritici	

reference	isolate	and	amplification	of	Ztdim2	was	found	in	15	additional	studied	isolates.	

However,	a	single	intact	dim2	gene,	as	well	as	cytosine	methylation,	is	present	in	the	sister	

species	Zymoseptoria	ardabiliae	and	Zymoseptoria	pseudotritici	(Dhillon	et	al.,	2010).	The	

loss	of	cytosine	methylation	therefore	must	have	occurred	only	recently	after	speciation	

(~	11000	years	ago)	as	the	closely	related	sister	species	of	Z.	tritici	contain	an	intact	dim2	

gene.	

Goal	 of	 this	 study	 is	 to	 address	 the	 evolution	 and	 function	 of	 the	 Ztdim2	 gene	 in	 the	

Zymoseptoria	species	complex.	We	report	the	presence	of	an	intact	and	functional	Ztdim2	

in	other	Z.	tritici	isolates	despite	transposon-associated	amplification	and	RIP-mediated	

mutation	of	additional	copies	in	all	analyzed	isolates.	We	furthermore	find	evidence	that	

DNA	methylation	is	not	absent	in	Z.	tritici,	even	if	ZtDim2	is	not	functional.	This	is	likely	

due	 to	 the	 presence	 of	 a	 second,	 highly	 variable,	 DNA	 methyltransferase	 that	 shows	

homology	to	the	previously	identified	putative	DNMTs	RID,	MascI	and	DmtA	(Malagnac	et	

al.,	 1997;	 Freitag	 et	 al.,	 2002;	 Lee	 et	 al.,	 2008).	We	propose	 that	 ZtDim2	 is	 a	de	 novo	

transferase,	as	integration	of	a	non-mutated,	intact	Ztdim2	in	a	Ztdim2-RIPed	background	

promotes	 methylation	 of	 previously	 non-methylated	 regions.	 Further,	 ZtDmta	 might	

function	as	a	maintenance	DNMT	that	preserves	DNA	methylation	in	Ztdim2	RIP	mutated	

strains.	
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Results	
The	 DNA	 methyltransferase	 gene	 Ztdim2	 is	 not	 inactivated	 in	 several	 Z.	 tritici	

isolates	

We	addressed	evolution	of	the	Ztdim2	locus	and	conducted	a	detailed	comparison	of	the	

genomic	region	encoding	the	gene	in	Zymoseptoria	tritici	strains	and	the	genomes	of	the	

sister	species	Z.	ardabiliae	and	Zymoseptoria	brevis.	We	used	a	BLAST	approach	to	search	

for	the	sequence	of	Ztdim2	in	35	genomes	of	Z.	tritici,	17	genomes	of	Z.	ardabiliae	and	9	

genomes	of	Z.	brevis	(Table	S1).	We	detected	a	single	Ztdim2	homolog	in	each	Z.	ardabiliae	

and	Z.	brevis	strain,	while	we	found	multiple	copies	of	RIPed	Ztdim2	genes	in	32	out	of	35	

Z.	tritici	genomes.	However,	three	strains	contained	an	intact	non-mutated	copy	of	Ztdim2.	

Two	 of	 the	 three	 strains	 that	 were	 isolated	 in	 Iran	 (Zt10)	 and	 in	 Australia	 (WA329)	

(Stukenbrock	et	al.,	2011;	McDonald	et	al.,	2016)	carry	multiple	additional	RIPed	Ztdim2	

copies.	The	genome	assembly	of	another	 Iranian	 isolate	Zt11	only	contained	the	 intact	

Ztdim2.	Presumably,	 further	 copies	 are	 also	 present	 in	 Zt11,	 but	due	 to	 the	 repetitive	

structure	 of	 the	 RIPed	 genes	 not	 detectable	 in	 the	 Illumina	 short	 read-based	 genome	

assembly	(Stukenbrock	et	al.,	2012a).	The	presumably	intact	copy	of	the	strain	WA329	

was	not	completely	assembled	but	split	on	two	very	small	contigs.	We	therefore	focused	

on	the	two	Iranian	strains	for	our	further	analyses.			

In	the	previous	study	by	Dhillon	and	colleagues,	a	non-telomeric	sequence	of	Ztdim2	on	

chromosome	6	was	identified	as	the	original	gene	locus,	while	all	additional	copies	were	

located	 in	 repetitive	 subtelomeric	 regions	 (Dhillon	 et	 al.,	 2010).	We	 aligned	 the	 intact	

Ztdim2	genes	of	 the	two	Iranian	strains	and	the	 inactivated,	non-telomeric	copy	of	 the	

reference	 strain	 IPO323	 including	 their	 respective	 flanking	 regions	 to	 evaluate	 if	 the	

genes	are	located	at	the	same	genomic	position	(Figure	1).	While	the	regions	flanking	the	

gene	are	conserved	between	all	 three	strains,	 the	Ztdim2	open	reading	 frame	(ORF)	 is	

heavily	 mutated	 due	 to	 numerous	 G/C	 to	 A/T	 transitions	 in	 IPO323	 reflected	 by	 an	

elevated	 AT	 content	 in	 this	 region.	 This	 indicates	 that	 the	 original	 Ztdim2	 is	 indeed	

present	and	not	mutated	in	the	Iranian	isolates	Zt10	and	Zt11.	
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Figure	 1.	 Alignment	 of	 the	 non-telomeric	 Ztdim2	 in	 IPO323	 and	 the	 two	 intact	
Ztdim2	sequences	of	the	Iranian	strains	Zt10	and	Zt11.	The	gene-flanking	regions	are	
highly	conserved,	however	there	is	no	open	reading	frame	detectable	anymore	in	IPO323	
because	of	numerous	G/C	->	A/T	mutations.	The	average	GC	content	is	therefore	lower	in	
IPO323	compared	to	Zt10	and	Zt11	 in	this	region.	Percentage	of	AT	 is	shown	as	green	
lines,	percentage	of	GC	as	blue	lines.	100	%	identity	between	the	sequences	is	shown	as	
green	bars,	greeny-brown	bars	indicate	30	–	less	than	100	%	identity.	
	
DNA	methylation	is	detectable	if	Ztdim2	is	intact		

The	presence	of	a	non-RIPed	Ztdim2	gene	does	not	necessarily	result	in	the	presence	of	

DNA	methylation.	To	test	if	DNA	methylation	is	present	in	the	Iranian	isolates	carrying	

the	 intact	 Ztdim2,	 we	 performed	 DNA	 restriction	 analyses	 using	 DNA	 methylation	

sensitive	restriction	enzymes.	Genomic	DNA	of	Zt10	and	Zt11	was	restricted	either	with	

an	cytosine	methylation	sensitive	(BfuCI,	inhibited	by	cytosine	methylation)	or	insensitive	

enzyme	 (DpnII,	 not	 inhibited	 by	 cytosine	methylation).	 Both	 enzymes	 cut	 at	 the	 same	

sequence	 and	 hence,	 observation	 of	 different	 restriction	 patterns	 of	 the	 two	 enzymes	
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indicates	the	presence	of	DNA	methylation.	In	addition	to	the	two	cytosine	methylation	

sensitive	 or	 insensitive	 enzymes,	 we	 used	 DpnI	 to	 test	 for	 the	 presence	 of	 adenine	

methylation	that	was	recently	discovered	in	other	eukaryotes	(Greer	et	al.,	2015;	Zhang	

et	al.,	2015;	Chen	et	al.,	2017).	However,	we	did	not	find	indications	for	the	presence	of	

6mA	methylation	in	Z.	tritici.	We	used	two	different	probes	that	are	likely	to	be	methylated	

if	DNA	methylation	is	present:	a	highly	abundant	transposable	element	(retrotransposon	

RIL2,	Figure	2B)	and	the	rDNA	spacer	region	(Figure	2A).	For	all	experiments	we	used	the	

Z.	 tritici	 isolate	 Zt09,	 a	 derivative	 of	 the	 reference	 isolate	 IPO323	 that	 has	 lost	

chromosome	18	 during	 in	 vitro	 growth	 (Goodwin	 et	 al.,	 2011;	Kellner	 et	 al.,	 2014)	 as	

Ztdim2-RIPed	strain.	

	

Figure	2.	Restriction	enzyme	analysis	 followed	by	Southern	blots	using	the	rDNA	
spacer	 (A)	 or	 a	 retrotransposon	 RIL2	 (B)	 as	 probes.	 In	 addition	 to	 the	 cytosine	
methylation	sensitive	(BfuCI,	+)	or	insensitive	(DpnII,	-)	enzymes,	we	used	DpnI	(*)	to	test	
for	the	presence	of	adenine	methylation.	Zt09	and	Zt150	contain	the	inactivated	Ztdim2	
gene,	whereas	 the	 Iranian	strains	Zt10,	Zt11	and	 the	Z.	ardabiliae	 strain	Za17	have	an	
intact	copy.	In	all	strains,	where	Ztdim2	is	not	mutated,	we	see	a	clear	difference	between	
the	restrictions	with	BfuCI	and	DpnII,	indicating	the	presence	of	DNA	methylation.	In	Zt09	
and	Zt150	this	difference	is	not	detectable	except	for	one	band	that	is	not	restricted	in	
both	strains	in	the	rDNA	blot.	The	genomic	DNA	of	Zt09	treated	with	DpnI	is	not	restricted	
at	all	suggesting	absence	of	6mA	methylation.	
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- + - + - + - + - +

Zt10 Zt11 Zt150 Za17
*

Zt09
- + - + - + - + - +

Zt10 Zt11 Zt150 Za17
*

A B



DNA	methylation	in	Zymoseptoria	
	

 163	

Based	on	the	restriction	analyses,	DNA	methylation	is	present	in	both	Iranian	strains	Zt10	

and	Zt11	as	well	as	in	the	sister	species	Z.	ardabiliae.	Zt09	and	Zt150	(strain	collected	in	

Germany	 that	 contains	 only	 RIPed	 Ztdim2	 copies,	 Table	 S1)	 do	 not	 show	 different	

restriction	patterns	similar	to	those	seen	in	Zt10	or	Zt11.	However,	there	is	an	observable	

difference	in	the	restriction	pattern	of	both	isolates	in	the	rDNA	restriction	blot	(Figure	

2A)	suggesting	the	presence	of	putatively	rare	DNA	methylation.	

	

DNA	methylation	is	present,	even	if	Ztdim2	is	not	functional	

The	restriction	pattern	of	the	rDNA	spacer	region	suggested	the	presence	of	some	DNA	

methylation	even	 in	 those	 strains	where	Ztdim2	 is	not	 functional	 anymore.	To	 further	

validate	 if	 DNA	methylation	 is	 indeed	 present	 in	 these	 strains,	we	 conducted	 bisulfite	

sequencing	of	the	rDNA	spacer	regions	of	Zt09	and	Zt10.	Analysis	of	the	~	600	bp	region	

revealed	the	presence	of	cytosine	methylation	in	both	strains	(Figure	3).	DNA	methylation	

was	exclusively	found	in	an	CpG	context	in	Zt09,	whereas	cytosine	methylation	in	Zt10	

was	not	restricted	to	CpG	dinucleotides.	Although	further	genome-wide	analyses	of	DNA	

methylation	 will	 be	 necessary	 to	 confirm	 patterns	 of	 DNA	 methylation	 in	 these	 two	

strains,	the	sequencing	results	combined	with	the	restriction	analyses	strongly	indicate	

that	DNA	methylation	is	still	present	in	Zt09	and	likely	in	other	Z.	tritici	strains,	where	

Ztdim2	was	 inactivated	by	RIP.	However,	 the	amount	of	DNA	methylation	seems	to	be	

reduced	compared	to	the	strains	that	contain	a	functional	Ztdim2.	

Figure	3.	 600	bp	 sequence	of	 the	 rDNA	 spacer	 of	 Zt09	 and	Zt10	 and	methylated	
cytosines	detected	by	bisulfite	sequencing.	Highlighted	are	the	detected	methylated	
cytosines	 in	 Zt09	 (red)	 and	 Zt10	 (blue).	 While	 all	 methylated	 cytosines	 in	 Zt09	 are	
positioned	next	to	a	guanine,	we	also	found	non-CpG	methylated	cytosines	in	Zt10	(light	
blue).	
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DNA	methylation	can	be	restored	in	Z.	tritici	isolates	by	reintegration	of	an	intact	

Ztdim2	ORF	

Our	restriction	analysis	and	the	bisulfite	sequencing	indicate	that	DNA	methylation	is	not	

completely	absent	in	Z.	tritici,	however,	in	the	rDNA	spacer	sequence	and	RIL2	transposon	

sequences	we	show	that	it	is	more	frequent	in	those	strains	that	contain	the	functional	

DNA	 methyltransferase	 encoding	 gene	 Ztdim2.	 To	 assess	 the	 role	 of	 Ztdim2	 for	 DNA	

methylation	 in	Z.	 tritici	we	generated	mutants	 in	which	we	 either	deleted	 or	 restored	

Ztdim2.	We	 integrated	the	 functional	Ztdim2	gene	of	Zt10,	 together	with	a	hygromycin	

resistance	cassette,	 into	the	genome	of	Zt09	(Zt09::Ztdim2).	The	 integration	was	at	 the	

native	locus	of	Ztdim2	on	chromosome	6.	In	Zt10,	we	replaced	the	functional	Ztdim2	gene	

with	a	hygromycin	resistance	cassette	resulting	in	the	deletion	of	Ztdim2	(Zt10DZtdim2).	

Integration	and	deletion	strains	were	verified	by	Southern	blots	(Figure	S1).	To	validate	

changes	 in	 DNA	 methylation	 between	 reference	 and	 respective	 mutant	 strains,	 we	

repeated	the	restriction	analyses	as	described	above	(Figure	3).	 In	 this	experiment	we	

used	the	sequence	of	the	transposable	element	RIL2	as	a	probe	in	the	Southern	blot	as	

there	appeared	to	be	no	DNA	methylation	in	Zt09	in	this	region.	This	time,	we	observed	

an	obvious	difference	in	the	restriction	patterns	generated	by	methylation	sensitive	and	

insensitive	enzymes	in	the	Zt09::Ztdim2	strains	that	is	not	present	in	the	Zt09	reference	

without	a	functional	Ztdim2.	This	suggests	that	the	integration	of	the	functional	Ztdim2	

gene	 restored	 DNA	 methylation	 to	 a	 similar	 extent	 as	 previously	 observed	 in	 Zt10.	

However,	 the	deletion	of	Ztdim2	 in	Zt10	did	not	 lead	 to	an	altered	restriction	pattern.	

Based	on	these	and	the	above-mentioned	findings,	we	hypothesize	that	Ztdim2	is	not	the	

only	DNA	methyltransferase	that	is	present	and	functional	in	the	genome	of	Z.	tritici.	
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Figure	 4.	 DNA	 restriction	 analyses	 to	 evaluate	 presence/absence	 of	 DNA	
methylation	 in	 the	 strains,	 where	 the	 functional	 Ztdim2	 was	 integrated	
(Zt09::Ztdim2)	and	where	Ztdim2	was	deleted	(Zt10DZtdim2).	In	clones	of	the	Ztdim2	
integration	strain,	there	are	differences	between	restrictions	by	BfuCI	(+)	and	DpnII	(-),	
whereas	 this	difference	 is	not	visible	 in	 the	 reference	Zt09.	The	Zt10DZtdim2	mutants	
show	 variable	 patterns	 between	 the	 restrictions,	 therefore	 the	 absence	 of	 DNA	
methylation	 cannot	 be	 confirmed	 in	 these	 strains.	 The	 signal	 of	 the	 Zt10	 wild	 type	
reference	strain	is	very	weak	and	can	therefore	not	be	compared	to	the	mutant	strains.		
	
A	second	highly	diverse	DNA	methyltransferase	gene	is	present	in	all	Zymoseptoria	

genomes	

The	occurrence	of	DNA	methylation	in	Zt10	despite	the	deletion	of	Ztdim2	as	well	as	the	

occurrence	of	some	DNA	methylation	in	Zt09	suggests	the	presence	of	an	additional	DNA	

methyltransferase	 in	 Z.	 tritici.	 We	 therefore	 searched	 for	 putative	 DNA	

methyltransferases	in	the	genomes	of	Z.	tritici,	Z.	ardabiliae	and	Z.	brevis	using	the	DNA	

methyltransferase	domain	of	the	ZtDim2	protein	as	query	for	a	protein	BLAST	search.	In	

all	genomes,	we	found	a	second	predicted	DNA	methyltransferase.	However,	we	excluded	

five	 Z.	 ardabiliae	 strains	 where	 the	 gene	 was	 not	 completely	 assembled	 and	 split	 on	

different	contigs.	The	protein	shows	homology	to	the	previously	described	putative	DNA	

methyltransferases	RID,	Masc1	and	DmtA	(Malagnac	et	al.,	1997;	Freitag	et	al.,	2002;	Lee	

et	al.,	2008)	and	we	therefore	named	it	ZtDmtA.		The	gene	is	located	on	chromosome	5	of	

the	Z.	tritici	reference	isolate.	In	the	current	annotation	(Grandaubert	et	al.,	2015),	ZtdmtA	

Zt09
- +- + - + - +

Zt10
- +- +- +- +

Zt10̗Ztdim2Zt09::Ztdim2
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is	 part	 of	 a	 predicted	 open	 reading	 frame	 (Zt_chr_5_00047)	 that	 however	 very	 likely	

contains	two	separate	genes.	The	annotated	gene	consists	of	two	separate	open	reading	

frames	connected	via	a	predicted	 intron.	However,	one	of	 the	ORFs	displays	very	high	

expression,	while	the	putative	ZtdmtA	gene	shows	very	little	expression	in	vitro	(Möller	

et	 al.,	 2018)	 (Figure	S2).	While	 the	 identified	homologs	 in	 the	 different	 strains	 are	 all	

predicted	C-5	cytosine	methyltransferases,	their	sequences	are	highly	diverse.	We	found	

three	distinct	alleles:	A,	B	and	C,	whereas	allele	C	is	only	present	in	one	strain,	Zt04.	This	

strain	was	sampled	in	Denmark	together	with	strains	Zt02,	Zt05	and	Zt07	that	all	contain	

another	allele:	A.	Interestingly,	these	different	alleles	are	not	just	present	within	Z.	tritici,	

but	also	in	Z.	ardabiliae	(Za)	and	Z.	brevis	(Zb)	(Figure	5A).	The	gene	length	varies	between	

~	2100	to	2300	bp	in	the	different	strains	and	the	number	of	SNPs	found	between	the	

different	alleles	is	as	high	as	~	900	to	1000	resulting	in	almost	50	%	variable	sites.	This	

results	in	highly	different	amino	acid	sequences	of	the	translated	protein	(Figure	5B)	but	

based	 on	 functional	 analysis	 using	 InterPro	 (Finn	 et	 al.,	 2017)	 the	 predicted	 function	

remains	identical	(Figure	S2).	However,	the	genomic	location	of	these	alleles	seems	to	be	

conserved.		

We	next	aligned	the	ZtdmtA	sequences	and	flanking	regions	of	Z.	tritici	strains	with	the	

three	different	allele	groups	to	determine	if	the	genomic	location	is	conserved.	We	found	

the	 flanking	regions	to	be	conserved	whereas,	as	expected,	 the	ZtdmtA	gene	body	was	

highly	variable.	Variability	of	ZtdmtA	does	not	correlate	with	the	presence	of	an	 intact	

Ztdim2	 in	Z.	 tritici	as	strains	with	nonfunctional	and	functional	Ztdim2	genes	share	the	

same	 alleles	 (Table	 S1).	 Our	 previous	 results	 showing	 that	 DNA	 methylation	 is	 still	

present	in	the	Zt10DZtdim2	strains	as	well	as	in	Zt09	indicates	that	ZtdmtA	is	functional	

and	 contributes	 to	 DNA	 methylation,	 either	 by	 de	 novo	 DNA	 methylation	 or	 by	

maintenance	of	DNA	methylation.	Since	DNA	methylation	is	likely	very	limited	in	those	

strains	 that	do	 not	 have	 a	 functional	Ztdim2	and	 seems	 to	 increase	when	 a	 functional	

Ztdim2	is	integrated,	we	hypothesize	that	ZtDmtA	might	function	as	a	maintenance	DNA	

methyltransferase	 whereas	 ZtDim2	 generates	 de	 novo	 DNA	 methylation.	 However,	

cytosine	methylation	activity	of	any	of	the	known	homologs	in	Neurospora,	Ascobolus	or	

Aspergillus	has	not	been	shown,	and	has	to	be	further	validated	experimentally	in	Z.	tritici.	
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Figure	5.		High	variability	of	DmtA	proteins	in	different	Zymoseptoria	species.	(A)	
Tree	 generated	 based	 on	 alignments	 of	 all	 identified	 dmtA	 sequence	 translations.	
Zymoseptoria	passerinii	(SP63)	was	used	as	an	outgroup.	The	most	abundant	allele	A	was	
found	in	31	out	of	35	Z.	tritici	strains,	nine	out	of	twelve	Z.	ardabiliae	strains	and	in	five	
out	of	nine	Z.	brevis	strains.	Allele	B	was	detected	in	three	Z.	tritici	and	Z.	ardabiliae	isolates	
and	 four	 Z.	 brevis	 isolates.	 Allele	 C	 was	 only	 found	 in	 one	 strain,	 Zt04.	 (B)	 Protein	
alignments	 of	 representatives	 of	 the	 different	 alleles.	 Although	 length,	 function	 and	

A
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location	are	conserved,	the	amino	acid	sequence	between	the	different	alleles	is	highly	
diverse.	 The	 variability	within	 alleles,	 even	 in	 different	 species,	 is	 rather	 low	 (100	%	
identity	between	the	sequences	is	shown	as	green	bars,	greeny-brown	indicates	30	–	less	
than	100	%	identity,	red	indicates	less	than	30	%	identity).	
	
Ztdim2	has	little	impact	on	disease	development	in	planta		

The	 contribution	 of	 DNA	methylation	 to	 normal	 development	 and	 virulence	 has	 been	

studied	 in	 various	 fungi	 including	Magnaporthe	 oryzae	 (Ikeda	 et	 al.,	 2013;	 Jeon	 et	 al.,	

2015)	and	Aspergillus	flavus	(Yang	et	al.,	2016).	We	here	aimed	to	elucidate	the	role	DNA	

methylation	in	the	life	cycle	of	Z.	tritici.	To	this	end	we	assessed	the	fitness	of	the	Z.	tritici	

methyltransferase	mutants	in	comparison	to	wild	type	during	plant	infection	and	asexual	

sporulation.	Z.	tritici	is	a	hemibiotroph	pathogen	infecting	the	mesophyll	tissue	of	wheat	

leaves	 resulting	 in	necrotic	 lesions	and	 the	 formation	of	 asexual	 (pycnidia)	and	sexual	

(pseudothecia)	fruiting	bodies	(Ponomarenko	et	al.,	2011).	We	infected	30	leaves	of	the	

susceptible	 wheat	 cultivar	 Obelisk	 per	 strain	 using	 two	 biological	 replicates	 for	 each	

mutant.	 After	 23	 days,	 the	 leaves	 were	 harvested,	 and	 the	 infection	 symptoms	 were	

scored	manually	to	evaluate	the	extent	of	necrosis	and	pycnidia	density	on	the	infected	

leaves.		

Infection	symptoms	of	Zt10	were	 in	general	reduced	compared	to	Zt09	but	deletion	of	

Ztdim2	did	not	have	a	significant	 impact	on	necrosis	or	pycnidia	 formation	(Figure	6).	

Integration	of	Ztdim2	in	Zt09	significantly	reduced	the	necrotic	area	(Wilcoxon-rank-sum	

test,	P-value	=	2.4x10-5)	but	did	not	have	significant	effects	on	pycnidia	 formation.	We	

therefore	conclude	that	under	the	tested	conditions,	DNA	methylation	has	little	impact	on	

the	 ability	 of	 Z.	 tritici	 to	 infect	 its	 host.	 Nevertheless,	 further	 tests,	 including	 deletion	

mutants	 for	 the	second	DNA	methyltransferase	gene	ZtdmtA,	have	to	be	carried	out	 to	

determine	possible	functions	of	DNA	methylation	in	Z.	tritici.	
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Figure	6.	Results	of	wheat	infection	experiments	with	Z.	tritici	Zt09,	Zt10	and	the	
mutant	 strains	 with	 integrated	 Ztdim2	 (Zt09::Ztdim2)	 and	 deleted	 Ztdim2	
(Zt10DZtdim2)	on	wheat.	Zt09::Ztdim2	 strains	show	significantly	 less	necrotic	 lesions	
compared	to	Zt09	(***	Wilcoxon-rank-sum	test,	P-value	=	2.4x10-5)	(A)	while	there	is	no	
difference	in	the	quantities	of	necrotic	lesions	caused	by	Zt10	and	Zt10DZtdim2	strains.	
(B)	 Coverage	with	pycnidia	 is	 similar	between	both	 reference	and	mutant	 strains	and	
does	 not	 show	 any	 significant	 differences.	 Categories	 for	 necrotic	 lesion	 and	 pycnidia	
coverage:	0	=	0	%,	1	=	1-20	%,	2	=	21-40	%,	3	=	41-60%,	4	=	61-80%,	5	=	81-100%.	
	
	
Discussion	
Although	it	has	been	reported	that	cytosine	methylation	is	absent	in	Z.	tritici	(Dhillon	et	

al.,	2010),	we	found	evidence	that	1)	DNA	methylation	is	not	completely	absent	in	Z.	tritici,	

even	if	the	methyltransferase	ZtDim2	is	absent	and	that	2)	some	strains	contain	an	intact	

and	functional	Ztdim2	gene.		

The	majority	of	analyzed	Z.	tritici	strains	did	not	contain	a	functional	Ztdim2	gene	whereas	

it	 was	 present	 in	 all	 analyzed	 Z.	 brevis	 and	 Z.	 ardabiliae	 strains	 suggesting	 that	 the	

inactivation	of	Ztdim2	only	occurred	in	Z.	tritici.	The	two	strains	in	which	we	could	clearly	

identify	non-RIPed	Ztdim2	genes	were	both	collected	in	Iran.	Iran	lies	within	the	Fertile	

Crescent,	 where	 both,	 domestication	 of	 wheat	 and	 speciation	 of	 Z.	 tritici	 took	 place	

(Stukenbrock	et	al.,	2011).	The	closely	related	sister	species	Z.	ardabiliae	and	Z.	brevis	

were	all	collected	in	Iran	as	well	and	are	so	far	considered	to	be	endemic	to	this	region	

(Quaedvlieg	 et	 al.,	 2011;	 Stukenbrock	 et	 al.,	 2012b).	We	hypothesize	 that	 transposon-

associated	amplification	and	subsequent	RIP-mediated	 inactivation	of	Ztdim2	occurred	

***

A B
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early	after	speciation	and	that	either	RIP	was	prevented	in	the	original	Ztdim2	copy	in	the	

Iranian	Z.	tritici	isolates	or	these	isolates	obtained	functional	copies	by	introgression	from	

sister	species.	A	recent	study	on	mating	type	chromosomes	of	Neurospora	tetrasperma	

suggests	introgression	as	a	mechanism	to	regenerate	regions	that	are	subject	of	increased	

degeneration	(Corcoran	et	al.,	2016)	and	several	examples	of	recent	introgressions	linked	

to	 increased	 fitness	were	 reported	 in	 fungi	 (Gladieux	 et	 al.,	 2014).	 To	 test	 if	 an	 intact	

Ztdim2	allele	could	have	been	acquired	by	introgression	in	Iranian	isolates	of	Z.	tritici,	an	

analysis	 of	 the	 distribution	 of	 functional	Ztdim2	 in	 a	widespread	 collection	 of	 Iranian	

strains	has	to	be	carried	out.		

Our	 analyses	 of	 the	 other	 methyltransferase	 gene	 ZtdmtA	 supports	 an	 importance	 of	

introgression	 in	the	evolution	of	Z.	 tritici	and	the	variation	 in	DNA	methylation	among	

natural	isolates.	We	here	show	high	diversity	in	the	gene	sequence	and	in	the	distribution	

of	alleles	of	the	second	cytosine	DNA	methyltransferase	gene,	ZtdmtA,	in	Z.	tritici	as	well	

as	in	other	Zymoseptoria	species.	We	found	three	highly	divergent	allele	groups	of	ZtdmtA,	

for	which	 the	 diversity	within	 an	 allele	 group	was	 comparably	 low,	 but	 the	 diversity	

between	allele	groups	was	extremely	high.	Except	for	allele	C	that	was	only	found	in	one	

Z.	tritici	isolate	(Figure	5A),	the	ZtdmtA	alleles	were	not	species	specific	as	each	allele	was	

detected	 in	 every	 Zymoseptoria	 species.	 This	 further	 supports	 the	 hypothesis	 that	

introgression	 between	multiple	members	 of	 the	Zymoseptoria	 species	 complex	 occurs	

frequently	(Feurtey	et	al.,	in	prep).	Genome-wide	population	genetic	analyses	have	to	be	

performed	to	elucidate	the	extent	of	potential	introgression	in	the	Zymoseptoria	species	

complex.	

Cytosine	methylation	 is	 not	 absent	 in	Z.	 tritici,	 despite	 the	 inactivation	 of	Ztdim2.	 The	

conserved	 rDNA	 spacer	 sequence,	 but	 not	 a	 widespread	 transposable	 element,	 was	

methylated	based	on	restriction	analyses	and	bisulfite	sequencing	in	strains	without	an	

intact	 Ztdim2.	We	 hypothesize	 that	 cytosine	methylation	 has	 been	maintained	 by	 the	

second	DNA	methyltransferase,	ZtDmtA,	after	loss	of	function	of	ZtDim2.	ZtDmtA	hereby	

acts	as	a	maintenance	methyltransferase	but	does	not	add	de	novo	DNA	methylation.	A	

similar	 scenario	has	been	described	 for	 the	 fungal	pathogen	Cryptococcus	neoformans,	

where	 DNA	 methylation	 was	 purely	 epigenetically	 inherited	 through	 a	 maintenance	

methyltransferase	after	ancient	loss		of	a	de	novo	methyltransferase	(Catania	et	al.,	2017).		

The	previous	study	on	Ztdim2	in	Z.	tritici	indicated	absence	of	cytosine	methylation	based	

on	 liquid	 chromatography	 coupled	 with	 electrospray	 ionization	 tandem	 mass	

spectrometry	(ESI–MS/MS)	(Dhillon	et	al.,	2010).	Therefore,	cytosine	methylation	levels	
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in	strains	without	Ztdim2	may	be	very	low.	In	the	absence	of	a	de	novo	methyltransferase,	

DNA	 methylation	 is	 likely	 to	 decrease	 over	 time	 and	 might	 only	 be	 maintained	 in	

conserved	regions	of	the	genome.	This	is	consistent	with	our	findings	that	it	exists	in	the	

rDNA	 spacer,	 a	 highly	 conserved	 sequence,	 but	 not	 on	 highly	 dynamic	 transposable	

elements	 in	 the	 Ztdim2	 deficient	 strain.	 Integration	 of	 an	 intact	 Ztdim2	 could	 restore	

methylation	 on	 the	 previously	 un-methylated	 transposable	 element,	 supporting	 the	

putative	 de	 novo	 methylation	 function	 of	 ZtDim2.	 Repeated	 regions	 are	 predominant	

targets	of	DNA	methylation	in	fungi	(Kouzminova	&	Selker,	2001;	Nakayashiki	et	al.,	2001;	

Montanini	et	al.,	2014)	and	associated	to	genome	defense	mechanisms	that	act	to	silence	

transposons	 (Jones,	2012).	A	previous	study	on	chromatin	dynamics	 in	Z.	 tritici	 found	

overlapping	 silencing-associated	 chromatin	 marks,	 H3K9me3	 and	 H3K27me3,	 on	

annotated	transposable	elements	(Schotanus	et	al.,	2015).	This	is	an	unusual	finding	in	

fungi	but	was	also	 found	 in	plants	 (Deleris	et	al.,	 2012)	and	mammals	 (Saksouk	et	al.,	

2014)	 as	 a	 consequence	 of	 the	 loss	 of	 DNA	methylation.	 Transposon	 silencing	might	

therefore	be	mediated	by	histone	modifications	rather	than	DNA	methylation	in	Z.	tritici.	

However,	 to	 shed	 light	 on	DNA	methylation	 dynamics	 and	 the	 enzymes	 involved	 in	Z.	

tritici,	 further	 experiments	 have	 to	 be	 conducted	 including	whole-genome	 analyses	 of	

cytosine	methylation	patterns	in	strains	with	and	without	an	active	ZtDim2.	Importantly,	

the	second	DNA	methyltransferase,	ZtDmtA,	has	to	be	studied	in	greater	detail	to	prove	

its	cytosine	methyltransferase	activity.	
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Materials	and	Methods	
Strains	and	growth	conditions	

All	Zymoseptoria	spp.	strains	used	in	this	study	were	cultivated	at	18°C	in	YMS	(4	g	yeast	

extract,	4	g	malt,	4	g	sucrose	per	1	L,	20	g	agar	per	L	for	plates)	medium.	Cultures	for	DNA	

extraction	 and	 plant	 infection	 experiments	 were	 inoculated	 directly	 from	 the	 -80°C	

glycerol	stocks	and	grown	in	liquid	YMS	medium	at	200	rpm	for	5	days	(DNA	extractions)	

and	in	pre-cultures	(3	days)	and	main	cultures	(2	days)	for	plant	infections.		

	

Sequence	identification	and	analysis	

The	analyzed	genomes	were	obtained	from	previous	studies	(Stukenbrock	et	al.,	2011,	

2012a;	Croll	et	al.,	2013;	McDonald	et	al.,	2016;	Grandaubert	et	al.,	2017;	Stukenbrock	&	

Dutheil,	2018)	and	are	listed	in	Table	S1.	We	searched	for	homologs	of	Ztdim2	using	the	

predicted	 ‘deRIPed’	 protein	 sequence	 of	 Z.	 tritici	 IPO323	 (Dhillon	 et	 al.,	 2010)	 as	 a	

template.	 To	 identify	 additional	 putative	 DNA	 methyltransferases,	 we	 used	 the	 DNA	

methyltransferase	domain	of	the	ZtDim2	protein	as	query.	BLAST	searches,	protein	trees	

and	 alignments	 were	 performed	 using	 Geneious	 version	 10.2.4	

(http://www.geneious.com,	 (Kearse	 et	 al.,	 2012)).	 The	 protein	 distance	 tree	 was	

generated	 with	 the	 following	 settings:	 alignment	 type:	 global	 alignment,	 cost	 matrix:	

identity,	genetic	distance:	 Jukes-Cantor,	 tree	build	method:	neighbor	 joining,	outgroup:	

Zymoseptoria	passerinii.	Protein	alignments	were	carried	out	with	the	following	settings:	

alignment	 type:	 global	 alignment,	 cost	 matrix:	 Blosum62,	 gap	 open	 penalty:	 12,	 gap	

extension	penalty:	3,	refinement	iterations:	2.	

	

Bisulfite	treatment	and	sequencing	

For	the	identification	of	methylated	cytosines,	we	treated	genomic	DNA	of	Zt09	and	Zt10	

(~	100	ng)	with	bisulfite	using	the	EZ	DNA	Methylation-Lightning	Kit	(Zymo	Research,	

Irvine,	 CA)	 according	 to	 manufacturer’s	 instructions.	 Bisulfite-converted	 rDNA	 spacer	

DNAs	were	amplified	by	PCR	using	specifically	designed	primers	for	amplification	of	the	

bisulfite-treated	 DNA	 (Table	 S2).	 PCR	 products	 were	 cloned	 using	 the	 TOPO	 TA	 kit	

(Thermo	 Fisher	 Scientific)	 and	 Sanger	 sequenced	 (Eurofins	 Genomics,	 Ebersberg,	

Germany).	 Analysis	 of	 bisulfite-converted	DNA	 sequences	was	 performed	with	BISMA	

(Rohde	et	al.,	2010)	and	visualized	using	Geneious	version	10.2.4	(Kearse	et	al.,	2012).		
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Southern	blots	to	detect	DNA	methylation	

To	detect	presence/absence	of	DNA	methylation,	we	performed	Southern	blots	according	

to	 standard	protocols	 (Southern,	1975).	Genomic	DNA	was	extracted	using	a	 standard	

phenol-chloroform	extraction	method	(Sambrock	&	W.	Russel,	2001).		The	same	amount	

of	 DNA	 and	 enzymes	 (BfuCI,	 DpnI,	 DpnII,	 25	 units,	 New	 England	 Biolabs,	 Frankfurt,	

Germany)	was	used	as	input	for	the	different	restriction	digestions	to	make	restriction	

patterns	comparable	between	enzymes	and	Z.	tritici	strains.	Probes	were	generated	with	

the	 PCR	 DIG	 labeling	 Mix	 (Roche,	 Mannheim,	 Germany)	 following	 the	 manufacturer’s	

instructions	 and	 chemiluminescent	 signals	 detected	 using	 the	 GelDocTM	 XR+	 system	

(Bio-Rad,	Munich,	Germany).	

	

Generation	of	Ztdim2	deletion	and	integration	strains		

We	transformed	the	Z.	tritici	strains	Zt09	and	Zt10	using	an	Agrobacterium	tumefaciens-

mediated	transformation	(ATMT)	protocol	as	previously	described	(Poppe	et	al.,	2015).	

Briefly,	we	created	plasmids	containing	the	 integration	(pES189)	or	deletion	(pES188)	

constructs	 using	 Gibson	 assembly	 (Gibson	 et	 al.,	 2009)	 (Table	 S2).	 Both	 constructs	

contained	 the	 hygromycin	 resistance	 cassette	 as	 selection	 marker.	 Plasmids	 were	

amplified	 in	 E.	 coli	 TOP10	 cells	 and	 sequenced	 to	 confirm	 correct	 assembly	 of	 the	

constructs	 followed	 by	 electro-transformation	 of	 A.	 tumefaciens	 strain	 AGL2.	 Z.	 tritici	

strains	were	transformed	with	the	respective	A.	tumefaciens	strains	by	co-incubation	for	

3-4	days	at	18°C	on	induction	medium.	Following	co-incubating,	the	strains	were	grown	

on	selection	medium	containing	hygromycin	to	select	for	integration	of	the	constructs	and	

cefotaxime	to	eliminate	A.	 tumefaciens.	Single	Z.	 tritici	 colonies	were	selected,	streaked	

out	twice	and	the	correct	integration	of	the	construct	was	verified	by	PCR	analyses	and	by	

Southern	blot.		

	

Phenotypic	assay	on	wheat	

Seedlings	 of	 the	wheat	 cultivar	 Obelisk	 (Wiersum	 Plantbreeding	 BV,	Winschoten,	 The	

Netherlands)	were	pre-germinated	on	wet	sterile	Whatman	paper	 for	 four	days	under	

normal	growth	conditions	(16	h	at	light	intensity	of	~200	µmol/m-2s-1	and	8	h	darkness	

in	growth	chambers	at	20°C	with	90%	humidity)	followed	by	potting	and	further	growth	

for	additional	seven	days.	Marked	areas	on	the	second	leaves	(30	leaves	per	strain)	were	

inoculated	with	a	spore	suspension	of	107	cells/mL	in	H2O	and	0.1	%	Tween	20.	Mock	

controls	 were	 treated	 with	 H2O	 and	 0.1	%	 Tween	 20	 only.	 23	 days	 post	 inoculation,	
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treated	leaves	were	analyzed	for	the	infection	symptoms	necrosis	and	pycnidia	formation.	

Evaluation	was	performed	manually	by	assigning	 categories	 for	necrosis	 and	pycnidia	

coverage	to	each	leaf	(categories:	0	=	0	%,	1	=	1-20	%,	2	=	21-40	%,	3	=	41-60%,	4	=	61-

80%,	5	=	81-100%).	
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Supplementary	Tables	and	Figures	
All	supplementary	tables	are	deposited	on	the	supplementary	USB	key.	

	
Table	 S1.	 List	 of	 strains	 that	 were	 used	 for	 the	 genome	 analysis	 including	 sampling	
location	and	reference	publication.	
	
Table	S2.	List	of	primers	used	 in	this	study	to	generate	plasmids,	probes	 for	Southern	
blots	and	bisulfite	sequencing.	
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Figure	S1.	Southern	blots	were	performed	to	verify	correct	integration	of	A)	Ztdim2	
(originating	 from	Zt10)	 in	 Zt09	 (Zt09::Ztdim2)	 and	B)	 the	deletion	 construct	 for	
Ztdim2	in	Zt10	(Zt10DZtdim2).	Three	positive	transformants	(#49,	#63	and	#84)	were	
found	 amongst	 the	 Zt09::Ztdim2	 candidates,	 whereas	 all	 seven	 candidates	 for	
Zt10DZtdim2	were	verified.	For	 the	plant	 infection	experiments,	we	used	Zt09::Ztdim2	
#49	and	#63	and	Zt10DZtdim2	#8	and	#68.	
	 	

Zt10Zt09

Zt10
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Figure	 S2.	 (A)	 Genomic	 location	 of	 the	 second	 putative	 cytosine	 methyltransferase	
ZtdmtA.	Shown	are	predicted	genes	(green)	(Grandaubert	et	al.,	2015).	The	blue	arrow	
indicates	the	position	of	ZtdmtA.	It	is	part	of	the	predicted	gene	Zt_chr_5_00047	but	RNA-
seq	read	coverage	(Möller	et	al.,	2018)	indicates	that	the	annotated	gene	likely	consists	of	
two	 separate	 genes.	 Very	 few	 reads	 map	 to	 the	 putative	 ZtdmtA	 open	 reading	 frame	
suggesting	very	low	expression	in	vitro	in	Zt09.	(B)	We	used	InterPro	(Finn	et	al.,	2017)	
to	predict	protein	families	for	the	different	alleles	found	for	ZtdmtA.	The	strains	Zt09,	Zt10	
and	Zt04	were	selected	as	the	representatives	for	alleles	A,	B,	and	C,	respectively.	Despite	
the	 large	sequence	differences,	all	 three	proteins	were	predicted	as	members	of	 the	S-
adenosyl-L-methionine-dependent	 methyltransferases	 superfamiliy	 and	 C-5	 cytosine	
methyltransferase	family.	
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General	Conclusion	and	Perspectives	
The	aim	of	this	thesis	was	to	explore	the	dynamics	and	epigenetic	mechanisms	of	mitotic	

chromosome	loss	and	genome	stability	in	the	plant	pathogen	Zymoseptoria	tritici.	As	an	

additional	component	of	epigenetic	regulation,	we	also	elucidated	the	occurrence	of	DNA	

methylation	in	Zymoseptoria	species.	

We	show	that	accessory	chromosomes	are	lost	at	very	high	rates	during	mitotic	growth	

both	in	vitro	and	in	planta.	Similar	rates	were	found	in	the	closely	related	sister	species	

Zymoseptoria	 ardabiliae	 indicating	 that	 mitotic	 chromosome	 loss	 is	 a	 conserved	

phenomenon.	Indeed,	chromosome	losses	have	been	observed	in	other	fungi	(Miao	et	al.,	

1991;	Vlaardingerbroek	et	al.,	2016)	but	the	reported	rates	were	considerably	lower	than	

in	Zymoseptoria	spp.	Unlike	in	other	fungal	plant	pathogens,	accessory	chromosomes	do	

not	have	a	virulence-determining	function	in	Z.	tritici.	In	contrast,	the	results	presented	in	

this	thesis	and	a	previous	study	(Habig	et	al.,	2017)	suggest	small,	but	significant	negative	

effects	 when	 certain	 accessory	 chromosomes	 are	 present	 during	 wheat	 infection.	

However,	 these	 chromosomes	might	 be	 relevant	 under	 environmental	 conditions	 that	

have	not	been	 tested	 so	 far.	To	date	experimentally	unexplored	phases	of	 the	Z.	 tritici	

lifecycle,	interactions	with	other	microbes	and	abiotic	stresses	could	be	targets	of	future	

studies	on	accessory	 chromosome	 function.	Exposed	 to	 temperature	 stress	 conditions,	

the	accessory	chromosome	loss	rate	dramatically	increased.	However,	instability	was	not	

restricted	 to	 accessory	 chromosomes	 but	 also	 core	 chromosomes	 underwent	

rearrangements	suggesting	abiotic	stressors	as	 triggers	 for	genome	instability.	Further	

analyses	testing	different	abiotic	factors	including	osmotic	and	oxidative	stress	or	even	

fungicides	 representing	 selection	 pressures	 in	 wheat	 fields	 could	 elucidate	 possible	

adaptive	roles	of	genome	instability.		

The	 high	 variability	 in	 genome	 structure	 of	 fungal	 plant	 pathogens	 indicates	 that	

chromosome	 and	 genome	 rearrangements	 are	 frequent	 phenomena	 and	might	 reflect	

high	selection	pressure	and	adaptation	to	rapidly	changing	environments.	An	intriguing	

question	is	which	factors	promote	accessory	chromosome	losses.	We	hypothesized	that	

enrichment	 of	 the	 heterochromatin	 histone	 marks	 H3K9me3	 and	 H3K27me3	 on	

accessory	chromosomes	(Schotanus	et	al.,	2015)	contributes	to	the	observed	instability.	

By	deleting	the	respective	histone-methyltransferases	we	could	demonstrate	that	loss	of	

H3K27me3	significantly	reduces	chromosome	loss	rates	but	does	not	have	an	effect	on	
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the	overall	genome	structure.	This	indicates	that	H3K27me3,	normally	covering	the	entire	

length	of	accessory	chromosomes,	 is	a	main	driver	of	 their	mitotic	 instability.	Detailed	

analyses	 in	 other	 fungal	 pathogens	 harboring	 H3K27me3-enriched	 accessory	

chromosomes	 have	 to	 be	 conducted	 to	 shed	 light	 on	 a	 potential	 conserved	 role	 of	

H3K27me3	in	fungal	genome	stability.	High-resolution	microscopic	analyses	of	accessory	

chromosomes	in	wild	type	and	Dkmt6	during	mitotic	cell	divisions	should	be	applied	to	

elucidate	the	role	of	H3K27me3	for	chromosome	losses.		

In	contrast	to	the	destabilizing	role	of	H3K27me3	on	accessory	chromosomes,	absence	of	

H3K9me3	resulted	in	large-scale	chromosome	rearrangements	including	both	core	and	

accessory	chromosomes	as	well	as	in	transposon	activation.	We	therefore	conclude	that	

H3K9me3	is	essential	to	maintain	overall	genome	stability.	To	our	knowledge,	this	is	the	

first	 report	on	 the	 role	of	histone	methylation	 in	genome	stability	 in	plant	pathogenic	

fungi.	However,	 transposons	have	been	correlated	to	highly	variable	regions	(Fierro	&	

Martín,	1999;	Castanera	et	al.,	2016;	Faino	et	al.,	2016)	and	our	results	further	highlight	

the	importance	of	transposable	elements	in	creating	genetic	diversity.	Activation	under	

certain	 conditions	 might	 rapidly	 promote	 structural	 rearrangements	 that	 can	 confer	

fitness	 advantages.	 However,	 strict	 transposon	 regulation	 under	 normal	 conditions	 is	

essential	as	most	rearrangements	are	presumably	deleterious.			

In	many	organisms,	transposable	elements	and	repetitive	DNA	exhibit	high	levels	of	DNA	

methylation	 associated	 to	 silencing	 of	 these	 sequences	 (Zemach	 &	 Zilberman,	 2010;	

Zemach	et	al.,	2010).	In	Z.	tritici	though,	DNA	methylation	was	considered	to	be	absent	

due	to	inactivation	of	the	DNA	methyltransferase	gene	Ztdim2	(Dhillon	et	al.,	2010).	We	

found	that	DNA	methylation	is	not	absent,	likely	due	to	a	second	DNA	methyltransferase,	

ZtDmtA.	However,	 levels	 of	DNA	methylation	are	 very	 low	 in	 strains	where	Ztdim2	 is	

mutated	 and	 transposons	 do	 not	 seem	 to	 be	 targeted	 by	 DNA	 methylation.	 As	 a	

consequence,	 Z.	 tritici	 is	 lacking	 an	 important	 mechanism	 to	 silence	 transposon.	 In	

Chapter	III	we	found	that	H3K9me3	and	H3K27me3	frequently	overlap	on	transposons.	

This	 observation	 might	 reflect	 the	 absence	 of	 DNA	 methylation	 at	 those	 sites	 and	

resembles	findings	in	plants	and	animals	(Deleris	et	al.,	2012;	Saksouk	et	al.,	2014).	In	Z.	

tritici,	H3K27me3	might	function	as	a	compensator	for	the	loss	of	DNA	methylation.	This	

mechanism	may	not	be	as	efficient	in	silencing	of	TEs	as	the	presence	of	DNA	methylation	

though.	 Comparisons	 of	 repeat	 content	 in	 Z.	 tritici	 isolates	 revealed	 substantial	

differences	in	the	amount	of	TEs	between	the	Iranian	strains	Zt10	and	Zt11	that	contain	
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a	functional	Ztdim2	and	strains	carrying	the	RIPed	copy	(Grandaubert	et	al.,	2017).	This	

indicates	that	loss	of	DNA	methylation	could	entail	transposon	accumulation.	However,	

extensive	 differences	 in	 TE	 content	 are	 frequently	 found	 in	 different	 fungal	 species	

(Raffaele	&	Kamoun,	2012;	Möller	&	Stukenbrock,	2017)	suggesting	various	mechanisms	

acting	 on	 transposon	 proliferation	 in	 fungal	 genomes.	 The	 specific	 effects	 of	 DNA	

methylation	 on	 genome	 stability	 and	 chromatin	 structure	 in	 Z.	 tritici	 require	 further	

studies.	 Integration	of	 the	 functional	Ztdim2	 in	Ztdim2-RIPed	strains	and	the	vice	versa	

deletion	of	Ztdim2	 in	 the	 Iranian	strains	will	provide	a	unique	experimental	system	to	

study	mechanisms	and	evolution	of	fungal	genome	defense	systems.		

As	a	general	conclusion,	we	demonstrated	that	the	genome	of	Z.	tritici	is	highly	dynamic	

during	mitotic	 growth.	 Epigenetic	mechanisms,	 in	 form	 of	 histone	methylation	marks	

contribute	 substantially	 but	 in	 different	ways	 to	 genome	 instability	 and	 chromosome	

rearrangements.	

An	important	observation	is	that	epigenetic	mechanisms	seem	to	have	distinct	roles	in	

different	organisms.	While	in	some	species	the	most	important	function	lies	in	regulation	

of	gene	expression,	in	others	these	mechanisms	are	crucial	for	genome	organization	and	

chromosome	 stability.	 Some	 mechanisms	 might	 get	 lost	 over	 time,	 while	 others	 are	

selected	 for.	 This	 results	 in	 highly	 variable	 genome	 regulation	 pathways	 with	 severe	

consequences	 for	 genome	 evolution	 and	 the	 ability	 to	 rapidly	 adapt	 to	 changing	

environments.	Hence,	this	is	of	special	interest	for	pathogen	management	in	agriculture.	

Resistances	against	applied	antifungal	treatments	arise	very	fast	by	rapid	adaptation	on	

a	 genetic	 level.	 Understanding	 the	 mechanisms	 of	 genome	 evolution	 in	 fungal	 plant	

pathogens	will	improve	future	practices	in	agriculture	and	contribute	to	sustainable	food	

production.	
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