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Summary 

Soil enzyme activity indicates the soil community's metabolic requirements and nutrients demand. 

It drives the decomposition of soil organic matter (SOM), a fundamental process in carbon cycling 

within ecosystems. Biotic and abiotic factors significantly influence enzymatic reactions, regulating 

SOM decomposition rates. This interplay between enzymes and biotic and abiotic conditions affects 

carbon cycling dynamics. Carbon use efficiency (CUE) measures the fraction of assimilated carbon 

retained by organisms for growth and metabolic processes. These processes underscore the pivotal role 

of enzymes in mediating carbon fluxes and highlight the sensitivity of ecosystem dynamics to 

environmental changes. 

This thesis aims to investigate the effect of biotic and abiotic factors on soil microbial process, 

enzymatic mobilization and organic matter decomposition. Soil samples were collected from variety 

of land uses globally: farmlands in the North China Plain, the Vietnam Red River Delta, the Dikopshof 

Germany, and grasslands in the German Elbe estuary. The soil was then incubated under different 

biotic and abiotic conditions in the lab to test abiotic factors include AMF inoculation and plant species, 

while the biotic factors include straw returning, soil moisture, salinity levels, warming, carbon 

substrate availability, and quality. During incubation, soil samples were taken to measure enzyme 

kinetics, microbial biomass, respiration, and heat release. Subsequently, CUE was estimated based on 

respired carbon and microbial biomass carbon. Additionally, a 2-D imaging method was conducted to 

visualize in situ enzyme activity and glucose concentration in soil hotspots such as the rhizosphere, 

detritusphere, and mycorrhizosphere. 

The biotic factor (AMF, plant species) regulates microbial activity in soil hotspots. In particular, 

the distinct nutrient demands of plant species (wheat vs. soybean) appear to regulate the impact of 

AMF on the characteristics of microbial activities in the rhizosphere. Meanwhile, the cooperation 

between soybean and AMF induced the formation of favorable microsites around the root, specifically 

in overlapping localities between the rhizosphere and mycorrhizosphere, characterized by enhanced 

glucose release, increased rhizosphere expansion, high enzyme activities, and shortened substrate 

turnover time. 

Abiotic factors (straw returning, soil moisture, warming, salinity, substrate quality) directly and 

indirectly affect soil microbial activity and SOM decomposition. Specifically, straw incorporation 

forms another soil enzyme activity hotspot (detritusphere) and promotes enzyme activities in the 

rhizosphere and soil profile. Moreover, soil with a history of dry-rewetting (D/W) cycles triggers the 

recovery of microbial activities after D/W cycles, and rewetting has a significant impact on enzyme 

systems, while flooding induces more effects on enzyme synthesis. On the other hand, soil salinity 
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negatively impacts soil respiration and microbial growth, especially in soils subjected to warming or 

organic matter input, with the negative effect being promoted with the input of labile substrate. Even 

a 2°C increase in temperature can increase SOM decomposition and microbial growth. Meanwhile, 

labile carbon substrates can activate microbes and subsequently accelerate the decomposition of 

recalcitrant carbon substrates when combined in soil. Furthermore, the dynamic patterns of enzyme 

activity and microbial CUE are closely associated with SOM decomposition and microbial growth and 

retardation stages. 

This thesis demonstrates the variable effects of multiple abiotic and biotic factors on soil enzyme 

activity and organic matter decomposition through soil incubation, 2D imaging, and soil sample 

measurements. The straw incorporation and AMF symbiosis could extend the soil enzymatic hotspot 

area and increase enzyme activity. Soil subjected to dry-rewetting cycles triggers microbial activity 

recovery, while flooding primarily affects enzyme synthesis. In addition, salinity negatively affects 

soil respiration and microbial growth, especially under warming or organic matter input, with labile 

substrates exacerbating the negative effects. Enzyme activity dynamics and microbial carbon use 

efficiency correlate with microbial growth stages. Meanwhile, labile carbon substrates are more readily 

utilized by soil microbes compared to recalcitrant carbon substrate, and their presence can accelerate 

the decomposition of recalcitrant carbon substrates in soil. Collectively, these results emphasize the 

importance of multi-factor interactive effects on soil microbial processes, enzymatic mobilization, and 

organic matter decomposition. Further studies are suggested to focus on modeling the effects of abiotic 

and biotic factors on soil processes and predicting potential outcomes under climatic change conditions.
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Zusammenfassung 

Die Aktivität von Bodenenzymen zeigt die metabolischen Anforderungen und den 

Nährstoffbedarf der Bodengemeinschaft an. Sie treibt den Abbau von organischer Bodensubstanz 

(SOM) voran, einen grundlegenden Prozess im Kohlenstoffkreislauf innerhalb von Ökosystemen. 

Biotische und abiotische Faktoren beeinflussen enzymatische Reaktionen signifikant und regulieren 

die Abbauraten von SOM. Diese Wechselwirkung zwischen Enzymen und biotischen sowie 

abiotischen Bedingungen beeinflusst die Dynamik des Kohlenstoffkreislaufs. Die 

Kohlenstoffnutzungseffizienz (CUE) misst den Anteil des assimilierten Kohlenstoffs, der von 

Organismen für Wachstum und Stoffwechselprozesse zurückgehalten wird. Diese Prozesse 

unterstreichen die entscheidende Rolle von Enzymen bei der Vermittlung von Kohlenstoffflüssen und 

verdeutlichen die Empfindlichkeit der Ökosystemdynamik gegenüber Umweltveränderungen. 

Diese Arbeit zielt darauf ab, den Einfluss biotischer und abiotischer Faktoren auf 

bodenmikrobielle Prozesse, enzymatische Mobilisierung und den Abbau von organischen Stoffen zu 

untersuchen. Bodenproben wurden weltweit von verschiedenen Landnutzungsformen gesammelt: 

Ackerflächen in der Nordchinesischen Ebene, dem Vietnam Roten Fluss Delta, dem Dikopshof 

Deutschland und Grünlandgebieten in der deutschen Elbmündung. Der Boden wurde dann unter 

verschiedenen biotischen und abiotischen Bedingungen im Labor inkubiert, um abiotische Faktoren 

wie AMF-Inokulation und Pflanzenarten zu testen, während die biotischen Faktoren Stroh-

Rückführung, Bodenfeuchtigkeit, Salzgehalt, Erwärmung, Verfügbarkeit und Qualität von 

Kohlenstoffsubstraten umfassen. Während der Inkubation wurden Bodenproben entnommen, um 

Enzymkinetik, mikrobielle Biomasse, Atmung und Wärmeabgabe zu messen. Anschließend wurde die 

CUE basierend auf abgeatmetem Kohlenstoff und mikrobieller Biomasse geschätzt. Darüber hinaus 

wurde eine 2-D-Bildgebungsmethode durchgeführt, um die in situ Enzymaktivität und 

Glukosekonzentration in Boden-Hotspots wie der Rhizosphäre, Detritusphäre und Mykorrhizosphäre 

zu visualisieren. 

Der biotische Faktor (AMF, Pflanzenart) reguliert die mikrobielle Aktivität in Boden-Hotspots. 

Insbesondere scheinen die unterschiedlichen Nährstoffanforderungen von Pflanzenarten (Weizen vs. 

Sojabohne) den Einfluss von AMF auf die Merkmale mikrobieller Aktivitäten in der Rhizosphäre zu 

regulieren. In der Zwischenzeit führte die Zusammenarbeit zwischen Sojabohne und AMF zur Bildung 

günstiger Mikrostandorte um die Wurzel herum, speziell an überlappenden Orten zwischen 

Rhizosphäre und Mykorrhizosphäre, gekennzeichnet durch erhöhte Glukosefreisetzung, vergrößerte 

Rhizosphärenausbreitung, hohe Enzymaktivitäten und verkürzte Substratumsetzungsdauer. 
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Abiotische Faktoren (Stroh-Rückführung, Bodenfeuchtigkeit, Erwärmung, Salzgehalt, 

Substratqualität) beeinflussen direkt und indirekt die mikrobielle Aktivität im Boden und den Abbau 

von SOM. Insbesondere fördert die Stroheinarbeitung die Bildung eines weiteren Boden-

Enzymaktivität-Hotspots (Detritusphäre) und steigert die Enzymaktivitäten in der Rhizosphäre und im 

Bodenprofil. Darüber hinaus löst Boden mit einer Geschichte von Trocken-Nass-Zyklen die 

Wiederherstellung mikrobieller Aktivitäten nach den Zyklen aus, wobei die Benetzung einen 

signifikanten Einfluss auf Enzymsysteme hat, während Überschwemmungen mehr Effekte auf die 

Enzymsynthese hervorrufen. Andererseits beeinträchtigt Bodensalzgehalt negativ die Bodenatmung 

und das mikrobielle Wachstum, insbesondere in Böden, die Erwärmung oder organische Stoffe 

ausgesetzt sind, wobei der negative Effekt durch die Zugabe von labilem Substrat verstärkt wird. Selbst 

eine Temperaturerhöhung um 2°C kann den Abbau von SOM und das mikrobielle Wachstum erhöhen. 

In der Zwischenzeit können labile Kohlenstoffsubstrate Mikroben aktivieren und anschließend den 

Abbau von recalcitranten Kohlenstoffsubstraten beschleunigen, wenn sie im Boden kombiniert werden. 

Darüber hinaus sind die dynamischen Muster der Enzymaktivität und der mikrobiellen CUE eng mit 

SOM-Abbau- und mikrobiellen Wachstums- und Verzögerungsphasen verbunden. 

Diese Arbeit zeigt die variablen Effekte mehrerer abiotischer und biotischer Faktoren auf die 

Aktivität von Bodenenzymen und den Abbau von organischem Material durch Bodeninkubation, 2D-

Bildgebung und Bodenprobenmessungen auf. Die Stroheinarbeitung und die AMF-Symbiose könnten 

den Bereich des enzymatischen Boden-Hotspots erweitern und die Enzymaktivität erhöhen. Boden, 

der Trocken-Nass-Zyklen ausgesetzt ist, löst die Wiederherstellung der mikrobiellen Aktivität aus, 

während Überschwemmungen hauptsächlich die Enzymsynthese beeinflussen. Darüber hinaus 

beeinträchtigt Salzgehalt negativ die Bodenatmung und das mikrobielle Wachstum, insbesondere unter 

Erwärmung oder organischer Stoffzufuhr, wobei labile Substrate die negativen Effekte verstärken. Die 

Dynamik der Enzymaktivität und die mikrobielle Kohlenstoffnutzungseffizienz korrelieren mit den 

Wachstumsphasen der Mikroben. Im Vergleich zu recalcitranten Kohlenstoffsubstraten werden labile 

Kohlenstoffsubstrate von Bodenmikroben leichter genutzt, und ihre Anwesenheit kann den Abbau von 

recalcitranten Kohlenstoffsubstraten im Boden beschleunigen. Zusammenfassend betonen diese 

Ergebnisse die Bedeutung der multiplen interaktiven Effekte auf bodenmikrobielle Prozesse, 

enzymatische Mobilisierung und Abbau von organischem Material. Weitere Studien sollten sich 

darauf konzentrieren, die Auswirkungen abiotischer und biotischer Faktoren auf Bodenprozesse zu 

modellieren und potenzielle Ergebnisse unter klimatischen Veränderungsbedingungen vorherzusagen. 
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1 Extended summary 

1.1 Introduction 

Soil organic matter (SOM) is particularly vital for sustaining the productivity of terrestrial 

ecosystems, with its decomposition regarded as a critical process in regulating global carbon cycling 

(Schmidt et al., 2011). As a primarily microbial process, SOM decomposition is influenced by external 

factors that control microbial activity and function (Blagodatsky et al., 2010; Dungait et al., 2012). 

These factors include abiotic elements such as temperature, moisture, salinity, nutrient availability, 

substrate quality and accessibility, as well as biotic interactions like competition and predation among 

plants and soil microorganisms (Allison et al., 2014; Qiu et al., 2018). Enzymes play a central role in 

depolymerizing macromolecular organic compounds and generating soluble oligomers and monomers 

that can be transported into cells (Nannipieri et al., 1996). Enzyme activity impacts SOM 

decomposition and nutrient cycling by regulating soil biochemical processes, including the formation 

and decomposition of labile organic substrates and nutrients (Luo et al., 2017). Therefore, it is crucial 

to determine the direct and indirect contributions of individual factors and identify the key drivers of 

SOM mineralization.  

1.1.1 Biotic factors 

Soil biotic factors encompass a diverse array of living organisms inhabiting the soil ecosystem, 

including plant roots, bacteria, fungi, protozoa, nematodes, earthworms, and other macrofauna. These 

organisms directly participate in SOM decomposition through their metabolic activities, breaking 

down complex organic compounds into simpler forms that can be utilized by plants and other soil biota 

(Qiu et al., 2018). Bacteria and fungi are primary decomposers in soil ecosystems, secreting enzymes 

that catalyze the breakdown of organic matter into soluble compounds. These enzymes, such as 

cellulases, ligninases, proteases, and lipases, target specific components of organic matter, facilitating 

its degradation into smaller molecules (Nannipieri et al., 1996). The diversity and activity of microbial 

communities in soil play a critical role in determining the rates and pathways of organic matter 

decomposition. Moreover, interactions among different microbial species and between microbes and 

soil fauna further modulate SOM decomposition dynamics (Condron et al., 2010). For instance, certain 

microorganisms produce enzymes essential for breaking down recalcitrant organic compounds, which 

can subsequently be utilized by other organisms. In this study, we selected plant root and arbuscular 

mycorrhizal fungi (AMF) inoculation as key biotic factors. 

AMF represent the dominant mycorrhizal type, forming symbiotic associations with 

approximately 71% of all flowering plants, including many important crops such as wheat, barley, corn, 

and soybean (Brundrett and Tedersoo, 2019). AMF symbiosis contributes to soil carbon (C) flux by 

incorporating carbon into intra- and extraradical mycelium, transporting and exuding carbon through 

the extraradical mycelium, stabilizing soil structure, and providing carbon to the microbial community 

(Rillig, 2004; Jones et al., 2009; Hoang et al., 2022). Furthermore, AMF can promote free-living 

microbial communities by releasing labile substrates via exudation and hyphal turnover, stimulating 

microbial growth, and providing energy for enzyme production and soil organic matter decomposition 

(Schmidt et al., 2011; Feizi et al., 2024). Compared to root-free soil, soil organic matter decomposition 

with living roots can be altered by as much as -70% to 380% (Cheng et al., 2014). Although there is a 
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general consensus that roots stimulate microbial activity (Kuzyakov and Blagodatskaya, 2015), it 

remains unclear how interactions between roots, AMF, and saprotrophic microorganisms alter 

belowground carbon inputs and, consequently, SOM decomposition and carbon storage. Several 

studies have reported that AMF symbiosis can enhance litter decomposition and support plant nitrogen 

capture, assuming enhanced carbon flow to microbial communities (Hodge, 2001; Cheng et al., 2012). 

Conversely, some studies found that AMF symbiosis did not significantly affect litter decomposition 

(Nottingham et al., 2013; Leifheit et al., 2014). Thus, the mechanisms underlying the effects of AMF 

symbiosis on soil organic matter decomposition remain unresolved. 

Plant roots significantly influence the rhizosphere, a dynamic biological interface recognized as 

one of the most active zones in the soil system (Kuzyakov and Blagodatskaya, 2015). This influence 

is most pronounced at the root surface, extending several millimeters into the soil. The spatial 

distribution of the rhizosphere is shaped by factors such as root morphology, microbial colonization, 

nutrient uptake, root exudation, and rhizodeposition (Zhang et al., 2019; Wang et al., 2023a; 

Kaloterakis et al., 2024). Microbial activity in the rhizosphere is strongly driven by root exudates and 

other rhizodeposits (Bilyera et al., 2020), which constitute about one-third of plants' photosynthetic 

products released into the soil, fostering plant-microbial interactions (Bais et al., 2006). Rhizodeposits 

encompass various forms of organic matter released by roots, stimulating microbial activity, 

extracellular enzyme production, and soil organic matter decomposition (Pausch and Kuzyakov, 2018; 

Zhu et al., 2018). Plant root physiology and exudate composition play pivotal roles in shaping 

microbial community composition and their ability to utilize carbon and nutrient sources (Iannucci et 

al., 2021). Microbial diversity within rhizospheres varies among plant species, cultivars, root segments, 

and developmental stages (Prashar et al., 2013). However, further study is needed to explore the 

interaction between plant roots and other factors. 

Understanding the complex interplay between biotic factors, including AMF and plant roots, and 

soil microbial and enzyme activity is essential for elucidating the mechanisms driving SOM 

decomposition in terrestrial ecosystems. In this thesis, we investigate the effect of plant root species 

(Studies 1 and 4) and AMF inoculation (Studies 3 and 4) on SOM decomposition and enzyme kinetics. 

1.1.2 Abiotic factors 

Soil abiotic factors such as climate, soil texture, moisture content, pH, and temperature play 

fundamental roles in shaping the dynamics of soil organic matter (SOM) decomposition and enzyme 

activity (Razavi et al., 2017; Zhang et al., 2021). Climate, through temperature and precipitation 

patterns, dictates microbial activity rates (Cui et al., 2019), while soil texture affects water retention 

and nutrient availability, influencing microbial communities and enzyme production (Zheng et al., 

2019). Soil pH profoundly influences decomposition and enzyme activity, with acidic soils generally 

supporting slower rates (Neina, 2019). Oxygen availability and soil structure further regulate these 

processes, favoring aerobic conditions for decomposition (Walz et al., 2017). Understanding the 

complex interactions among these abiotic factors is essential for predicting ecosystem responses to 

environmental changes and implementing sustainable soil management practices amidst anticipated 

alterations in climate and land use patterns, which could significantly impact nutrient cycling dynamics 

and ecosystem functioning. In particular, we selected soil warming, drought, rewetting, salinity, and 

substrate quality as abiotic factors in this thesis. 



19 
 

Warming alters soil processes and functions. Generally, warming promotes soil microbial activity 

and growth, accelerating SOM decomposition and nutrient cycling if water is not limiting (Singh et 

al., 2010). Predicted global temperature rise by approximately 1.5℃ by mid-century (IPCC, 2018) 

introduces further uncertainty regarding soil responses to other factors. Soil respiration may increase 

by a factor of 3-4 with a 10℃ warming (Q10), indicating a stronger loss of SOM and carbon emissions 

in the soil ecosystem (Meyer et al., 2018). In the short term, warming has a positive effect on enzyme 

catalytic power, while in the long term or with strong warming amplitude, enzyme activity may 

decrease (Fanin et al., 2022). However, the effects of moderate warming on soil microbial activity and 

SOM remain poorly investigated. 

Moisture is crucial for influencing soil biogeochemical processes (Butcher et al., 2020), mediated 

by microbial communities and activities. Environmental history can serve as a distal control on 

microbe-derived processes in response to dry-rewetting cycles (Evans and Wallenstein, 2012). These 

cycles result in sequential changes in soil biophysical and chemical properties, including: i) Cracked 

aggregates releasing more accessible organic matter to microorganisms (Mikha et al., 2005; Sun et al., 

2017), ii) Desorption of substrate from mineral surfaces (Kalbitz et al., 2000), iii) Mobilization of C, 

N, and P from preceding microbial residues triggered by the drought legacy effect (Schimel et al., 2011; 

Leitner et al., 2017; Brödlin et al., 2019). These changes contribute to shifts in microbial community 

composition and decoupling of microbial respiration and growth (de Nijs et al., 2019; Brangarí et al., 

2020), thereby affecting carbon use efficiency in response to dry-rewetting (Navarro-García et al., 

2012). This alteration of liquid pathways decreases solute diffusion rates while increasing soil aeration 

(Ebrahimi and Or, 2016), and may change the chemical form of elements (Makino et al., 2000; Sardans 

and Peñuelas, 2005). Some of these elements serve as cofactors required for cellular and enzyme 

functions (Tebo et al., 2005), thus enhancing microbial growth, activity, and SOM decomposition 

(Ross et al., 2001). Moreover, when nutrient and exoenzyme diffusion are restricted under drought, it 

affects nutrient availability to microorganisms, leading to nutrient starvation (Bär et al., 2002; 

Zarebanadkouki et al., 2019). However, the effects of abrupt waterlogging of dry soil on microbial 

activities are still poorly understood. 

Salinity directly impacts soil quality and function, significantly influencing soil microbial activity 

and organic matter decomposition (Wong et al., 2010). High salinity hinders the growth of plant roots 

and soil fauna, resulting in reduced bioturbation and aeration, ultimately leading to poor soil physical 

structure (Otlewska et al., 2020). Salinity alters the osmotic and matric potential of the soil solution, 

greatly affecting soil microbial activity and diversity (Song et al., 2022; Zhang et al., 2019). These 

salinity-induced changes have substantial implications for soil enzyme production and structure (Singh, 

2016). High salinity has been found to decrease soil enzyme activity in grasslands (Pan et al., 2013), 

while having no impact on enzyme activity in paddy fields or wetlands (Sritongon et al., 2022). The 

impact of salinity on enzyme activity is related to specific enzyme types and other soil factors (Singh, 

2016). Further research is needed to investigate the impact of soil salinization on enzyme activity and 

organic matter turnover. 

Substrate quality significantly impacts the dynamics of SOM decomposition and enzyme activity. 

Soil substrates exhibit wide variations in chemical composition, physical structure, and biochemical 

properties, influencing the metabolic activities of microbial communities and enzymatic functions 

(Allison et al., 2014). Organic substrates range from labile compounds like sugars and amino acids to 
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recalcitrant materials such as lignin and cellulose. Generally, the decomposition rates of organic 

substrates are inversely related to the presence of recalcitrant compounds such as lignin, phenols, and 

tannins (Castellano et al., 2015). 

Crop straw (e.g., leaves and stems) is considered high quality compared to belowground residues 

like roots, which are relatively recalcitrant to decomposition (Shahbaz et al., 2017). The role of residue 

quality in SOM formation is debated. The traditional perspective that recalcitrant root residues 

decompose slowly and contribute significantly to SOM conflicts with the notion that easily 

decomposable residues substantially contribute to SOM formation. 

Glucose and starch are crucial organic compounds in terrestrial ecosystems, serving as primary 

energy and substrate sources for various organisms (Martínez-Trinidad et al., 2010; Strickland et al., 

2012). Both are primarily derived in soil ecosystems from organic matter originating from plants, 

microorganisms, decomposition of dead organisms, and organic amendments, albeit with differing 

qualities (Gunina and Kuzyakov, 2015). Glucose, a simple sugar, serves as a fundamental energy and 

carbon source for plants and various soil microorganisms. Starch, similar to glucose, is a common 

component of plant litter and an important energy and carbon source for soil microorganisms 

(Guggenberger et al., 1999; Mooney, 1972). However, starch is a polysaccharide composed of glucose 

units linked in long chains, rendering it more recalcitrant for microbial degradation than labile 

substrates like glucose (French, 1973). Soil microbial activity is significantly influenced by the carbon 

substrates present in the soil. Upon entering the soil ecosystem, carbon substrates undergo 

decomposition mediated by soil microbial communities (Olagoke et al., 2022). The decomposition of 

these substrates accelerates microbial metabolism and contributes to the turnover of soil organic matter 

(Loeppmann et al., 2016; Wen et al., 2019). Understanding the dynamics of mixed substrate 

decomposition involving glucose and starch in soil ecosystems is crucial for elucidating the 

mechanisms governing nutrient cycling and ecosystem functioning in terrestrial environments. 

In this thesis, we investigate the effect of crop straw incorporation (Study 1), soil warming (Study 

5), drought (Studies 3 and 4), dry-rewetting (Study 2), salinization (Study 5), and substrate quality 

(Study 6) on SOM decomposition and enzyme kinetics. 

1.2 Objective 

The primary objective of this thesis is to explore the effects of abiotic and biotic factors on soil 

organic matter decomposition and enzyme activity. 

1) Assess the effect of biotic factors on enzyme activity and microbial processes in soil hotspots. 

a. To demonstrate the impact of AMF symbiosis on soil enzymatic hotspots, enzyme 

activity, and substrate availability (Study 3 and 4) 

b. To evaluate the response of soil enzyme activity and microbial biomass to various types 

of plant roots (Study 4) 

2) Assess the effect of abiotic factors on soil enzyme activity and substrate decomposition. 

a. To illustrate the influence of crop straw incorporation patterns on soil enzymatic 

hotspots and enzyme activity (Study 1) 

b. To examine the impact of drought and dry-rewetting patterns on soil enzymatic hotspots 

and enzyme kinetics (Study 2 and 3) 
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c. To evaluate the response of soil enzyme activity and substrate decomposition to soil 

salinization, warming, and their interaction (Study 5) 

d. To assess the response of soil enzyme activity and substrate decomposition to substrate 

quality (Study 6) 

3) Assess the effect of abiotic factors on soil carbon use efficiency and microbial energy response 

to substrate. 

a. To estimate the carbon use efficiency and calorespirometric ratio response to soil 

warming, salinization, and substrate quality (Study 5 and 6) 

1.3 Material and Method 

1.3.1 Soil sampling  

 

Figure ES1 World map from Google Map [https://www.google.com/maps] including soil sampling 

locations 

The soil for study 1 was sampled from a depth of 0-20 cm at the Wuqiao experimental station of 

China Agricultural University, located in Cangzhou city, Hebei province, China (37°41′N, 116°35′E). 

The soil is classified as a Calcaric Fluvisol developed on an alluvial plain with a sandy loamy texture. 

The soil for study 2, 3 and 4 was sampled from a depth of 0-20 cm at a rice and soybean rotation 

field in the Red River Delta, located in Quang Nam province, Vietnam (20° 25′ N, 106° 16′ E). The 

soil is classified as a Fluvisols with a sandy clay loam texture. 

The soil for study 5 was sampled from a depth of 0-20 cm at a grassland site of the Elbe Estuary, 

located in Balje, Lower Saxony, Germany (53°8′N, 9°05′E). The soil is classified as a Tidalic Gleysol   

with clear stratification due to storm tides. 

The soil for study 6 was sampled from a depth of 0-20 cm at a long-term manure application 

experiment at Dikopshof, University of Bonn, Germany (53°50′N, 6°58′E). The soil is classified as 

Haplic Luvisol and has a silty loam texture. 

1.3.2 Experiment set up 

The soil samples were kept cool (∼4°C) during transportation and later were sieved through 2 mm 

mesh to exclude any stone and plant residue, homogenized. To minimize the sequent effects of 
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sampling, sieving and moisture adjustment on microbial activities, soil was preconditioned at room 

temperature in the dark for two weeks prior to the main experiment (Blagodatskaya and Kuzyakov, 

2013). 

In Study 1, 3, and 4, soil was initially placed in the rhizoboxes. Plant seeds were pre-germinated 

on wet filter paper, and then one germinated seed was placed in the middle of each rhizobox. 

Subsequently, the rhizoboxes were transferred to greenhouse conditions with various experimental 

treatments. In Study 2, 5, and 6, after soil pre-incubation, the soil was placed in plastic cups and 

incubated in laboratory conditions with various experimental treatments. 

1.3.3 Soil zymography 

In Study 1, and 3, soil zymography was employed to visualize spatial distributions and localize 

hotspots of maximal enzyme activities (Razavi et al., 2019). Polyamide membrane filters (Tao Yuan, 

China) with a pore size of 0.45 μm were saturated with fluorogenic substrates based on 4-

methylumbelliferone (MUF) and 7-amino-4-methylcoumarin (AMC). These saturated membranes 

were then placed on the soil surface. Following a 1-hour incubation period, the membranes were 

carefully lifted off the soil surfaces, and any attached soil particles were gently removed using a small 

brush. Subsequently, the membranes were photographed under ultraviolet (UV) light in a dark room 

using a camera. A calibration line featuring a series of increasing concentrations of MUF or AMC was 

used to transform gray values into enzyme activities. 

1.3.4 Optimized glucose imaging 

In Study 4, optimized glucose imaging was used to demonstrate the dependence of the spatial and 

temporal patterns of glucose distribution (Hoang et al., 2022). Phosphate powder was dissolved in 

distilled water to create a buffer solution of 0.05 M. Subsequently, 100 mL of the buffer solution was 

added to 0.00107 g of glucose oxidase from Aspergillus niger, 0.003 g of peroxidase from horseradish, 

and 0.005144 g of Ampliflu red dissolved in 60 μL of dimethyl sulfoxide (McLaughlin and Boyer, 

2004, Voothuluru et al., 2018). Concurrently, polyamide membrane filters (Tao Yuan, China) were 

tailored to fit the size of the rhizobox. These membranes were saturated with the prepared solution 

before being affixed to the rooted sides of the rhizoboxes. In this study, glucose imaging was enhanced 

by incorporating the solution described above, which turns red when glucose oxidase and horseradish 

peroxidase catalyze the glucose-based conversion of colorless Ampliflu Red into magenta-colored 

resorufin, using membranes instead of gel. This modification enables glucose imaging at the soil 

surface and significantly reduces the diffusion artifacts that occur in gel. After a 20-minute incubation 

period, the membranes were promptly removed and placed in a dark room under UV light with a 

wavelength of 355 nm. The magenta-colored area on the membrane indicated glucose exudation, as 

hydrogen peroxide generated from the reaction between glucose and the enzyme glucose oxidase, 

catalyzed by horseradish peroxidase, converted colorless Ampliflu red into magenta color.  

1.3.5 Enzyme kinetics 

In Study 2, 3, 4, 5, and 6, the activity of exoenzymes were determined. Briefly, 0.5 g of soil was 

mixed with 50 ml of sterile water. Following a 2-minute low energy sonication or shaking, 50 μl of 

soil suspension, 100 μl of substrate with varying concentrations, and 50 μl of buffer (MES, TRIZMA, 

or Na-acetate) were added into a 96-well black microplate (German et al., 2011). Fluorescence 
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measurements were taken using a microplate read (Victor or TECAN) at 0, 30 minutes, 1 hour, and 2 

hours. The Michaelis-Menten equation was utilized to determine Vmax and Km by equation (1) 

𝑣 =
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                                                                      (1)                                                                                                                        

where v is the reaction rate, [S] is the substrate concentration, Vmax is the maximum reaction rate, and 

Km is the substrate concentration at the half-maximum reaction rate. The substrate turnover time (Tt) 

was calculated according to equation (2) (Panikov et al., 1992), where [S] is the substrate concentration 

regarding to the Vmax. The catalytic efficiency (Ka) of enzymes was determined by equation (3) (Zhang 

et al., 2019): 

𝑇𝑡 =  
𝐾𝑚+[𝑆]

𝑉𝑚𝑎𝑥
                                                                                                                                           (2) 

𝐾𝑎 =  
𝑉𝑚𝑎𝑥

𝐾𝑚
                                                                                                                                              (3) 

1.3.6 Microbial biomass 

In Study 1, 5 and 6, MBC and MBN content were determined using fumigation method (Vance et 

al., 1987) in study 1, 5 and 6. To extract the samples, 5 g of soil was mixed with 20 mL of 0.05M 

K2SO4. Another 5 g of soil was fumigated with chloroform in a desiccator for 72 h and then extracted. 

The TOC/N analyzer was used to analyze the extracts for dissolved organic carbon (DOC) and nitrogen 

(DON) content. MBC and MBN calculations were based on the difference between K2SO4-extractable 

C and N in fumigated and non-fumigated soils, using the conversion factors of 0.45 for MBC and 0.54 

for MBN. While in Study 2, MBC was determined based on initial rate of substrate induced respiration 

after 6 h of glucose addition and calculated as Cmic = SIR × 40.04. Where Cmic is MBC value (μg 

g−1 soil), SIR is the initial respiration rate (μl CO2 g
−1 soil h−1) after soil amendment with glucose, 

40.04 is the correction factor (Anderson and Domsch, 1978).  

In Study 2 and 3, MBP was measured using fumigation extraction of soils with anion exchange 

membranes (Yevdokimov et al., 2016). 3 g soil, 30 ml sterilized water and one strip of AEM 

(1.5 cm × 6.25 cm) with or without 300 μl chloroform were placed in 50 ml plastic tubes. All tubes 

were tightly closed and shaken for 24 h to induce the recovery of inorganic P from the soil extract. 

After shaking, each AEM strip was cleaned in sterilized water and shaken with 45 ml H2SO4 (0.25 M) 

in other 50 ml plastic tubes for 3 h to release membrane-fixed P back to the solution. Thereafter, 150 μl 

extractant was mixed with ammonium molybdate tetrahydrate and Malachite Green in a 96-well 

transparent microplate and read by CLARIO Star Plus at 630 nm. 

1.3.7 Soil microbial respiration and kinetics of the substrate-induced growth response 

In Study 2, microbial respiration was measured using the MicroResp™ system, as described by 

Campbell et al. (2003). 0.3 g of soil was placed in each well of a 96-deep well plate using the standard 

filling device. The plates were sealed and pre-incubated at room temperature for 3 days to re-establish 

microbial activity. Each substrate solution (25 μl) and sterilized water as a control were dispensed into 

deep-well plates containing soil. The following substrates were used: The 96 deep well plates were 

then assembled to a colorimetric indicator plate with a rubber seal and incubated in the dark for 6 hours 

at 25 °C (Campbell et al., 2003). To measure basal respiration, 96 deep well plates were filled with 

sterilized water instead of substrate. The absorbance of the indicator plate was measured at 570 nm 
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before and after the incubation period using CLARIO Star Plus. The absorbance was then normalized 

and converted to CO2 concentration according to Brolsma et al. (2015), as shown in equation (4): 

%𝐶𝑂2 = 0.002 × 𝐴570
−3.11                                                                                                                 (4) 

where %CO2 (vol/vol) is the concentration in the headspace after incubation and A570 is the normalized 

absorbance of the indicator plate. Each substrate induced CO2 rate (μg CO2-C g−1 dry soil h−1) was 

calculated according to Cameron (2007) as in equation (5): 

𝐶𝑂2𝑟𝑎𝑡𝑒 = 
(

%𝐶𝑂2
100⁄ )×𝑉×(12

44⁄ )×273
273+𝑇⁄

𝐷𝑊×𝐼𝑇
                                                                                         (5) 

where V is the headspace volume (945 μl) of deep well plates, 44/22.4 is the gas constant to convert 

the CO2 concentration to weight, 12/44 is the molecular mass ratio to convert the CO2 to CO2-C, T is 

the incubation temperature (25℃), DW is soil dry weight (g), and IT is incubation time (hour).  

In study 5 and 6, fresh soil in a tube was amended with a mixture containing glucose and mineral 

salts (Blagodatskaya et al., 2009). The soil samples were then incubated in the modified Respicond 

system, and the CO2 production rate was monitored every 20 minutes. The theory of microbial growth 

kinetics has been extensively described earlier (Panikov, 1995). Microbial respiration in glucose 

amended soil was used to calculate the following kinetic parameters: the microbial maximal specific 

growth rate (μ), the growing microbial biomass (GMB) that capable for immediate growth on glucose, 

the total microbial biomass (TMB) responding by respiration to glucose addition, and the lag time 

(Blagodatskaya et al., 2010). 

1.3.8 Soil heat release and calorespirometric ratio 

In Study 5 and 6, heat production in the course of microbial metabolism on glucose was 

determined using microcalorimetry. The soil was amended with the same nutrient and glucose solution 

as described above for the SIGR method. Then, all the samples were sealed in airtight glass ampoules 

and then placed in to a TAM Air. Heat production was continuously measured. The calorespirometric 

ratio was calculated by equation (6): 

γ = Q ÷ 𝐶𝑂2                                                                                                                                        (6) 

where γ is the calorespirometric ratio (kJ mol-1 CO2), Q is the heat production rate (W g-1 soil) and 

CO2 is the respiration rate (mol CO2 h
-1 g-1 soil). 

1.3.9 Soil residual glucose measurement 

In Study 5, the residual glucose content in the soil was assessed using the Glucose Assay Kit 

(MAK263, Sigma-Aldrich), which oxidizes glucose to produce a fluorometric product proportional to 

the amount of glucose present. To perform the assay, 0.4 g of soil was mixed and extracted with 40 

mL of sterilized water (pH = 7.0) in a centrifuge tube, which was then shaken at 180 rpm for 30 minutes. 

The tubes were then centrifuged at 4000 rpm for 10 minutes to obtain the supernatant, which was then 

diluted tenfold to ensure that the final fluorescence was within the range of the standard curve. For the 

determination of glucose content, 35 µL of diluted supernatant, 15 µL of glucose assay buffer and 50 

µL of master reaction mix were added to each well of a 96-well black microplate. The microplate was 

then incubated at 37°C and shaken vigorously for 30 minutes to enhance the reaction. Fluorescence 

was measured using a TECAN microplate reader at γex = 535/γem = 590 nm. In addition, a glucose 

standard solution was used to generate a glucose standard curve to establish the relationship between 

fluorescence and glucose content. Further details can be found in the manufacturer's technical bulletin. 
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1.3.10 Microbial carbon use efficiency calculation 

In Study 5 and 6, microbial substrate carbon use efficiency for added carbon substrates was 

calculated based on the cumulative amount of respired CO2 and glucose-C consumption during 

incubation period using equation (7) and (8) (Sinsabaugh et al., 2013). Furthermore, the CUE was also 

determined by considering the increment of microbial biomass C in course of substrate utilization 

(equation 9 and 10): 

CUE1 = 1 −
𝐶𝑆𝐼𝑅−𝐶𝐵𝑅

𝐶𝑚𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑧𝑒𝑑
                                                                                                                       (7) 

CUE2 = 1 −
𝐶𝑆𝐼𝑅−𝐶𝐵𝑅

𝐶𝑎𝑑𝑑𝑒𝑑
                                                                                                                           (8) 

CUE3 =
𝑀𝐵𝐶𝑖−𝑀𝐵𝐶0

(𝑀𝐵𝐶𝑖−𝑀𝐵𝐶0)+(𝐶𝑆𝐼𝑅−𝐶𝐵𝑅)
                                                                                                                      (9) 

CUE4 =
𝑀𝐵𝐶𝑖−𝑀𝐵𝐶0

𝐶𝑚𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑧𝑒𝑑
                                                                                                                                (10) 

where CSIR represents the cumulative amount of C respired from glucose-amended soil, and CBR is the 

cumulative amount of C respired from unamended soil. The cumulative amount of respired carbon is 

determined over time and respiration rate, measured by the Respicond V respirometer. MBCi and 

MBC0 represent the microbial biomass C measured by fumigation method at 0 and i hours after glucose 

addition. Cmetabolized is the glucose-C consumed, measured using the Glucose Assay Kit method. Cadded 

is the amount of glucose-C added. As glucose was unlabeled, we were not able to correctly estimate 

soil priming effect. We assumed, therefore, that considering a short-term experiment, the priming 

effect (if any) was mainly apparent due to pool substitution mechanism (Blagodatskaya and Kuzyakov, 

2008), and the metabolized C was either incorporated into MBC or respired. 

1.4 Main results and discussion 

1.4.1 Synthesis of highlights and main results of the studies 

Abiotic and biotic factors affect plant growth, soil enzymatic hotspot, enzyme activity, enzyme 

system, glucose exudation, substrate decomposition, carbon use efficiency and calorespirometric ratio. 

Study 1: The hotspot area of enzyme activity which induced by straw incorporation and plant root 

was consistent in both the rhizosphere and detritusphere, with enzyme activities decreasing over time 

in both areas, while straw incorporation enhanced enzyme activity in the rhizosphere and soil surface; 

however, homogenized straw inhibited plant growth due to nutrient competition between roots and 

microbes. 

 



26 
 

Figure ES2 Main results summary of Study 1. The effect of straw incorporation on plant growth and 

the spatial and temporal distribution of soil enzyme activity.  

Study 2: The soil enzyme activities declined during extended drought but showed partial or full 

recovery after rewetting, indicating microbial resource reallocation in response to dry-rewetting, with 

MBC positively associated with chitinase and β-glucosidase activities at the drought onset, whereas 

rewetting at 60% WHC affected enzyme systems, while flooding at 100% WHC prompted enzyme 

synthesis. 

 

Figure ES3 Main results summary of Study 2. The effect of dry-rewetting pattern on soil enzyme 

kinetics and microbial biomass. 

Study 3: Under drought conditions, mycorrhizal plant roots exhibit higher glucose exudation 

compared to control plants, with AMF inoculation expanding enzymatic hotspot areas, thereby 

enhancing the drought resistance of enzymes in mycorrhizal plants. 

 



27 
 

Figure ES4 Main results summary of Study 3. The response of soil hotspot and glucose exudation to 

AMF symbiosis and drought conditions. 

Study 4: Under the influence of AMF inoculation, β-glucosidase activity rises in the rooted areas 

of maize and soybean, while chitinase activity increases in rooted areas of maize but decreases in 

soybean, suggesting that nutrient demands play a role in regulating AMF's impacts on rhizosphere 

microbial activities of both maize and soybean. 

 

Figure ES5 Main results summary of Study 4. The effect of plant species and AMF symbiosis on soil 

enzyme activity and MBP amount in bulk soil and rhizosphere soil. 

Study 5: The response of CO2 and heat release to warming differed between unamended and 

glucose-amended soil, with 2℃ warming exerting a stronger promotion on soil microbial activity 

compared to 3.5-fold salinization; however, increasing salinity inhibited microbial growth, 

highlighting that the CUE is overestimated if the growth retardation stage is neglected, while the stable 

calorespirometric ratios ratio of 469 kJ mol-1 CO2 was exclusively observed during the exponential 

growth stage.  
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Figure ES6 Main results summary of Study 5. The effect of soil warming and salinity on respiration, 

enzyme activity, and carbon use efficiency during organic matter decomposition. 

Study 6: Combining labile C with recalcitrant C in soil can expedite the decomposition of 

recalcitrant C, where labile C substrate predominantly influences the calorespirometric ratio dynamics 

regardless of the recalcitrant C substrate, while the CUE peaks at the initial substrate addition but 

diminishes towards the end of decomposition, indicating that the response of hydrolase to substrate 

quality and decomposition outweighs that of oxidase. 

 

Figure ES7 Main results summary of Study 6. The dynamics of respiration and heat release rates 

during the decomposition of glucose and starch. 

1.4.2 Effect of biotic and abiotic factors on soil enzyme activity 

1.4.2.1 Straw incorporation and localization 

The distribution of β-glucosidase, cellobiohydrolase, and leucine-aminopeptidase activities was 

strongly linked to the location of straw within the soil profile, indicating the primary pathways for 

carbon and nitrogen movement between straw and soil. This indicates that the detritusphere plays a 

crucial role in soil carbon and nitrogen cycling. The activity of the C-acquiring enzyme in the 

detritusphere was higher on day 7 than on day 15 (Figure ES8). This increase could be attributed to 

the availability of cellulose-rich substrates from added straw (Cenini et al., 2016). However, the 

activity of the C-acquiring enzyme decreased on day 15, mainly due to the reduction in easily available 

substrates and the presence of recalcitrant lignin-dominated straw fractions (Zhao and Zhang, 2018). 

It is important to note that our case study was based on lab incubation, which only focused on short-

term effects after straw incorporation. To evaluate the long-term effects, especially considering the 
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complex soil temperature and moisture variation, future in situ field studies are needed. Additionally, 

leucine-aminopeptidase activity in the detritusphere decreased from day 7 to day 15. Ma et al. (2018) 

found a correlation between the composition of the microbial proteolytic community, their proteolytic 

gene expression, protease activity, and plant nitrogen uptake. Consequently, the decrease in leucine-

aminopeptidase activity may be attributed to a shift in enzyme production from degrading relatively 

labile polypeptides, such as leucine-aminopeptidase, to relatively complex compounds, such as 

chitinase, for N. The straw-induced detritusphere is generally the main pathway for translocating C 

and N between straw and soil (Vidal et al., 2021). Straw decomposition limits the hot moment of 

enzyme activities in the detritusphere (Kuzyakov and Blagodatskaya, 2015). 

 

Figure ES8 Rhizosphere and detritusphere enzyme activity in soil without straw (Control), with 

localized and homogenized straw incorporation on day 7 and 15. 

The activity of the C-acquiring enzyme in the rhizosphere was larger on day 7 than on day 15 in 

both straw localizations, with a notably higher effect size on day 15. This is likely due to strong nutrient 

competition between roots and microorganisms during the initial stage of straw decomposition, which 

stimulated enzyme activity in the rhizosphere (Peng et al., 2016). However, the enzyme activities 

responsible for C and N acquisition in the detritusphere were higher compared to those in the bulk soil. 

This indicates that the addition of exogenous organic matter (i.e. straw) has a significant stimulating 

effect on enzyme activity. Moreover, the amount of straw per unit volume in the localized soil is six 

times greater than that in the homogenized soil layer. As a result, the activity of C- and N-acquiring 

enzymes in the detritusphere of the localized straw treatment was significantly higher than that in the 

homogenized straw treatment. 
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1.4.2.2 AMF symbiosis, moisture and plant species  

 

Figure ES9 Hotspot percentage and rhizosphere extent under AMF and drought condition. 

Under drought conditions, the absence of AMF resulted in a threefold reduction of the acid 

phosphomonoesterase hotspot percentage compared to the optimum condition (Figure ES9). However, 

with AMF inoculation, the reduction was only twofold which indicating AMF boosts the P availability 

for plants in the enzymatic pathway by enlarging acid phosphomonoesterase hotspots and rhizosphere 

expansion. The presence of AMF increased the hotspot area by 40% and 53% in optimum and drought 

conditions, respectively, compared to conditions without AMF. This can be explained by the fact that 

AMF can play the role of root hairs and enlarge the overall extent of the absorbing surface of the host 

roots by 40 times (Pepe et al., 2016). Enzymatic hotspot area increased by 9% under drought conditions 

compared to optimum conditions with AMF symbiosis. Under water stress conditions, the rhizosphere 

size was reduced by 78% compared to the optimum condition. However, in plants inoculated with 

AMF, the rhizosphere extent was almost the same as that under the optimum condition (without AMF), 

and 71% higher than the non-mycorrhizal rhizosphere under the same stress. Thus, AMF stimulated 

microbial-mediated processes and extended hotspots around the roots under water stress by forming 

favorable microsites for microorganisms (Hoang et al., 2022).  
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Figure ES10 Activities of β-Glucosidase, chitinase and acid phosphatase in rooted soil and bulk soil 

of maize and soybean. 

The symbiotic relationship with AMF resulted in an increase in β-glucosidase activity in both 

maize and soybean (Figure ES10). However, it decreased chitinase activity in soybean, while there 

was no effect on acid phosphatase activities. The competition for carbon demand between free-living 

microorganisms and symbiotic AMF promoted the generation of β-glucosidase in the rhizosphere 

compared to the bulk soil. The opposite patterns of chitinase activity between maize and soybean can 

be explained by two mechanisms. Soybean roots synthesize isoflavonoids to attract N-fixing bacteria 

and form nodules, enabling the fixation of N2 from the atmosphere (Weston and Mathesius, 2013). 

These organic N compounds are released into the soybean rhizosphere as a source of inorganic N after 

microbial decomposition (Jalonen et al., 2009). Additionally, AMF hyphae transfer N from the 

surrounding area to the rooted zone (Sierra and Daudin, 2010). The rooted-zone microbial community 

prioritizes the uptake of available N source, which reduces the activation of chitinase synthesis in the 

soybean rhizosphere. Consequently, chitinase activities in soybean treated with AMF were lower than 

in the control. On the other hand, maize exhibited higher chitinase activity in the rhizosphere than in 

the bulk soil, indicating that the chitinase activity of microorganisms under AMF effects depends on 

the level of symbiosis between plants and fungi. In both (+AMF) and (-AMF) treatments, maize 

exhibited higher acid phosphatase activity than soybean. This finding may be attributed to the higher 

demand for phosphorus in maize during harvesting, which stimulated the production of acid 

phosphatase enzymes in both maize and microbes. 

1.4.2.3 Dry-rewetting pattern 
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 Figure ES11 Soil enzyme activities of chitinase, β-D-glucosidase and acid phosphomonoesterase of 

5 sampling times under rewetting and flooding patterns, respectively. 

Drought led to a decrease in enzyme activities (Figure ES11), indicating adverse effects on 

microbial functions, attributable to a significant decline in environmental water potential caused by 

drought, leading to an imbalance between the water potential inside and outside microbial cells 

(Schimel, 2018). Acid phosphomonoesterase exhibited a delayed response to drought, whereas 

prolonged water stress reduced all three enzyme activities. The initial decline in chitinase and β-

glucosidase activities during drought suggests the decomposition of chitin and cellobiose, which are 

more vulnerable to water stress than phosphate ester hydrolysis. The soil in our study was sampled 

during the dry season and preconditioned to 60% of its water holding capacity before drought exposure. 

Thus, the reduction in enzyme activities during experimental drought may indicate a return to the initial 

natural state or reflect the historical memory of the original condition. The varied responses of enzyme 

activity reduction to drought underscore the significant influence of environmental and climate history 

on moisture response through microbial community selection (Evans et al., 2022). 

All enzyme activities exhibited diverse responses to rewetting (Figure ES11). Abrupt rewetting 

and flooding possibly caused an osmotic shock for microbial communities, resulting in a further 
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decline in chitinase and β-glucosidase activities. Under flooding conditions (100% WHC), these 

activities reached even lower values compared to drought. However, acid phosphomonoesterase 

activities immediately increased after rewetting and flooding due to available labile organic P 

compounds (Nguyen and Marschner, 2005), serving as substrates for microorganisms. Compared to 

abrupt rewetting and flooding at T4, prolonged rewetting and flooding led to increased activities of β-

glucosidase and acid phosphomonoesterase, irrespective of moisture levels. However, the response of 

chitinase activity to prolonged rewetting and flooding produced contrasting results. Prolonged flooding 

may boost chitinase activity due to soil denitrification, reducing nitrogen availability for microbial 

demand and stimulating chitinase production (Tomasek et al., 2019; Luo et al., 2019). Conversely, 

rewetting might trigger the release of osmolytes rich in nitrogen compounds, resulting in reduced 

chitinase activity (Csonka, 1989). Collectively, enzyme activity recovery after prolonged rewetting 

while flooding induced a greater recovery of enzyme activities compared to rewetting (Wang et al., 

2023b).  

1.4.2.4 Soil warming, increasing salinity and microbial growth stage 

The enzyme activities increased up to 2.9 times after 48 hours of incubation of the unamended 

soil, compared to the initial state of the soil. This increase can be attributed to the addition of a nitrogen 

and phosphorus nutrient solution prior to soil incubation, resulting in a higher increase in C-acquiring 

enzyme activities compared to N- and P-acquiring enzyme activities. Furthermore, salinity alone did 

not significantly affect the activities of β-Glu, Leu, and Phos after 48 hours of basal respiration in non-

amended soil. This suggests that the metabolic processes associated with these enzymes are not altered 

by salinity. However, upon the addition of glucose, all measured enzyme activities increased by 68-

336% within the first 12 hours, indicating preparation for microbial growth (Mason-Jones et al., 2022). 

Notably, the activities of enzymes that acquire C (β-Glu, Cello) increased more strongly than those 

that acquire N (Leu) and P (Phos), despite the input of external labile carbon (glucose). Subsequently, 

all measured enzyme activities remained stable or slightly decreased until the end of the experiment 

(Figure ES12), indicating that substrate demand remained constant during the microbial growth and 

retardation stage. The dynamics of enzyme activity during microbial growth and retardation did not 

change with warming and increased salinity, suggesting that the microbial community is relatively 

resistant to moderate environmental changes (Wang et al., 2023b).  
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Figure ES12 Glucose induced soil respiration rate and soil enzyme activity (Vmax) of cellobiohydrolase 

(Cello), β-D-glucosidase (Glu), leucine aminopeptidase (Leu) and acid phosphomonesterase (Phos) 

at 20 and 22 ℃ 

1.4.2.5 Substrate quality and decomposition stage 

The activity of α-GLU increased after substrate addition, especially with G+S, indicating a quick 

microbial response to easily available substrates (Figure ES13). The higher α-Glu activity on day 1 

suggests early starch decomposition compared to the S treatment, as α-Glu is a specific enzyme for 

starch decomposition (German et al., 2011). This implies that glucose addition could prime the soil 

organisms (Kuzyakov, 2010), thus accelerating starch decomposition. In contrast, β-Glu activity 

showed a significant increase on day 6, indicating a change in microbial community dynamics or 

substrate utilization patterns. This is because the glucose substrate was depleted initially, resulting in 

the release of more β-Glu to obtain more labile substrate for microbial growth at a later stage. Chit 

activity initially declined, possibly due to the complexity of chitin as a substrate. However, it stabilized 

thereafter, with higher activity observed with the S treatment, indicative of distinct microbial 

preferences. The activity of Phos increased significantly after the addition of substrate, indicating a 

microbial response to phosphorus-containing compounds. The G+S treatment showed sustained higher 

activity, suggesting synergistic substrate effects. 

 

Figure ES13 Soil enzyme activity (Vmax) and substrate affinity (Km) of α-D-glucosidase, β-D-

glucosidase, chitinase and acid phosphatase. 

Regardless of substrate quality, oxidase activity exhibited a similar trend during substrate 

decomposition (Figure ES14). This suggests that oxidative enzymes are less substrate-specific than 
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hydrolytic enzymes. Peroxidases produce oxygen radicals that can attack a diverse array of substrates 

(Schnecker et al., 2019; Sinsabaugh, 2010). The correlation between peroxidase and total oxidative 

activity demonstrates the interdependence of enzymatic pathways in response to substrate availability. 

Additionally, oxidase activities were higher in the G treatment compared to the G+S and G treatments 

from day 6 to 18, suggesting that substrate limitation may stimulate oxidase activity. Microorganisms 

frequently transition to oxidative enzymes to break down complex organic material after labile 

substrates are exhausted (McDaniel et al., 2014). The enzyme activity dynamics results show that 

substrate addition can increase enzyme activity. However, hydrolase activity responds more 

specifically and strongly to substrate decomposition with different qualities compared to oxidase 

activity. 

 

Figure ES14. Soil gross oxidative enzyme activities and substrate affinity of total oxidative, phenol 

oxidase, and peroxidase. 

1.4.3 Effect of biotic and abiotic factors on soil organic matter decomposition 

1.4.3.1 Glucose exudation response to AMF symbiosis and moisture 

Under optimal conditions, glucose was evenly exuded along the root and root tips (Figure ES15). 

However, drought significantly reduced glucose exudation, resulting in an overall decrease in 

exudation (Liese et al., 2018), particularly from the mature part of the root. Interestingly, AMF greatly 

enhanced glucose hotspots compared to non-mycorrhizal plants. Glucose exuded from roots is 
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characterized by its lability and ready utilization, and can be directly absorbed by AMF as a source of 

carbon (Bücking et al., 2008), stimulating AMF hyphae branching and lengthening. Conversely, AMF 

may contribute to glucose release through the expression of β-glucosidase, mobilizing oligo- and 

polysaccharides, or glycosylated compounds. Therefore, the enhanced detected glucose signal could 

be attributed to the concomitant direct secretion from plant roots or produced as a final product of β-

glucosidase activity within the rhizosphere. 

 

Figure ES15 The exudation of glucose (nmol cm-2) along root and root tips shown in white color. 

1.4.3.2 Substrate affinity response to soil rewetting level 

The substrate affinity (Km) remained stable after an abrupt change in soil moisture, both during 

prolonged drought and after rewetting (Figure ES16). This observation suggests that the soil microbial 

community adopts a survival strategy following drought, allocating greater energy and nutrients 

towards maintaining the efficiency of enzyme-substrate interactions to support biomass accumulation. 

The stronger response of SIR to rewetting compared to drought could be attributed to the C use 

efficiency of the dominated microbial communities (Figure 2-6). The study found a positive correlation 

between the SIR pattern and the qCO2 (Figure 2-7), suggesting that microbial communities prioritize 

maintaining respiration processes over cell growth and reproduction (Sun et al., 2017). Additionally, 

there may be a shift towards less C-efficient groups in the microbial community. This resulted in longer 

substrate turnover times for chitinase and β-glucosidase after rewetting compared to drought (Figure 

2-5). However, according to Nguyen and Marschner (2005), the release of labile organic P immediately 

after abrupt rewetting accelerated the activities and catalytic efficiency of acid phosphomonoesterase. 

This led to a shorter substrate turnover time compared to prolonged drought. Microbial responses to 

dry-rewetting are specific to enzymes and dependent on the level of rewetting. Enzyme systems are 

more impacted by rewetting at 60% WHC, while enzyme synthesis is more affected by flooding at 

100% WHC (Wang et al., 2023b). 
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Figure ES16 Soil enzyme substrate affinities (Km) of chitinase, β-D-glucosidase and acid 

phosphomonoesterase of 5 sampling times under rewetting and flooding patterns, respectively. 

1.4.3.3 Interactive effect of increasing salinity and warming on respiration and heat release 

The impact of salinity on soil respiration and heat release is highly dependent on the availability 

of organic substrate and the state of microbial activity (Figure ES17). In non-amended soil, increasing 

salinity did not have a significant effect on either respiration or heat release (Figure 5-1), indicating a 

certain level of resilience in the microbial community to stress induced by salinity. According to 

Blagodatskaya et al. (2007), the limited activity and sensitivity of microbial processes to changes in 

salinity levels may be attributed to the absence of labile organic matter, such as glucose. Increasing 

salinity significantly delayed all phases of microbial growth on glucose, including lag-time, 

exponential growth, time of the peak, and growth retardation, as monitored by respiration and heat 

release (Figure 5-4). This delay can be attributed to osmotic stress imposed on microbial cells and 
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substrate availability (Rath and Rousk, 2015). Although the soil pH decreased by only 1.8%, it had a 

significant impact on the microbial growth. High levels of salinity can disrupt the osmotic balance 

within cells, which in turn affects their physiological functions. This osmotic stress can lead to a 

decrease in microbial metabolic activity, including glucose decomposition. 

 

Figure ES17 Glucose induced soil respiration rate and heat release rate under 3 salinity levels at 20 

and 22 ℃. 

1.4.3.4 Decomposition dynamic response to substrate quality 

The respiration rate and heat flow associated with starch exhibited a delay compared to glucose at 

equivalent concentrations of carbon substrate addition (Figure ES17), implying a greater difficulty in 

starch decomposition relative to glucose, suggesting the involvement of distinct metabolic pathways 

and enzymatic processes in their breakdown (Gunina and Kuzyakov, 2015). The decomposition of 

starch and glucose in soil is characterized by unique dynamics in the patterns of heat release rate and 

respiration rate. The degradation of starch begins with an early surge in heat release rate, which is 

caused by the enzymatic breakdown of its complex polysaccharide structure into labile carbon 

substrates such as glucose. This breakdown results in heat production as a byproduct (Baker and 

Allison, 2017). However, the respiration rate showed a delay, indicating a microbial adaptation delay 

in utilizing the labile carbon substrate for energy production. In contrast, glucose decomposition 

showed a simultaneous increase in heat release and respiration rates, indicating its direct metabolism 

by soil microbes without the need for extensive enzymatic breakdown. 

When glucose and starch were added together, the respiration and heat release rates remained 

constant for three days after the glucose decomposition slowed down, indicating that starch 

decomposition began earlier compared to when only starch was added. This observation suggests that 

glucose decomposition acted as a catalyst for starch decomposition in soil ecosystems. This 

phenomenon may be attributed to various mechanisms, such as enzyme production, increased 

microbial activity, and enhanced nutrient availability resulting from glucose decomposition 

(Blagodatskaya et al., 2009; Dungait et al., 2012). The presence of glucose stimulates microorganisms 

to produce more enzymes for starch breakdown, thereby accelerating decomposition rates. The 

decomposition of glucose releases nutrients and energy that can support microbial growth and activity, 
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which may accelerate the decomposition of starch and other recalcitrant substrates in the soil. This 

finding highlights the impact of labile carbon substrates, such as glucose, on the decomposition of 

recalcitrant carbon substrates, such as starch, in soil ecosystems. 

1.4.4 Effect of biotic and abiotic factors on carbon use efficiency and calorespirometric ratio 

1.4.4.1 CUE and CR ratio response to microbial growth stage, increasing salinity and warming 

 

Figure ES18 Carbon use efficiency during the glucose decomposition dynamic under salinity and 

warming condition. 

The decrease in CUE during the exponential growth and retardation phase was postponed by 

increasing salinity (Figure ES 18). This delay can be attributed to the slowdown of glucose 

consumption and microbial growth caused by the higher salinity. However, the CUE estimated during 

exponential growth before substrate exhaustion essentially exceeded the maximal values of growth on 

glucose in pure microbial cultures (Sinsabaugh et al., 2013). The estimated CUE at the peak of CO2 

release varied between 65-70%, indicating a slight overestimation but aligning well with the actual 

CUE. The contribution of priming, i.e. SOM-C co-decomposed with glucose-C, was not considered as 

the added glucose was unlabeled. However, any positive priming effect would have decreased the CUE 

values, which was not observed in our study. The CUE values only declined below the 60% threshold 

after glucose uptake reached 95-98%, which corresponds to the actual CUE. Therefore, it is suggested 

that CUE estimation should be performed when the values stabilize, which occurs after 36-42 hours 

(at 22 ℃). Additionally, at the end of the retardation stage, the CUE remained stable at approximately 

0.42 under limited substrate availability. This value is slightly higher than the theoretical value of 

approximately 0.30 observed in multi-resource-limited natural systems (Sinsabaugh et al., 2013), 

which suggests a potential overestimation of CUE even during the retardation stage until the whole 

amount of substrate is metabolized. During the growth preparation and exponential growth stages, 

CUE was overestimated, which aligns with the apparent CUE. However, during the retardation stage, 

CUE decreased to around 60%, indicating a closer correspondence to the actual CUE. 
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Figure ES19 Calorespirometric ratio obtained before glucose addition, 28 hours after glucose 

addition at 20 ℃ and 24 hours after glucose addition at 22 ℃, and calorespirometric ratio dynamic 

after glucose addition at 20 and 22℃. 

At the onset of glucose addition, the CR ratio exhibited a sharp increase (Figure ES19), suggesting 

the allocation of substrate and energy towards processes beyond respiration (Hansen et al., 2004). 

Within the initial 6 hours following glucose addition, the CR ratio significantly surpassed the 

oxycaloric equivalent (469 kJ mol-1 CO2) for aqueous glucose combustion, indicating either additional 

heat release from accompanying processes or a lower respiration rate compared to the complete 

oxidation of glucose. This surplus heat might result from priming due to the metabolism of highly 

reduced substrates other than carbohydrates or the incomplete oxidation of the substrate to CO2 

(Chakrawal et al., 2020). Moreover, this excess heat could also be directed towards the synthesis of 

storage compounds or the enhancement of enzyme activity. Throughout the exponential growth phase, 

the CR ratio remained stable and generally corresponded to 469 kJ mol-1 CO2 (Geyer et al., 2019). 

Notably, increasing salinity subsequently augmented the CR ratio by 81-126% during both the 

exponential growth and retardation phases. After reaching the peak of respiration and entering the 

retardation stage, the CR ratio gradually declined to below 250 kJ mol-1 CO2, indicative of a stronger 

reduction in heat production compared to complete glucose oxidation. Thus, during the retardation 

stage, the added glucose was not entirely oxidized to CO2 under the conditions of fermentation or 

combined fermentation and aerobic decomposition (Chakrawal et al., 2021). 

1.4.4.2 The CUE and calorespirometric ratio response to different substrate quality 
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Figure ES20 Calorespirometric ratio dynamic after substrate addition. Line and shadow represent 

mean ± standard error (n =3). 

The Carbon Use Efficiency of substrate addition with different qualities exhibited varying patterns 

concerning substrate decomposition dynamics. The CUE of the G and G+S treatments exceeded 79% 

on day 1, whereas the CUE of the S treatment remained higher than 92% until day 6. The higher CUE 

values observed before the added substrate began decomposing indicate a microbial shift to the growth 

preparation stage, where a substantial portion of substrate and energy is directed towards the synthesis 

of storage compounds or specific enzymes not directly associated with CO2 production (Mason-Jones 

et al., 2022). The notable increase in MBC on day 1 supports this observation. The CUE of S surpassed 

100%, possibly due to lower substrate-induced respiration at the initial stage following starch addition 

(Figure ES7). This led to SIR rates lower than basal respiration, resulting in negative respired carbon. 

The estimation prior to the peak of SIR indicated overestimated values (above 60%), corresponding to 

apparent rather than real CUE (Sinsabaugh et al., 2013). The CUE declined after the peak of respiration 

rate until the end of the experiment, suggesting that soil microorganisms allocated more substrate and 

energy towards respiration rather than the synthesis of storage compounds (Dijkstra et al., 2015). 

Furthermore, MBC also decreased during the later stage of incubation, potentially induced by limited 

substrate and nutrient resources, implying microbial death, which can further decrease the CUE. 

On the other hand, at the beginning of substrate addition in the G and G+S treatments, the CR 

ratio showed a rapid increase (Figure ES20), indicating a stronger allocation of substrate and energy 

to processes other than respiration. Following this, the CR ratio remained stable and lower than the 

oxycaloric equivalent (469 kJ mol-1 CO2) for aqueous glucose combustion until the end of the 

incubation. This suggests a balance between the allocation of substrate and energy to processes and 

respiration, and a higher respiration rate compared to the complete oxidation of the substrate. However, 
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the CR ratio of the S treatment gradually increased to 1200 kJ mol-1 CO2 by day 5 and remained around 

1100 kJ mol-1 CO2 from day 5 to day 7, exceeding the oxycaloric equivalent (469 kJ mol-1 CO2) for 

aqueous glucose combustion. This indicates either additional heat release from accompanying 

processes or a lower respiration rate compared to the complete oxidation of the substrate. The 

additional heat could result from priming due to the metabolism of substrates with lower availability 

other than carbohydrates, or the incomplete oxidation of the substrate to CO2 (Chakrawal et al., 2020). 

Additionally, the excess heat generated can be used for synthesizing storage compounds or enhancing 

enzyme activity. The simultaneous occurrence of CR ratio peaks of S treatment suggests that the 

decomposition of recalcitrant carbon substrates requires more enzymes and energy. Finally, the CR 

ratio of all treatments remained below the oxycaloric equivalent (469 kJ mol-1 CO2) from day 10 to 

day 18, indicating a significant reduction in heat production compared to complete glucose oxidation. 

This suggests that the added substrate was not entirely oxidized to CO2 under fermentation or 

combined fermentation and aerobic decomposition conditions (Chakrawal et al., 2021). Thus, our third 

hypothesis was confirmed: the CUE and CR ratio change with the microbial growth stage. 

1.5 Conclusions 

This thesis investigates the impact of abiotic and biotic factors on soil enzyme activity, organic 

matter decomposition, and carbon use efficiency. Specifically, the incorporation of straw into soil 

creates a hotspot for soil enzyme activity, known as the detritusphere, which enhances enzyme 

activities in both the rhizosphere and soil profile. However, homogenized straw incorporation 

intensifies nutrient competition between microorganisms and roots, thereby limiting plant performance. 

Additionally, soils subjected to dry-rewetting cycles trigger microbial activity recovery, while flooding 

primarily affects enzyme synthesis. Moreover, the symbiosis between plants and arbuscular 

mycorrhizal fungi (AMF) creates favorable microsites, enhancing glucose release and enzyme 

activities in the rhizosphere and mycorrhizosphere, which aids resistance to drought stress. The 

nutrient demands of different plant species influence the impact of AMF on enzyme activity 

characteristics in the rhizosphere. Furthermore, salinity negatively affects soil respiration and 

microbial growth, particularly under conditions of warming or organic matter input, with labile 

substrates exacerbating these negative effects. The dynamics of enzyme activity and microbial carbon 

use efficiency correlate with microbial growth stages. Labile carbon substrates are more readily 

utilized by soil microbes compared to recalcitrant ones, and their presence can accelerate the 

decomposition of recalcitrant carbon substrates in soil. 

Overall, this thesis demonstrates the variable effects of multiple abiotic and biotic factors on soil 

enzyme activity and organic matter decomposition through soil incubation experiments, 2D imaging, 

and soil sample measurements. The importance of multi-factor interactions on soil microbial processes, 

enzymatic mobilization, and organic matter decomposition is emphasized. Further studies are 

suggested to focus on modeling the effects of abiotic and biotic factors on soil processes and predicting 

potential outcomes under changing climatic conditions. 
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Wang, S., Zhang, X., Zhou, J., Xu, Z., Ma, Q., Chu, J., ... & Razavi, B. S. (2023). Transition of spatio-temporal distribution 

of soil enzyme activity after straw incorporation: From rhizosphere to detritusphere. Applied Soil Ecology, 186, 104814. 

https://doi.org/10.1016/j.apsoil.2023.104814 

Abstract 

The rhizosphere and detritusphere are hotspots of soil enzyme-mediated microbial processes, but little 

is known about their spatio-temporal distribution and interactions in situ, especially after straw 

incorporation. To answer this question, we planted maize in rhizosboxes with three wheat straw 

localizations: a) straw incorporated in the upper 2cm of soil (straw localized); b) straw mixed with all 

the soil (straw homogenized); and 3) without straw (control). Zymography was used to investigate the 

spatio-temporal distribution of soil C- and N- acquiring enzyme activities in the rhizosphere (living 

roots) and detritusphere (straw induced), which depends on straw localization (localized vs. 

homogenized) and time (7 vs. 15 days after planting). The hotspot area of enzyme activities was similar 

in the detritusphere compared to the rhizosphere at the early stage (day 7), suggesting the importance 

of detritusphere in driving C and N cycling. Compared with homogenized straw, higher C- and N-

acquiring enzyme activities in detritusphere were observed in the treatment with localized straw, which 

indicates that straw localization had a marked impact on the enzyme activity in the detritusphere. 

Although enzyme activities in rhizosphere and detritusphere decreased with time from straw 

application, straw incorporation increased the enzyme activities in the rhizosphere (especially with 

localized straw) compared to control at the late stage (day 15). Furthermore, homogenized straw 

greatly reduced plant height (-36%), leaf area (-49%), SPAD (-49%), and shoot weight (-53%) than 

control at the late stage, but localized straw had little impact on plant performance. In conclusion, 

straw incorporation forms another soil enzyme activity hotspot (detritusphere) and promotes enzyme 

activities in the rhizosphere and soil profile. Collectively, homogenized straw incorporation intensified 

nutrient competition between microorganisms and roots and restricted plant performance.  

 

https://doi.org/10.1016/j.apsoil.2023.104814
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1. Introduction 

Straw incorporation is conventional management for carbon (C) sequestration and nutrient input, 

and has great potential in enhancing soil fertility and crop yield in agricultural ecosystems (Liu et al., 

2014). It is well known that the impact of straw incorporation on crop yield and biomass depends on 

its localization (i.e., straw mulching and incorporation) (Xu et al., 2019; Wang et al., 2021a). Where 

the core effect of straw incorporation on plant growth is linked to the belowground processes effecting 

C and nutrient turnover in microbial hotspots (rhizosphere and detritusphere), these microbial hotspots 

become the key areas of belowground processes (Zhang et al., 2021). The input of large quantities of 

straw-derived C into the soil may form the detritusphere (i.e. at the soil-straw interface) causing the 

formation of microbial hotspots through the stimulation of microbial activity, as well as 

biogeochemical processes (Li et al., 2019; Liu et al., 2021a; Zhou et al., 2021b). However, it remains 

unknown how straw localization affects the biogeochemical processes and enzyme activities in these 

detritusphere hotspots. 

The spatial localization of microorganisms within the detritusphere plays a vital role in C and 

nutrient cycling by influencing microbial nutrient utilization and subsequent turnover (Bastian et al., 

2009; Li et al., 2021). Specifically, microorganisms can decrease the N availability for plants via N 

immobilization (Kuzyakov and Xu, 2013). Thus, more N will be incorporated into the microbial 

biomass and consequently decreasing the N availability for plant growth (Dunn et al., 2006). 

Furthermore, straw incorporation processes are not exclusive drivers in the formation of the 

detritusphere, but also influence rhizosphere processes (Sun et al., 2020). The rhizosphere acts as the 

interaction area between roots and surrounding soil contains high concentrations of labile C in the form 

of root exudates, creating a microbial hotspot of nutrient cycling (Zhang et al., 2020). Thereby, the 

identification of both rhizosphere and detritusphere induced hotspots allows a precise assessment of 

their influence on biogeochemical processes along with the soil profile and at the ecosystem scale. 

However, we lack in situ knowledge for the comparison of spatial distribution of straw-induced 

detritusphere and rhizosphere microbial hotspots.  

Soil enzymes are key factors in the mediation of soil organic matter decomposition and nutrient 

cycling (i.e., soil biogeochemical processes) (Sinsabaugh et al., 2008). Whereby, the determination of 

soil enzyme activity has been widely used to explore the effect of straw incorporation on the interaction 

between plants and microbes (Wu et al., 2020). Specifically, straw localization may influence the 

spatial position of soil-microbe interactions by affecting nutrient availability and soil properties, and 

thereby have a diverse effect on enzymatic activity (Nevins et al., 2020; Tian et al., 2020; Xiao et al., 

2021). Direct soil zymography, is a non-destructive in situ technique based on two-dimensional 

imaging that enables visualization of the spatial extent of enzyme activity (Razavi et al., 2019). To 

obtain a mechanistic understanding of the impact of straw localization on plant-microbe-soil 

interactions, zymography is essential to evaluate the spatial distribution of enzymes in the microbial 

hotspots (i.e., rhizosphere and detritusphere).  

Here, we identified the impact of straw incorporate localization (localized and homogenized) on 
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maize growth and soil biochemical properties. Specifically, direct soil zymography was used to 

identify the spatial and temporal distribution of enzyme activities involved in the acquisition of C and 

N in the rhizosphere, detritusphere, and bulk soil. Overall, we hypothesized that: 1) the response of 

enzyme activities related to C- and N-acquisition to straw localization is greater in detritusphere than 

rhizosphere due to the released available substrates from straw degradation; 2) homogenized straw 

intensified the nutrient competition between microorganisms and plants more than localized straw, 

since straw is decomposed homogeneously through the soil profile.  

2. Materials and Methods 

2.1 Soil and straw preparation 

The soil was sampled from a depth of 0-20 cm at the Wuqiao experimental station of China 

Agricultural University, located in Cangzhou city, Hebei province, China (37°41′N, 116°35′E). The 

soil is classified as a calcaric fluvisol (WRB, 2015) developed on an alluvial plain with a sandy loamy 

texture (Liu et al., 2022). Soil samples were homogenized, sieved (< 2 mm), and visible plant residues 

and stones were manually removed for rhizobox experiments. The main soil properties were pH (1:2.5 

H2O) 7.7, soil organic carbon (SOC) 9.0 g kg-1, total nitrogen (TN) 1.3 g kg-1, total phosphorous (TP) 

1.7 mg kg-1, available phosphorous (Olsen-P) 89.9 mg kg-1 and available potassium (K) 87.5 mg kg-1. 

For detailed information regarding the measured soil properties refer to Wang et al., (2020). The wheat 

(Triticum aestivum L., cv. Jimai 22) material was harvested at maturity and prepared by drying and 

crushing straw into 2 mm pieces. The C, N, and P of the straw were 417.1 g C kg-1, 6.2 g N kg-1, and 

3.1 g P kg-1, respectively.  

2.2 Experimental setup 

The experiment was designed to simulate the winter wheat-summer maize rotation system. Three 

straw localizations were characterized as follows: a) straw localized incorporation: straw was mixed 

with the top 2 cm of soil; b) straw homogenized incorporation: straw was mixed into the whole soil 

profile; c) control: soil without straw incorporation (Figure 1). The dry weight of added straw was 1 g 

per rhizosbox, which was equivalent to the normal field incorporation rates (7 Mg ha-1) in this region 

(Liu et al., 2021b), and the soil water content of added fresh soil was equivalent to 60% of water 

holding capacity. For the straw localized incorporation, 320 g of fresh soil was initially placed in the 

rhizoboxes (12 × 12 × 2 cm), and then 1 g dry straw was mixed with 40 g fresh soil in a 2 cm topsoil 

layer. For the straw homogenized incorporation, 1 g dry straw was mixed with 360 g fresh soil and 

then placed in the rhizoboxes. The control only contained 360 g fresh soil without any straw 

incorporation. Each treatment consisted of six replicates corresponding to a total of 18 rhizoboxes. 

Before plantation, the soil and straw were pre-incubated in the rhizoboxes for 28 days under darkness 

at room temperature (~25 oC). Maize (Zea mays L., cv. Zaohuangnuo) seeds were pre-germinated on 

wet filter paper (72 h in the dark), and then one germinated seed was placed in the middle of the 

rhizoboxes. After maize plantation, the rhizoboxes were kept an angle of 45°, thus the maize roots 

could grow near the lower wall of the rhizosbox due to gravity. Furthermore, the rhizoboxes were 

incubated at room temperature (~25 ℃) and constant humidity (~65%) with a photoperiod of 12 h 

light and 12 h night. Every two days water was added to the rhizoboxes to maintain soil moisture at 

60% water holding capacity. Every two days water was added to the rhizoboxes to maintain soil 

moisture at 60% water holding capacity throughout the experiment by weighting.  
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Figure 1-1 Schematic representation of the experimental design with the localized and homogenized 

straw treatments, as well as the control. Brown dots in the rhizobox represent wheat straw pieces. 

2.3 Soil zymography 

At 7 and 15 days after plantation, soil zymography was used to visualize the distribution of 

enzymes on the soil surface (Razavi et al., 2016). β-glucosidase (EC 3.2.1.21), cellobiohydrolase (EC 

3.2.1.91), and leucine-aminopeptidase (EC 3.4.11.1) enzyme activities were detected by 4-

methylumbelliferone (MUF)-β-D-glucoside, 4-MUF-β-D-cellobioside, and l-leucine-7-amido-4-

methylcoumarin (AMC), respectively. The function of these enzymes can be found in Table S1. Each 

of these substrates were dissolved separately in a 0.1 M 4-morpholineethane sulphonic acid 

hemisodium salt (MES) buffer (for MUF substrate) and 0.05 M 2-amino-2-(hydroxymethyl)-1,3-

propanediol (TRIZMA) buffer (for AMC substrate).  

The rhizoboxes were carefully opened from root side on day 7 and 15, respectively. Then, the 

polyamide membrane filters (size: 12 × 12 cm; pore size: 0.45 μm; Taoyuan, China) were directly 

placed on the soil-root surfaces and saturated with the corresponding enzyme substrates. Soil 

zymography was performed first for cellobiohydrolase, then for β-glucosidase, last for leucine-

aminopeptidase, in all cases with freshly prepared membranes. Cover membrane with a glass plate 

during incubation to keep the membrane closely contact with the soil-root surface and prevent 

evaporation (Figure S1). After 1h incubation, the membranes were carefully lifted off the soil-root 

surfaces and any attached soil particles were gently removed with a soft brush. The membranes were 

placed under UV light with 356 nm wavelengths and zymograms were taken with a camera (Canon 

EOS 750D). The distance between zymograms and equipment (i.e., UV light and camera) was fixed 

at 30 cm during zymography. 

The gray-values (representing the fluorescence signal) of the zymograms were converted to 

enzyme activities according to standard calibration. This was prepared from the polyamide membranes 

(2 cm × 2 cm) soaked in a solution of MUF (0, 0.02, 0.05, 0.1, 0.2, 0.4, 0.6, 0.8 and 1.0 mM) and AMC 

concentrations (0, 0.1, 0.25, 0.5, 1.0, 2.5 and 5.0 mM). The membranes were imaged under the same 

conditions as the samples. 
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2.4 Measurement of soil biochemical properties 

After zymography at 15 days after plantation, maize plant was destructively sampled from each 

rhizobox and soil was carefully collected for further analysis. The soil from the straw localized 

rhizoboxes was divided into upper soil (from top 2 cm of rhizobox) and lower soil (from 2cm to bottom 

of rhizobox). The soil of straw homogenized and the control was sampled uniformly and randomly 

from each rhizoboxes. Nitrate (NO3
—N), ammonium nitrogen (NH4

+-N), microbial biomass carbon 

(MBC), and nitrogen (MBN) were measured immediately after sampling. Subsamples were stored at 

4 ºC for total nitrogen (TN) and soil organic carbon (SOC) analyses. All soil samples were sieved (< 

2mm) before these determinations and the final results were related to dry soil. 

SOC was analyzed using the K2Cr2O7-H2SO4 oxidation method (Wyland et al., 1994), and TN 

was measured using the Kjeldahl method (Mebius 1960). NH4
+-N and NO3

—N were extracted at a ratio 

of 5 g fresh soil to 40 mL KCl (2.0 mol L-1) and determined with a continuous flow analytical system 

(San++ system, Skalar, Holland). Microbial biomass C and N were determined by chloroform 

fumigation extraction (Vance et al., 1987), and detail operation can be found in “Materials and Methods” 

section of supplementary.  

2.5 Plant trait analysis 

The maize leaf chlorophyll content (SPAD value) was determined using a portable chlorophyll 

meter (SPAD-502 Plus, Konica Minolta, Tokyo, Japan) and was measured from 10:00 am to 12:00 am 

at 15 days after plantation. In terms of leaf size, three-six representative points on each leaf were 

randomly selected for SPAD measurement and all the leaves of all plants were measured, then the plant 

SPAD was defined as the average SPAD value of all its leaves. 

Leaf area per plant was calculated as the sum of expanded and rolled leaf area (Wang et al., 2021b) 

as follows:  

Expanded leaf area = leaf length × maximum width × 7.5                                                                (1) 

Rolled leaf area = leaf length × maximum width × 0.5                                                                      (2) 

For root morphological analysis, all roots were carefully picked with tweezers to avoid destroying 

the fine roots and then immersed in water to clean them. The cleaned roots were put in a clear perspex 

tray with a film of 0.9% NaCl saline and scanned with a modified flatbed scanner (EPSON Perfection 

V800, Seiko Epson, Nagano, Japan). The WinRHIZO software (Regent Instruments, Quebec City, 

Canada) was used to measure root diameter, root length, and surface area. Root length density (RLD) 

was determined as the total length divided by the soil volume (240 cm3), and root surface density (RSD) 

was calculated as the total surface area divided by soil volume. Root and shoot biomass were weighed 

after oven-drying at 75 ℃ for 48 h. 

2.6 Calculations  

All the calculations regarding zymograms were based on gray-values extracted from the images 

(see supplementary materials). We define the 2mm range outward from the root center as rhizosphere, 

and the 2mm range outward from the straw center as detritusphere. The criterium for hotspot 

identification is the gray-values higher than mean + 2 standard deviations of whole soil surface (Zhang 

et al., 2020). Specifically, soil with high color intensities (dark red) represents rhizosphere and 

detritusphere hotspots, while low intensities (blue) indicate bulk soil on the zymograms (Zhou et al., 

2021a).  
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Effects of straw incorporation on enzyme activities were determined as effect sizes: 

Effect size =  
𝐸𝑆−𝐸𝐶𝑂𝑁

𝐸𝐶𝑂𝑁
                                                                                                                              (3) 

when calculating the effect size of rhizosphere enzyme activity, ES is the rhizosphere enzyme activity 

with the straw incorporation (localized or homogenized), and ECON is the rhizosphere enzyme activity 

of control; when calculating the effect size of soil profile enzyme activity, ES is the soil profile enzyme 

activity with the straw incorporation (localized or homogenized), and ECON is the soil profile enzyme 

activity of control, and soil profile enzyme activity means the enzyme activity of the whole zymogram, 

including enzyme activity of bulk soil, rhizosphere and detritusphere. An effect size > 0 indicates that 

the straw localization has a positive effect on enzyme activity. 

To study the gradient of enzyme activity along the rhizosphere or detritusphere, we randomly 

drew 12 vertical lines from the center of the root or litter in each zymography image then converted 

the gray-values of the root by the calibrated standard curve for enzyme activity, then the enzyme 

activities in rhizosphere and detritusphere of each zymography image were defined as the average 

value of 12 vertical lines, respectively.  

2.7 Statistical analysis 

All data are presented as the means of six replicates ± standard error (n = 6). The Shapiro-Wilk 

test was used to check normality, and Levene tests were performed to check the homogeneity of 

variances prior to the analysis. All the results passed the normality and homogeneity test. One-way 

ANOVA followed by a post hoc least significant difference (LSD) test was applied to compare 

differences between straw localizations on the root, shoot and soil properties. The effects of straw 

localization and sampling location (rhizosphere and detritusphere) on enzyme activity and effect size 

were analyzed by a two-way ANOVA (n = 6). The significant difference of rhizosphere or detritusphere 

(bulk soil) enzyme activity between straw localizations was analyzed by one-way ANOVA followed 

by a post hoc LSD test. The significant difference of effect size between rhizosphere and soil profile 

was analyzed by T.Test. The Pearson correlation analysis was carried out to identify the pairwise 

relationship between soil enzyme activity, soil properties, and plant growth. Statistical analyses were 

considered using SPSS (version 20.0, IBM SPSS Inc., USA) for Windows. All bar, curve, and violin 

graphs were drawn using Origin 2019b (Origin Lab, MA USA). Significant differences were conducted 

at p < 0.05.  

3. Results 

3.1 Spatio-temporal pattern of enzyme activities 

The hotspots of enzyme activity were location-specific and concentrated around the root and 

added straw, regardless of straw localizations. The interaction effects of straw localization and 

measuring location (rhizosphere, detritusphere) strongly influenced enzyme activity (Table S2). The 

hotspot area of enzyme activity in the detritusphere was similar to that in the rhizosphere on day 7 

(Figure 2, S1, and S2). 
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Figure 1-2 Example of maize roots grown in rhizoboxes (center) and cellobiohydrolase zymography 

showing the spatial distribution of enzyme activities with straw localization (localized straw, 

homogenized straw and control) and plant growth (day 7 and 15).  
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Figure 1-3 Rhizosphere and detritusphere enzyme activity in soil without straw (Control), with 

localized and homogenized straw incorporation on day 7 and 15. Letters indicate significant 

differences among straw localizations (p < 0.05). The black circle in the violin plot indicates the mean 

value. Asterisks indicate significant differences among rhizosphere and detritusphere, **** indicates 

significance at the 0.0001 level.   

All measured enzyme activities decreased over time and the enzyme activities were lower in the 

detritusphere compared to the rhizosphere (p < 0.0001; Figure 3). Furthermore, all measured 

detritusphere enzyme activities of localized straw were higher than those of homogenized straw on 

day 7 (p < 0.05, Figure 3). However, the opposite trend was observed for leucine-aminopeptidase 

activity on day 15. In contrast, all measured rhizosphere enzyme activities of localized straw were 

notably higher than that of homogenized straw and control on day 15 (p < 0.05, Figure 3). Specifically, 

cellobiohydrolase activity in the rhizosphere of localized and homogenized straw was 8-22% and 80-

89% larger in comparison to control, respectively. The β-glucosidase activity in the rhizosphere 

increased with localized straw, but decreased with homogenized straw (p < 0.05). Leucine-

aminopeptidase activity in the rhizosphere of homogenized straw was 5-13% higher than that of 

localized straw (p < 0.05) whereas in the rhizosphere of control was 9-30% lower than localized straw 

(p < 0.05). Moreover, all measured detritusphere enzyme activity of both localized and homogenized 

straw were higher than bulk soil from control (p < 0.05; Figure 3), except β-glucosidase activity on 

day 15. Overall, straw localization has a much stronger effect on enzyme activities in the detritusphere 

than in the rhizosphere on day 7, and all measured rhizosphere enzyme activity of localized straw were 

higher than those of homogenized straw on day 15. 
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Figure 1-4 Effects of straw localization on cellobiohydrolase (a, b), β-glucosidase (c, d), and leucine-

aminopeptidase (e, f) activities in the whole soil profile or rhizosphere on day 7 and 15. The soil profile 

includes bulk soil, rhizosphere, and detritusphere. Letters indicate significant differences among straw 

localization (p < 0.05). Error bars represent standard errors (n = 12). Asterisks indicate significant 

differences among rhizosphere and soil surface, *** indicates significance at the 0.001 level, ** 

indicates significance at the 0.01, NS indicates no significant difference (p > 0.05).   

Furthermore, localized straw generally promoted enzyme activities in the rhizosphere, except 

leucine-aminopeptidase on day 7, and the positive effect was more pronounced on day 15 (Figure 4). 

On the soil profile, all measured enzyme activities notably increased by localized and homogenized 

straw according to the positive effect size on both day 7 and 15, except β-glucosidase of homogenized 

straw on day 15. Furthermore, the effect size on soil profile was significantly higher than that on 

rhizosphere, and the effect size on soil profile of straw localized was significantly higher than that of 
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straw homogenized on day 7 (p < 0.05; Figure 4). However, although straw incorporation affected the 

enzyme activities in the rhizosphere and detritusphere, it had slight impact on enzyme activities spatial 

range (Figure S4). 

 

Figure 1-5 Plant height (a), leaf area (b), SPAD-leaf chlorophyll content (c), shoot weight (d), root 

weight (e), shoot-root weight ratio (f), root diameter (g), RLD-root length density (h), RSD-root 

surface density (i) of maize grown in soil without straw (Control), with localized and homogenized 

straw incorporation. Letters indicate significant differences among straw localizations (p < 0.05). 

Error bars represent standard errors (n = 6).  

3.2 Plant growth and soil biochemical properties 

In general, the majority of all measured parameters of aboveground plantlets properties were 

considerably lower under homogenized straw as compared to the control and localized straw 

treatments with minimal variation between these two treatments (Figure 5). Specifically, homogenized 

straw greatly reduced plant height (36%), leaf area (49%), SPAD (49%), and shoot weight (53%) as 

compared with the control treatment (p < 0.05; Figure 5a-d). Particularly, aside from the RLD, both 

straw localized and homogenized incorporation did not affect root parameters (i.e., root weight, root 

diameter, and RSD) (p > 0.05; Figure 5e, 5g and 5i). Moreover, as compared with localized straw and 

control, the shoot:root ratio of homogenized straw decreased by 73% and 67%, respectively (p < 0.05) 

(Figure 5f). Additionally, the RLD of homogenized straw was 23% lower than that observed under 
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localized straw (p < 0.05), but did not differ from the control (Figure 5h).  

 

Figure 1-6 Soil organic carbon (SOC) (a), dissolved organic carbon (DOC) (b), microbial biomass 

carbon (MBC) (c), total nitrogen (TN) (d), dissolved organic nitrogen (DON) (e), microbial biomass 

nitrogen (MBN) (f), SOC:TN (g), DOC:DON (h) and MBC:MBN (i) in dry soil without straw (Control), 

with localized and homogenized straw incorporation. Letters indicate significant differences among 

straw localization (p < 0.05). Error bars represent standard errors (n = 6). For localized straw, the 

soil properties represent the upper soil with straw incorporation. 

Given that the soil properties from the lower soil of localized straw treatment were similar to 

those in the control treatment, we only show data from the upper soil (top 2 cm of the rhizoboxes) in 

the results. The MBC and MBN did not differ with straw localization (Figure 6). Moreover, as 

compared with control, localized straw increased the SOC/TN by 75%, while both localized and 

homogenized straw increased DOC/DON and MBC/MBN (p < 0.05; Figure 6g-i). Overall, localized 

straw increased the incorporation of C and N in the soil and increased the C/N, while homogenized 

straw displayed minimal effects on these soil properties.  
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Figure 1-7 Heat map of correlations between plant growth, soil properties (X-axis), and soil enzyme 

activities (Y-axis) based on Pearson correlation coefficients. * indicates correlation is significant at 

the 0.05 level, **indicates correlation is significant at the 0.01 level. 

The activities of cellobiohydrolase in the detritusphere after both straw localized and 

homogenized incorporation on day 7 and 15 were positively correlated with plant RLD and RSD 

(Figure 7). In contrast, leucine-aminopeptidase activity in the hotspots after both straw localized and 

homogenized incorporation on day 7 and 15 was negatively correlated with plant aboveground factors, 

except detritusphere on day 7 (Figure 7). On the other hand, the activities of cellobiohydrolase and β-

glucosidase in the detritusphere were predominately positively correlated with SOC, TN, SOC:TN, 

DOC, MBC and MBN on day 7, same as β-glucosidase activity in the detritusphere on day 15 (p < 

0.05; Figure 7). However, leucine-aminopeptidase activity in the hotspots had no significant 

correlation with soil properties (Figure 7). 

4. Discussion 

4.1 Enzyme activities in the rhizosphere and detritusphere 

The spatial distribution of β-glucosidase, cellobiohydrolase, and leucine-aminopeptidase 

activities was highly associated with straw locations within the soil profile highlighting the main 

pathways for C and N translocation between straw and soil. This is consistent with our first hypothesis, 

suggesting that detritusphere is an important hotspot for soil C and N cycling. The C-acquiring enzyme 

activity in the detritusphere was higher on early stage (day 7) than that on late stage (day 15), which 

could be stimulated by the availability of cellulose-rich substrates from added straw (Cenini et al., 

2016). Then, the C-acquiring enzyme activity in the detritusphere decreased on day 15, mainly due to 

the reduction in easily available substrates and remaining recalcitrant lignin-dominated straw fractions 
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(Zhao and Zhang, 2018). It should be noted that our case study was estimated based on lab incubation, 

which only focused on short-term effects after straw incorporation. Future in situ field study is needed 

to evaluate the long-term effects, especially considering the complex soil temperature and moisture 

variation. Furthermore, leucine-aminopeptidase activity in the detritusphere also decreased from day 

7 to day 15. The microbial proteolytic community composition and their proteolytic gene expression 

and protease activity are correlated with plant N uptake (Ma et al., 2018). Consequently, the decrease 

of leucine-aminopeptidase activity may be attributed to a shift in enzymes production from degrading 

relatively labile polypeptides (e.g., leucine-aminopeptidase) to relatively complex compounds (e.g., 

chitinase) for N, and the labile polypeptides could be exhausted by the plant without regular nutrient 

supply (Schimel and Schaeffer, 2012; Hoang et al., 2022). Generally, the straw-induced detritusphere 

is the main pathway for C and N translocation between straw and soil (Védère et al., 2020; Vidal et al., 

2021), and the hot moment of enzyme activities in detritusphere is limited by straw decomposition 

(Kuzyakov and Blagodatskaya, 2015). 

Across both straw localizations, the C-acquiring enzyme activity in the rhizosphere on day 7 was 

larger than day 15 and the effect size was notably higher on day 15. This is likely a response to the 

strong nutrient competition between roots and microorganisms during the initial stage (day 7) of straw 

decomposition, which stimulated the enzyme activities in the rhizosphere (Peng et al., 2016). On the 

other hand, the C- and N-acquiring enzyme activities in the detritusphere were higher than in bulk soil, 

which that demonstrates the exogenous organic matter addition (i.e., straw) has an intense stimulation 

effect on enzyme activity. Furthermore, as the straw amount per unit volume of localized straw in the 

upper soil is 6 times that of homogenized straw in the whole soil layer, the C- and N-acquiring enzyme 

activity in the detritusphere of localized straw was markedly larger compared with that in the 

homogenized straw treatment. 

Enzyme activity as a function of the distance from the root suggests that the rhizosphere extent 

was stable within straw localized and homogenized incorporation. Over time, however, the rhizosphere 

extent did not change (Figure S4), which may reflect the balanced root input and output, and relatively 

stable nutrient gradient from rhizosphere to bulk soil (Sun et al., 2021). These complex environmental 

relationships may explain why we did not find changes in rhizosphere enzyme activities with straw 

localizations in the short term. Such a stable rhizosphere extent was also observed in lentil and rice 

incubation experiments (Ge et al., 2017; Ma et al., 2018). This stable structure is competitive for plants 

to obtain nutrients efficiently in a such narrow root zone that is independent of straw incorporation 

(Grossmann et al., 2011).  

4.2 Plant growth and soil biochemical properties 

The plant growth was regulated by straw localization, and a poor shoot growth was found in the 

homogenized straw as compared to localized straw and control, which is consistent with our second 

hypothesis. This is likely due to the notion that straw incorporation stimulates soil microbial growth 

(Kuzyakov, 2010) resulting in enhanced nutrient competition between plants and microorganisms in 

the rhizosphere (Xu et al., 2008; Kuzyakov and Xu, 2013), thus temporarily decreasing plant nutrient 

availability and depressing plant seedling growth (Jannoura et al., 2012; Maarastawi et al., 2019). 

Moreover, there is a greater soil water demand during the initial stages of straw decomposition on 

homogenized straw leading to greater water retention, thus restricting plant growth due to reduced 

water availability (Yang et al., 2016). Moreover, shoot growth was not affected by localized straw 
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based on comparable shoot growth dynamics as that of the control treatment. This may be caused by 

the pre-existing and newly mineralized nutrients in localized straw were easily leached downward and 

may benefit to root nutrient uptake. Moreover, since there is no straw exist in lower 10 cm soil, the 

competition between microbes and plant roots in lower 10cm soil was weaker than for the 

homogenized straw (Liu et al., 2017). As such, the spatial niche separation for the straw-induced 

microbial community and roots could have reduced their nutrient competition but enhanced nutrient 

uptake (Bastian et al., 2009). In contrast, there was no significant difference of shoot weight among 

two straw localization and control, maybe due to the seedling plants preferentially allocate the nutrients 

to their root rather than shoot to ensure its ability to absorb nutrients when the soil nutrient is limited 

(Yu et al., 2014). 

The SOC and TN considerably increased with localized and homogenized straw， which is in 

line with the notion that straw incorporation can change the soil nutrient stock and availability (Akhtar 

et al., 2019). The straw amount in the upper 2cm soil of localized straw was 6 times higher than that 

of homogenized straw, which explains the higher C and N nutrients in the upper soil of localized straw. 

This is further associated with the downward leaching of nutrients from the upper soil which could 

benefit to plant growth of localized straw. Conversely, the poor maize growth and associated lower 

soil C and N nutrients under homogenized than localized straw suggest that nutrient limitation induced 

by microbial competition restricts maize growth (Tian et al., 2020; Yang et al., 2021). In summary, the 

homogenous mixture of straw and soil could stimulate nutrient competition between microbes and 

plant roots, resulting in poor growth of maize shoot at the seedling stage. 

Conclusion 

In this study, we visualized and clarified the influences of straw localization on in situ soil enzyme 

activities spatially and temporally. The straw-induced detritusphere increased enzyme activities in soil, 

but remained lower than the rhizosphere (as affected by maize roots) in both localized and 

homogenized straw incorporation. Compared with the homogenized straw, localized straw improved 

the detritusphere enzyme activity, especially at the early stage. Enzyme activities in rhizosphere 

hotspots increased with straw incorporation (especially for localized straw), which indicated the strong 

interactions among roots, microbes, and added straw. Furthermore, localized straw had a limited 

impact on plant growth, but homogenized straw suppressed shoot performance compared with control. 

Collectively, we conclude that homogenized straw incorporation intensified nutrient competition 

between microorganisms and roots and simultaneously restricted plant performance under short-term 

lab incubation. Further in situ field studies are needed to clarify the long-term straw incorporation on 

soil enzyme dynamic. 
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Supplementary materials 

Material and Method 

Brief introduction of MBC and MBN measurement 

Briefly, 5 g of soil was extracted with 40 mL of K2SO4 (0.5 mol L-1). Another 5 g of soil was 

fumigated with chloroform in a desiccator for 24 h and extracted thereafter. The extracts were analyzed 

for dissolved organic carbon (DOC) and dissolved nitrogen (DN) content by a TOC/TIC analyzer 

(TOC-L, Shimadzu, Japan). The difference between K2SO4-extractable C and N in fumigated and non-

fumigated soils was used for MBC and MBN calculations with the underlying conversion factors of 

0.45 for MBC and 0.54 for MBN (Wei et al., 2019; Song et al., 2020). 

 

Zymography calculation 

Image processing consisted of three steps: 1) transformation of projected signal (fluorescence) on 

the images to gray-values, 2) background adjustment, and 3) conversion of gray-values to enzyme 

activities. Visible fluorescence on the zymograms under UV light shows the areas where the substrate 

has been enzymatically hydrolyzed, and the intensity of fluorescence is proportional to the enzyme 

activity. The images were processed using MATLAB (2016b) and ImageJ. Briefly, the zymograms 

were first transformed into a 16-bit gray image matrix, and environmental and camera noise was then 

corrected (Razavi et al., 2016). The background gray-values were then subtracted from all the 

zymograms. The gray value for each zymography pixel on all images was converted to enzyme activity 

using the standard calibration curve. 

The processed 16-bit grayscale images were used for further analysis where 12 straight lines were 

randomly arranged on the rhizosphere, detritusphere, and bulk soil. Then the gray-values of each line 

were converted to enzyme activity in rhizosphere (ER), detritusphere (ED), and bulk soil (EB) by the 

standard calibration curve. 
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Supplementary data 

Table S1-1 Enzyme measured in this experiment, and their functions 

Enzyme Enzyme function 

Cellobiohydrolase 

Catalyzes the hydrolysis of 1,4-β-D-glucosidic linkages in 

cellulose and cellotetraose, releasing cellobiose.  

Enzyme is related to C-acquisition. 

β-glucosidase 

Catalyzes the hydrolysis of terminal 1,4-linked β-d-glucose 

residues from β-d-glucosides, including short chain 

cellulose oligomers. 

Enzyme is related to C-acquisition. 

Leucine-aminopeptidase 

Catalyzes the hydrolysis of leucine and other amino acid 

residues from the N-terminus of peptides. 

Enzyme is related to N-acquisition. 

Modified from German et al., (2011).
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Table S1-2 F values of two-way ANOVA showing the effects of straw localization and measuring location (rhizosphere, detritusphere) on the enzyme 

activity of Cellobiohydrolase, β-glucosidase and Leucine-aminopeptidase across sampling times. Significant differences at: **, p < 0.01. D7, 7 days 

after plantation; D15, 15 days after plantation. 

Enzyme category Straw localization Measuring location Straw localization × Measuring location 

D7 

Cellobiohydrolase 1.385 200.109** 25.201** 

β-glucosidase 386.698** 190.756** 2.998 

Leucine-aminopeptidase 13.294** 62.403** 219.692** 

D15 

Cellobiohydrolase 0.195 2373.433** 8.058** 

β-glucosidase 1509.351** 1663.266** 137.187** 

Leucine-aminopeptidase 8.536** 3779.915** 74.623** 
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Figure S1 

 

Figure S1-1 Illustration of rhizobox and membrane size, and contact between membrane and soil-root 

surfaces. Modified from Razavi et al. (2017).
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Figure S2  

 
Figure S1-2 Example of maize roots grown in rhizoboxes (center) and β-glucosidase zymography; 

showing spatial distribution of enzyme activities under different straw localizations (localized straw, 

homogenized straw and control) and sampling date. 
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Figure S3 

 
Figure S1-3 Example of maize roots grown in rhizoboxes (center) and Leucine-aminopeptidase 

zymography; showing spatial distribution of enzyme activities under different straw localizations 

(localized straw, homogenized straw and control) and sampling date. 
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Figure S4 

 

Figure S1-4 Enzyme activity as a function of distance from maize root or wheat straw center on day 7 

and 15. Each line refers to the mean enzyme activity around roots. Vertical lines indicate the average 

root radius. 
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Abstract 

How environmental history mediates the response of microbial activities to dry-wet cycle (D/W) in 

monsoon regions is poorly investigated. In this study, soil from Red River Delta of Vietnam was 

incubated for 52 days, which included 14 days at 20% water holding capacity (WHC), followed by 14 

days rewetted to 60% WHC (rewetting) or 100% WHC (flooding). The kinetics of β-glucosidase, 

chitinase and acid phosphomonoesterase enzymes, microbial respiration, microbial biomass C and P 

were measured.  

The activities of all soil enzymes (Vmax) decreased by 20-42% due to drought but partially or totally 

recovered after two weeks of rewetting or flooding. The substrate affinity (Km) of all measured 

enzymes were fluctuating at initial drought and then dropped down by 33-55% after 14 days prolonged 

drought. Chitinase was the only enzyme showing the decoupling of Vmax and Km at the onset of drought, 

indicating different factors regulating enzyme synthesis and substrate affinity for the N demands of 

microorganisms. Pulse rewetting significantly reduced catalytic efficiency (Ka) but boosted turnover 

time (Tt) of chitinase and β-glucosidase. Rewetting prolonged Tt as compared to flooding by the end 

of the experiment. Moreover, both soil basal respiration and substrate induced respiration were 

significantly inhibited by drought and recovered to the control level after rewetting. In conclusion, soil 

with history of D/W triggers the recovery of microbial activities after D/W cycles and rewetting has a 

great impact on enzyme systems, while flooding induces more effects on enzyme synthesis. 

Keywords: Localized straw; Homogenized straw; Zymography; Microbial hotspot; Nutrient 

competition; Plant growth 

1. Introduction 

Extreme drought and heavy precipitation have been enhanced by climate change in recent years 

(IPCC, 2021), leading to frequent and intensive dry-flooding events in soil (Lesk et al., 2016). Soil 

moisture is a crucial factor that influences the biogeochemical processes (Butcher et al., 2020) 

mediated by microbial communities and activities. However, the environmental history can serve as a 

distal control on microbe-derived processes in response to dry-rewetting (D/W) (Evans and 

https://doi.org/10.1016/j.geoderma.2023.116593


76 
 

Wallenstein, 2012). The significant changes in soil moisture from a prolonged drought period to the 

rewetting phase trigger osmotic shocks on microbes (Fierer and Schimel, 2003), which contemporarily 

impact the ecosystem carbon (C) balance (Austin et al., 2004; Xiang et al., 2008) and soil nutrient 

cycles (Qi et al., 2018). The acceleration of C, N and P mineralization is primarily attributed to Birch 

effect, which is caused by drought-induced lysis and rewetting-fostered cell rupture of microbes (Gao 

et al., 2020). However, the acceleration of biogeochemical processes (e.g. mineralization) in soil C, N 

and P pools due to D/W cycles is inconsistent, while other research showed a significant decrease of 

N mineralization (Harrison-Kirk et al., 2014) or even no impact (Fuchslueger et al., 2014). 

Consequently, the perturbation of soil C and nutrient pools leads to changes in more susceptible 

microbial groups (Huygens et al., 2011) and alterations in the community structure (Hicks et al., 2022). 

Meanwhile, microbes’ “memory” of variable moisture induces better resistant capacity to D/W (de 

Nijs et al., 2018) by regulating microbial respiration, enzyme activity, and microbial community 

functions (Allison and Treseder, 2008; Zhu and Cheng, 2013). 

The alternative dry and rewetting results in sequent changes in soil biophysical and chemical 

properties such as i) cracked aggregates releasing more accessible organic matter to microorganisms 

(Mikha et al. 2005; Sun et al., 2017), ii) the desorption of substrate from mineral surfaces (Kalbitz et 

al., 2000), iii) the mobilization of C (Schimel et al., 2011), N (Leitner et al., 2017) and P (Brödlin et 

al., 2019) from preceding microbial residues triggered by the drought legacy effect, and iv) pH 

modification associated with ammonification and nitrification (Haynes and Swift, 1989; Walworth, 

1992). These changes contribute to shifts in microbial community composition (de Nijs et al., 2019) 

and decoupling of microbial respiration and growth (Brangarí et al., 2020), thereby affecting carbon 

use efficiency (Navarro-García et al., 2012) in response to D/W. This alteration of liquid pathways 

decreases solute diffusion rates while increasing soil aeration (Ebrahimi and Or, 2016), (e.g. pattern 

valid for micropores, which are normally in anoxic conditions), and may change the chemical form of 

the elements (Makino et al. 2000; Sardans and Peñuelas 2005). Some of these elements serve as co-

factors required for cellular and enzyme functions (Tebo et al. 2005), thus their bioavailability can 

enhance microbial growth, activity, and soil organic matter (SOM) decomposition (Ross et al. 2001). 

Moreover, when nutrient and exoenzyme diffusion is restricted under drought, it affects nutrient 

availability to microorganisms (Zarebanadkouki et al. 2019), leading to nutrient starvation (Bär et al. 

2002). However, the effects of abrupt waterlogging dry soil on microbial activities are still poorly 

known, although Yang et al. (2016) evidently supposed a negative impact of flooding on functional 

microbial communities or Hamonts et al. (2013) demonstrated a significant N loss in the waterlogged 

soil. 

Enzymes are synthesized selectively by microbes as an efficient use of energy and nutrients 

(Allison et al., 2010). However, their synthesis is sensitive in response to various abiotic factors such 

as soil moisture, temperature, and nutrient availability (Razavi et al., 2017; Zhang et al., 2021). Soil 

moisture plays a crucial role in mediating enzyme activity by affecting soil water films, substrate 

concentration, and microbial activity (Butcher et al., 2020). Moreover, catalytic efficiency, denoted as 

Ka and calculated based on both Vmax and Km parameters, has been found to persist under water scarcity 

condition (Ahmed et al., 2018). The response of enzyme activity to soil moisture is complex and 

enzyme specific (Stock et al., 2019). For instance, the activities of β-glucosidase, which hydrolyzes C 

compounds generally decrease with reduced soil moisture. However, the activities of enzymes 
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involved in P and N acquisition decrease more significantly than those related to C (Ahmed et al., 

2018). In contrast to the declining pattern observed during drought, enzyme activities end to recover 

after rewetting (Pohlon et al., 2013; Sun et al., 2017), but the extent of recovery varies with moisture 

levels (Borowik and Wyszkowska, 2016). Nevertheless, recent studies on D/W effects have focused 

on moisture of 35-55% water holding capacity (WHC; Fierer et al., 2003; Gordon et al., 2008; Ouyang 

and Li, 2020), which is more representative of soil moisture condition in arid and semi-arid regions. 

However, in monsoon regions, flooding caused by heavy rainfall after a prolonged drought period can 

completely saturate soil pores. Yet, there is limited research on the effects of flooding on soil enzymes 

and microorganisms in this region.  

Direct and indirect impacts of extreme events, such as drought and flooding, on microbial 

responses can vary depending on different scenarios, including the duration, frequency, intensity, and 

periodicity (Brödlin et al., 2019; Fierer et al., 2003; Leitner et al., 2017). In general, these extreme 

events can be categorized as pulses or presses, with pulses referring to shorter periods of higher stress 

followed by phases of lower stress, allowing organisms to recover (de Nijs et al., 2018). On the other 

hand, long-term exposure to extreme event (press) can lead to irreversible species loss or foundation 

of habitats (Hueso et al., 2011). In this study, we aimed to investigate the microbial activities and their 

functional resistance to pulse rewetting of dry soil until reaching a saturated condition. Specifically, 

we focused on the expression of β-glucosidase, chitinase, and acid phosphomonoesterase as important 

microbial functionalities involved nutrient and energy acquisition (Wang et al., 2023; Wei et al., 2019). 

These enzymes are shared by both plants and microorganisms, and directly influence soil C, N and P 

dynamics. In addition, they are sensitive to biotic and abiotic factors, making them reliable indicators 

of soil quality and fertility (Nannipieri and Eldor, 2009).  

With regards to this, we incubated the soil from a monsoon region of northern Vietnam for total 

52 days, which included 14 days of dry condition (20% WHC), followed by rewetted for 14 days to 

reach moisture levels of 60% WHC (rewetting) and 100% WHC (flooding). Soil samples were 

collected at five different harvest times throughout the experiment. Microbial respiration, substrate-

induced respiration, microbial biomass P and C, and metabolic quotient were determined to clarify two 

hypotheses: i) the history pattern of intensified rainfall during summer and dry conditions during the 

winter in the monsoon region may trigger the recovery of microbial activities after D/W cycles; ii) the 

recovery of microbial activities is higher at rewetting compared to flooding. 

2. Materials and methods 

2.1 Soil sampling 

The Red River delta of Vietnam is located in a sub-tropical monsoon region characterized with 

two different seasons: rainy (May – October) and dry season (November – April) (Nguyen et al., 2015). 

Soil for the experiment was collected from a rice and soybean rotation field in the Red River Delta 

(20° 25' 34.4'' N; 106° 16' 33.4'' E) in December 2020 when the precipitation was lowest of the year 

(Figure S1). The soil is classified as Fluvisols and shows a sandy clay loam soil texture (as referred to 

USDA soil taxonomy) consisting of 79.5% sand, 10.8% clay, and 9.7% loam. The soil contains 0.12% 

total N, 0.18% total P, 0.37% organic C, and a pH of 7.07. The soil samples were kept cool (~4°C) 

during transportation and later were sieved through 2 mm mesh to exclude any stone and plant residue, 

homogenized. To minimize the sequent effects of sampling, sieving and moisture adjustment on 
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microbial activities, soil was preconditioned at room temperature in the dark for two weeks prior to 

the main experiment (Blagodatskaya and Kuzyakov, 2013). 

2.2 Experiment setup 

Two-hundred grams of soil (dry weight equivalent) was weighed in each 500 ml-plastic jar which 

was assorted into 3 sets in correspondence to 3 treatments as rewetting (60% WHC), flooding (100% 

WHC), and control (60% WHC). Each set of treatment was arranged into 5 other subsets (with similar 

jar volume) to be collected at 5 different times during D/W cycle. Each subset composed of 4 replicates. 

Two sets for D/W treatments were initially incubated at 60% WHC during 14 days prior to a drought 

exposure (20% WHC) for consecutive 14 days (excluding 10 days of transition stage from optimum 

to drought). The two followed rewetting patterns were conducted by adding sterilized water to dry soil 

to bring up the moisture to 60% WHC in the moderate treatment (rewetting) and 100% WHC in the 

flooding. The moderate rewetting and flooding periods were sustained for 14 days until the final 

sampling. Briefly, each soil subset was sampled at different time points as (T1) - after the first 14-day 

incubation at optimum moisture, (T2) – beginning of drought stage, (T3) – ending of drought stage, 

(T4) – immediately after rewetting, and (T5) – after 14-day soil moisture sustained at two distinct 

rewetting levels (Figure 1).  

 

Figure 2-1 Experiment design of alternative dry-rewetting periods. Soil moisture was expressed in 

percentage of water hold capacity. 

The set for control treatment was incubated at 60% WHC and harvested at T1-T5, respectively. 

All of the jars were placed in the dark and kept at a constant temperature (~ 20 ℃) till the end of the 

experiment. In order to make figures more viewable, we averaged the control results of T1-T5, since 
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the enzyme activities of control were less variable. Similarly, the results of rewetting and flooding at 

T2 were combined and averaged, the same for T3. 

2.3 Enzyme kinetics 

Soil sample from each subset was used to measure the kinetics of chitinase, β-glucosidase and 

acid phosphomonoesterase utilizing fluorogenic substrates of 4-MUF-N-acetyl-β-D-glucosaminide 

(MUF-N), 4-MUF-β-D-glucopyranoside (MUF-G), 4-MUF-phosphate (MUF-P) (Sigma Aldrich, 

Germany), respectively. These substrates were separately dissolved in dimethylsulfoxide (C2H6SO) 

and sterilized water to make a stock solution of 10 mM, followed by a dilution of the stock solution 

using MES (C6H13NO4SNa0.5) buffer (pH 6.5) to make a working solution of 1 mM. Activities of the 

three enzymes were determined in a range of substrate concentrations of 0, 5, 10, 15, 20, 25, 50, 100, 

200 μmol L-1 to ensure saturated point. Three grams of soil (dry weight equivalence) was prepared in 

50 mL sterilized water to make a soil suspension. Thereafter, 50 μL soil suspension, 100 μL substrate 

solution and 50 μL MES buffer were added to a 96-well microplate (Koch et al., 2007; German et al., 

2011). The fluorescence was measured using CLARIO Star Plus (Germany) at an excitation 

wavelength of 355 nm and an emission wavelength of 460 nm. Enzyme activities (Vmax) were recorded 

at 4 timings (0, 30 min, 1 h and 2 h) and expressed as nmol MUF g-1 soil h-1 (Razavi et al., 2016), while 

the substrate affinity (Km) was denoted as μmol g−1 soil. Two h time point was used for Vmax and Km 

calculation and further analysis. The measurement was calibrated using spectrum of MUF 

concentration of 0, 10, 20, 30, 40, 50, 100 μM. Vmax and Km were calculated with the Michaelis-Menten 

equation (1): 

                                      𝑣 =
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                        (1) 

where v is the reaction rate, [S] is the substrate concentration, Km is the substrate concentration at the 

half-maximum reaction rate, and Vmax is the maximum reaction velocity. 

The substrate turnover time (Tt) was calculated according to equation (2) (Panikov et al., 1992), 

where [S] is the substrate concentration regarding to the Vmax. In the current study, [S] = 100 μmol L-

1 for chitinase, β-glucosidase and acid phosphomonoesterase. The catalytic efficiency (Ka) of enzymes 

was determined by equation (3) (Zhang et al., 2019): 

                                      𝑇𝑡 =
𝐾𝑚+[𝑆]

𝑉𝑚𝑎𝑥
                                                                                         (2) 

                                        𝐾𝑎 =
𝑉𝑚𝑎𝑥

𝐾𝑚
                                                                                         (3)  

2.4 Soil microbial respiration 

Microbial respiration was measured by MicroResp™ system as described by Campbell et al. 

(2003). We placed 0.3 g soil in to each well of 96-deep well plate using the standard filling device. 

The plates were sealed and pre-incubated at room temperature for 3 days to re-establish the microbial 

activity. Seven carbon substrates (30 mg g−1 soil water) existing in root exudate, microbial residues, 

and plant residues (Bérard et al., 2014) were selected for the measurement: D-(+)-Glucose, D-(+)-

Trehalose dehydrate, L-(+)-Arabinose, L-(-)-Malic acid, Oxalic acid, D-(-)-Fructose, D-(+)-Galactose. 

Accordingly, 25 μl of each substrate solutions, and sterilized water as a control, were dispensed into 

deep-well plates containing soil. Thereafter, 96 deep well plates were assembled to a colorimetric 

indicator plate with a rubber seal and incubated in the dark for 6 h at 25 °C (Campbell et al., 2003). 

Sterilized water was added to 96 deep well plates instead of substrate so as to measure basal respiration 
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(BR). The absorbance of the indicator plate was measured at 570 nm before and after the incubation 

period by CLARIO Star Plus. The absorbance was normalized and converted to CO2 concentration 

according to Brolsma et al. (2015) as in equation (4): 

%𝐶𝑂2 = 0.002 × 𝐴570
−3.11 (𝑅2 = 0.93)                                                                                 (4) 

where %CO2 (vol/vol) is the concentration in the headspace after incubation and A570 is the normalized 

absorbance of the indicator plate. Each substrate induced CO2 rate (μg CO2-C g-1 dry soil h-1) was 

calculated according to Cameron (2007) as in equation (5): 

CO2 rate =
(%CO2 100⁄ )×V×(44 22.4⁄ )×(12 44⁄ )×(273 (273+T))⁄

DW×IT
                                                          (5) 

where V is the headspace volume (945μl) of deep well plates, 44/22.4 is the gas constant to convert 

the CO2 concentration to weight, 12/44 is the molecular mass ratio to convert the CO2 to CO2-C, T is 

the incubation temperature (25℃), DW is soil dry weight (g), and IT is incubation time (hour). While 

the respiration induced by added sterilized water was considered as a basal respiration (Anderson and 

Domsch, 1990). Furthermore, the MicroResp can only accurately measure the substrate induced 

respiration of soil with 20-60% WHC according to the instruction, so the respiration and MBC 

(calculated based on glucose induced respiration) data of flooding (100%WHC) at T4 and T5 are 

missing. 

2.5 Microbial biomass carbon and phosphorus  

Soil microbial biomass C (MBC) was determined based on initial rate of substrate induced 

respiration after 6 hours of glucose addition and calculated as the equation (6): 

 𝐶𝑚𝑖𝑐 = SIR × 40.04                                                                                                               (6) 

Where Cmic is MBC value (μg g-1 soil), SIR is the initial respiration rate (μl CO2 g
-1 soil h-1) after soil 

amendment with glucose, 40.04 is the correction factor (Anderson and Domsch, 1978).  Although the 

correction factor may vary depending on soil type and condition, which primarily affects the absolute 

values for MBC (Beck et al., 1997; Kaiser et al., 1992). The SIR method can still be reliably used to 

determine relative differences in MBC between samples (Creamer et al., 2014). The metabolic quotient 

(qCO2) was determined by the ratio of basal respiration to MBC (Anderson and Domsch, 1990) and 

denoted as µg CO2-C mg-1 Cmic h
-1.  

Soil microbial biomass phosphorus (MBP) was measured using fumigation extraction of soils with 

anion exchange membranes (AEM) (Yevdokimov et al., 2016; Maranguit et al., 2017). Three g soil, 

30 ml sterilized water and one strip of AEM (1.5 cm × 6.25 cm) with or without 300 μl chloroform 

were placed in 50 ml plastic tubes. All tubes were tightly closed and shaken for 24h to induce the 

recovery of inorganic P from the soil extract. After shaking, each AEM strip was cleaned in sterilized 

water and shaken with 45 ml H2SO4 (0.25 mol L-1) in other 50 ml plastic tubes for 3h to release 

membrane-fixed P back to the solution. Thereafter, 150 μl extractant was mixed with ammonium 

molybdate tetrahydrate and Malachite Green in a 96-well transparent microplate (D’Angelo et al., 

2001) and read by CLARIO Star Plus at 630 nm.  

2.6 Statistical analysis 

The enzyme kinetic parameters (Vmax and Km) were fitted via the non-linear regression routine of 

SigmaPlot (version 12.5). All data were presented as mean ± standard error (mean ± SE). In order to 

make figures more viewable, we averaged the control results of T1-T5 (n = 16), since the enzyme 

activities of control were less variable (Table S1). Similarly, the results of rewetting and flooding at 
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T2 were combined and averaged the same for T3 (n = 8) (Table S2). The result replicates of rewetting 

and flooding at T4 and T5 are 4 (n = 4). The results of microbial biomass and substrate induced 

respiration also presented follow above pattern.  

 ANOVA assumptions of normality and variance homogeneity were checked using Shapiro-Wilk 

test and Levene test prior to the analysis of variance. One-way ANOVA followed by a Tukey-Kramer 

post-hoc test was applied to unequal sample size, for analyzing the differences in soil biochemical 

properties between rewetting and flooding patterns and their changes with soil moisture. The Pearson 

correlation analysis was carried out to identify the pairwise relationship between soil enzyme kinetic 

and microbial biomass in T1-T3. All analyses were performed using IBM SPSS Statistics (Version 

20.0) at a significant level of p < 0.05. 

3. Results 

3.1 Enzyme activity responses to drought and rewetting 

When soil attained dry condition (T2), activities of chitinase and β-glucosidase decreased by 18.5% 

and 17.8% relative to optimum moisture, respectively (Figure 2). Prolonged drought to the 14-days 

(T3) reduced the activities of all enzymes by 19.6-42.4% as compared to the control (T1) (p < 0.05), 

including acid phosphomonoesterase whose activities seemed unaffected during the initial drought 

period (T2). The onset of soil rewetting and flooding on T4 continued accelerating the reduction of β- 

glucosidase activities while the reduction of chitinase activities was only seen in flooding condition. 

In contrast, acid phosphomonoesterase partially recovered after the abrupt rewetting and flooding but 

was still 18.9-28.5% lower than the control (p < 0.05). After two weeks of rewetting and flooding 

incubation (T5), activities of all three enzymes recovered but the recovery level was enzyme specific 

and dependent on rewetting scenario. For examples, while the acid phosphomonoesterase and β-

glucosidase activities returned to similar or higher than the control after prolong rewetting, chitinase 

activities were still 29.1-26.8% lower than the control (p < 0.05). The recovery of enzyme activities 

was higher in flooding than rewetting, especially in chitinase and β-glucosidase. In short, the Vmax of 

all measured soil enzymes decreased due to drought and partially or totally recovered after two weeks 

of rewetting and flooding incubation, except chitinase of rewetting pattern.  

Beginning of the dry period significantly increased Km of chitinase (Figure 3). However, a 

reduction in Km was detected in all three enzymes as the drought prolonged. The pulse rewetting (T4) 

only induced the decrease of Km of β-glucosidase while triggered a decrease of chitinase substrate 

affinity (increased Km) but the effect of flooding on Km value is absent. After prolonged rewetting and 

flooding, Km values of all three enzymes had no significant change in comparison with T4, but altered 

compared to the control with the alteration depending of enzyme specific. 
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Figure 2-2 Soil enzyme activities (Vmax) of chitinase (a), β-D-glucosidase (b) and acid 

phosphomonoesterase (c) of 5 sampling times under rewetting and flooding patterns, respectively. 

Values are means ± standard error (n = 24 for T1, n = 8 for T2-T3 and n = 4 for T4-T5). Different 

lowercase letters above or below the error bar in each sub-figure indicated significant difference in 

Vmax under different sampling times or rewetting patterns at p < 0.05, based on one-way ANOVA 

followed by a Tukey-Kramer post-hoc test. 
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Figure 2-3 Soil enzyme substrate affinities (Km) of chitinase (a), β-D-glucosidase (b) and acid 

phosphomonoesterase (c) of 5 sampling times under rewetting and flooding patterns, respectively. 

Values are means ± standard error (n = 24 for T1, n = 8 for T2-T3 and n = 4 for T4-T5). Different 

lowercase letters above or below the error bar in each sub-figure indicated significant difference in 

Km under different sampling times or rewetting patterns at p < 0.05, based on one-way ANOVA 

followed by a Tukey-Kramer post-hoc test. 
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Figure 2-4 Catalytic efficiency of chitinase (a), β-D-glucosidase (b) and acid phosphomonoesterase 

(c) in soil from the 5 sampling times under rewetting and flooding patterns, respectively. [S] = 100 

μmol L-1. Values are means ± standard error (n = 24 for T1, n = 8 for T2-T3 and n = 4 for T4-T5). 

Different lowercase letters above or below the error bar in each sub-figure indicated significant 

difference in catalytic efficiency under different sampling times or rewetting patterns at p < 0.05, 

based on one-way ANOVA followed by a Tukey-Kramer post-hoc test.  



85 
 

 

Figure 2-5 Turnover time (Tt) of chitinase (a), β-D-glucosidase (b) and acid phosphomonoesterase (c) 

in soil from the 5 sampling times under rewetting and flooding patterns, respectively. Values are means 

± standard error (n = 24 for T1, n = 8 for T2-T3 and n = 4 for T4-T5). Different lowercase letters 

above or below the error bar in each sub-figure indicated significant difference in Tt under different 

sampling times or rewetting patterns at p < 0.05, based on one-way ANOVA followed by a Tukey-

Kramer post-hoc test. 

3.2 Catalytic efficiency and turnover time of the substrate 
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 The catalytic efficiency (Ka) of chitinase decreased by 31.3% when WHC dropped to 20% in T2 

(p < 0.01), however, it unexpectedly increased by 83.6% compared with control after two weeks of 

drought incubation in T3 (p < 0.01) (Figure 4). Meanwhile, Ka of acid phosphomonoesterase dropped 

in T3 by 20.8%. The pulse rewetting and flooding significantly reduced Ka of chitinase while the 

prolonged rewetting and flooding induced an increase of Ka of three enzymes (an exception for 

chitinase at rewetting). 

 

Figure 2-6 Soil microbial respiration induced by water and 7 substrates from the 5 sampling times 

under rewetting patterns, respectively. Values are means ± standard error (n = 24 for T1, n = 8 for 

T2-T3 and n = 4 for T4-T5). Different lowercase letters above or below the error bar in each sub-

figure indicated significant difference in soil microbial respiration under different sampling times at 

p < 0.05, based on one-way ANOVA followed by a Tukey-Kramer post-hoc test. 

 The turnover time (Tt) of enzymes were strongly influenced by drought and rewetting as well as 

flooding (Figure 5). The Tt of chitinase and β-glucosidase extended by 26.9 and 16.0%, respectively, 

when WHC dropped to 20% in T2. At the beginning of drought (T2), Tt of acid phosphomonoesterase 

and β-glucosidase was more or less similar to the initial period (T1) but the Tt of these two enzymes 

increased in association with prolonged drought. The pulse rewetting and flooding boosted Tt of 

chitinase and β-glucosidase which then reduced with the time of rewetting incubation in compare to 

the control. However, Tt of acid phosphomonoesterase significantly decreased after rewetting and 

flooding. Rewetting seemed to prolong the Tt as compared to flooding by the end of the experiment.  
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Figure 2-7 qCO2 from the 5 sampling times under rewetting pattern. Values are means ± standard 

error (n = 24 for T1, n = 8 for T2-T3 and n = 4 for T4-T5). Different lowercase letters above the error 

bar indicated significant difference in qCO2 under different sampling times at p < 0.05, based on one-

way ANOVA followed by a Tukey-Kramer post-hoc test. 

3.3 Drought and rewetting effects on microbial respiration and microbial biomass 

Both soil basal respiration and substrate-induced respirations (SIRs) were strongly altered by 

drought and rewetting (Figure 6). The soil basal respiration was 50.9% inhibited by drought (p < 0.05), 

and recovered to the control level after rewetting. The same pattern was seen in the SIRs for all tested 

substrates. The metabolic quotient (qCO2) decreased by 25.4% and 23.3% during two weeks of drought 

incubation on T2 and T3 (p < 0.01), respectively and recovered to be comparative with control after 

rewetting (Figure 7).  

When WHC dropped to 20% in T2, MBC dramatically decreased by 42.7% relative to the control, 

while MBP surged over the control treatment (Figure 8). However, a recovery of MBC was found after 

rewetting soil, which was not obviously demonstrated in MBP. 

 

Figure 2-8 Soil microbial biomass carbon (a) and phosphorus (b) content from the 5 sampling times 

under rewetting and flooding patterns, respectively. Values are means ± standard error (n = 24 for 

T1, n = 8 for T2-T3 and n = 4 for T4-T5). Different lowercase letters above the error bar in each sub-

figure indicated significant difference in microbial biomass under different sampling times or 

rewetting patterns at p < 0.05, based on one-way ANOVA followed by a Tukey-Kramer post-hoc test.  

4. Discussion 

4.1 Environmental history relevant to responses of microbial activities to dry period followed by 

different rewetting levels 
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Drought resulted in decreased enzyme activities, indicating its negative impacts on microbial 

activities. This can be attributed to the significant reduction in environmental water potential caused 

by drought, creating an imbalance between the water potential inside and outside microbial cells 

(Schimel, 2018). There was a time lag in the response of acid phosphomonoesterase to drought, 

whereas prolonged water stress decreased all three enzyme activities. Therefore, the reductions of 

chitinase and β-glucosidase activities that occurred at the beginning of drought (T2) reflected the 

decompositions of chitin and cellobiose are more susceptible to water stress than the hydrolysis of 

phosphate esters. Similar findings been observed in studies conducted in arid and semiarid regions 

(Sardans and Peñuelas, 2005; Sanaullah et al., 2011; Hueso et al., 2011). Our study, conducted on soil 

samples taken from a monsoon region, confirmed the negative effects of drought regardless of climatic 

regions. Notably, soil in our study was sampled during the dry season and then brought up to 60% 

WHC as a pre-condition step before exposing to drought. Therefore, the reduction of all enzyme 

activities during the experimental drought is possibly a return to the initial natural state or reflect 

historical memory of the original condition. Various indirect factors contribute to the decline in 

enzyme activities during drought, including microbial biomass decline (Baldrian et al., 2010), enzyme 

adsorption onto soil particle surface as it gets drier (Steinweg et al., 2012), and limited organic 

substrate availability (Acosta-Martínez et al., 2014). Moreover, diverse responses of enzyme activity 

reduction to drought highlighted the significant influence of environmental and climate history on 

moisture response through microbial community selection (Evans et al., 2022). 

 Our findings demonstrated a strong and positive correlation between chitinase and β-glucosidase 

activities with MBC during the transition from optimal to drought conditions, as well as prolonged 

drought period. This supports the speculation that the decline in MBC was the main factor contributing 

to the reduction in enzyme excretion (Figure S2). In contrast, the lack of correlation between acid 

phosphomonoesterase activities and MBP suggested that factor other than microbial biomass regulate 

acid phosphomonoesterase activities during the drought period (Figure S2). Furthermore, Zornoza et 

al. (2006) found no significant effects of soil air drying on phosphomonoesterase and β-glucosidase 

activities and proposed that the resistance of these enzymes to drought is the primary reason. Therefore, 

our findings indicated that in monsoon regions, microbial communities reallocate resources, resulting 

in a preference for less biomass C but more biomass P accumulation as an adaptive strategy to drought. 

Rewetting reversed the negative effects of drought by releasing microbes from the stress of water 

potential and flushing available substrates through the soil (Tan et al., 2023). But, the three measured 

enzyme activities exhibited different responses to rewetting (Figure 2). Abrupt rewetting and flooding 

likely induced an osmotic shock for microbial communities, resulting in a further decline in chitinase 

and β-glucosidase activities. These activities reached even lower values compared to drought, 

especially under flooding condition (100%WHC). In contrast, acid phosphomonoesterase activities 

immediately increased after rewetting and flooding due to the presence of available labile organic P 

compounds (Nguyen and Marschner, 2005), which served as available substrates for microorganisms. 

In comparison with the effects of abrupt rewetting and flooding at T4, the prolonged rewetting and 

flooding resulted in elevated activities of β-glucosidase and acid phosphomonoesterase regardless of 

moisture levels. However, the response of chitinase activity to prolonged rewetting and flooding 

yielded opposite results. Prolonged flooding may increase chitinase activity as a consequence of soil 

denitrification process, which triggers the shortage of N availability for microbial demand and 
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subsequently stimulates chitinase production (Tomasek et al., 2019; Guo et al., 2019). Conversely, 

rewetting may trigger the release of osmolytes rich in N compounds, resulting in a reduction of 

chitinase activities (Csonka, 1989). Based on these findings, our study confirmed the first hypothesis 

regarding the recovery of enzyme activities after prolonged rewetting. However, the second hypothesis 

was rejected, as flooding at the 100% WHC level induced a greater recovery of enzyme activities 

compared to rewetting at the 60% WHC level. 

4.2 Microbial responses to dry-rewetting are dependent of enzyme specific and rewetting level 

Under prolonged drought conditions, lower enzyme activities were observed alongside higher 

substrate affinity (lower Km), indicating the presence of the isoenzymes in the ecosystem (Stone et al., 

2014). These isoenzymes, with similar functions but different conformation and structure, arose from 

changes in microbial species or alternations in microbial community structures as an adaptation 

strategy to environmental stress (Razavi et al., 2017; Zhang et al., 2018; Wang et al., 2020). The 

responses of these enzymes suggested a shift in the microbial community towards expressing enzyme 

systems with higher substrate efficiency in response to unfavorable soil moisture conditions. However, 

the effects of the beginning period of drought on enzyme system remain unclear. In contrast, SIR was 

significantly lower under drought compared to optimal condition, with the most notable differences 

observed at the onset of drought. Additionally, chitinase was the only enzyme that exhibited a 

decoupling of Vmax and Km at the onset of drought, implying different factors regulating enzyme 

synthesis and substrate affinity to chitin decomposition (Razavi et al., 2015). Consequently, the 

enzyme catalytic processes involved in the decomposition of chitin were unpredictable, particularly 

during the early stages of the drought period.  

The substrate affinity (Km) remained relatively unchanged after an abrupt change of soil moisture, 

both during prolonged drought and after rewetting. This observation suggested that the soil microbial 

community adopts a survival strategy following drought, allocating greater energy and nutrients 

towards maintaining the efficiency of enzyme-substrate interactions to support biomass accumulation. 

As a result, there was a reduction in the community's specific investment in enzyme production relative 

to biomass (Evans et al., 2022). The stronger response of SIR to rewetting compared to drought could 

be attributed to C use efficiency of the dominated microbial communities. Meanwhile, the positive 

correlation between the SIR pattern and the metabolic quotient (qCO2) implied that microbial 

communities prioritize allocating their energy to maintain respiration processes rather than focusing 

on cell growth and reproduction (Sun et al., 2017). Alternatively, there may be a shift in the microbial 

community towards less C-efficient groups. As a result, the substrate turnover time for chitinase and 

β-glucosidase was longer after rewetting compared to drought. However, the release of labile organic 

P immediately after abrupt rewetting (Nguyen and Marschner, 2005) accelerated the activities and 

catalytic efficiency of acid phosphomonoesterase, leading to a shorter substrate turnover time in 

comparison with prolonged drought. Therefore, microbial responses to dry-rewetting are enzyme 

specific and dependent on the rewetting level: rewetting at 60% WHC has a greater impact on enzyme 

systems, while flooding at 100% WHC has a greater effect on enzyme synthesis.  

The prolonged rewetting resulted in increased enzyme activities of β-glucosidase and acid 

phosphomonoesterase regardless of moisture levels. Meanwhile, the substrate affinities remained 

similar to those observed at the abrupt rewetting points. These findings demonstrated that 
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microorganisms seemed to adapt to moisture conditions by conserving their energy and P resources 

rather than expending them on adjusting enzyme system.  

Similar responses to the addition of substrates were observed between initial drought and 

prolonged drought, as well as and between initial rewetting and prolonged rewetting. This suggested 

that moisture fluctuation played a crucial role in regulating microbial activities during the dry-

rewetting cycle. These findings are consistent with the study by Conant et al. (2004), which 

demonstrated a strong relationship between microbial respiration and potential soil moisture. 

Furthermore, the fluctuation of soil moisture can influence the dynamic of SIR by inducing changes 

in microbial community structure and abundance (Bell et al., 2009), as well as altering the availability 

of substrates (Gao et al., 2022) during alternative dry-rewetting events. 

5. Conclusion 

Overall, we found that the experience of microbes to dry-rewetting in monsoon region can trigger 

the recovery of microbial activities after dry-rewetting cycles. These findings indicated the reallocation 

of C and nutrient resources by soil microbes to adapt to dry-rewetting cycle. This acclimation effect 

has implications for the efficiency of C, N, and P mobilizations, thereby affects biological and chemical 

properties of the soil. However, microbial responses to dry-rewetting are enzyme specific and 

depending on rewetting level: rewetting at 60% WHC has a greater impact on enzyme systems, while 

flooding at 100% WHC induces more effects on enzyme synthesis. In summary, our study highlights 

the importance of considering microbial stress sensitivity and long-term stress memory in 

understanding the impacts of dry-rewetting on soil microbial activities. Therefore, these findings 

contribute to our understanding of soil ecosystem functioning and nutrient cycling processes. 
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Supplementary data 

Table S2-1 Soil enzyme activities (Vmax) and substrate affinity (Km) of chitinase (Chit), β-D-

glucosidase (Glu) and acid phosphomonoesterase (Phos) of T1 under three treatment and T2-T5 

under control treatment. 

Sampling time Treatment Chit  Glu  Phos 

Vmax       

T1 

Control 22.7 ± 2.0  25.2 ± 2.3  72.0 ± 9.6 

Rewetting 23.7 ± 3.9  25.0 ± 2.5  70.0 ± 0.5 

Flooding 24.4 ± 1.4  27.9 ± 1.6  71.5 ± 4.5 

T2 Control 23.8 ± 1.3  25.0 ± 1.5  72.2 ± 2.2 

T3/4 Control 22.3 ± 3.3  27.3 ± 2.9  71.2 ± 1.5 

T5 Control 24.8 ± 0.4  25.8 ± 0.5  70.0 ± 3.1 

Km       

T1 

Control 26.6 ± 2.9  39.9 ± 4.9  23.2 ± 8.1 

Rewetting 28.9 ± 1.4  41.0 ± 3.6  19.7 ± 2.0 

Flooding 27.1 ± 1.6  42.8 ± 3.8  20.3 ± 2.3 

T2 Control 28.3 ± 2.4  43.0 ± 3.8  22.5 ± 2.3 

T3/4 Control 26.7 ± 1.9  40.8 ± 2.8  19.2 ± 0.5 

T5 Control 27.9 ± 2.4  40.3 ± 2.3  20.8 ± 1.6 

Value are mean ± standard error (n = 4). 

Table S2-2 Soil enzyme activities (Vmax) and substrate affinity (Km) of chitinase (Chit), β-D-

glucosidase (Glu) and acid phosphomonoesterase (Phos) of T2-T3 under drought. 

Sampling time Treatment Chit  Glu  Phos 

Vmax       

T2 
Rewetting 19.5 ± 0.3  21.0 ± 2.0  70.8 ± 2.9 

Flooding 19.0 ± 0.6  21.8 ± 0.9  73.6 ± 1.9 

T3 
Rewetting 18.8 ± 1.2  18.2 ± 1.1  41.0 ± 6.6 

Flooding 19.2 ± 1.7  17.4 ± 2.5  41.0 ± 3.6 

Km       

T2 
Rewetting 37.7 ± 3.5  37.1 ± 4.8  20.0 ± 0.9 

Flooding 36.9 ± 1.8  35.0 ± 1.9  22.3 ± 4.1 

T3 
Rewetting 12.0 ± 1.0  22.9 ± 3.7  14.2 ± 1.9 

Flooding 13.0 ± 2.7  23.9 ± 1.9  13.9 ± 1.7 

Value are mean ± standard error (n = 4).
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Figure S2-1 Monthly distribution of precipitation in 2020. The data was provided by weather station 

located in Thai Binh province, Vietnam. 

 

 

Figure S2-2 Heatmap of correlations between microbial biomass and soil enzyme kinetic characters 

during the transition from optimum to drought and prolonged drought (T1-T3), based on Pearson 

correlation coefficients, * indicates correlation is significant at 0.05 level, ** indicates correlation is 

significant at 0.01 level.
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Abstract 

Glucose is one of the low molecular weight components of root exudates to mediate the cross-talk 

between plants and microbes, but less is known about their contribution to drought resistance of plants 

and root-associated microbiome. To fill this knowledge gap, we optimized the visualization of glucose 

exudation and coupled it with another in situ tool – soil zymography ‒ as well as destructive analysis 

of enzyme kinetics (β-glucosidase; acid phosphomonoesterase) and microbial biomass. This helped 

identify how microbial functionality ‒ affected by drought and P limitation ‒ will show more resistance 

in the hotspots of soybean rhizosphere (grown in the rhizoboxes for 10 weeks) associated with 

arbuscular mycorrhizal fungi (AMF) symbiosis than those without AMF. Drought reduced glucose 

exudation, mainly allocated to root tips, and narrowed the rhizosphere enzymatic hotspot by three 

times. However, AMF inoculation enhanced glucose exudation compared to non-mycorrhizal plants 

and enlarged enzymatic hotspot area by 53% under drought condition. Despite the 50% reduction in 

β-glucosidase and acid phosphomonoesterase activities owing to water deficit, AMF symbiont 

triggered up to 36% enzyme activities in correlation with the non-mycorrhizal ones. Therefore, the 

drought resistance of these two enzymes was enhanced by up to 63% in mycorrhizal plants. The 

biomass of microbial phosphorus increased by 45% under drought AMF-conditioned plants. We 

conclude that the cooperation between soybean and AMF induced the formation of favorable 

microsites around the root, specifically in overlapping localities between rhizosphere and 

mycorrhizosphere, characterized by enhanced glucose release, increasing rhizosphere expansion, high 

enzyme activities and shortened substrate turnover time. This, in turn, contributed to the stronger 

resistance of microbial functions (e.g., enzyme expression) to drought stress in the rhizosphere 

hotspots. Thus, in response to AMF inoculation and consequent high glucose availability, rhizosphere 

microorganisms increased P mining rate in those hotspots remaining active despite water scarcity. 

https://doi.org/10.1016/j.soilbio.2022.108728
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Keywords: Glucose imaging; Rhizosphere; Mycorrhizosphere; Zymography; Microbial functional 

resistance 

 

1. Introduction 

Drought severity is projected to be more frequent in the future, posing major challenges for the 

persuasion of sustainable agriculture development globally (Mach et al., 2019). The induced water 

stress affects all aspects of plant growth, such as decreasing leaf area and size, hampering 

photosynthesis (Bruce et al., 2007), reducing the shoot/root ratio (Peña-Rojas et al., 2004, 2006) 

limiting aboveground to underground carbon (C) transfer (Fuchslueger et al., 2014, 2016; Hasibeder 

et al., 2015; Karlowsky et al., 2018), and C diffusion from roots to rhizosphere soil (Gorissen et al., 

2004), indirectly affecting microbial activity (Kuzyakov and Blagodatskaya, 2015). In addition, water 

deficit triggers nutrient (e.g., phosphorus (P)) accumulation in soil, which is difficult for the plants to 

take up (Sardans and Peñuelas, 2004). 

Plants have evolved various strategies to counter the negative effects of drought and P deficiency, 

ranging from modification of root morphology to physiological (Wang et al., 2001), biochemical, and 

biophysical processes (Carminati et al., 2010). Most prominently, plants can mediate root exudate 

quality and quantity to facilitate their communication with rhizosphere microorganisms (Williams and 

de Vries, 2020a, Williams and de Vries, 2020b), or form symbiosis with arbuscular mycorrhizal fungi 

(AMF) to increase water and P uptake (Doubková et al., 2012, 2013). If the mediation of exudates 

promotes the recovery of plants, microbial activities, and ecosystem functions after drought 

(Karlowsky et al., 2018), symbiosis with AMF enhances the buffering capacity of the plant to drought 

(Doubková et al., 2013). In fact, root exudates act as signals to attract symbionts as AMF to build 

symbiotic relationships (Peters and Long, 1988; Besserer et al., 2006). For example, drought increases 

organic acid exudation in maize, which is an effective chemoattractant for Bacillus subtilis (e.g., in the 

soybean rhizosphere; Allard-Massicotte et al., 2016) or a nutritional source for Trichoderma spp. 

(Zhang et al., 2014). Similarly, during drought, soybean may benefit from the symbiotic association 

with AMF, which enhances its osmoprotective properties (Pavithra and Yapa, 2018). In reality, soil 

systems with high spatio-temporal variability of properties are often subjected to combined stresses 

(Brook et al., 2008), which can, theoretically, affect plant-microbial cooperation strategy to overcome 

these limitations. However, the plant strategy to overcome drought by mediating symbiosis with AMF 

and regulating primary compounds (e.g., glucose) exudation within rhizosphere under nutrient 

deprivation is poorly investigated. 

Glucose, the primary compound in exudates as an easy available sugar, is among the soluble 

carbohydrates that are adjusted by the roots to adapt to osmotic conditions (Sharp et al., 1990; Spollen 

et al., 2008; Voothuluru et al., 2016). On the other hand, the distribution of glucose also corresponds 

to the nutrient status of the rhizosphere (Marschner, 1998; Hinsinger, 2001). Water stress inhibits 

glucose exudation (Calvo et al., 2019), and instead stimulates the accumulation of this compatible 

solute in roots (Palta and Gregory, 1997) to maintain physiological processes such as stomatal 

conductance, photosynthetic rate (Jacob and Lawlor 1991; Ghannoum and Conroy 2007), and 

expansion growth (Morgan, 1984; Bohnert and Sheveleva, 1998; Hoffmann, 2010). In contrast, the 
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root secretion of glucose tends to increase as a strategy of plants to deal with P deficiency (Carvalhais 

et al., 2011). Although the exuded glucose supposedly varies with plant growth stage (Vancura and 

Hovadik, 1965), plant species (Strickland et al., 2012), and environmental conditions (Calvo et al., 

2019), its exudation pattern is still obscure, especially as plants suffer the combined effects of drought 

and P deficiency. 

It is well known that glucose is a labile source of energy for microbial community within 

rhizosphere. Despite flavonoids released by plant roots act as a signal to attract AMF symbiont (Buee 

et al., 2000; Antunes et al., 2006), enriched glucose exudation makes rhizosphere more attractive to 

soil microorganisms. The presence of such microbial communities in the rhizosphere facilitates 

nutrient transformation to meet the demands of plants and themselves by synthesizing different 

functioning enzymes. Consequently, the rhizosphere is one of the most critical microbial hotspots in 

the agroecosystem and probably in terrestrial ecosystems. However, the formation of such hotspots in 

the rhizosphere strongly depends on biotic factors mediated by root-microbial interactions (Razavi et 

al., 2016; Kuzyakov and Razavi, 2019) and affected by abiotic controls. In other words, the resistance 

of microorganisms affects the ability of the system to maintain ecosystem services even under critical 

stress conditions (Shade et al., 2012). To cover the costs of this resistance, energetic adaptation 

mechanisms (e.g., expression of enzymes) are required by individual microbial groups to redirect 

resources from growth to survival-related mechanisms (Schimel et al., 2007; Zhnag X. et al., 2020). 

Accordingly, the microsites with abundant resources (e.g., hotspots with high abundance of available 

C) exhibit strengthened resistance in soil ecosystems (Shu et al., 2019; Zhang et al., 2021). Hence, the 

significant increase in the distribution of rhizosphere microbial hotspots under P-limitation and water-

stress conditions can be used to evaluate the resistance and recovery threshold of plants with AMF 

symbiosis. 

Here, we tested the following hypotheses: i) Drought reduces microbial energy resources (e.g. root 

exudate), thus, indirectly changing microbial activity. ii) Microbial functionality - affected by drought 

and P limitation - will show more resistance in the hotspots of soybean rhizosphere associated with 

AMF symbiosis than those without AMF, due to a higher abundance of the available substrate (e.g. 

glucose); iii) AMF increases the accessibility of plants to nutrient sources not only by their hypha 

system but also by enlarging enzymatic rhizosphere size that extends soil volume mined by plants and 

microbes for potentially available nutrients. 

To clarify the hypotheses, soybeans (Glycine max L.) were grown in rhizoboxes containing P-

limited soil in a greenhouse at 22 °C under two water conditions of 65% WHC and 25% WHC for 10 

weeks. Coupled with direct glucose imaging, soil zymography was implemented to demonstrate the 

mediation of C and P transformation and translocation by mycorrhizal roots and soil microbial 

communities to adapt to drought condition and restricted P availability. Additionally, microbial 

biomass P and kinetics of β-glucosidase and acid phosphomonoesterase were assayed to interpret the 

role of AMF symbiosis in the resistant capacity of microorganisms under water stress and P deprivation. 

2. Materials and methodologies  

2.1. Soil sampling and experimental design 

Soil was collected in January 2020 from the depth of 0–20 cm of the Ap horizon of an arable sandy 

clay loam, Fluvisol, located in Quang Nam, a southern province of central region of Vietnam 
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(15°49′11″N, 108°09′77″E). Roots and stones were separated and soil was immediately sealed in a 

plastic bag. The samples were kept cold (∼4 °C) during transportation to the laboratory. Soil sample 

were sieved through a 2 mm mesh prior to the experiment. A small portion of soil was dried under 

60 °C, ground and prepared for C and N content analysis. 

The soil consisted of 61% sand, 18.4% silt, 20.6% clay, with a pH 6.8, OC 11.2 g kg−1, TN 0.9 (g 

kg−1), available P 28 (mg kg−1). The soil C and N were measured by Isoprime 100 (Elementar, 

Germany). The total available P fraction (Olsen P) was determined by the method of DeLuca et al. 

(2015) where 0.5 g of fresh soil was extracted with 10 mL of 0.5M NaHCO3 solution (Olsen et al., 

1954). 

2.1.1. Arbuscular mycorrhizal fungi colonization 

Glomus mosseae inoculum was provided by Microbiology Department, Soil and Fertilizers 

Research Institute, Vietnam. Briefly, arbuscular mycorrhizal fungi spores were isolated from 

rhizopheric soil of pomelo growing in Gleyic Fluvisols (Flg) located in Phu Tho province, Vietnam. 

The fungus was propagated on maize root grown in greenhouse for 8 weeks (Tarafdar and Marschner, 

1995), and the spores were surface sterilized to make inoculum for the experiment. We chose this 

fungal species because Glomus mosseae (G. Mossea) is a crucial AM fungus species in agricultural 

system (Benedetto et al., 2005) that is ubiquitous in worldwide ecosystems. 

2.1.2. Plant and experimental setup 

The cultivar of soybean was Glycine max L. DT96 characterized with drought resistant capacity, 

which was provided by Agricultural Genetics Institute of Vietnam. Soybean seeds were sterilized with 

70% ethanol and 10% hydrogen peroxide, and rinsed thrice with distilled water (Ibiang et al., 2017). 

These sterilized seeds were germinated on wet filter paper in a Petri dish for three days before 

transplanting into rhizoboxes. 

Treatments with and without AMF were set up in separate boxes. Zymography and glucose 

imaging were performed in different rhizoboxes to avoid cross effects of the two imaging methods. 

Thus, soil was packed in 24 transparent rhizoboxes (20 × 20 × 3 cm). The experiment consisted of four 

treatments (drought vs. optimum, AMF vs. no-AMF), each of which was replicated thrice to measure 

zymography, enzyme kinetics, and microbial biomass P. Simultaneously, another set of drought vs. 

optimum treatments with three replications inoculated with and without AMF was prepared for glucose 

imaging. To evaluate the effects of mycorrhiza on soybean drought resistance, 20 g of mycorrhiza 

inoculum (Glomus mosseae, > 100 cell g−1) (Ruiz-Lozano et al., 2001) was added to 12 rhizoboxes. 

The rhizoboxes were placed horizontally with one side open and then soil was slowly and 

continuously poured into the rhizoboxes through a 2 mm sieve to achieve a uniform soil packing. The 

open side was then closed, the samples were turned vertically, and they were gently shaken to achieve 

a stable soil packing. All the rhizoboxes were kept inclined at 45° with the open side facing down like 

a door in the greenhouse chamber at 20–22 °C and light intensity of 330 μmol m−2 s−1. The 

emplacement of the rhizoboxes ensured root growth along the lower side of the boxes. The rhizoboxes 

were covered with aluminum foil to prevent algal growth. Soil moisture in each rhizobox was 

gravimetrically measured every two days to ensure 65% water holding capacity (WHC) during the first 

7 weeks of the experiment, and distilled water was added if necessary. After that, drought condition 

(25% WHC) was set up in half of the 24 rhizoboxes for two weeks (excluding 1 week of transition 
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from 65%WHC to 25%WHC), the rest of the boxes were maintained at 65% WHC till harvest. Briefly, 

the growth of soybean was kept for 7 weeks at optimum moisture followed by 1 week at transition 

stage from optimum to drought and 2 more weeks at 25% WHC for drought treatment. The samples 

were collected after 10 weeks of the experiment (Appendix 1). 

2.2. Staining arbuscular-mycorrhizal fungal colonizations in root 

Root branches were randomly cut off from three plant replicates of each treatment. Root staining 

was implemented according to Vierheilig et al. (1998). Firstly, roots were boiled with KOH for 5 min 

and rinsed with tap water several times. Solution of black ink (Pelikan; Germany) and vinegar was 

used to boil the cleared roots for 3 min, followed by pure vinegar rinse. The stained arbuscules and 

their hyphae were observed and imaged under a light microscope (Vierheilig et al., 2005). 

2.3. Glucose imaging: method optimization 

The exudation of glucose was first visualized in gel-based approach which demonstrated a 

dependence of spatial and temporal pattern of glucose distribution on plant species, soil moisture, and 

root compartments (Voothuluru et al., 2018). In situ glucose imaging was performed for AMF-

inoculated and AMF non-inoculated rhizoboxes, which were divided into three drought and three 

optimum conditions. Here, we optimized the method for soil matrix from protocols proposed 

by McLaughlin and Boyer (2004) and Voothuluru et al. (2018). Accordingly, phosphate powder was 

dissolved in distilled water to make a buffer solution of 0.05 M. 100 mL buffer solution was added to 

0.00107 g glucose oxidase from Aspergillus niger (G7141-10KU, Sigma Aldrich, Germany), 

0.003 g peroxidase from horseradish, and 0.005144 g Ampliflu red (C14H11NO4, 90101-5MG-F, 

Sigma Aldrich, Germany) dissolved in 60 μL dimethylsulfoxid (Sigma Aldrich, (CH3)2SO). 

Parallelly, polyamide membrane filters (diameter 20 cm, pore size 0.45 μm - Tao Yuan, China) were 

cut to fit the size of the rhizobox. These membranes were saturated with the prepared solution prior to 

being attached to rooted sides of the rhizoboxes. In this study, glucose imaging was further developed 

by integrating the solution described above that becomes red when glucose oxidase and horseradish 

peroxidase (EC No. 232-668-6, Sigma Aldrich, Germany) catalyzes glucose-based conversion of 

colorless Ampliflu Red into magenta-colored resorufin, using membranes instead of gel. This 

modification enables glucose imaging at the soil surface and strongly reduces the diffusion artifacts 

occurring in gel. 

After 20 min of incubation, membranes were quickly removed and placed in a dark 

room under UV light of 355 nm wavelength (an optimal incubation time should be tested in advance 

‒ time may differ between plants species). The magenta-colored area on the membrane indicated 

glucose exudation as hydrogen peroxide generated from the reaction between glucose and 

the enzyme glucose oxidase, catalyzed by horseradish peroxidase, converted colorless Ampliflu red 

into magenta color. 

2.4. Soil zymography 

In order to localize hotspots of enzymatic activity at soil surface, the protocol of zymography was 

applied according to Razavi et al. (2019). In details, 4-methylumbelliferyl-phosphate (MUF-P, 

C10H9O6P, EC No. 222-137-7, Sigma Aldrich, Germany) solution was prepared in Dimethyl 

sulfoxide (DMSO, (CH3)2SO, Sigma Aldrich, Germany) to prepare the solution of 10 mM. This 

substrate was used to detect acid phosphomoasterase activity. 
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The polyamide membrane filters (Tao Yuan, China) with large pore size of 0.45 μm were selected 

to reduce the restriction of enzyme diffusion through the pores. The cut membranes that match well 

with the door of rhizoboxes were soaked into the substrate solution. The membranes were directly 

applied to root-exposing side, and covered outside with aluminum foils to avoid dry out. After 1 h of 

incubation, the membranes were lifted off and cleaned with a soft brush, then exposed to UV light of 

355 nm wavelength excitation and 460 nm emission wavelength in a closed room. Beside analysis 

of rhizosphere size, the zymograms were used as a map to localize hotspot of acid phosphomoasterase 

activity (Figure 1). The soil samples were collected from all the identified hotspots of each rhizobox 

and the mixed soils were split into 2 subsamples for further analysis (1 for enzyme kinetics, 1 for 

MBP). 

2.5. Calibration lines 

Glucose imaging was calibrated by soaking individual 2 cm2 membrane in glucose solution at 

respective concentration of 0, 2, 4, 6, 8 and 10 mM and then placed in reaction mixture containing 

Ampliflu Red, glucose oxidase and horse radish peroxidase for 30 s. These membranes were exposed 

under UV light in the same way as the samples. Calibrated values were used to quantify color intensity 

of the glucose release and relate glucose release to the gray-value. Fluorescent signals on an area basis 

were calculated based on the volume of substrate solution taken up by a fixed membrane size. 

Zymography processing was calibrated by soaking individual 3 cm2 membrane in MUF solution 

at respective concentration of 0.01, 0.2, 0.5, 1, 2, 4, 6 and 10 mM. These membranes were exposed 

under UV light in the same way as the samples. Calibrated values were used to quantify color intensity 

of the zymograms and relate enzyme activity to the gray-value. Fluorescent signals of MUF on an area 

basis were calculated based on the volume of substrate solution taken up by a fixed membrane size. 

2.6. Photography and processing glucose and zymography images 

All the images were taken with a digital camera (Canon EOS 6D, Canon Inc.), with a Canon lens 

EF 24–105 mm 1: 4L IS with the setting of aperture and shutter speed at f/5.6 and 1/30 s respectively. 

The fixation of distance from the camera to UV light source and membranes was to ensure constancy 

in image qualification, comparable quality of image processing for all samples. 

The image processing and analysis was conducted in ImageJ and Matlab. For image processing, 

all the taken images (glucose images and zymograms) were i) transformed to 16-bit grayscale value; 

ii) adjusted the background and contrast levels; iii) segmented roots and iv) converted grayvalue to 

enzyme activities and glucose intensity. The segmented roots and their radius were calculated using 

the Euclidean distance map function in Matlab (Menon et al., 2007; Zarebanadkouki and Carminati, 

2014). The hotspot areas were determined as top 25% higher enzyme activities after subtracting 

background values at zero concentration of the calibration line from all zymograms (Ma et al., 2017). 

Hotspot percentage was calculated based on the pixel size proportion of hot area to the entire 

image. Rhizosphere extent of each individual root was calculated from root surface. 

2.7. Enzyme kinetics, substrate turnover time and resistance of enzyme activity under drought 

condition influenced by AMF 

According to the zymograms, samples from the rhizosphere hotspots were collected. These 

samples were preserved at 5 °C and measured the next day. Supposing that drought 

restricted photosynthesis so may affect above-underground C translocation. On the other hand, AMF 
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presence stimulated P uptake by plants under stressed conditions and P deficiencies. Therefore, two 

enzymes were selected to investigate the interaction between roots and microorganisms including: β-

glucosidase and acid phosphomonoesterase. The kinetics of these two enzymes were determined using 

fluorescent substrates (Sigma Aldrich, Germany). MUF β-D-glucopyranoside (MUF-G) was used for 

the determination of β-glucosidase and 4-methylumbelliferyl-phosphate (MUF-P) for acid 

phosphomonoesterase. According to German et al., (2012), 1.0 g soil was suspended in 50 mL sterile 

water of which 50 μL suspension was pipetted in a 96-well microplate (Puregrade, Germany). Then, 

50 μL MES hemisodium buffer (pH 6.5) (MES, C6H13NO4SNa0.5, Sigma Aldrich, Germany) and 

100 μL respective substrate solution were added subsequently in each well. The activity of each 

enzyme was measured at 3 time points: 30, 60 and 120 min using CLARIOstar plus (BMG LABTECH, 

Germany) at an excitation wavelength of 355 nm and an emission wavelength of 460 nm. Enzyme 

activities (Vmax) were denoted as released MUF in nmol per g dry soil per hour (nmol MUF g−1 soil 

h−1) (Awad et al., 2012) at the time point of 120 min. The linear increase of fluorescence overtime 

during the assay was properly checked and data obtained after 2 h was used for further calculation 

(German et al., 2012). Simultaneously, a range of MUF concentration of 0, 10, 20, 30, 40, 50, 100, 

200 μM were prepared to calibrate the measurement. 

The determination of Km and Vmax was conducted by fitting the measured values to Michaelis-

Menten equation (1): 

𝑣 =
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                        (1) 

where v is the reaction rate, Vmax is the maximum reaction rate at saturated substrate concentration, [S] 

is substrate concentration, Km is the substrate concentration at which the reaction rate attains a half of 

maximum. 

Based on Vmax, Km and [S] values, we calculated turnover time (Tt) of the added substrates 

according to equation (2) suggested by Panikov et al., (1992) and Larionova et al., (2007): 

𝑇𝑡(ℎ𝑜𝑢𝑟𝑠) =
𝐾𝑚+𝑆

𝑉𝑚𝑎𝑥
                                                                                      (2) 

Since drought triggers less proportion of C allocation to root rhizosphere (Gao et al., 2021), the low 

substrate concentration (equal to Km) was chosen to calculate the turnover time of added substrates. 

In order to evaluate the role of AMF in improving drought resistant capacity of soybean 

rhizosphere's enzyme activity, the resistance index (RS) was interpreted based on equation (3) (Orwin 

and Wardle, 2004): 

𝑅𝑆(𝑡0) = 1 −
 2 |𝐷0 |

𝐶0+ | 𝐷0|
                                                                                   (3)    

where D0 is the amount of the difference in a biological function between the control soil (C0) (here 

enzyme activity) and the drought soil at the end of disturbance (t0). This resistance index is between 

−1 and +1, where +1 indicates no effects of disturbance (maximum resistance). 

2.8. Microbial biomass phosphorus (MBP) 

Microbial biomass phosphorus was determined by chloroform fumigation-extraction using anion 

exchange membrane (Kouno et al., 1995; Yevdokimov and Blagodatskaya, 2014). To prepare for the 

experiment, anion exchange membrane (AEM) strips were shaken with three sequential changes in 

200 mL 0.5 mol L−1 NaHCO3 for 24 h, then washed three times and kept in deionized water until use. 

Subsequently, each pair of 50-mL tube (for fumigation and non-fumigation purposes) contains the 
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same sample equivalent to 3 g dry soil were filled with 30 mL of deionized water. The fumigated tube 

was added with 300 μl of chloroform to solubilize microbial biomass P. One anion exchange 

membrane (AEM) strip was placed in fumigated and non-fumigated tubes. These tubes were shaken 

for 24 h continuously to induce the recovery of inorganic P from the soil extract. After shaking, AEM 

strips were lifted out of the tubes and gently washed again in deionized water prior to being submerged 

into another centrifuge tube filled with 45 mL of 0.25 M H2SO4. Tubes containing membranes and 

0.25 M H2SO4 were shaken for 3 h to release membrane-fixed P back to the solution. 150 μL acid 

extract was mixed with 30 μl Reagent 1 (prepared with 

14.2 mmol L−1 ammonium molybdate tetrahydrate in H2SO4 3.1 M) and Reagent 2 (prepared with 

3.5 g L−1 aqueous polyvinyl alcohol reagent and malachite green) (D'Angelo et al., 2001) in disposable 

96-well polystyrene microplates. These microplates were exposed to 40 °C for 30–40 min in a dryer 

(thermostat) and read at 630 nm in CLARIOstar plus (BMG LABTECH, Germany). 

2.9. Data analysis and statistics 

All the statistical analyses were performed in Sigma-Plot 14.0. One-way ANOVA was applied to 

categorize hotspot boundary and hotspot intensity. The significant differences in enzyme activities, 

rhizosphere extent, hotspot percentage, substrate turnover time and drought resistance, microbial 

biomass P between droughts vs. optimum, with AMF vs. without AMF were confirmed by Two-Way 

ANOVA after checking normality and homogeneity of values. A probability level of p < 0.05 

or p < 0.001 indicated the significance in comparison. Error bars indicate the standard error of the 

means. 

3. Results 

The staining technique with ink and vinegar demonstrated the colonization of AMF in mycorrhizal 

plant roots (Figure S1). Our measurements showed that drought reduced the shoot length by 1.3–1.5 

times but the reduction of root length is less than shoot length. AMF inoculum strongly increased shoot 

length by 1.38 times at optimum condition and by 1.24 times in drought condition (Figure S3). 

 

Figure 3-1 Upper row: glucose release (nmol/cm2); lower row: zymograms of acid 

phosphomonoesterase (pmol cm−2 h−1): (a, c) glucose release along the roots and root tips under 
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optimum conditions, shown in white color. (b, d), the exudation of glucose focused on the root tips 

under drought. (g, h) AMF symbiosis enhanced hotspot extent regardless of water condition (e, f).  

3.1. Glucose exudation from root tips 

In glucose imaging, decreasing the release of glucose was demonstrated in color bars in which 

white color showed the highest glucose exudation. Under optimum conditions, glucose was mainly 

exuded along the roots and root tips (Figure 1). On the contrary, under drought condition, glucose 

exudation was more focused on the root tips. However, a higher release of glucose was observed in 

the rhizosphere under AMF-drought than control-drought. 

 

Figure 3-2 Hotspot percentage and rhizosphere extent. Lower case letters: significant differences 

between optimum and drought at p < 0.05; upper case letters: significant differences between control 

and AMF at p < 0.05. 

3.2. Enzymatic hotspots and rhizosphere size 

In the absence of AMF, drought reduced acid phosphomonoesterase hotspot percentage by three 

times compared to optimum condition, while AMF inoculation further reduced it to two times (Figure 

2a). The presence of AMF increased the hotspot area by 40% and 53% in optimum and drought 

conditions, respectively, compared to respective conditions without AMF. Enzymatic hotspot area 

increased by 9% under drought than optimum conditions with AMF symbiosis. 

Water stress triggered a reduction of rhizosphere size by 78% when compared to the optimum 

condition (Figure 2b). In contrast, in plants inoculated with AMF, rhizosphere extent under stress 
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effects was almost the same as that under optimum condition (without AMF), and 71% higher than 

non-mycorrhizal rhizosphere under the same stress.  

 

Figure 3-3 Michaelis-Menten kinetics (enzyme activity as a function of substrate concentration) for (a) 

β-glucosidase (GLU) and (b) acid phosphomonoesterase (PHOS) The bar indicated standard error. 

3.3. Enzyme kinetics, turnover time, and resistance to drought 

Activities of β-glucosidase and acid phosphomonoesterase decreased by approximately 50% 

owing to water deficit, irrespective of AMF or non-AMF inoculation (p < 0.001, Figure 3). Km value 

of both enzymes considerably increased (p < 0.001) in mycorrhizal plants in comparison to non-

mycorrhizal ones, regardless of optimum or drought conditions (Figure S2). 

 

Figure 3-4 Substrate turnover time at optimum and drought condition with and without AMF 

inoculation. Lower case letters: significant differences between optimum and drought at p < 0.05; 
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upper case letters: significant differences between control and AMF at p < 0.05. GLU: β-glucosidase, 

PHOS: acid phosphomonoesterase. 

While substrate turnover times of β-glucosidase and acid phosphomonoesterase were at least 56% 

shorter in optimum condition than in drought (p < 0.001, Figure 4), AMF symbiont reduced the 

turnover time of these enzymes by up to 28%, especially under drought. Additionally, the drought 

resistance of β-glucosidase and acid phosphomonoesterase activities was enhanced by 63% and 57%, 

respectively, in mycorrhizal plants (p < 0.05, Figure 5). 

3.4. Microbial biomass phosphorus 

Drought resulted in a two-fold decrease of microbial biomass P (MBP) in both control and AMF 

treatments (Figure 6). Nevertheless, biomass of microbial P increased by 50% and 45% under optimum 

and drought conditions, respectively, in plants inoculated with AMF. 

 

 

Figure 3-5 The resistance of enzyme activity to drought (i.e. RS (t0) = 1- (2|D0|/(C0 + |D0|)). Letters 

indicate significant differences between control and AMF treatment of respective enzyme after 

Student's t-test at p < 0.05.  

 
Figure 3-6 Microbial biomass phosphorus. Drought resulted in two-fold decrease of microbial 

biomass phosphorus (MBP) in both control and AMF treatments. Nevertheless, biomass of microbial 
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phosphorus increased 50% and 45% in respective optimum and drought conditions as plant was 

inoculated with AMF. Lower case letters: significant differences between optimum and drought 

at p < 0.05; upper case letters: significant differences between control and AMF at p < 0.05. 

4. Discussion 

4.1. How AMF presence affected glucose exudation and enzymatic hotspot within rhizosphere? 

In line with our first and second hypothesis, glucose exudation highly relied on moisture condition, 

as suggested by Vancura and Hovadik (1965) and Calvo et al. (2019). Under optimum condition, 

glucose was homogeneously exuded along the root as well as root tips, but drought dramatically 

reduced glucose exudation along with a total decrease in exudation (Liese et al., 2018), especially from 

the mature part of the root (Figure 1). Remarkably, AMF strongly boosted glucose hotspots in 

comparison to non-mycorrhizal plants. Glucose exuded from root characterized by lability and ready 

utilization can be directly absorbed by AMF as a C source (Bago et al., 2000; Bücking et al., 2008) to 

stimulate AMF hyphae branching and lengthening. On the other hand, AMF may contribute to glucose 

release, for instance, by the expression of β-glucosidase and mobilizing oligo- and polysaccharides or 

glycosylated compounds. Therefore, the enhanced detected glucose signal could be attributed the 

concomitant direct secretion from plant roots or produced as a final product of β-glucosidase activity 

within the rhizosphere. 

This accelerated glucose availability within the mycorrhizosphere (Kraigher et al., 2013), the zone 

of influence in the vicinity of fungal hyphae (Tarafdar and Marschner, 1994), which compensates C 

deprivation of rhizobiota due to drought (Asensio et al., 2021). As a consequence, acid 

phosphomonoesterase hotspots percentage and rhizosphere extent increased by up to 53% and 71%, 

respectively, in mycorrhizal plants when compared with non-mycorrhizal plants under water 

scarcity (Figure 2). AMF can play the role of root hairs and enlarge the overall extent of the absorbing 

surface of the host roots (40 times) (Muchovej, 2004; Pepe et al., 2016). 

P is well known as one of the most essential nutrients for plant growth and is quickly taken up by 

plant roots resulting in a P depletion zone in the adhering vicinity of host roots (Lewis and Quirk, 

1967; Hinsinger et al., 2009; Shen et al., 2011). However, water deficiency strongly inhibits soil 

P bioavailability (Sardan et al., 2007) in contrast to the increasing demand of P by plants under stress 

condition (He et al., 2014). The extension of the enzymatic rhizosphere is expected to compensate the 

P-depletion zone, especially under increasing water stress condition. The fungus mycelium system can 

approach microaggregate-trapped P and efficiently transport P into plant roots (Smith and Read, 

1997; Schnepf et al., 2011). The spread of external mycelium is coincidental with the synthesis of acid 

phosphomonoesterase by fungi (Tarafdar and Claasen, 1988; Dakora and Phillips, 2002) to facilitate 

P availability, which apparently contributed to higher hotspot percentage and rhizosphere extent in 

host plants than in non-host plants. Coupling with the glucose distribution pattern above, we conclude 

that plants sustain a mutual communication with rhizosphere microorganisms by diffusing more 

glucose along the plant roots associated with AMF as a strategy to adapt to water limitation. In turn, 

AMF boosts the P availability for plants in the enzymatic pathway by enlarging acid 

phosphomonoesterase hotspots and rhizosphere expansion. Consequently, shoot length increased by 

1.24–1.37 times in AMF inoculation regardless of optimum or drought condition. Considering the fact 

that many hotspots have a mixed origin and mixed-use, it becomes more evident that the overlapping 
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area between rhizosphere and mycorrhizosphere accelerates microbial activity around the roots 

(Figure 7). Thus, AMF stimulated microbial-mediated processes and extended hotspots around the 

roots under water stress by forming favorable microsites for microorganisms which supported soybean 

performance. 

4.2. How AMF symbiosis affected enzyme kinetics and its drought resistance? 

In agreement with our second hypothesis, AMF symbiosis significantly enhanced β-glucosidase 

and acid phosphomonoesterase activities, compared with non-mycorrhizal plants, irrespective of 

optimal moisture or water deficiency (p < 0.001). This finding confirms that AMF promotes enzymatic 

activities, especially that of acid phosphomonoesterase (Welc et al., 2014) through possible stimulation 

of bacteria, fungi or plant roots (Joner and Jakobsen, 1995; Yang et al., 2012; Nannipieri et al., 2011). 

C demand of AMF facilitates the synthesis of β-glucosidase by either bacteria or fungi (Pathan et al., 

2017) to decompose root exudates containing carbohydrates and root slough-off. In addition, 

glomaline produced by AMF stores 4–5% of the total tropical soil C (Rillig et al., 2001) which 

promotes the β-glucosidase activity. Meanwhile, acid phosphomonoesterase was synthesized by both 

plant roots and fungal hyphae, leading to the increase in acid phosphomonoesterase activity in 

mycorrhizal plants. The higher Km values in AMF inoculated plant independent of water content 

indicated different enzyme systems with lower substrate affinity compared to control without AMF 

(Razavi et al., 2016b). The change of enzyme systems reflected a probable shift in dominant microbial 

populations toward species with lower affinity to celluloses and organic P-compounds as compared to 

the control (Zhang et al., 2020) indicating action of fast-growing microorganisms with low efficiency 

within the rhizosphere‒mycorrhizosphere hotspots. 

Our findings for both β-glucosidase and acid phosphomonoesterase was consistent with the results 

of a previous study on the reduction of enzyme activities as a result of water stress (Alster et al., 2013). 

This reduction might be the result of i) reduced diffusion of substrate to enzymes in suboptimal 

moisture (Nannipieri et al., 2002) and ii) adsorption of enzymes on soil particles (Steinweg et al., 2012) 

under drought. 
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Figure 3-7 While drought reduces enzyme activities and the glucose exudation localized mainly at the 

root tips, arbuscular mycorrhiza fungi (AMF) inoculation formulating the overlapping area between 

rhizosphere and mycorrhizosphere so enhances glucose exudation compared to non-mycorrhizal 

plants and enlarged enzymatic hotspot area by 53%. AMF also increases drought resistance of β-

glucosidase and acid phosphomonoesterase up to 63% in mycorrhizal plants. 

At low substrate concentration (<20 μmol g−1 soil), we detected a similar reaction rate of acid 

phosphomonoesterase under drought independent of AMF inoculation (Figure 3). These results can be 

explained by an increase of Km, which is in the denominator of the Michaelis-Menten equation (1). 

Therefore, the positive effects of AMF on Vmax were canceled by the Km increase. A much greater 

increase in Km (substrate affinity decreased) than in Vmax canceled the differences in acid 

phosphomonoesterase activities at substrate concentrations below 20 μmol g−1 soil under drought. 

Thus, the decomposition of organic P-compounds under drought was accelerated only at substrate 

levels exceeding that threshold. Accordingly, increased turnover time of added substrates by enzymes, 

under drought demonstrates that the decomposition of soil organic matter was delayed under water 

stress condition due to lower activities of enzymes. AMF symbiont showed a faster degradation of 

substrates under drought condition, with up to 28% reduction in turnover time in the mycorrhizal 
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rhizosphere. This reduction is critical in improving C and nutrient transformation, especially P 

compounds within the rhizosphere, under water stress. 

Effects of drought on soybean varies with its growth stage but most severe during vegetative 

and flowering timing (Desclaux et al., 2000) which showed more influences on shoot length than root 

length in our experiment (Figure S3). As a result of AMF symbiosis, shoot length was significantly 

improved in comparison to plant without AMF. Moreover, AMF plays a leading role in enhancing 

drought-resistance of both β-glucosidase and acid phosphomonoesterase enzymes. As mentioned in a 

review by Dodd et al. (2000), greater allocation of sucrose to mycorrhizal roots maintains AMF growth 

and also retains sustainable plant production. The observed increased glucose excretion under drought 

treatment might have a function similar to that of sucrose in enhancing drought resistance of these two 

enzymes. Although the role of AMF hyphae in sustaining soil micro-aggregates is not within our 

research scope, we speculate that AMF-synthesized glomaline glues separate soil particles to make 

soil water-stable aggregates (Wu et al., 2008), facilitating drought resistance of β-glucosidase and acid 

phosphomonoesterase enzymes. 

Given that drought dramatically reduced microbial biomass P (MBP) because of increasing P 

accumulation in soil accompanied with water limitation, AMF enormously improved MBP. 

Remarkably, AMF showed positive effects on MBP not only under drought but also under optimum 

conditions. This result implies that P is increasingly mobilized by AMF which was not only transported 

into the host plant but also served the soil microbes demand for P. This role of AMF is more critical 

as plants encounter simultaneous P deficiency and water limitation. 

Overall, the stronger resistance of enzyme activities to drought in AMF-inoculated than in non-

mycorrhizal suggests that microorganisms associated with mycorrhizal root have a higher capability 

to react to altered abiotic environmental conditions than those associated with non-mycorrhizal roots. 

The mycorrhization induced an interactive regulation of soybean glucose exudation and rhizosphere 

expansion for enzyme activities. Hence, the identified overlapping area between rhizosphere and 

mycorrhizosphere showed that AMF stimulated microbial-mediated processes around the roots under 

water stress. This contributed to the resistance of microbial functions (e.g., enzyme expression) 

to drought stress in AMF-inoculated than in non-mycorrhizal soybean as well as soybean performance. 

AMF-inoculation suppressed adverse drought effects on plant and microbial nutrient mining, which 

has substantial implications for controlling microbial roles in organic matter decomposition and P 

cycling. 
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Supplementary data 

 

Figure S3-1 Arbuscular mycorrhiza fungi well accommodated in the roots with the red arrow showed 

arbuscule and the yellow arrow indicated vesicle. The image was taken using staining technique.
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Figure S3-2 Km values of β-glucosidase and acid phosphomonoesterase in mycorrhizal and non-

mycorrhizal plants. Higher Km value in mycorrhizal plants than non-mycorrhizal plants indicated 

different enzyme systems with lower substrate affinity. Lower case letters: significant differences 

between optimum (Opt) and drought at p < 0.05; upper case letters: significant differences between 

control and AMF at p < 0.05. GLU: β-glucosidase, PHOS: acid phosphomonoesterase. 

 

Figure S3-3 Drought reduced the shoot length by 1.3-1.5 times but the reduction of root length is less 

than shoot length. AMF inoculum strongly increased shoot length by 1.38 times at optimum condition 

and by 1.24 times at drought condition. Asterisk (*) showed significant effect of drought on the length 

of root and shoot (p<0.05). 
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Abstract 

Maize and soybean are capable of forming symbiotic relationship with arbuscular mycorrhizal fungi 

(AMF), which enables the plants to overcome P limitations and resist drought effects. The results 

indicate that the activities of β-glucosidase, chitinase and acid phosphatase in the rhizosphere were 

double those in the bulk soil, regardless of plant species. Both soybean and maize demonstrated a 

decrease in β-glucosidase activity. However, chitinase activity displayed a divergent pattern between 

the two plant species under AMF influence, with a notable 18.5% increase in maize compared to a 

substantial 44.8% decrease in soybean. The presence of AMF resulted in a 50% reduction in 

rhizosphere microbial biomass phosphorus (MBP) in soybean, whereas this effect was not observed in 

maize. The distinct nutrient demands of each plant species appear to regulate the impact of AMF on 

the characteristics of microbial activities in the rhizosphere. 

Keywords: Arbuscular Mycorrhizal fungi, rhizosphere, enzyme activities, microbial biomass, 

microorganism 

1. Introduction 

Maize and soybean have a long history of cultivation worldwide, closely intertwined with the 

evolution of human civilization. Maize, first cultivated around 5000 years ago (Gewin, 2003), predates 

soybeans, which were a staple in Chinese cuisine by the 11th century BC. These two plant species rank 

among the four most important crops globally, following wheat and rice. Maize, a representative of 

the grass family (Poaceae, C4 plant), differs biologically from soybeans, a legume species of the 

Fabaceae family (C3 plant). The higher photosynthesis intensity of C4 plants compared to C3 plants 

https://doi.org/10.1016/j.rhisph.2023.100834
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(Ehleringer and Cerling, 2002) leads to variations in root exudate composition between the two plant 

species. For instance, C4 plants release higher amount of amino acid and organic acid compared to C3 

plants, while C3 plants exhibit higher carbohydrate content (Nabais et al., 2011; Vranova et al., 2013). 

Despite only soybean establishing symbiosis with N-fixing rhizobium bacteria, both plant species are 

capable of forming symbiotic relationship with arbuscular mycorrhizal fungi (AMF), aiding in 

overcoming P limitations and resisting drought effects (Boomsma and Vyn, 2008). Exuded carbon (C) 

from plant roots serves as an energy source for AMF, while fungal hyphae act as nutrient transport 

pathways from distant areas to the root surface. Intriguingly, the symbiotic relationship is regulated by 

C and nutrient balances, especially Willis et al. (2012) found that when available P content is high, 

exuded C content to the rhizosphere decreases, leading to a decline in AMF density. Consequently, 

AMF colonization alters root exudation profiles, influencing the microecological environment of plant 

roots, including microbial structure and functions (Ma et al., 2021). Moreover, the composition and 

liability of rhizospheric organic compounds are plant species specific. For examples, the proportions 

of p-coumaric acid, cinnamic acid, p-hydroxybenzoic acid, vanillic acid, and ferulic acid in phenolic 

acid are distinguished between maize and soybean (Zhang et al., 2020). Therefore, the rhizosphere 

microbial community plays a crucial role in controlling enzyme synthesis, optimizing the cost and 

benefits of energy and nutrient consumption. As a result, enzyme activities, as well as microbial 

biomass, may alter with plant species. However, the impact of the interplay between diverse plant 

species and their arbuscular mycorrhizal fungi (AMF) colonization on soil microbial-mediated 

processes remains unclear. Therefore, this research aims to elucidate the effects of AMF symbiosis on 

enzyme activities (β-glucosidase, chitinase, and acid phosphatase) and microbial biomass in the 

rhizosphere of two different plant species, namely maize and soybean, cultivated on soil materials 

collected from agricultural areas in the Red River Delta, Vietnam. While there are numerous AMF 

species, our study focuses on Glomus mosseae (G. mosseae) due to its global distribution (Benedetto 

et al., 2005). The research was conducted in a greenhouse at Kiel University, Germany, with a 

controlled temperature of 22 °C. The primary objective was to investigate whether AMF symbiosis 

enhances microbial enzyme activities and microbial biomass phosphorus, and whether these effects 

are dependent on the plant species. 

2.Materials and Methodologies  

Soil samples were collected from the top soil (0-30 cm) of a Fluvisol being used for rice and 

soybean rotation in Vu Thu district, Thai Binh province, Vietnam (20° 25' 34.4'' N; 106° 16' 33.4'' E). 

Soil samples contained 79.5% sand, 10.8% clay, and 9.7% silt, total N 0.12%, total P 0.18% and 

organic C content 0.37%, pH 7.07. The sieved soil was mixed with AMF fertilizers (AMF treatment) 

and control soil without AMF fertilizers. The soil was packed in rhizoboxes (10 × 10 × 1 cm) to attain 

a bulk density of 1.1 g/cm3. The packed soil was remoistured with sterilized water to 60% water 

holding capacity (WHC).  

Maize (Zea mays L., B73) and soybean (Glycine max L., DT96) seeds were sterilized with 70% 

ethanol according to Toyama et al. (2006). Each germinated maize or soybean seed on moist filter 

papers was transplanted at 2 cm depth in one rhizobox and placed in a glass house under controlled 

temperature of 22 ℃, 12-hour light per day at an intensity of 330 µmol m-2 s-1. The laboratory was 

located in the Institute of Phytopathology, Christian-Albrechts-University of Kiel, Germany. All the 

rhizoboxes were covered with aluminum foil to avoid the growth of algea. Sterilized water was used 
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to irrigate the plants for experimental bias prevention. In total, the experiment includes four treatments 

each of which was 4 times replicated: (i) maize + AMF; (ii) maize – AMF (control) (iii) soybean + 

AMF; (iv) soybean - AMF (control). After one and a half months of growth, eight rhizosphere samples 

were collected from: 2 plant species × 2 treatments with AMF and without AMF × 2 soil types 

(rhizosphere and bulk soil).  All the samples were preserved at 5 ℃ until analysis.  

Fluorescent substrates (Sigma Aldrich, Germany) including β-D-glucopyranoside (MUF-G), N-

acetyl-D-glucosamine (MUF-N), 4-methylumbelliferyl-phosphate (MUF-P) were utilized for the 

measurements of β-glucosidase, chitinase, and acid phosphatase, respectively. The analyzing steps 

were suggested by Hoang et al. (2022) by weighing 1 g soil into an air-tight glass bottle prior to filling 

with 50 ml sterilized water, followed by 20 minutes shaking. 50 μL soil slurry, 50 μL MES buffer (pH 

6.5) and 100 μL substrate solution were pipetted in a 96-hole black plate (Puregrade, Germany). The 

plate was measured by CLARIOstar plus (BMG LABTECH, Germany) at three time points: 30, 60 

and 120 minutes at an excitation wavelength of 355 nm and an emission wavelength of 460 nm. A 

calibration line was prepared with MUF substrate in a concentration range of 0, 10, 20, 30, 40, 50, 100, 

200 μM to define the slope. Enzyme kinetic parameters were calculated based on the Michaelis-

Menten equation (1): 

𝑣 =  
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                                                                         

(1) 

in which v is the reaction rate at 120’-time point of the measurement; Vmax is the maximum reaction 

rate at saturated substrate concentration (nmol MUF g-1 soil h-1); [S] is the substrate concentration 

(µmol g-1 soil); Km is the substrate concentration at which the reaction rate attains a half of maximum. 

Km value is negatively correlated with substrate affinity, which means that the higher the Km value is 

the smaller the substrate affinity is. In order to calculate the enzyme kinetic parameters (Vmax and Km), 

the measured fluorescent values were fitted with the range of substrate concentrations via the non-

linear regression routine of SigmaPlot (version 12.5). The microbial biomass phosphorus (MBP) was 

measured by fumigation-extraction method with some modification for anion exchange membrane 

(AEM) application (Maharjan et al., 2018). Three grams of soil were weighed in a centrifuge tube and 

added with a membrane (The fuel cell store, the U.S.A.) and 30 ml sterilized water. After the 

application of chloroform, the centrifuge tubes were shaken for 24h to absorb anion phosphate in 

exchange with HCO3
- on the AEM surface. Afterward, the strips were taken and gently rinsed with 

sterilized water before being immersed in another centrifuge tube filled with 45 ml H2SO4 0.25M. The 

tubes containing strips were again shaken for 3h to desorb anion phosphate into solution. At final step, 

150 μL solution was pippeted into a 96-hole white plate. 30 μl Reagent 1 (14.2 mmol L-1 ammonium 

molybdate tetrahydrate dissolved in H2SO4 3.1 M) and Reagent 2 (3.5 g L-1 aqueous polyvinyl alcohol 

reagent and malachite green) (D'Angelo et al., 2001) were added to the plate, respectively. The plates 

were incubated at 40 ℃ for 30 - 40 minutes and measured by CLARIOstar plus (BMG LABTECH, 

Germany) at 630 nm. In order to calculate P concentration of the samples, a calibration line was 

prepared by diluting KH2PO4 100ppm into a range of concentrations of 0, 0.05, 0.1, 0.2, 0.4, 0.6, 0.8, 

1.0, 1.5, 2, 3, 5 μg P ml-1. The calibrated concentrations were measured in the same way with the 

samples. All data were presented as mean ± standard error (mean ± SE). ANOVA assumptions of 

normality and variance homogeneity were checked for 4 replicates of each treatments using Shapiro-

(1) 
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Wilk test and Levene test prior to the analysis of variance. Two-way ANOVA followed by a Tukey 

HSD test was applied for analyzing the differences in soil biochemical properties between rooted soil 

and bulk soil of two plant species, and One-way ANOVA was used to test the differences of one 

parameter between AMF treated and control soil. All analyses were performed using SigmaPlot 

(version 12.5) at a significant level of p < 0.05. 

3. Results and discussion 

The rhizosphere enzyme activities of β-glucosidase, chitinase and acid phosphatase were at least 

double those in the bulk soil, irrespective of plant species (p < 0.01; Figure 1). The presence of AMF 

enlarged the difference in enzyme activities between bulk soil and the rooted area of both soybean and 

maize by 18-49%. AMF symbiosis fostered an increase of 16-18% in β-glucosidase in the rhizosphere 

of both maize and soybean. Chitinase activities in AMF treated rhizosphere of soybean was 44.8% 

lower than those in the control, while a reverse pattern was observed in maize with the presence of 

AMF enhancing chitinase activities by 18.5%. However, the effect of AMF inoculation on rhizosphere 

acid phosphatase was obscure in both plant species. The activities of the three enzymes in maize 

rhizosphere were higher than those in soybean, particularly under AMF. The distinction in Km value 

between the rhizosphere and bulk soil was found in both maize and soybean for β-glucosidase and acid 

phosphatase, but effects of AMF on Km value were unclear in our findings (Figure 2).  

 
Figure 4-1 Activities of β-Glucosidase, chitinase and acid phosphatase in rooted soil and bulk soil of 

maize and soybean. The capital letters showed the significant difference between treatments under 

AMF or non-AMF inoculation (p < 0.05). The asterisk indicated the significant effects of AMF on 

enzyme activities (‘*’: p < 0.05; ‘**’: p < 0.01). 

Plant roots exude 17-40% of photosynthesized C to their rhizosphere (Nguyen, 2003), providing 

a favorable condition for the development and thriving of ubiquitous microbial communities. 

Moreover, root exudates, composed of simple and complex C compounds such as amino acid, organic 

acid, carbohydrate, nucleotides, etc. (van Dam et al., 2016), supply labile organic matters for microbial 

enzyme synthesis in the rhizosphere. As a result, microbial community composition and density in the 

rhizosphere are 20-40 times higher than those in the bulk soil (Foster, 1988), explaining our findings 

of enzyme activities in the rhizosphere being twice as high as those in the bulk soil. Although various 

plant species share common root exudate compositions, the proportion of these compounds depends 



124 
 

on specific plants and age (Aulakh et al., 2001). For instance, maize root exudates contain 70% free 

sugars (glucose, sucrose), 18% phenol compounds, 7% organic acids and 3% amino acid (Azaizeh et 

al., 1995). Meanwhile these components vary widely in the soybean rhizosphere depending on 

environmental conditions (Sugiyama., 2019), with isoflavones and saponins are two major exuded 

compounds. Therefore, the difference in enzyme activities between maize and soybean is more 

pronounced in their rhizosphere than in the bulk soil. Enzyme activities in the maize rhizosphere were 

higher than those in the soybean rhizosphere, especially β-glucosidase activity, which was 195% 

higher in the former than in the later. Despite the lack of a direct comparison of root exudate 

components between maize and soybean, the low molecular weight organic acids produced by C4 

plants (maize) were supposed to be higher than C3 plants (soybean) (Sivaram et al., 2020). The greater 

abundance of easily decomposed C sources from maize rhizosphere may stimulate microbial activities, 

leading to higher enzyme activities than in the soybean rhizosphere. 

 
Figure 4-2 Km of β-Glucosidase, chitinase and acid phosphatase in rooted soil and bulk soil of maize 

and soybean. The capital letters showed the significant difference between treatments (p < 0.05). The 

asterisk indicated the significant effects of AMF on enzyme activities (‘*’: p < 0.05; ‘**’: p <0.01). 

The symbiosis with AMF fostered an increase in β-glucosidase activity in both maize and soybean 

but lowered the chitinase activity in the latter, while the effect of AMF symbiosis on acid phosphatase 

activities was absent. This finding contradicted our assumption of positive effects of AMF symbiosis 

on all enzyme activities compared to the control treatment. By visualizing glucose exudation, Hoang 

et al. (2022) demonstrated an increase in exuded glucose under the presence of AMF inoculation. This 

glucose is a labile C source directly uptaken by AMF to produce and spread fungal hyphae to the 

surrounding area (Bücking et al., 2008). The competition for C demand between free-living 

microorganisms and symbiotic AMF promoted the generation of β-glucosidase in the rhizosphere 

compared to the bulk soil. We explained the opposite patterns of chitinase activity between maize and 

soybean by two mechanisms. Firstly, soybean roots synthesize is flavonoids to attract the symbiosis 

of N-fixing bacteria to form nodules (Weston et al., 2013). The symbiosis of soybean and rhizobium 

enables the fixation of N2 from the atmosphere and releases these organic N compounds into the 

soybean rhizosphere as a source of inorganic N after microbial decomposition (Jalonen et al., 2009). 
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Secondly, AMF hyphae play a role in transferring N from the surrounding area to the rooted zone 

(Sierra et al., 2010). The available N source is prioritized to be taken up by the rooted-zone microbial 

community, thereby reducing the activation of chitinase synthesis in soybean rhizosphere. As a result, 

chitinase activities in AMF-treated soybean were lower than in the control. In contrast, maize showed 

higher chitinase activity in the rhizosphere than in the bulk soil, in line with the findings by Lambais 

and Mehdy (1996) who suggested that chitinase activity of microorganisms under AMF effects 

depends on the level of symbiosis between plants and fungi. Both maize and soybean have a high 

demand for P, but the uptake volume depends on the plant’s growth stage. P is needed in maize at 4-6 

weeks old, while in soybean, P is required in the later vegetative stages (V10) and continues through 

mid reproductive stages (R5) (Hanway and Weber, 1971), which means 6 weeks after transplantation. 

Therefore, acid phosphatase activity in maize was higher than in soybean in both (+AMF) and (-AMF) 

treatments. The finding could result from the higher demand for P in maize at the harvesting time, 

which stimulated both maize and microbes to generate acid phosphatase enzymes. For maize, the 

inoculation of AMF triggered 63-171% increase in Km in bulk soil compared to the rhizosphere for β-

glucosidase and acid phosphatase while Km of chitinase activity increased by 58% in the rhizosphere 

compared to the bulk soil. Meanwhile, AMF seemed not to affect Km value in soybean regardless of 

rhizosphere and bulk soil. As Km value demonstrates the affinity of enzyme to the substrate 

(Loeppmann et al., 2016), the inconsistent alteration of Km value in rooted maize under AMF effects 

suggested microbial strategies in acquiring C and nutrients. The strategic changes of Km value in rooted 

maize versus the stable Km value in rooted soybean implied the specific impact of plant species on the 

mobilization of nutrients within the rhizosphere under the presence of AMF. 

 

Figure 4-3 Microbial biomass P in rooted soybean and maize under AMF effects. The capital letters 

showed the significant difference between treatments under AMF or non-AMF inoculation (p < 0.05). 

The asterisk indicated the significant effects of AMF on enzyme activities (‘*’: p < 0.05; ‘**’: p < 

0.01). 

Microbial biomass P (MBP) in soybean rhizosphere was approximately double that in the bulk 

soil (p < 0.01), but the difference between maize rhizosphere and bulk soil was not found (Figure 3). 

The inoculation with AMF halved MBP values inside and outside rhizosphere of soybean (p < 0.05), 

while this effect on maize was not reflected in rooted soybean was significantly higher than in the bulk 

soil, regardless of AMF or non-AMF effects, but this difference was negligible in maize. The higher 

MBP in rooted soybean than in the bulk soil was associated with our above explanation of a higher 



126 
 

density of the microbial community in the rhizosphere. While the demand for P in soybean was lower 

at the early growth stage, this demand in maize dramatically increased, making the plant’s P uptake 

outcompete microbial P accumulation. Consequently, the microbial biomass P in maize rhizosphere 

was similar to the bulk soil. Remarkably, the presence of AMF apparently reduced MBP inside and 

outside the rhizosphere in both maize and soybean compared to the bulk soil. There were two reasons 

for the findings: (i) the growth of AMF leads to the abundant reduction of Proteobacteria (Burke et al. 

2003) or T. harzianum (Green et al. 1999), which decreased microbial P sequestration; and (ii) nutrient 

competition between AMF and other microbes also hampered the proliferation of the general microbial 

community (Joner et al. 2000b). In conclusion, the effects of AMF on MBP are very diverse and highly 

reliant on the nutrient demands of the plant at a certain growth stage of each plant species.  

The research focused on evaluating AMF effects on enzyme activities in maize and soybean 

rhizosphere at the early stages of their growth. The findings showed that activities of β-glucosidase, 

chitinase and acid phosphatase enzymes in rooted soil were almost double those in the bulk soil, 

regardless of the plant species. AMF symbiosis generated inconsistent effects on rhizosphere microbial 

enzyme activities, with an increase of 16-18% in β-glucosidase in both rooted maize and soybean, but 

a reduction of 44.8% in chitinase of rooted soybean. However, the effect of AMF inoculation on acid 

phosphatase was obscure. The diverse effects of AMF on MBP of rooted soil are attributed to different 

root exudate compositions between the two plant species and their dependence of P demanding at their 

early growth stage.   
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Abstract 

Rising salinization of extended river-sides and estuary areas due to climate warming might alter 

microbial metabolic activity and cause unpredictable consequences for matter and energy turnover in 

soil. Therefore, we investigated the combined effects of salinization and warming on microbial activity 

and growth associated with CO2 (matter) and heat (energy) losses during glucose metabolism. Soil 

from Elbe estuary was artificially salinized to middle (2.06 mS cm-1) and high (3.45 mS cm-1) levels, 

while ambient low salinity soil (0.93 mS cm-1) served as the control. We examined the influence of 

realistic warming (20 vs. 22 ℃) on CO2 emission, heat release, enzyme kinetics (cellobiohydrolase, 

β-glucosidase, acid phosphomonoesterase and leucine-aminopeptidase) and microbial carbon use 

efficiency (CUE) across the microbial growth. 

Increasing salinity did not impact respiration, heat release, or microbial carbon and nitrogen content 

without glucose addition. However, activation of microorganisms with glucose intensified salinity 

effects and hindered substrate uptake and growth. Relatively small 2 ℃ increase in temperature much 

stronger affected substrate uptake and growth in comparison with increasing salinity. Moreover, the 

calorespirometric ratio (CR) increased by 81-124% at high versus low salinity treatment. Enzyme 

activities increased by 68-871% during the lag phase and maintained relatively high level during the 

growth and retardation stage. The CR ratio corresponded to the theoretical value (469 kJ mol-1 CO2) 

only during exponential growth stage. Disregarding the growth retardation stage resulted in strong 

overestimation of the CUE accounting for 70%-98%. However, the CUE accounted for 40%-60% 

when the lag, exponential growth and the retardation phases, were included in the calculations. Our 

results highlight the importance of estimating the carbon budget of microbial growth considering its 

dynamics when modelling carbon sequestration under global climate change. 

Keywords: Soil respiration, Heat release, Calorespirometric ratio, Carbon use efficiency, Microbial 

growth 
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1. Introduction 

The global area of salt-affected topsoil is approximately 4.24 × 108 ha, accounting for 4.4% of the 

total land area (FAO, 2021). The increasing severity of soil salinization in coastal estuarine wetland 

areas is attributed to climate change-induced sea level rise and increasing frequency and severity of 

extreme weather events leading to vulnerability to coastal flooding with brackish water in many 

regions of the world (Brown et al., 2022; Wang et al., 2021). Thus, soil salinization in coastal estuarine 

wetland areas presents a significant challenge to the sustainable development of ecosystems. Predicted 

global temperatures rise by approximately 1.5℃ by the middle of this century (IPCC, 2018), 

introduces further uncertainty regarding soil responses to salinization. Consequently, it becomes very 

relevant to investigate the interacted effects of salinization and climatic warming on soil ecosystems. 

Salinity has a direct impact on soil quality and functions, significantly influencing microbial 

activity and organic matter decomposition (Wong et al., 2010). Salinity directly alters the osmotic of 

the soil solution, thereby greatly affecting soil microbial activity, diversity and functionality (Song et 

al., 2022; Zhang et al., 2019). These salinity-induced changes on microbiome have substantial 

implications for soil enzyme production and are enzyme- and soil - specific (Singh, 2016). High 

salinity decreased soil enzyme activity in grassland (Pan et al., 2013), while having no impact on 

enzyme activity in paddy fields (Shahariar et al., 2021; Sritongon et al., 2022). Extreme climatic events 

not only contribute to salinization but also warming. Global temperature increase alters soil processes 

and functions. Generally, warming promotes soil microbial activity and growth, accelerating soil 

organic matter (SOM) decomposition and nutrient cycling if water is not limiting (Singh et al., 2010). 

Soil respiration may increase by the factor of 3-4 with a 10℃ warming (Q10), indicating a stronger 

loss of SOM and carbon emissions in the soil ecosystem (Meyer et al., 2018). In the short term, 

warming enhances enzyme catalytic power exponentially, while in the long term or with strong 

warming amplitude, enzyme activity and efficiency may decrease or exhibit none- linier increase 

(Razavi et al., 2015; Razavi et al., 2016; Razavi et al., 2017). Considering high temperature sensitivity 

of microbial activity and expressed enzymes, the effects of moderate warming, close to predicted 

temperature rise by 1.5 - 2℃, on soil microbial activity and SOM remain poorly investigated. 

Furthermore, the co-occurrence of warming and salinization increases uncertainty in predicting these 

effects. 

SOM turnover refers processes involving the decomposition, transformation, and cycling of 

organic matter in the soil (Dungait et al., 2012). Soil microorganisms degrade SOM to immobilize 

carbon, energy, and nutrients into microbial biomass (Blagodatskaya and Kuzyakov, 2013; Schnecker 

et al., 2023). The relationship between SOM, microbial growth, respiration is characterized by 

microbial C use efficiency (CUE), calculated as the fraction of C incorporated in microbial biomass 

(microbial growth via biosynthetic processes) of total microbial C uptake (Geyer et al., 2019). 

However, there are various approaches to estimate CUE, and no common agreement exists on the 
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appropriate time for CUE estimation (Geyer et al., 2019). Meanwhile, there is inconsistency in the 

terminology of CUE, it can be described not only as carbon use efficiency, but also as carbon 

assimilation efficiency, microbial substrate use efficiency. Therefore, it is necessary to test the 

relevance of various approaches and compare the CUE results of different terminologies within the 

same experiment set up. 

To support microbial growth, microorganisms obtain carbon by producing extracellular enzymes 

from SOM, releasing C as CO2 during growth on SOM-derived substrates (Chen and Sinsabaugh, 2021; 

Zhang et al., 2020). Both respiration and enzyme catalysis predominantly release or uptake energy in 

the form of heat, quantifiable by microcalorimetry as net metabolic heat production. Consequently, 

enzyme activity, respiration, and heat production can serve as indicators of SOM decomposition. 

Additionally, the calorespirometric ratio (CR ratio), defined as the ratio of soil heat production to 

respiration, can be indicative for the metabolic pathways during microbial growth. The CR ratio is also 

related to the efficiency of converting substrate carbon into living cells and can be used for indirect 

estimation of the CUE (Chakrawal et al., 2020; Hansen et al., 2004). However, SOM turnover, enzyme 

activity, and CR ratio can be influenced by environmental factors, organic matter quality, and 

decomposition stage (Allison et al., 2014; Chakrawal et al., 2021; Hoang et al., 2022). Thus, it is crucial 

to consider both microbial function and soil property factors when evaluating the response of SOM 

decomposition to warming and salinization, especially in the early stages following organic matter 

input. 

In this study, we incubated soil samples collected from Elbe estuary area to identify the impact of 

warming and salinization on soil microbial activity and organic matter turnover. We determined soil 

respiration, heat flow, and microbial biomass to measure the CUE and calorespirometric ratio (Zhang 

et al., 2020). The kinetics of microbial growth, and enzyme activities involved in C, N, and P cycling 

were determined to indicate the microbial functions (Wang et al., 2023a; Wang et al., 2023b).  

Overall, we hypothesized that i) increasing salinity would decrease the soil microbial activity and 

growth, leading to lower enzyme activities and CUE; ii) soil ‘activated’ by the input of labile organics 

would exhibit a stronger response to warming and salinization compared to the non-amended soil; iii) 

respiration and heat release would simultaneously change during microbial growth. 

2. Materials and methods 

2.1 Soil sampling  

Soil samples were collected from the surface horizon (0-20 cm) of a grassland site of the Elbe 

Estuary (Balje, Lower Saxony, Germany, 53°8′N, 9°05′E). The soil was classified as Tidalic Gleysol 

(IUSS Working Group WRB, 2022) with clear stratification due to storm tides. The mean annual 

temperature of the site is 10 °C and soils are flooded frequently at storm tides. The soil was air-dried, 

sieved (< 2 mm) and visible plant residues and stones were removed for further incubation experiment. 
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Soil basic properties were pH (1:2.5 H2O): 7.1, electrical conductivity (EC): 0.93 ms cm-1, soil organic 

carbon (SOC): 2.4%, total nitrogen (TN): 0.3%. 

2.2 Microcosm experiment 

To simulate the soil salinization by river water, we used Elbe River water solution to increase the 

soil salinity based on the determination of Elbe River water cations and anions (Table S1). The 

artificial solutions with different concentration (0‰, 3.3‰, and 5.6‰) were added as a spray on spread 

soil and uniformly mixed to form 3 artificial salinities: low (ambient) salinity (0.93 mS cm-1, pH=7.10), 

middle salinity (2.06 mS cm-1, pH=7.10), and high salinity (3.45 mS cm-1, pH=6.97). The artificial 

saline soils were pre-incubated under room temperature (20 ℃) for 14 days before the formal 

microcosm experiment. The microcosm incubation experiment with a completely randomized design 

with three salinity levels and three replicates was conducted at both 20℃ and 22 ℃. Prior to incubation, 

soil in each microcosm was amended with a mixed solution containing 2 mg C g-1 glucose (2 times of 

soil MBC) and mineral salts (0.95 mg g-1 (NH4)2SO4, 1.48 mg g-1 K2HPO4, and 1.90 mg g-

1 MgSO4·7H2O) to induce unlimited growth (Blagodatskaya et al., 2009), and soil moisture was 

adjusted to 60% WHC by adding sterilized water. The microcosms amended with mineral salts without 

glucose were used as the control.  

2.3 Kinetics of the substrate-induced respiration 

The substrate induced growth respiration (SIGR) method was used to estimate the kinetic 

parameters of soil microbial growth in response to substrate amendments, including active and total 

microbial biomass, lag time, and specific growth rate. (Blagodatsky et al., 2000). Although glucose 

addition was required for the SIGR method, all kinetic parameters analyzed by this method reflect the 

intrinsic features of dominating microbial populations before glucose addition (Blagodatskaya et al., 

2010). To perform SIGR method, 30g of fresh soil was incubated in the Respicond V respirometer 

after adding the mixed solution and adjusting moisture content. The CO2 production rate was 

monitored continuously at 20-minute intervals, and soil without glucose addition was used as basal 

respiration (BR). The kinetic parameters of microbial growth were estimated by fitting the Eq. (1) to 

the CO2 production rate (v): 

v = A + B × 𝑒𝜇𝑡                                                                                                                              (1) 

where A and B are the initial no-growth and initial growth respiration rate, respectively, t is the time, 

and μ is specific growth rate (Blagodatsky et al., 2000). The duration of lag period (Tlag) was calculated 

by Eq. (2): 

𝑇𝑙𝑎𝑔 =
ln(𝐴 𝐵⁄ )

𝜇
                                                                                                                                  (2) 

the total microbial biomass (TMB) and growing microbial biomass (GMB) before glucose addition 

were calculated by Eq. (3) and Eq. (4): 
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TMB =
𝐵

𝑅0𝑄
                                                                                                                                     (3) 

GMB = TMB × 𝑟0                                                                                                                           (4) 

where r0 is the so-called physiological state index of the microbial biomass (MB) before glucose 

addition and calculated by Eq. (5). Q is the total specific respiration activity and calculated by Eq. (6): 

𝑟0 =
𝐵(1−𝜆)

𝐴+𝐵(1−𝜆)
                                                                                                                                      (5) 

Q =
𝜇

𝜆𝑌𝐶𝑂2
                                                                                                                                        (6) 

where λ is a basic stoichiometric constant and equals to 0.9, and YCO2 is the MB yield per unit of 

glucose-C, which is assumed to be a mean value of 0.6 during the experiment (Panikov and Sizova, 

1996).  

2.4 Calorespirometric measurements 

Heat production in the course of microbial metabolism on glucose was determined using 

microcalorimetry. The soil was amended with the same nutrient and glucose solution as described 

above for the SIGR method. Then, all the samples were sealed in airtight glass ampoules and then 

placed in to a TAM Air. Heat production was continuously measured over 48 h at 20 and 22℃. The 

calorespirometric ratio was calculated by Eq. (7): 

γ = Q ÷ 𝐶𝑂2                                                                                                                                 (7) 

where γ is the calorespirometric ratio (kJ mol-1 CO2), Q is the heat production rate (W g-1 soil) and 

CO2 is the respiration rate (mol CO2 h
-1 g-1 soil). We derived Eq. 7 based on the oxidative production 

of CO2 through catabolic or anabolic processes, resulting in a calorespirometric ratio within the range 

of 250-469 kJ mol-1 CO2 (Hansen et al., 2004). In addition, the calorespirometric ratio reflects the 

changes in the microbial community (Schimel and Schaeffer, 2012) and is an indirect indicator of 

carbon conversion efficiency, ε estimated by the following equation (Hansen et al., 2004; Barros et al., 

2010) (8): 

γ = − (1 −
𝛾𝑆

4
) 𝛥𝐻𝑂2

− 𝛥𝐻𝐵(
𝜀

1−𝜀
)                                                                                                   (8) 

where γS is the oxidation number of the C source, glucose = 0, ΔHO2 is Thornton’s constant (-455 kJ 

mol-1 O2), and ∆HB is the difference in the heat of combustion of the biomass, -559 kJ mol-1 C and that 

of the glucose, -467 kJ mol-1 C (Barros et al., 2016), γ is the calorespirometric ratio calculated by Eq. 

7.  

2.5 Soil residual glucose measurement 

The residual glucose content in soil was evaluated using Glucose Assay Kit (MAK263, Sigma-

Aldrich), which oxidizes glucose to produce a fluorometric product that is proportional to the amount 
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of glucose present. To conduct the assay, soil was collected from each parallel microcosm in 0, 1, 3, 

9, 12, 18, 24, 28, 36, and 48 hours after glucose addition. Then, 0.4 g of soil was mixed and extracted 

with 40 mL of sterilized water (pH = 7.0) in a centrifuge tube, which was then shaken at 180 rpm for 

30 minutes. The tubes were then centrifuged at 4000 rpm for 10 minutes to obtain the supernatant, 

which was then diluted tenfold to ensure that the final fluorescence within the standard curve range. 

To determine the glucose content, 35μL diluted supernatant, 15μL glucose assay buffer and 50 μL 

Master Reaction Mix were added into each well of 96-well black microplate. The microplate was then 

incubated at 37℃ and shaken vigorously for 30 minutes to enhance the reaction. Fluorescence was measured 

using TECAN microplate reader at γex = 535/γem = 590 nm. In addition, a glucose standard solution 

was used to generate a glucose standard curve (0, 0.2, 0.4, 0.6, 0.8, and 1.0 nmol well-1) for establishing 

the relationship between fluorescence and glucose content. Further details can be found in 

manufacturer’s technical bulletin. 

2.6 Enzyme kinetics 

After 12, 24, 28, 36, and 48 hours of glucose addition, soil samples were collected from each 

parallel microcosm. Control microcosms (without glucose addition) were sampled at 0 and 48 hours 

after incubation. Soil samples from each sampling time were used to measure the kinetics of 

cellobiohydrolase (EC 3.2.1.91), β-glucosidase (EC 3.2.1.21), acid phosphomonoesterase (EC 3.1.3.2) 

and leucine-aminopeptidase (EC 3.4.11.1) activity using 4-methylumbelliferone (MUF)-β-D-

cellobioside, 4-MUF-β-D-glucoside, 4-MUF-phosphate, and l-leucine-7-amido-4-methylcoumarin 

(AMC) fluorogenic substrates, respectively (Marx et al., 2001). The activities of the four enzymes 

were determined using a range of substrate concentrations (0, 5, 20, 50, 75, 100, 200, 400 μmol L-1) to 

ensure the saturation. 0.2 g of soil was suspended in 20 mL of sterilized water to create a soil 

suspension after low-energy sonication (40 J s−1) for 1 minute. Thereafter, 50 μL soil suspension, 100 

μL substrate solution and 50 μL MES buffer were added to a 96-well black microplate (Koch et al., 

2007; German et al., 2011), and the fluorescence was measured using TECAN microplate reader at 

excitation γex = 355nm and emission γem = 460nm. Enzyme activities were recorded at 30, 90 min, 2 h 

and 3 h and expressed as nmol MUF or AMC g-1 soil h-1. The kinetic parameters Vmax and Km were 

calculated by the Michaelis-Menten equation (9): 

𝑣 =
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                                                                   (9) 

where v is the reaction rate, [S] is the substrate concentration, Vmax is the maximum reaction rate, and 

Km is the substrate concentration at the half-maximum reaction rate.  

2.7 Microbial biomass measurement  

Microbial biomass carbon (MBC) and nitrogen (MBN) content were determined using fumigation 

method (Vance et al., 1987). Briefly, soil samples were collected prior and 48 hours after glucose 

addition. For MBC measurement, 5 g of soil was extracted with 20 mL of 0.05 mol L-1 K2SO4. Another 
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5 g of soil was fumigated with chloroform in a desiccator for 24 h and extracted thereafter. For MBN 

measurement, 10 g of soil was shaken for 30 minutes with 40 mL of 0.05 M K2SO4 as a pre-extraction 

step. The soil suspension was centrifuged at 4000 rpm for 10 minutes (Hupe et al., 2019), and the 

supernatant was removed before dividing the soil evenly into two parts. One part of soil (5g) was re-

extracted with 20 mL of 0.05 M K2SO4, while the other part was mixed with 300 μL of liquid 

chloroform and 20 mL of 0.05 M K2SO4 in a plastic tube for 24 hours and then extracted. The extracts 

were analyzed for dissolved organic carbon (DOC) and nitrogen (DON) content by a TOC/N analyzer 

(TOC-L, Shimadzu, Japan). The difference between K2SO4-extractable C and N in fumigated and non-

fumigated soils was used for MBC and MBN calculations with the underlying conversion factors of 

0.45 for MBC and 0.54 for MBN. 

2.8 Microbial carbon use efficiency calculation 

Microbial substrate carbon use efficiency (CUE) for added carbon substrates was calculated based 

on the cumulative amount of respired CO2 and glucose-C consumption during incubation period using 

Eq. (10) and (11) (Sinsabaugh et al., 2013). Furthermore, the CUE was also determined by considering 

the increment of microbial biomass C in course of substrate utilization (Eq. 12 and 13): 

CUE1 = 1 −
𝐶𝑆𝐼𝑅−𝐶𝐵𝑅

𝐶𝑚𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑧𝑒𝑑
                                                                                                                      (10) 

CUE2 = 1 −
𝐶𝑆𝐼𝑅−𝐶𝐵𝑅

𝐶𝑎𝑑𝑑𝑒𝑑
                                                                                                                       (11) 

CUE3 =
𝑀𝐵𝐶36−𝑀𝐵𝐶0

(𝑀𝐵𝐶36−𝑀𝐵𝐶0)+(𝐶𝑆𝐼𝑅−𝐶𝐵𝑅)
                                                                                                                      (12) 

CUE4 =
𝑀𝐵𝐶36−𝑀𝐵𝐶0

𝐶𝑚𝑒𝑡𝑎𝑏𝑜𝑙𝑖𝑧𝑒𝑑
                                                                                                                        (13) 

where CSIR represents the cumulative amount of C respired from glucose-amended soil, and CBR is the 

cumulative amount of C respired from unamended soil. The cumulative amount of respired carbon is 

determined over time and respiration rate, measured by the Respicond V respirometer.  MBC36 and 

MBC0 represent the microbial biomass C measured by fumigation method at 0 and 36 hours after 

glucose addition. Cmetabolized is the glucose-C consumed, measured using the Glucose Assay Kit method. 

Cadded is the amount of glucose-C added (2μg C g-1). As glucose was unlabeled, we were not able to 

correctly estimate soil priming effect. We assumed, therefore, that considering a short-term experiment, 

the priming effect (if any) was mainly apparent due to pool substitution mechanism (Blagodatskaya 

and Kuzyakov, 2008), and the metabolized C was either incorporated into MBC or respired. 

2.9 Statistical analysis 

All data were presented as the mean ± standard error. Prior to analysis, the normality and 

homogeneity of variance were determined using the Shapiro-Wilk test and Leneve's test, respectively. 

Two-way ANOVA was used to assess the effects of warming and salinization. For comparing the 
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significant differences between different salinities, one-way ANOVA combined with a Turkey HSD 

post-hoc test was applied, while the significant difference between 20 and 22℃ was determined by 

T.Test. Significant differences were considered at p < 0.05. The Shapiro-Wilk test and Leneve's test 

were conducted using R Studio (version 4.1.0). The ANOVA and post-hoc test were performed using 

SPSS (version 20.0). The kinetics of substrate-induced respiration and enzyme activity were calculated 

using Origin Lab (version 2022). 

3. Results 

3.1 Respiration response to salinity and warming 

Salinity had no impact on both respiration and heat release from soil without glucose addition. 

However, warming increased the heat release rate by 2-2.5 times (Figure 1c). A notable warming effect 

on the respiration was detected only under low salinity conditions (Figure 1a). In the soil activated by 

glucose, warming increased the SIR and heat release by 75-166% and 26-27%, respectively. In contrast, 

increasing salinity decreased the substrate-induced heat release by 9-19%, while it had no impact on 

the respiration rate. 

Both respiration and heat release exhibited an exponential growth curve in response to glucose 

addition (Figure 2). Increasing salinity clearly delayed the respiration and heat release, while warming 

elevated the peak point of both parameters. At high salinity, the respiratory peak delayed by 6 h as 

compared with low salinity treatment, while for the heat release, such a delay was much shorter, i.e. 3 

h. Interestingly, the peak point of heat release occurred 1-3 hours earlier than those of respiration, and 

the lag-time (i.e. time before growth) increased with increasing salinity. In summary, soil salinization 

inhibited soil respiration and intensity of heat release, while warming promoted both processes. The 

effect of warming was more pronounced than that of salinity. 
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Figure 5-1. Soil respiration rate (a and b) and heat release rate (c and d) at 20 and 22 ℃. Column 

and bar represent mean ± standard error (n = 3). Mean values between 6-9 hours after glucose 

addition were chosen for glucose induced respiration (b) or heat release rate (d). Asterisk above 

columns indicates significant difference within one salinity between 20 and 22 ℃ according to 

student’s t-test at p < 0.05 “*” and p < 0.01 “**”. Lower case letters indicate significant differences 

between three salinities after Turkey HSD post-hoc test at p < 0.05. P values were obtained after two-

way ANOVA.  

 

Figure 5-2. Glucose induced soil respiration rate (a and b), heat release rate (c and d), glucose 

residual content (e and f) and carbon use efficiency (g and h) at 20 and 22 ℃. Line and shadow 

represent mean ± standard error (n =3) in figure a-d and g-h. Dot with bar represent mean ± standard 

error (n =3) of glucose residual in figure e and f. The grey horizontal dotted line in figure g and h 

represents the maximum CUE value based on thermodynamic calculation (Sinsabaugh et al., 2013). 

3.2 Carbon use efficiency and calorespirometric ratio 

The residual glucose content showed a sharp initial decrease, with approximately half of the added 

glucose consumed within the first hour (Figure 2e and 2f). Following that, the glucose content 

remained stable for 12 hours until the beginning of exponential growth, and finally decreased gradually 

to zero (after 48 hours) (Figure 2e and 2f). It is noteworthy that the point at which glucose was depleted 

by 95 – 98% corresponded to the peak of the respiration rate. Furthermore, warming accelerated the 

consumption of glucose, while high salinity delayed glucose consumption by 6 – 8 h and by 10-17% 
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at 20℃ but had no impact on glucose consumption at 22℃. The carbon use efficiency (CUE) remained 

stable at around 0.98 for the first 18 hours until the onset of exponential growth. Then, the CUE 

gradually decreased to ~0.42 from 18 hours until the end of the growth retardation phase. Finally, the 

CUE remained stable above 0.4 after the retardation phase (Figure 2g and 2h). Interestingly, increasing 

salinity did not change the CUE at the growth retardation phase, while warming did not have a 

comparable impact on CUE as well. Four methods were applied to calculate the CUE at 36 hours after 

glucose addition, when heat already leveled off but CO2 did not yet (Table 1). CUE1 and CUE2 ranged 

from 0.42 to 0.59, increasing with higher salinity. CUE2 consistently surpasses CUE1 by 1% across all 

salinity and temperature levels. At 20℃, high salinity lead to the highest CUE3 (0.48) and CUE4 (0.39), 

representing a 116% and 162% increase compared to low salinity, respectively (Table 1). However, 

under middle and high salinity conditions, both CUE3 and CUE4 exhibited negative values under 22℃. 

Table 5-1.Microbial substrate carbon use efficiency at 36 hours after glucose addition with four 

calculation methods. (Eq. 10-13) 

 
CUE1= 

1-Crespired/Cmetabolized 

CUE2= 

1-Crespired/Cadded 

CUE3= 

ΔMBC/(ΔMBC+Crespired) 

CUE4= 

ΔMBC/Cmetabolized 

20 ℃     

Low salinity 0.48 ± 0.01 b 0.50 ± 0.01 c 0.22 ± 0.03 b 0.15 ± 0.03 b 

Middle salinity 0.51 ± 0.00 b 0.52 ± 0.00 b 0.07 ± 0.05 c 0.04 ± 0.03 c 

High salinity 0.58 ± 0.01 a 0.59 ± 0.01 a 0.48 ± 0.00 a 0.39 ± 0.01 a 

22 ℃     

Low salinity 0.42 ± 0.00 b 0.43 ± 0.00 b 0.04 ± 0.06 a 0.03 ± 0.04 a 

Middle salinity 0.43 ± 0.00 ab 0.45 ± 0.00 b -0.16 ± 0.15 b -0.08 ± 0.06 b 

High salinity 0.45 ± 0.01 a 0.46 ± 0.01 a -0.17 ± 0.02 b -0.08 ± 0.01 b 

Values are mean ± standard error (n = 3). 

Salinity had no impact on CR ratio before the addition of glucose, whereas 2℃ warming increased 

the CR ratio by 202% (Figure 3a). Following the addition of glucose, the CR ratio was not stable and 

exhibited a similar dynamic pattern at both 20℃ and 22℃. During 3-5 hours after glucose input, the 

CR ratio sharply increased and quickly dropped down thereafter. Remarkably, the CR ratio stabilized 

around 500 kJ mol-1 CO2 during the phase of exponential growth and was by the factor of 1.81 (20 ℃) 

and 2.24 (22 ℃) larger at high versus low salinity (Figure 3b). Notably, during the growth retardation 

phase, the CR ratio decreased slower with increasing salinity, and this effect was better pronounced 

under warming.  The actual CR ratio during the period from the start of exponential growth retardation 

to the peak of growth rate aligned with the theoretical range of 250-469 kJ mol-1 CO2 at 20 ℃ (Figure 

3c). Furthermore, at 22 ℃, the alignment with the theoretical CR ratio occurred even earlier, this 

alignment was observed not only during exponential growth retardation leading up to the peak period 

but also during the exponential growth stage (12-18 hours after glucose addition) (Figure 3d). 
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Figure 5-3. Substrate use efficiency expressed as calorespirometric ratio obtained before glucose 

addition (a), 28 hours after glucose addition at 20 ℃ and 24 hours after glucose addition at 22 ℃ (b), 

and calorespirometric ratio dynamic after glucose addition at 20 and 22℃ (c and d). Column and bar 

represent mean ± standard error (n = 3). Line represents mean value (n = 3). The grey dotted lines in 

figure c and d represent the theoretical range of calorespirometric ratios (Hansen et al., 2004). 

Asterisk above columns indicates significant difference within one salinity between 20 and 22 ℃ 

according to student’s t-test at p < 0.05 “*” and p < 0.01 “**”. Lower case letters indicate significant 

differences between three salinities after Turkey HSD post-hoc test at p < 0.05. P values were obtained 

after two-way ANOVA.  

3.3 The kinetics of microbial growth response to salinity and warming 

The kinetic parameters of microbial growth induced by glucose showed different responses to 

salinity and temperature (Figure 4). Warming decreased the specific growth rate, strongly increased a 

fraction of active microorganisms and shortened lag-time. Compared to low salinity, high salinity 

extended the lag time by 5 – 6 h at 20℃ and 22℃, respectively and reduced growing biomass. In short, 

soil salinization inhibited while warming promoted microbial growth. 

In non-amended soil, an increase in salinity led to a decreasing trend in both microbial C and N 

content, although the differences between different salinity levels were not statistically significant. 

However, in 36 hours after glucose addition, the response of MBC, MBN, and microbial C:N ratio to 

salinity exhibited different patterns at 20℃ and 22℃ (Figure 5). Specifically, at 20℃, high salinity 

increased MBC and MBC:MBN ratio compared to low salinity, while middle salinity decreased both 
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parameters. Conversely, at 22℃, MBC, MBN, and MBC:MBN showed decreasing trends in response 

to increasing salinity. High salinity decreased MBC and MBN, respectively by 38 and 11% compared 

to low salinity. A warming of 2℃ reduced MBC and MBC:MBN, but increased MBN after 36 hours 

of glucose addition. In summary, microbial biomass exhibited a more pronounced response to salinity 

after glucose addition, and a warming of 2℃ resulted in inconsistent response of microbial biomass to 

salinity. 

 

Figure 5-4. Kinetic parameters of microbial growth in response to soil salinity under 20 and 22℃. 

Column and bar represent mean ± standard error (n = 3). Asterisk above columns indicates significant 

difference within one salinity between 20 and 22 ℃ according to student’s t-test at p < 0.05 “*”. 

Different letters show significant differences between three salinities according to one-way ANOVA 

and Turkey HSD post-hoc test (p < 0.05). P values were obtained after two-way ANOVA.  
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Figure 5-5. Microbial biomass carbon (MBC), nitrogen (MBN) and their ratio before glucose addition 

under 20 ℃ (a, c and e) and 36 hours after glucose addition at 20 or 22 ℃ (b, d and f). Column and 

bar represent mean ± standard error (n = 3).  

Asterisk above columns in figure a, c, e indicates significant difference within the same salinity 

between without glucose and 36 hours after glucose addition at 20 ℃, asterisk above right columns in 

figure b, d, f indicates significant difference within one salinity between 20 and 22 ℃, both of them 

were determined by student’s t-test at p < 0.05 “*” and p < 0.01 “**”. Different letters show 

significant differences between three salinities according to one-way ANOVA and Turkey HSD post-

hoc test (p < 0.05). P values were obtained after two-way ANOVA. 

3.4 Enzyme activities response to salinity and warming 

All enzyme activities displayed an increasing trend from 0 to 12 hours after the addition of glucose, 

and then stabilized or slightly decreased until 48 hours after glucose addition (Figure 6). Compared 

with the enzyme activities before glucose addition, the addition of glucose at 12 hours increased the 

activity of cellobiohydrolase by 3.1 to 9.6 times and β-glucosidase by 2.3 to 3.4 times, with less 

pronounced changes observed in leucine aminopeptidase and acid phosphomonesterase. The increase 

in cellobiohydrolase and β-glucosidase activity under high salinity was much higher than that under 

low salinity (Figure S2). After 48 h of glucose addition, high salinity decreased the activities of 

cellobiohydrolase, β-glucosidase, and acid phosphomonesterase by 7-40% compared to low salinity at 

20℃. At 22℃, high salinity decreased the activity of leucine aminopeptidase by 15% (Figure S4). 
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Overall, the enzyme activity changed in accordance with the dynamics of glucose decomposition, and 

the specific pattern of change depended on the enzyme category. Furthermore, the inhibitory effect on 

enzyme activity caused by increasing salinity was more pronounced after 48 hours of glucose addition 

compared to corresponding incubation of non-amended soil.  

 

Figure 5-6. Glucose induced soil respiration rate and soil enzyme activity (Vmax) of cellobiohydrolase 

(Cello), β-D-glucosidase (Glu), leucine aminopeptidase (Leu) and acid phosphomonesterase (Phos) 

at 20 and 22 ℃, and low (a and b), medium (c and d) and high salinity (e and f). Line and shadow 

represent mean ± standard error of respiration (n = 3), dot with bar represent mean ± standard error 

of enzyme activity (n = 3). 

4. Discussion 

4.1 Soil microbial activity and growth response to increasing salinity 

The influence of salinity on soil respiration and heat release strongly depended on the availability 

of organic substrate and microbial activity state. Increasing salinity had no impact on either respiration 

or heat release in non-amended soil, suggesting a certain degree of resilience of the microbial 

community to salinity-induced stress. The absence of labile organic matter, such as glucose, might 

have limited the activity and sensitivity of microbial processes to changes in salinity levels 

(Blagodatskaya et al., 2007). 
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All phases of microbial growth on glucose (lag-time, exponential growth, time of the peak, and 

growth retardation) monitored by respiration and heat release were significantly delayed by increasing 

salinity (Figure 4b) and can be attributed to osmotic stress imposed on microbial cells and substrate 

availability (Rath and Rousk, 2015), although the increasing salinity only decreased the soil pH by 

1.8%. Elevated salinity levels disrupt the osmotic balance within cells, affecting their physiological 

functions (Chen and Jiang, 2010). This osmotic stress can lead to a decrease in microbial metabolic 

activity, including glucose decomposition (Zhu and Gong, 2014). Furthermore, high salinity can also 

directly inhibit microbial activity through adverse effects on enzymes and cellular processes (Liu et 

al., 2017). The impairment of enzyme function can hinder the efficient glucose decomposition and 

subsequently lower the maximum velocity. Altered salinity levels may lead to shifts in the microbial 

community composition, dominating more salt-tolerant bacterial species and archaea, which may have 

distinct metabolic rates compared to the original community (Brown et al., 2022). Moreover, we 

sampled soil from an area potentially subjected to salinization, where the ambient soil salinity is higher 

than that in other nearby sites. This suggested the presence of salt-tolerant or halophilic species, even 

though the ambient salinity level (0.93 mS cm-1) may not be classified as saline enough. The above 

findings confirm our first hypothesis that increasing salinity could delay microbial growth by imposing 

osmotic stress on microbial cells. 

4.2 Interactive effect of salinity and warming on soil microbial activity  

Non-amended soil. A 2°C increase in temperature increased the heat release and activity of 

cellobiohydrolase by 209% and 39%, respectively, but did not directly affect the soil respiration in 

non-amended soil. This suggested that warming primarily influenced the activity of enzymes involved 

in extra-cellular cleavage of long-chain polymeric molecules, such as cellulose to oligomers like 

cellobiose, resulting in higher heat production. However, an increase in enzymatic cellobiose 

production by 101-178 nmol g-1 h-1 was insufficient to affect an activity of β-glucosidase involved in 

the next step of cellulose decomposition, i.e., cleavage of cellobiose to glucose monomers (Figure 3a). 

This was because a potential of β-glucosidase (Vmax ~2600 nmol g-1 h-1) was about two orders of 

magnitude greater as compared with an increased cellobiose production with warming. Thus, the 

extracellular destruction of high molecular weight organic polymers is a bottle-neck process 

determining the decomposition rates of soil organic matter. The lack of a noticeable change in 

respiration rate indicated that the microorganisms rather stored than actively metabolized the labile 

organics (glucose) produced from the enzymatically cleaved high molecular weight organic polymers 

(Gershenson et al., 2009).  

 Glucose-amended soil. A 2°C increase in temperature significantly increased both the SIR and 

heat release. The elevated temperature increases molecular motion and reaction rates, thus enhancing 

the breakdown or utilization of glucose by microorganisms, resulting in increased rates of respiration 

and heat production (Shi et al., 2023). Microbial growth on glucose detected by respiration and heat 
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release was significantly accelerated by warming (Figure 4b), this might be attributed to temperature-

dependent microbial metabolism, enhanced enzyme activity, increased energy and nutrient availability 

from added glucose, and potential improvements in metabolic efficiency (Gershenson et al., 2009). 

The Q10 of basal and substrate-induced respiration in our study was 1.17 and 32.9, respectively, 

suggesting higher sensitivity of microbial communities to environmental changes and intensified the 

interactive impact of salinity and temperature on microbial activity when provided with an organic 

carbon source. Remarkably, the impact of moderate warming (+2 ℃) on microbial growth and activity 

was much stronger than the effect of 2-3.5 times increasing salinity. The limited response to the 

substantial increase in salinity might indicate a threshold beyond which microbial activity is negatively 

impacted. Moreover, the microbial community might be more adaptable to fluctuations in temperature 

than to abrupt changes in salinity, resulting in a more immediate and substantial response. Our second 

hypothesis was confirmed as the effect of salinity on microbial growth was further promoted with 

glucose addition, indicating that the microbial activation by labile substrate alters the response of soil 

microorganisms to salinity stress. 

4.3 Interactive effect of salinity and warming on soil microbial biomass  

The MBC content remained unaffected by salinity in non-amended soil. At 36 hours after glucose 

addition, the MBC amount under 20 ℃ exceeded that of non-amended soil by 7.2-94.2% (Figure 5), 

indicating a net microbial growth and biomass accumulation. Low salinity resulted in a faster 

consumption of glucose and earlier switch to growth retardation stages versus high salinity levels. 

Thus, the ratio of ΔMBC to Cmetabolized (CUE4) in high salinity was higher than that in middle or low 

salinity (Table 1). Delayed microbial growth under high salinity can be explained by osmotic stress 

and salt toxicity on microorganisms induced by elevated salinity as the core microbiome were not 

adapted to the sudden increment of salinity (Haj-Amor et al., 2022). Consequently, at the same time 

after glucose addition (36 h), the soil with low salinity experienced a later retardation stage compared 

to high salinity. As compared with non-amended soil, an essential increase in microbial biomass in 36 

h of growth on glucose was observed only at 20 ℃ for high- and in the lesser extent for low salinity 

treatments. The lower ΔMBC at the later retardation stage (lower salinity) compared to the earlier 

retardation stage (high salinity) may imply microbial mortality during the retardation stage, with larger 

death or switch to dormancy occurring at the later stage. Furthermore, MBC at middle and high salinity 

under 22 ℃ were lower than those in non-amended soil, suggesting microbial death and resulting in 

negative values of CUE3 and CUE4. A potential explanation, rooted in the methodology, could be 

attributed to differences in the conversion factor of the chloroform fumigation technique. This factor 

can vary significantly under steady-state and growth conditions (Bailey et al., 2002). The latter 

explanation seems more plausible since a substantial decrease in biomass was not confirmed in several 

studies by DNA content, which continued to increase and remains stable for at least one day after 

growth retardation detected by CO2 (Nannipieri et al., 1978; Blagodatskaya et al., 2014). Alternatively, 
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a decline in microbial biomass during the late retardation stage could indicate either protozoan grazing 

(Clarholm, 1985; Bonkowski et al., 2000) or viral attacks (Mason-Jones et al., 2022) in the face of 

intense microbial competition.  

4.4 Soil enzyme kinetics response to increasing salinity and warming 

The up to 2.9 times rise in enzyme activities observed after 48 hours of basal respiration in non-

amended soil, as compared to the initial soil state (Figure S4), can be attributed to the nitrogen and 

phosphorus in the nutrient solution addition prior to soil incubation, resulting in a higher increase in 

of C-acquiring enzyme activities compared to N- and P-acquiring enzyme activities. Furthermore, the 

activities of β-glucosidase, leucine aminopeptidase, and acid phosphomonesterase were not 

significantly affected by salinity alone after 48 hours of basal respiration in non-amended soil, 

suggesting that salinity does not alter the metabolic processes associated with these enzymes. 

Upon the addition of glucose, all measured enzyme activities increased by 68-336% within the 

first 12 hours (Figure 6), indicating a preparation for microbial growth (Mason-Jones et al., 2022). 

Notably, the activities of C-acquiring (β-glucosidase, cellobiohydrolase) enzymes increased more 

strongly than that of N- (leucine aminopeptidase) and P- (acid phosphomonesterase) acquiring 

enzymes, despite the input of external labile carbon (glucose). This increased cellulolytic activity 

aligned with an unreasonably high CUE during the growth preparation stage (Figure 2g and 2h), 

implying that a substantial amount of carbon substrate was i) invested to extracellular destruction of 

cellulose-like molecules, which was not related to CO2 production and ii) reserved for microbial 

growth at a later stage (Brant et al., 2006). Subsequently, all measured enzyme activities stabilized or 

slightly decreased until the end of the experiment, suggesting that substrate demand remains stable 

during the microbial growth and retardation stage. The dynamics of enzyme activity during microbial 

growth and retardation did not change with warming and increased salinity, indicating relatively robust 

resistance of the microbial community to moderate environmental changes (Wang et al., 2023b). The 

above findings partly contradict our first hypothesis that the enzyme activity remains stable in response 

to increasing salinity.  

4.5 Carbon use efficiency and calorespirometric ratio 

The glucose content sharply decreased within the first hour after glucose addition and then 

remained stable until the onset of microbial exponential growth. This contradicts the previous finding 

that more than 90% of the added glucose was consumed within the first 15 minutes under 20 ℃ (Rousk 

and Jones, 2010). This discrepancy could be explained by greater amount of glucose added per biomass 

unit in our study. During the period of sharp glucose decrease, the respiration rate was very low. This 

observation implies a very high microbial CUE4, indicating a microbial switch to growth preparation 

stage when a substantial portion of substrate and energy is directed towards the synthesis of storage 

compounds or specific enzymes not related to CO2 production (Mason-Jones et al., 2022). Therefore, 

the short-term estimation based on partial substrate uptake shows overestimated values (above 60%) 
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and corresponds to apparent rather than real CUE. The CUE gradually decreased during microbial 

exponential growth until the end of the experiment, indicating that soil microorganisms allocated more 

substrate and energy toward respiration rather than the synthesis of storage compounds (Dijkstra et al., 

2015). Notably, increasing salinity postponed the decrease in CUE during the exponential growth and 

retardation phase. This delay can be attributed to the slowdown of both glucose consumption and 

microbial growth caused by the high salinity. Nonetheless, the CUE estimated during exponential 

growth before substrate exhaustion (Figure 2g and 2h) essentially exceeded the maximal CUE values 

of glucose in pure microbial cultures (Sinsabaugh et al., 2013). The CUE estimated at the peak of CO2 

release varied between 65–70%, indicating a slight overestimation while relatively aligning with the 

CUE estimated for pure cultures. As added glucose was unlabeled, the possible contribution of priming, 

i.e., SOM-C co-decomposed with glucose-C was not considered. However, any positive priming effect 

would decrease the CUE below theoretical values, which was not a case in our study. Only after 

glucose uptake up to 95-98%, the CUE values stabilized below the 60% threshold, corresponding to 

the actual CUE. Thus, the appropriate time to assess CUE was when the values have stabilized, i.e., 

after 36-42 h (at 22 ℃). Furthermore, at the end of the retardation stage, the CUE remained stable at 

around 0.42 under limited substrate availability, which is slightly higher than the theoretical value 

(~0.30) observed in multi-resource-limited natural systems (Sinsabaugh et al., 2013). Collectively, 

CUE was overestimated during the growth preparation and exponential growth stages, aligning with 

the apparent CUE. While, CUE decreased and stabilized at the end of retardation stage, indicating a 

relatively realistic value for natural soils (Sinsabaugh et al., 2013). 

The CUE calculation based on glucose consumption or total glucose input did not differ 

significantly (Figure S1). This remained true even when the amounts of glucose consumed and added 

were significantly different before the peak point of the respiration rate. This pattern might be due to 

much smaller amount of respired carbon than both the amount of carbon added and consumed.  

At the beginning of glucose addition, the calorespirometric ratio (CR) sharply increased (Figure 

3), indicating the allocation of substrate and energy to other processes in addition to respiration 

(Hansen et al., 2004; Yang et al., 2024). Within the initial 6 hours after glucose addition, the CR ratio 

was strongly higher than the oxycaloric equivalent (469 kJ mol-1 CO2) for aqueous glucose combustion, 

suggesting either additional heat release from accompanying processes or a lower respiration rate 

compared to the complete oxidation of glucose. This additional heat could result from priming due to 

the metabolism of highly reduced substrates other than carbohydrates or the incomplete oxidation of 

the substrate to CO2 (Chakrawal et al., 2020). Furthermore, this excess heat may also be allocated to 

the synthesis of storage compounds or the enhancement of enzyme activity. During the exponential 

growth phase, the CR ratio remained stable and generally corresponded to 469 kJ mol-1 CO2 (Geyer et 

al., 2019). Remarkably, increasing salinity subsequently increased the CR ratio by 81-126% during 

the exponential growth and retardation phase (Figure 3b). The osmotic stress caused by increased 

salinity might have exerted additional pressure on the microbial community increasing their 
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maintenance requirements, i.e., requiring the microbes to expend more energy to maintain cellular 

functions and osmotic balance, resulting in a higher CR ratio (Rath and Rousk, 2015). After reaching 

the peak CO2 and entering the retardation stage, the CR ratio gradually decreases to below 250 kJ mol-

1 CO2, indicating a greater reduction in heat release compared to the complete oxidation of glucose 

(Figure 2c and 2d). Thus, during the retardation stage, the added glucose was not completely oxidized 

to CO2 under the conditions of fermentation or combined fermentation and aerobic decomposition 

(Chakrawal et al., 2021). 

5. Conclusion 

Overall, the salinity had a negative impact on soil respiration and microbial growth, especially in 

soils subjected to warming or organic matter input, and the negative effect was promoted with the input 

of labile substrate. Contrary to our expectations, however, the increasing salinity had no effect on 

enzyme activities. As expected, the effects of both salinity and, to a greater extent, warming were 

amplified in the glucose-activated soil. The respiration and heat release curves generally exhibited a 

coupled pattern, although the heat release peak occurred approximately 3 h earlier, partially rejecting 

our third hypothesis 3. The calorespirometric ratio fell within theoretical range during the exponential 

growth phase. In contrast, a proper assessment of the carbon use efficiency was provided by C-

budgeting at the end of growth retardation phase. Our results emphasize the importance of considering 

both biotic and abiotic factors, such as microbial growth phase, substrate availability and temperature, 

when assessing the impacts of environmental changes on microbial processes in saline soils. These 

findings offer valuable insights into predicting carbon cycling processes and enhancing carbon 

sequestration in terrestrial ecosystems 
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Supplementary data 

Table S5-1. Salt category and concentration of artificial Elbe River water solution 

Salt 

category 

Concentration (g L-1) 

NaHCO3 0.0193 

CaCl2 0.4484 

Na2SO4 1.0504 

NaCl 5.2974 

KCl 0.1591 

MgCl2 1.1017 

 

 

Figure S5-1. Carbon use efficiency based on glucose input (a and b) at 20 and 22 ℃. Line and 

shadow represent mean ± standard error (n =3) in figure a-b. 
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Figure S5-2. Enzyme activities (Vmax) of cellulose, β-D-glucosidase, leucine aminopeptidase and acid 

phosphomonesterase during the SIR process under 20/22℃ and 3 salinities. Vmax were measured on 

0, 12, 24, 28, 36, 48h after glucose addition and 48h after basal respiration. Values are means (±SE) 

of three replicates.  

P values at right side were obtained after three-way ANOVA analysis according to the Vmax results 

from 12, 24, 28, 36, 48h after glucose addition. 
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Figure S5-3. Substrate affinities (Km) of cellulose, β-D-glucosidase, leucine aminopeptidase and acid 

phosphomonesterase during the SIR process under 20/22℃ and 3 salinities. Km were measured on 0, 

12, 24, 28, 36, 48h after glucose addition and 48h after basal respiration. Values are means (±SE) of 

three replicates.  

P values at right side were obtained after three-way ANOVA analysis according to the Km results from 

12, 24, 28, 36, 48h after glucose addition. 
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Figure S5-4. Enzyme kinetics (Vmax and Km) of cellobiohydrolase, β-D-glucosidase, leucine 

aminopeptidase and acid phosphomonesterase before and after 48 hours basal respiration and 48 h 

after glucose addition under 20 and 22℃ and 3 salinity levels. Values are means (±SE) of three 

replicates. Lower case letters indicate significant differences between three salinities after Turkey 

HSD post-hoc test at p < 0.05.
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Abstract 

Soil constitutes the largest terrestrial carbon (C) reservoir, containing chemically heterogeneous 

organic C material derived from plant and microbial metabolism. While the current study has 

elucidated the decomposition process of labile and recalcitrant C substrates in the soil, the effect of 

their combined addition on the decomposition process and soil microbial activity remains poorly 

investigated. This study examines the effects of labile (glucose, G), recalcitrant (starch, S) C substrates, 

and their combination (glucose + starch, G+S) on soil respiration, heat release, hydrolase, and oxidase 

activity. We also estimated the calorespirometric ratio (CR ratio) and carbon use efficiency (CUE) 

during the substrate decomposition process. 

Treatments with glucose addition (G and G+S) exhibited peak curves for both respiration and heat 

release at the onset of substrate addition, while S showed a delayed and lower peak. G+S exhibited a 

plateau of both respiration and heat release after the peak, indicating earlier starch decomposition 

compared to S. Hydrolase activities showed a stronger response to different substrate qualities and 

decomposition stages. Specifically, on day 1, the α-D-glucosidase activity of G+S was significantly 

higher than that of G and S by 86.6% and 82.8%, respectively, indicating starch decomposition at the 

onset of substrate addition. Additionally, chitinase activities of all treatments significantly decreased 

by 55.5-66.1% on day 1, while acid phosphatase activities significantly increased by 4.2-4.8 times. All 

measured enzyme activities remained stable at the later stage of substrate decomposition. Peroxidase 

activities dominated the total oxidative activities, as phenol oxidase activities remained stable during 

substrate decomposition. Furthermore, treatments with glucose addition displayed a similar CR ratio 

pattern with a rapid increase at the beginning of substrate addition. In contrast, single starch addition 

showed a peak curve of CR ratio during decomposition, suggesting that labile C substrate dominates 

the CR ratio dynamic regardless of the presence of recalcitrant C substrate. The CUE of all treatments 

was higher at the beginning of substrate addition, decreasing to approximately 20% by the end of 

decomposition. Our results demonstrate the decomposition and microbial activity response to different 
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substrate quality combinations. We conclude that labile carbon substrates can activate microbes and 

subsequently accelerate the decomposition of recalcitrant carbon substrates when combined in soil.  

 

Keywords: Labile carbon substrate; Recalcitrant carbon substrate; Enzyme activity; Soil Respiration; 

Heat release 

 

1. Introduction 

Soil is the primary organic carbon (C) reservoir within terrestrial ecosystems (Schimel, 1995). Its 

enormous C content consists mainly of polymeric biomolecules derived from plant and microbial 

metabolic processes (Angst et al., 2021). While soil contains considerable C overall, its composition 

is chemically heterogeneous and specific compound concentrations are significantly lower (Shahbaz 

et al., 2022). However, the complex mechanisms governing the decomposition of this soil organic 

matter (SOM) remains unclear, particularly in responses to heterogeneous C substrates. 

Glucose and starch are important organic compounds in terrestrial ecosystems, serving as a 

primary source of energy and substrate for various organisms (Martínez-Trinidad et al., 2010; 

Strickland et al., 2012). Both are primarily derived in soil ecosystems from organic matter derived 

from plants, microorganisms, decomposition of dead organisms and organic amendments, although 

with different qualities (Gunina and Kuzyakov, 2015; MacNeill et al., 2017). Glucose, a simple sugar, 

serves as a basic energy and carbon source for plants and various soil microorganisms. Starch, like 

glucose, is a common component of plant litter and an important source of energy and carbon for soil 

microorganisms (Guggenberger et al., 1999; Mooney 1972). However, starch is a polysaccharide 

composed of glucose units linked in long chains, making it a more recalcitrant substrate for microbial 

degradation than labile substrates such as glucose (French, 1973). 

Soil microbial activity is significantly influenced by the C substrates present in the soil. Upon 

entering the soil ecosystem, C substrate undergo decomposition mediated by soil microbial 

communities (Olagoke et al., 2022). The decomposition of these substrates accelerates microbial 

metabolism and contributes to the turnover of soil organic matter (Loeppmann et al., 2016; Wen et al., 

2019). However, understanding the dynamics of mixed substrate decomposition involving glucose and 

starch in soil ecosystems is crucial for elucidating the mechanisms governing nutrient cycling and 

ecosystem functioning in terrestrial environments. 

Soil microorganisms play an important role in degrading SOM and converting it into microbial 

biomass, carbon, energy, and nutrients (Blagodatskaya and Kuzyakov, 2013; Schnecker et al., 2023). 

The relationship between SOM, microbial growth, and respiration is characterized by microbial carbon 

use efficiency (CUE), which is calculated as the fraction of total microbial carbon uptake that is 

incorporated into microbial biomass (Geyer et al., 2019). Microorganisms support their growth by 

producing extracellular enzymes from SOM, releasing carbon as CO2 during their growth on SOM-
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derived substrates (Chen and Sinsabaugh, 2021). Respiration and enzyme catalysis primarily release 

or absorb energy in the form of heat, measurable by microcalorimetry as net metabolic heat production. 

Consequently, enzyme activity, respiration and heat production can be used as indicators of SOM 

degradation. In addition, the calorespirometric ratio (CR ratio), defined as the ratio of soil heat 

production to respiration, can indicate metabolic pathways during microbial growth. The CR ratio is 

also related to the efficiency of substrate carbon conversion into living cells, providing an indirect 

estimate of CUE (Chakrawal et al., 2020; Hansen et al., 2004). However, SOM degradation, enzyme 

activity and CR ratio can be influenced by environmental factors, organic matter quality and 

degradation stage (Allison et al., 2014; Chakrawal et al., 2021; Hoang et al., 2022). Therefore, it is 

crucial to consider both microbial function and soil properties when assessing the response of SOM 

decomposition to different substrate qualities. 

In this study, we aimed to investigate the influence of the quality of the added carbon substrate on 

soil microbial activity and organic matter decomposition. Specifically, we conducted incubation 

experiments using soil samples supplemented with labile (glucose), recalcitrant (starch), and a 

combination of both, maintained at 20℃ for 18 days. Our measurements included soil respiration, heat 

flow and microbial biomass to assess substrate decomposition patterns, CR ratio and CUE. In addition, 

we analyzed oxidase kinetics to elucidate SOM decomposition and enzyme kinetics associated with 

carbon, nitrogen and phosphorus cycling to characterize microbial functions. Our hypotheses were as 

follows: 1) the decomposition rate of starch would be lower than that of glucose due to the more 

complex chemical structure of the recalcitrant substrate; 2) the decomposition rate of starch in the 

mixed treatment would increase due to a priming effect induced by the labile substrate; 3) the CUE 

and CR ratio change with substrate quality and decomposition dynamic. 

2. Material and Method 

2.1 Soil sampling site 

The soil sample was taken from a long-term manure application experiment at Dikopshof, 

University of Bonn, Germany. The soil is classified as Haplic Luvisol and has a silty loam texture 

consisting of 15.1% clay, 68.9% silt and 15.9% sand. The soil was air dried, sieved (< 2 mm) and 

visible plant debris and stones were removed for further incubation experiments. The basic physico-

chemical properties of the soil are pH 6.3, bulk density 1.15 g cm-3, water holding capacity 31% (w 

dw-1 soil), organic C 0.74%, total N 0.08%, available phosphorus 57 mg kg-1 and available potassium 

161 mg kg-1 (Yang et al., 2024). Further details of the soil can be found at https://www.lap.uni-

bonn.de/en/research/projects/long-term-experiment-dikopshof (Huging, 1904). Prior to the formal 

experiment, the soil was pre-incubated at 20 ℃ with 14% humidity in the dark for 10 days.  

2.2 Microcosm experiment set up 

The microcosm experiment included three substrate addition treatments: single glucose addition 

(G), glucose + starch addition (G+S) and single starch addition (S). Each treatment had three replicates. 

https://www.lap.uni-bonn.de/en/research/projects/long-term-experiment-dikopshof
https://www.lap.uni-bonn.de/en/research/projects/long-term-experiment-dikopshof
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The microcosms contained 800 μg C g-1 of each substrate and the G+S treatment contained 400 μg C 

g-1 of glucose and starch, respectively. Starch was extracted from wheat. After addition of the 

substrates, the soils were incubated for 10 days at 20°C and 16% humidity in the dark. Soil samples 

were taken on days 0, 1, 2, 6 and 18 after substrate addition for further measurements. Concurrently, 

a group of microcosms were established with additions of 13C-glucose (≥ 99 atom% 13C) and 13C-

starch (96 atom% 13C) to determine carbon use efficiency (CUE). 

2.2 Soil respiration and heat flow 

To monitor the soil respiration rate, 30g of fresh soil was incubated in the Respicond V 

respirometer after adding the specific substrate and adjusting the moisture content. The CO2 production 

rate was monitored continuously at 20-minute intervals at 20℃. To monitor the heat flow, the soil with 

the same moisture content was amended with the same substrate as described above for respiration 

rate monitoring. Then, all the samples were sealed in airtight glass ampoules and placed in a TAM Air. 

Heat production was continuously measured at 20℃. The calorespirometric ratio was calculated by 

Eq. (1): 

γ = Q ÷ 𝐶𝑂2                                                                                                                                 (1) 

where γ is the calorespirometric ratio (kJ mol-1 CO2), Q is the accumulative heat production (J g-1 soil) 

and CO2 is the accumulative CO2 amount (mol CO2 g
-1 soil). 

2.3 Enzyme kinetics 

After 0, 1, 2, 6, and 18 days of substrate addition, soil samples were collected from each parallel 

microcosm for determining hydrolytic and oxidative enzyme kinetics. For hydrolytic enzyme, soil 

samples were used to measure the kinetics of α-glucosidase (EC 3.2.1.20), β-glucosidase (EC 3.2.1.21), 

acid phosphomonoesterase (EC 3.1.3.2) and chitinase (EC 3.2.1.52) activity using 4-

methylumbelliferone (MUF)-α-D- glucoside, 4-MUF-β-D-glucoside, 4-MUF-phosphate, and 4-MUF-

N-acetyl-β-D-glucosaminide fluorogenic substrates, respectively (Marx et al., 2001). The activities of 

the four enzymes were determined using a range of substrate concentrations (0, 5, 20, 50, 75, 100, 200, 

400 μmol L-1) to ensure the saturation. 0.2 g of soil was suspended in 20 mL of sterilized water to 

create a soil suspension after low-energy sonication (40 J s−1) for 1 minute. Thereafter, 50 μL soil 

suspension, 100 μL substrate solution and 50 μL MES buffer were added to a 96-well black microplate 

(Koch et al., 2007; German et al., 2011a), and the fluorescence was measured using TECAN microplate 

reader at excitation γex = 355nm and emission γem = 460nm. Enzyme activities were recorded at 30, 90 

min, 2 h and 3 h and expressed as nmol MUF or AMC g-1 soil h-1. The kinetic parameters Vmax and Km 

were calculated by the Michaelis-Menten equation (2): 

𝑣 =
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                                                                                                                   (2) 
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where v is the reaction rate, [S] is the substrate concentration, Vmax is the maximum reaction rate, and 

Km is the substrate concentration at the half-maximum reaction rate. 

Oxidative enzymes were assayed following the protocol outlined by Khosrozadeh et al. (2022). 

The Amplex Red stock solution was diluted in 50 mM Trizma buffer (pH 7.4) to prepare a 

concentration series (0.01, 0.05, 0.1, 0.25, 0.5, 1, and 2 mM). After dilution, substrates were purged 

with inert gas (N2) in the dark for 5 minutes, and tube lids were tightly sealed thereafter. Each reaction 

mixture comprised 50 μl of soil suspension (1:50 w/w soil in water, subjected to 60 s sonication), 

100 μl of substrate solution with corresponding concentration, and 50 μl of Trizma buffer, pipetted into 

microplate wells with stirring of the soil suspension. Controls containing only substrate and buffer 

were included for each microplate. For total oxidative enzyme activity, all wells, including controls, 

received 10 μl of 0.3% H2O2, while phenol oxidase activity was assessed in separate microplates 

without H2O2 addition. Soil samples were assayed in triplicate for each Amplex Red concentration. A 

standard calibration curve was generated by substituting the Amplex Red substrate with resorufin 

sodium salt. Following pipetting, microplates were wrapped in aluminum foil to minimize light 

exposure. Enzyme assays and resorufin standard measurements were performed at 530 nm excitation 

and 590 nm emission using a TECAN microplate reader with 96-well microplates. The slope of a linear 

regression of fluorescence intensity versus standard resorufin concentrations (5–1000 μM) was used 

to calculate oxidoreductase (with H2O2) and phenol oxidase (without H2O2) activities in μmol resorufin 

g soil-1 h-1. Peroxidase activity was estimated by subtracting phenol oxidase activity from total 

oxidative activity. Subsequently, phenol oxidase and peroxidase kinetics were determined using the 

Michaelis–Menten model (Eq. 2) as described in hydrolytic enzyme kinetics. 

2.4 Microbial biomass measurement 

Microbial biomass carbon (MBC) and nitrogen (MBN) content were determined using fumigation 

method (Vance et al., 1987). Soil samples were collected at 0, 1, 2, 6, and 18 days after substrate 

addition. To extract the samples, 5 g of soil was mixed with 20 mL of 0.05M K2SO4. Another 5 g of 

soil was fumigated with chloroform in a desiccator for 72 h and then extracted. The TOC/N analyzer 

(TOC-L, Shimadzu, Japan) was used to analyze the extracts for dissolved organic carbon (DOC) and 

nitrogen (DON) content. MBC and MBN calculations were based on the difference between K2SO4-

extractable C and N in fumigated and non-fumigated soils, using the conversion factors of 0.45 for 

MBC and 0.54 for MBN. 

2.5 Carbon use efficiency  

Microbial substrate CUE for added carbon substrates was determined by considering the 

increment of MBC in course of substrate utilization (Eq. 3): 

CUE1 =
𝑀𝐵𝐶𝑖−𝑀𝐵𝐶0

(𝑀𝐵𝐶𝑖−𝑀𝐵𝐶0)+(𝐶𝑆𝐼𝑅−𝐶𝐵𝑅)
                                                                                                                      (3) 
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where CSIR represents the cumulative amount of C respired from substrate-amended soil, and CBR is 

the cumulative amount of C respired from unamended soil. The cumulative amount of respired carbon 

is determined over time and respiration rate, measured by the Respicond V respirometer.  MBC0 and 

MBCi represent the microbial biomass C measured by fumigation method at 0 and i hours after glucose 

addition. We were not able to correctly estimate soil priming effect. We assumed, therefore, that 

considering a short-term experiment, the priming effect (if any) was mainly apparent due to pool 

substitution mechanism (Blagodatskaya and Kuzyakov, 2008), and the metabolized C was either 

incorporated into MBC or respired. 

2.6 Statistical analysis 

All data were presented as the mean ± standard error. Prior to analysis, the normality and 

homogeneity of variance were determined using the Shapiro-Wilk test and Leneve's test, respectively. 

For comparing the significant differences between different substrate addition, one-way ANOVA 

combined with a Turkey HSD post-hoc test was applied. Significant differences were considered at p 

< 0.05. The Shapiro-Wilk test and Leneve's test were conducted using R Studio (version 4.1.0). The 

ANOVA and post-hoc test were performed using SPSS (version 20.0). The kinetics of enzyme activity 

were calculated using Origin Lab (version 2022). 

3. Results 

3.1 Respiration and heat flow response to substrate addition 

 

Figure 6-1. Soil respiration rate (a) and heat flow (b) after substrate addition. Line (dot) and shadow 

represent mean ± standard error (n =3). 
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The soil respiration rate exhibited distinct patterns in response to three different carbon substrate 

addition scenarios during an 18-day incubation period (Figure 1a). In the Glucose (G) and 

Glucose+Starch (G+S) treatments, exponential growth was observed within 24 hours of substrate 

addition, with maximum respiration rates of 16.4 and 10.8 μg C-CO2 g-1 soil h-1, respectively. 

Subsequently, both G and G+S treatments experienced a retardation in respiration rates from day 1 to 

day 3. Following this, the respiration rate of G+S was 32.7% higher than that of G from day 3 to day 

5. Furthermore, the respiration rate of Starch (S) began to increase after 6 days of substrate addition, 

reaching its peak (4.4 μg C-CO2 g
-1 soil h-1) on day 8. Subsequently, the respiration rate retarded from 

day 8 to day 12. Finally, all substrate addition treatments remained stable around and similar to the 

basal respiration rate (0.20 μg C-CO2 g
-1 soil h-1) from day 12 to day 18. 

Similar to the respiration rate dynamics, the heat flow of G and G+S showed exponential growth 

within the first day after substrate addition, with maximum heat flow values of 98.6 and 120.2 μW g-

1, respectively (Figure 1b). While the heat flow of G+S remained stable at 15 μW g-1 after the growth 

retardation from day 2 to day 5. Furthermore, the heat flow of S began to grow by day 1, and the 

maximum heat flow (20.1 μW g-1) was observed on day 5. Following that, the heat flow experienced 

a retardation stage until day 12. In particular, the heat flow of S began to grow 5 days earlier than the 

respiration rate. Collectively, the respiration rate and heat flow after substrate addition exhibited a 

similar pattern, with the heat flow beginning to grow earlier than the respiration rate. 

3.2 Calorespirometric ratio and carbon use efficiency  

The calorespirometric ratio (CR ratio) of G and G+S exhibited a rapid increase within the first day 

after substrate addition, while the CR ratio of S gradually increased within the initial days following 

starch addition (Figure 2). Subsequently, the CR ratio of G and G+S remained stable around 300-350 

kJ mol-1 until the end of the incubation, with the CR ratio of G consistently ~35 kJ mol-1 higher than 

that of G+S at the same time. In contrast, the CR ratio of S increased from day 1 to day 5, reaching a 

maximum value of 1200 kJ mol-1, which was significantly higher than the oxycaloric equivalent (469 

kJ mol-1). Following this peak, the CR ratio of S remained relatively stable around 1100 kJ mol-1 from 

day 5 to day 7. Subsequently, the CR ratio of S gradually decreased and stabilized around 300 kJ mol-

1 until the end of the incubation. In summary, the CR ratio of G and G+S generally exhibited a similar 

pattern, while the CR ratio of S showed a peak curve. The CR ratios of all treatments remained stable 

within the range of 310-350 kJ mol-1 from day 10 to day 18, which is lower than the oxycaloric 

equivalent of aqueous glucose combustion. 
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Figure 6-2. Calorespirometric ratio dynamic after substrate addition. Line and shadow represent 

mean ± standard error (n =3).  

Table 6-1. Microbial substrate carbon use efficiency after 1, 2, 6 and 18 days of substrate addition. 

 Glucose Glucose+Starch Starch 

1 day 0.792 ± 0.021 0.799 ± 0.065  1.041 ± 0.004 

2 days 0.537 ± 0.037 0.709 ± 0.030 1.115 ± 0.023 

6 days 0.581 ± 0.323 0.567 ± 0.061 0.921 ± 0.029 

18 days 0.137 ± 0.054 0.256 ± 0.042 0.196 ± 0.075 

CUE= ΔMBC/(ΔMBC+Crespired). Values represent mean ± standard error (n = 3). 

The carbon use efficiency (CUE) of all treatments showed a declining pattern with substrate 

decomposition (Table 1). At the peak of the respiration rate (day 1), the CUE for G and G+S was 79.2% 

and 79.9%, respectively, which then decreased to 53.7% and 70.9% during the retardation stage of 

respiration. In contrast, the CUE of S remained higher than 100% within 2 days after starch addition 

due to a lower respiration rate compared to the basal respiration rate. Subsequently, the CUE of S was 

92.1% at the peak of the respiration rate. Finally, the CUE for all treatments reached 13.7% to 25.6% 



164 
 

by the end of the incubation. In summary, the CUE at the peak of the respiration rate was above 79%, 

declining to 13.7-25.6% after the retardation of respiration. 

3.3 Enzyme kinetics response to substrate addition 

 
Figure 6-3. Soil enzyme activity (Vmax) and substrate affinity (Km) of α-D-glucosidase (a and b), β-D-

glucosidase (c and d), chitinase (e and f) and acid phosphatase (g and h). Dot with bar represent mean 

± standard error of enzyme activity (n = 3). 

The hydrolytic enzyme activity exhibited different responses to substrate quality in the initial stage 

after substrate addition; thereafter, all measured enzyme activities remained relatively stable during 

the decomposition process (Figure 3). α-D-glucosidase (α-GLU) activity significantly increased after 

1 day of substrate addition. In particular, G+S increased α-GLU activity by 2.1 times, significantly 

higher than the increases observed for S and G. Subsequently, α-GLU activities decreased by day 2, 

with the activity of S being significantly lower than that of G and G+S by 43.6%. Following this, α-

GLU activity remained stable from day 6 to 18. Meanwhile, the activity of β-D-glucosidase (β-GLU) 

on days 1 and 2 showed no significant difference compared to day 0, while it increased significantly 

by 51.4-64.8% on day 6 and remained stable until day 18. Notably, the β-GLU activity of G+S was 

consistently higher than that of S and G. In contrast, chitinase (CHIT) activity decreased until day 2 
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by 66.3-74.9% compared to day 0; thereafter, CHIT activity remained stable, and the activity of S was 

higher than that of G+S and G from day 6 to day 18. Furthermore, acid phosphatase (PHOS) activity 

significantly increased after 1 day of substrate addition, reaching 4.2-4.8 times the initial levels. From 

day 2 to day 18, Phos activities exhibited a decrease-then-increase pattern, with the activity of G+S 

consistently higher than that of G and S. 

 

Figure 6-4. Soil gross oxidative enzyme activities (Vmax) and substrate affinity (Km) of total oxidative 

(a and b), phenol oxidase (c and d), and peroxidase (e and f)). Dot with bar represent mean ± standard 

error of enzyme activity (n = 3) 
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Figure 6-5. Microbial biomass carbon (MBC), nitrogen (MBN) and their ratio after 1, 2, 6 and 18 

days of substrate addition. Column and bar represent mean ± standard error (n = 3). Exact value 

and significant difference are shown in Table S1. 

The oxidase activity generally underwent a significant change during the initial stage after 

substrate addition, and subsequently remained stable from the later stages of substrate decomposition 

onwards (Figure 4). Specifically, the total oxidative activity of both G and S significantly increased by 
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1 time on day 2 compared to day 0. Following this, the activity of S decreased significantly by 50.1% 

on day 6. While the total oxidative activity of G+S gradually increased until day 2 and then remained 

stable from day 2 to day 18. Meanwhile, peroxidase activity exhibited a similar pattern to total 

oxidative activity with respect to different substrate additions. Furthermore, phenol oxidase activity 

decreased by 19.5-25.9% on day 1 after substrate addition and then remained stable until day 18. In 

general, all measured enzyme activities showed significant changes within 1 to 2 days after substrate 

addition and remained stable until substrate depletion.  

3.4 Microbial biomass response to substrate addition 

The MBC amount for all treatments significantly increased by 75.1-112.8% after 1 day of substrate 

addition (Figure 5). Subsequently, the MBC of G+S remained stable with a slight decrease until day 

18, whereas the MBC of G and S exhibited a fluctuating pattern from day 2 to 18. Furthermore, the 

MBN of G and G+S significantly increased by 85.7-128.9% after 1 day of substrate addition, followed 

by a decrease of 32.8-39.5% by day 2. Subsequently, the MBN of G and G+S remained stable until 

day 18. In contrast, the MBN of S gradually decreased by 77.1% until day 2 and then increased 

significantly by 6.9 times on day 6. Additionally, the MBC:MBN ratio of G and G+S remained stable 

throughout the entire substrate decomposition process, while the MBC:MBN ratio of S gradually 

increased until day 2 and then decreased on day 6. In summary, microbial biomass exhibited different 

responses to substrate quality in the initial stage of substrate decomposition, but demonstrated a similar 

dynamic during the later stages of substrate decomposition. 

4. Discussion 

4.1 The decomposition dynamic response to substrate quality 

The respiration rate and heat flow of starch increased significantly later than those of glucose 

under the same C substrate addition concentration (Figure 1), confirming our first hypothesis. This 

suggests that the decomposition of starch in soil is more difficult than that of glucose, and that there 

are differences in the metabolic pathways and enzymatic processes involved in their breakdown 

(Gunina and Kuzyakov, 2015). Starch is a complex polysaccharide made up of glucose molecules that 

require enzymatic hydrolysis by amylase before they can be used for energy production (French, 1973). 

This initial breakdown step is thought to contribute to the delayed response observed in respiration and 

heat flow compared to glucose. Microbial enzymes are essential for the decomposition process. 

Enzymes that target starch need to break down multiple bonds between glucose molecules, which adds 

complexity and time to the process (German et al., 2011b). Additionally, microbial preferences can 

influence decomposition rates, with some microorganisms preferring glucose over starch (Raczka et 

al., 2021). Thus, the interaction of structural complexity, enzymatic activity, substrate accessibility, 

and microbial preferences contributes to the delayed decomposition of starch compared to glucose in 

soil ecosystems.  
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Distinct patterns were observed in the dynamics of heat release rate and respiration rate during the 

decomposition of starch and glucose in soil (Figure 1). The decomposition of starch began with an 

early increase in heat release rate, caused by the enzymatic breakdown of its complex polysaccharide 

structure into labile C substrate such as glucose, which produces heat as a byproduct (Baker and 

Allison, 2017). However, the respiration rate lags behind, indicating a delay in microbial adaptation to 

utilize the labile C substrate for energy production, where respiration becomes more pronounced. In 

contrast, glucose decomposition demonstrated a simultaneous increase in heat release and respiration 

rates, reflecting its straightforward metabolism by soil microbes without the need for extensive 

enzymatic breakdown. Microbial populations can rapidly utilize glucose for energy production through 

respiration as soon as it is available in the soil environment (Rousk and Jones, 2010). Collectively, 

starch requires more initial enzymatic breakdown, leading to earlier heat release, while glucose can be 

readily utilized, resulting in simultaneous increases in heat release and respiration rates. 

Under the addition of both glucose and starch, the respiration and heat release rates showed a 

plateau stage for three days after the glucose decomposition retardation. This may suggest that starch 

decomposition occurred earlier compared to when only starch was added (Figure 1). It is possible that 

glucose decomposition acted as a catalyst for the decomposition of starch within soil ecosystems. This 

phenomenon may be attributed to several mechanisms, including enzyme production, increased 

microbial activity, and enhanced nutrient availability resulting from glucose decomposition 

(Blagodatskaya et al., 2009; Dungait et al., 2012). The presence of glucose stimulates microorganisms 

to produce more enzymes that break down starch, leading to accelerated decomposition rates. Glucose 

decomposition releases nutrients and energy that can support microbial growth and activity, which in 

turn may accelerate the decomposition of starch and other recalcitrant substrates in the soil. This 

finding confirms our second hypothesis and suggests that the decomposition of labile C substrate like 

glucose can influence and potentially accelerate the decomposition of recalcitrant C substrate like 

starch in soil ecosystems. 

4.2 The CUE and calorespirometric ratio response to different substrate quality 

The CUE of substrate addition with different qualities showed varying patterns regarding substrate 

decomposition dynamics (Table 1). The CUE of the G and G+S treatments was above 79% on day 1, 

while the CUE of the S treatment remained higher than 92% until day 6. The higher CUE values before 

the added substrate began to decompose indicates a microbial switch to the growth preparation stage, 

where a substantial portion of substrate and energy is directed towards the synthesis of storage 

compounds or specific enzymes not related to CO2 production (Mason-Jones et al., 2022). The 

significant increase in MBC on day 1 (Figure 5a) supports this finding. The CUE of S was higher than 

100%, which may be due to lower substrate-induced respiration at the initial stage after starch addition 

(Figure 1a). This resulted in substrate induced respiration (SIR) rates lower than basal respiration and 

led to negative respired C. The estimation before the peak of SIR showed overestimated values (above 
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60%) and corresponds to apparent rather than real CUE (Sinsabaugh et al., 2013). The CUE decreased 

after the peak of respiration rate until the end of the experiment, indicating that soil microorganisms 

allocated more substrate and energy towards respiration rather than the synthesis of storage compounds 

(Dijkstra et al., 2015). Additionally, the MBC also decreased during the later stage of incubation, which 

may have been induced by limited substrate and nutrient resources, suggesting microbial death, which 

can also decrease the CUE. 

On the other hand, at the beginning of substrate addition in the G and G+S treatments, the CR 

ratio showed a rapid increase (Figure 2), indicating a stronger allocation of substrate and energy to 

processes other than respiration. Following this, the CR ratio remained stable and lower than the 

oxycaloric equivalent (469 kJ mol-1 CO2) for aqueous glucose combustion until the end of the 

incubation. This suggests a balance between the allocation of substrate and energy to processes and 

respiration, and a higher respiration rate compared to the complete oxidation of the substrate. However, 

the CR ratio of the S treatment gradually increased to 1200 kJ mol-1 CO2 by day 5 and remained around 

1100 kJ mol-1 CO2 from day 5 to day 7, exceeding the oxycaloric equivalent (469 kJ mol-1 CO2) for 

aqueous glucose combustion. This indicates either additional heat release from accompanying 

processes or a lower respiration rate compared to the complete oxidation of the substrate. The 

additional heat could result from priming due to the metabolism of substrates with lower availability 

other than carbohydrates, or the incomplete oxidation of the substrate to CO2 (Chakrawal et al., 2020). 

Additionally, the excess heat generated can be used for synthesizing storage compounds or enhancing 

enzyme activity. The simultaneous occurrence of CR ratio peaks of S treatment suggests that the 

decomposition of recalcitrant carbon substrates requires more enzymes and energy. Finally, the CR 

ratio of all treatments remained below the oxycaloric equivalent (469 kJ mol-1 CO2) from day 10 to 

day 18, indicating a significant reduction in heat production compared to complete glucose oxidation. 

This suggests that the added substrate was not entirely oxidized to CO2 under fermentation or 

combined fermentation and aerobic decomposition conditions (Chakrawal et al., 2021). Thus, our third 

hypothesis was confirmed: the CUE and CR ratio change with the microbial growth stage. 

4.3 Enzyme activities response to substrate decomposition with different quality 

The dynamics of hydrolases activities in response to substrate quality during the decomposition 

process, reflecting critical aspects of soil microbial metabolism (Figure 3). The results show that α-

GLU activity initially increased following substrate addition, particularly with G+S, indicating a rapid 

microbial response to readily available substrates. The significantly higher α-GLU activity on day 1 

may predict early decomposition of starch compared to the S treatment, as α-GLU is a specific enzyme 

for starch decomposition (German et al., 2011a). This implies that glucose addition could prime the 

soil organisms (Kuzyakov, 2010), thus accelerating starch decomposition. Conversely, β-GLU activity 

exhibited a delayed but substantial increase by day 6, suggesting a shift in microbial community 

dynamics or substrate utilization patterns. This is because the glucose substrate was depleted at 
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beginning, leading to more β-GLU being released to acquire more labile substrate for microbial growth 

at later stage. CHIT activity initially declined, possibly due to the complexity of chitin as a substrate, 

yet stabilized thereafter, with higher activity observed with the S treatment, indicative of distinct 

microbial preferences. Furthermore, the activity of PHOS increased significantly after the addition of 

substrate, indicating a microbial response to phosphorus-containing compounds. The G+S treatment 

showed sustained higher activity, suggesting synergistic substrate effects. 

The dynamics of oxidase activity in response to glucose and starch substrates were relatively stable 

compared to the dynamics of hydrolase activity (Figure 4). This contradicts the notion that the mean 

spatiotemporal variation in oxidase activity within ecosystems is greater than that of hydrolases 

(Sinsabaugh et al., 2008). This difference may be attributed to the laboratory incubation conditions 

lacking environmental stressors, which exclude substrate nutrient limitations compared to field 

conditions. Meanwhile, oxidase activity exhibited a similar trend during substrate decomposition 

regardless of substrate quality. This suggests that oxidative enzymes are less substrate-specific than 

hydrolytic enzymes, and peroxidases produce oxygen radicals that can attack a diverse array of 

substrates (Schnecker et al., 2019; Sinsabaugh, 2010). Moreover, the coordination between peroxidase 

and total oxidative activity highlights the interconnectedness of enzymatic pathways in response to 

substrate availability. Furthermore, oxidase activities were higher in the G treatment compared to the 

G+S and G treatments from day 6 to 18, indicating that substrate limitation may stimulate oxidase 

activity. Microbes often switch to oxidative enzymes to degrade complex organic material after labile 

substrates are depleted (McDaniel et al., 2014). Overall, the results of enzyme activity dynamics 

demonstrate that the onset of substrate addition could increase enzyme activity, while hydrolase 

activity showed a more specific and strong response to substrate decomposition with different qualities 

compared to oxidase activity. 

5. Conclusions 

Soil substrate addition of different qualities results in varying responses in soil respiration, heat 

release, enzyme activity, CUE, and CR ratio dynamics. Treatments with glucose addition (G and G+S) 

exhibited peak curves for both respiration and heat release at the onset of substrate addition, while 

single starch addition showed a delayed and lower peak. Particularly, the respiration and heat release 

curves of G+S showed a plateau after the peak, suggesting starch decomposition. Additionally, 

treatments with glucose addition displayed a similar CR ratio pattern with gradually increasing at the 

beginning of substrate addition, whereas single starch addition showed a peak curve of CR during 

decomposition. The CUE of all treatments remained higher at the beginning of substrate addition, 

decreasing to approximately 20% by the end of substrate decomposition. Furthermore, the oxidase 

activity pattern in response to glucose and starch substrates was relatively stable compared to hydrolase 

activity. Collectively, we conclude that labile carbon substrates are more readily utilized by soil 

microbes compared to recalcitrant carbon substrates in the soil. Moreover, labile carbon substrates can 
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activate microbes and subsequently accelerate the decomposition of recalcitrant carbon substrates 

when combined in soil. 
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Supplementary data 

Table S6-1. Microbial biomass carbon (MBC), nitrogen (MBN) and their ratio after 1, 2, 6 and 18 

days of substrate addition. 

 Glucose Glucose+Starch Starch 

MBC    

0 day 478.36 ± 19.18 c 478.36 ± 19.18 b 478.36 ± 19.18 c 

1 day 1018.15 ± 56.98 a 837.62 ± 75.83 a 981.76 ± 54.06 a 

2 days 868.36 ± 65.67 a 851.39 ± 71.77 a 634.82 ± 37.11 b 

6 days 1111.00 ± 80.89 a 843.13 ± 49.89 a 893.14 ± 113.00 ab 

18 days 572.89 ± 39.21 b 633.97 ± 48.60 a 587.13 ± 45.26 b 

MBN    

0 day 24.77 ± 0.98 b 24.77 ± 0.98 c 24.77 ± 0.98 c 

1 day 56.70 ± 1.63 a 45.99 ± 4.40 a 14.20 ± 2.14 d 

2 days 34.32 ± 0.55 b 30.91 ± 1.97 b 5.66 ± 0.45 e 

6 days 37.56 ± 0.91 ab 41.04 ± 2.73 ab 44.59 ± 1.90 a 

18 days 25.49 ± 0.12 b 31.00 ± 0.77 b 30.73 ± 1.01 b 

MBC:MBN    

0 day 19.13 ± 1.74 c 19.13 ± 1.74 ab 19.13 ± 1.74 c 

1 day 17.93 ± 0.50 c 18.80 ± 3.10 b 70.60 ± 8.68 b 

2 days 25.33 ± 2.05 ab 27.48 ± 0.58 a 113.23 ± 11.71 a 

6 days 29.51 ± 1.45 a 20.59 ± 0.84 ab 19.97 ± 2.25 c 

18 days 22.47 ± 1.44 bc 20.42 ± 1.17 ab 19.09 ± 1.19 c 

 

Values represent mean ± standard error (n = 3). Different letters show significant differences between 

four sampling times within one substrate addition pattern according to one-way ANOVA and Turkey 

HSD post-hoc test (p < 0.05).
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Table S6-2. Dissolved organic carbon (DOC), nitrogen (DON) and their ratio after 1, 2, 6 and 18 

days of substrate addition. 

 Glucose Glucose+Starch Starch 

DOC    

1 day 226.73 ± 4.55 a 89.69 ± 45.90  26.95 ± 0.44 b 

2 days 75.72 ± 1.37 b 33.61 ± 0.14 35.90 ± 0.97 a 

6 days 49.95 ± 2.04 c 49.71 ± 15.37 33.02 ± 1.19 ab 

18 days 30.49 ± 4.71 d 30.46 ± 2.70 25.05 ± 1.68 b 

DON    

1 day 1.93 ± 0.11 b 6.69 ± 2.50 ab 32.81 ± 0.18 a 

2 days 3.78 ± 0.54 ab 10.00 ± 0.32 a 31.68 ± 0.54 a 

6 days 3.35 ± 0.02 ab 2.97 ± 0.20 b 2.51 ± 0.09 b 

18 days 4.84 ± 1.04 b 2.78 ± 0.27 b 2.49 ± 0.23 b 

DOC:DON    

1 day 118.70 ± 9.02 a 36.51 ± 31.67 0.82 ± 0.02 c 

2 days 20.89 ± 3.13 b 3.37 ± 0.09  1.13 ± 0.05 c 

6 days 14.91 ± 0.70 b 17.50 ± 6.57 13.19 ± 0.56 a 

18 days 6.83 ± 1.38 b 10.99 ± 0.12 10.19 ± 0.95 b 

 

Values represent mean ± standard error (n = 3). Values represent mean ± standard error (n = 3). 

Different letters show significant differences between four sampling times within one substrate 

addition pattern according to one-way ANOVA and Turkey HSD post-hoc test (p < 0.05). 
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Figure S6-1. Dissolved organic carbon (DOC), nitrogen (DON) and their ratio after 1, 2, 6 and 18 

days of substrate addition. Column and bar represent mean ± standard error (n = 3). Exact value and 

significant difference are shown in Table S2. 


