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Summary 

 

Wheat is an important staple crop worldwide, and the increasing demand for wheat requires 

more intensive cropping systems, such as monoculture. However, continuous cultivation of 

wheat contributes to a decline in grain yield and quality, possibly due to increased weed 

infestation and the proliferation of pests and fungal pathogens. Therefore, in the present study, 

we aimed to investigate 1) the underlying mechanisms that govern the productivity of winter 

wheat (WW) grown in self-succession as opposed to WW grown after a break crop, oilseed 

rape, 2) the impact of successive wheat cultivation on glucose release from roots and microbial 

activity, 3) the effects of continuous wheat rotations on glucose release, microbial growth and 

activity, and expression of sugar transporter genes. We hypothesized that there would be 

reduced rhizodeposition in self-successional WW, resulting in distinct changes in the microbial 

community composition and reduced production of hydrolytic enzymes. We found that the 

position of WW in the rotation has a significant impact on wheat biomass and also the structure 

and function of the soil microbiota. The findings underscore the necessity of identifying and 

characterizing specific compounds in root exudates that trigger soil microorganisms. 

Therefore, we improved and optimized the protocol of soil glucose imaging - in situ imaging 

method of glucose release and presence of glucose in the area around the root. and adapted this 

method for the soil environment. The study revealed that regions characterized by high glucose 

release in wheat roots exhibited heightened microbial activity, indicating a direct correlation 

between glucose availability and microbial stimulation. Furthermore, the investigation into 

long-term wheat cultivation demonstrates a notable decrease in both glucose release and 

enzyme activity, suggesting potential shifts in the microbial environment over time. Third 

wheat after break crop (W3) exhibited the lowest proportion of hotspots for glucose release in 

comparison to the first wheat (W1). Concurrently, there was a notable upregulation of the 

expressions of functional orthologous genes of SWEET family sugar transporters, particularly 

SWEET1a, in the wheat roots of W3 as opposed to W1. Moreover, total microbial biomass 

experienced a decline in both the rhizosphere and bulk soils of W3 relative to W1, indicating 

shifts in the microbial community composition. The research revealed the effect of crop 

rotational positions on root exudation patterns, and microbial responses, hence shaping the 

rhizosphere environment and influencing soil properties. Overall, these insights contribute to a 

comprehensive understanding of the factors influencing soil health and highlight the 

importance of considering temporal dynamics and intricate relationships between crop rotation 

and soil microbial responses for sustainable agriculture. This study emphasizes the importance 

of long-term research into the effects of continuous wheat cultivation on soil health and 

microbial communities. Enhancing beneficial microorganisms in the rhizosphere is crucial for 

sustainable agriculture and continued exploration of innovative tools like the glucose imaging 

method offer new opportunities for soil research, helping us monitor root exudation and 

microbial responses in field settings. 
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Zusammenfassung 

 

Weizen ist weltweit ein wichtiges Grundnahrungsmittel, und der steigende Bedarf an Weizen 

erfordert intensivere Anbausysteme wie Monokulturen. Die kontinuierliche Anbau von Weizen 

trägt jedoch zu einem Rückgang des Getreideertrags und der Qualität bei, möglicherweise 

aufgrund erhöhter Unkrautbefall und der Verbreitung von Schädlingen und Pilzpathogenen. 

Daher haben wir uns in der vorliegenden Studie zum Ziel gesetzt, 1) die zugrunde liegenden 

Mechanismen zu untersuchen, die die Produktivität von Winterweizen (WW) beeinflussen, der 

in Selbstfolge angebaut wird im Vergleich zu WW, der nach einer Unterbrechungskultur, Raps, 

angebaut wird, 2) die Auswirkungen aufeinanderfolgender Weizenkulturen auf die 

Glukosefreisetzung aus den Wurzeln und die mikrobielle Aktivität zu untersuchen und 3) die 

Auswirkungen kontinuierlicher Weizenrotationen auf die Glukosefreisetzung, das mikrobielle 

Wachstum und die Aktivität sowie die Expression von Zuckert ransporter-Genen zu 

untersuchen. Wir haben die Hypothese aufgestellt, dass es bei selbstfolgender WW eine 

reduzierte Rhizodeposition geben würde, was zu deutlichen Veränderungen in der mikrobiellen 

Gemeinschaftszusammensetzung und einer reduzierten Produktion hydrolytischer Enzyme 

führt. Wir haben festgestellt, dass die Position von WW in der Rotation einen signifikanten 

Einfluss auf die Weizenbiomasse sowie die Struktur und Funktion der Bodenmikrobiota hat. 

Die Ergebnisse unterstreichen die Notwendigkeit, spezifische Verbindungen in 

Wurzelexsudaten zu identifizieren und zu charakterisieren, die Bodenmikroorganismen 

auslösen. Daher haben wir das Protokoll der Bodenglukose-Bildgebung verbessert und 

optimiert - eine in-situ-Bildgebungsmethode zur Glukosefreisetzung und zum Vorhandensein 

von Glukose im Bereich um die Wurzel - und diese Methode für die Bodenumgebung 

angepasst. Die Studie ergab, dass Regionen mit hoher Glukosefreisetzung in Weizenwurzeln 

eine erhöhte mikrobielle Aktivität aufweisen, was auf einen direkten Zusammenhang zwischen 

der Verfügbarkeit von Glukose und der mikrobiellen Stimulation hinweist. Darüber hinaus 

zeigt die Untersuchung des Langzeitweizenanbaus einen bemerkenswerten Rückgang sowohl 

der Glukosefreisetzung als auch der Enzymaktivität, was auf potenzielle Verschiebungen in der 

mikrobiellen Umwelt im Laufe der Zeit hinweist. Der dritte Weizen nach Unterbrechungskultur 

(W3) zeigte im Vergleich zum ersten Weizen (W1) den niedrigsten Anteil an Hotspots für 

Glukosefreisetzung. Gleichzeitig gab es eine bemerkenswerte Hochregulation der 

Expressionen funktional orthologer Gene der SWEET-Familie von Zuckert ransportern, 

insbesondere SWEET1a, in den Weizenwurzeln von W3 im Vergleich zu W1. Darüber hinaus 

erlebte die Gesamtzahl der mikrobiellen Biomasse sowohl in der Rhizosphäre als auch in den 

Bulk-Böden von W3 im Vergleich zu W1 einen Rückgang, was auf Verschiebungen in der 

mikrobiellen Gemeinschaftszusammensetzung hinweist. Die Forschung hat die Auswirkungen 

der Anbaupositionen auf die Wurzelexsudationsmuster und mikrobielle Reaktionen 

aufgedeckt, wodurch die Rhizosphärenumgebung geformt und Bodeneigenschaften beeinflusst 

wurden. Insgesamt tragen diese Erkenntnisse zu einem umfassenden Verständnis der Faktoren 

bei, die die Bodengesundheit beeinflussen, und betonen die Bedeutung der Berücksichtigung 

zeitlicher Dynamiken und komplexer Beziehungen zwischen Fruchtfolge und 

bodenmikrobiellen Reaktionen für eine nachhaltige Landwirtschaft. Diese Studie unterstreicht 

die Bedeutung langfristiger Forschung zu den Auswirkungen kontinuierlicher Weizenanbau auf 

Bodengesundheit und mikrobielle Gemeinschaften. Die Förderung nützlicher 

Mikroorganismen in der Rhizosphäre ist für eine nachhaltige Landwirtschaft entscheidend, und 

die fortlaufende Erforschung innovativer Werkzeuge wie der Glukosebildgebungsmethode 

bietet neue Möglichkeiten für die Bodenforschung und hilft uns, Wurzelexsudation und 

mikrobielle Reaktionen in Feldumgebungen zu überwachen. 
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1 Chapter I: General Introduction 
 

 

1.1. Introduction 

Since its domestication around 10,000 years ago, wheat (Triticum aestivum) has played 

a crucial role in global food security. Wheat now supplies a fifth of food calories and 

protein to the world’s population. It is the most widely cultivated crop in the world, 

cultivated on 217 million ha annually (Erenstein et al., 2022). Developing countries 

contribute over 60% to the total wheat production. To meet the demands of a growing 

population, wheat yield must increase by 60% by 2050. However, the escalating global 

temperatures pose a threat, projecting a potential 27% yield decrease (FAO, 2018; 

Ordon et al., 2019). Despite modern pesticide use, diseases and pests result in a global 

average yield loss of 20% (Serfling et al., 2017). The increasing expenses of treatment, 

coupled with environmental concerns, underscore the imperative to develop stable, 

affordable, and non-chemical disease control methods (Ordon et al., 2019). 

 

1.2. Soil-borne Plant Pathogens 

In simple terms, plants have two main parts: what we see above the ground, like leaves 

and stems, and what's below the ground, which is the root system. While the above-

ground parts are more noticeable and studied, it's the root system that plays a crucial 

role in taking up water and nutrients for the plant's health and providing support (Weller 

et al., 2002). Diseases that target the roots can seriously harm the plant, leading to lower 

quality and crop yield. These diseases, often found in the soil, can affect plants from 

their early stages to maturity, causing significant losses by disrupting water and nutrient 

uptake (Coninck et al., 2015; Panth et al., 2020). 

 

1.3. Take-all disease in wheat 

Although extensively studied, take-all disease, induced by the soil-borne fungus 

Gaeumannomyces tritici, persists as the foremost root ailment affecting wheat on a 

global scale (Freeman and Ward, 2004). Gaeumannomyces tritici was formerly known 

as Gaeumannomyces graminis var. tritici and belongs to the Magnaporthaceae family. 

Notably, it also affects other cereals such as barley (Hordeum vulgare), rye (Secale 

cereale), and triticale (Triticosecale). Unlike other fungal pathogens with root-infecting 

capabilities, such as Fusarium, Rhizoctonia, Verticillium, and Pythium species, which 

exhibit a broad host spectrum and can infiltrate various plant tissues causing damage, 

G. tritici solely targets roots, confining its host range to cereals (Palma-Guerrero et al., 

2021). Because of its ability to infect and grow in both wet and dry conditions it is one 

of the most important soil-borne diseases of wheat in the world (Kwak & Weller, 2013). 

Take-all disease is prevalent in temperate wheat-growing regions globally, extending 

to high-altitude subtropical and tropical areas (Hornby, 1993).  

The economic consequence of this disease is substantial due to diminished wheat yield 

and compromised grain quality; both the direct and indirect outcomes of harm to wheat 

roots are delineated in Figure 1.2. It is noteworthy that there are currently no available 

resistant wheat cultivars against take-all, and chemical control remains constrained. 
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Consequently, control measures primarily hinge on crop rotation, emphasizing the 

pressing need for innovative control strategies. 

 

 
Figure 1.1- The Cascading Direct and Indirect Consequences of Take-All Root Disease (Palma-

Guerrero et al., 2021). 

 

1.4. Take-All Control 

As already mentioned, the primary and consistently effective control method for 

managing take-all disease is crop rotation (Wang et al., 2020). Given the specialized 

nature of G. tritici and its reliance on infested host remains for survival and nutrition, 

this approach is not surprising. A successful crop rotation strategy involves the early 

and prompt removal of volunteer cereals to maximize the benefits of non-host crop 

intervals. Additionally, the elimination of grass hosts for the take-all pathogen in alfalfa 

or legume pastures before returning to wheat or barley is crucial (Kwak et al., 2013). 

The cultivation of non-susceptible break crops contributes to the reduction of take-all 

severity by minimizing inoculum (McMillan et al., 2018). For instance, Monaci et al. 

(2017) observed that winter wheat exhibited greater rootability and root density, along 

with thinner roots, when grown following alfalfa compared to following barley. Gaiser 

et al. (2012) demonstrated that spring wheat exhibited greater rooting depth and higher 

root length density in the subsoil when grown after lucerne compared to after chicory 

and fescue. An alternative approach to mitigate yield losses due to take-all disease could 

involve the continuous cultivation of wheat. This practice may trigger what's known as 

the "take-all decline effect," resulting in decreased severity of the disease or even its 

undetectability after consecutive years of wheat cultivation. However, it's worth noting 

that despite these benefits, grain yield tends to be lower compared to wheat grown in 

rotation with other crops (Cook, 2003; Arnhold et al., 2023). 

 

1.5. Take-All Decline 

The process known as take-all decline (TAD), where the incidence of take-all disease 

decreases when wheat is continuously cultivated in the same field, is a prevalent form 

of natural suppression of this disease (Hornby et al., 1998). It typically involves a 

pattern of initially low take-all levels during the early cropping years, followed by 

disease outbreaks between 2 and 7 years, and ultimately a decline in the disease 

accompanied by increased yields (Chng et al., 2015). 
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Certain soils exhibit suppressive characteristics against take-all disease, although the 

specific reasons for this phenomenon are often unclear. Suppressiveness may stem from 

effects on the pathogen, host, or the balance of antagonistic microflora in the soil (Cook, 

2014). General suppression tends to increase with higher microbial biomass in the soil 

(Weller et al., 2002). Various mechanisms for specific suppression exist. In general 

suppression, the beneficial effect is not attributed to any specific microorganism or a 

particular group; instead, it involves a collective influence of various microbes (Cook 

2014). Recently referred to as key species or the core microbiome, these specific 

microbes drive both the composition and function of the microbiome (Dong et al. 2020). 

Consequently, general suppression cannot be transferred between different soils, 

highlighting its non-transferrable nature (Andrade et al. 2011; Kwak and Weller 2013). 

Conversely, specific suppression is tailored to combat a particular pathogenic 

microorganism and is facilitated by distinct microbes, albeit utilizing mechanisms 

similar to those observed in general suppression (Andrade et al. 2011). Research has 

demonstrated that introducing 1% (w/w) of natural suppressive soil into sterile 

suppressive soil, inoculated with Ggt, is adequate to convey suppression against take-

all disease (Chang et al. 2015; Durán et al. 2017). 

Studies related with soil disease suppression are numerous, mainly considering biotic 

factors associated with the disease incidence diminution as microbial composition 

(Duran and Mora, 2021); however, the mechanisms involved are multiple and 

complexly interconnected. In fact, studies of plant–microbe–soil interactions guaranty 

a better understanding of these processes.  

 

1.6. Rhizosphere 

Plant roots form connections with a distinct set of soil microorganisms found in the root 

vicinity, referred to as the rhizosphere. The rhizosphere surrounding an individual root 

encompasses a space extending from the root to an indistinct location in the soil. The 

extent of this zone is influenced by the diffusion of exudates, as well as the 

developmental stage and biochemical characteristics of the roots, as described by 

Hinsinger et al. (2005). This area is recognized as one of the most intricate ecosystems 

globally, housing millions of microbial cells. However, the microbial cell count varies 

based on the plant's genotype and its growth stages (Singhal et al., 2016). Within the 

rhizosphere, plants release diverse compounds that serve as chemical attractants for soil 

microorganisms (Pandey et al., 2017). The initiation of a rhizosphere occurs when the 

tip of a root enters a soil volume and concludes when that particular section of the root 

undergoes decay, as outlined by Jones et al. (2004). As roots progress, they develop 

hairs, branch roots, and, in the case of dicotyledon roots, secondary thickening. The 

duration of the rhizosphere's existence varies, depending on whether the plant is an 

annual or perennial crop, and it can endure for multiple years (Watt et al., 2016). 

The plant microbiome provides the host plant with additional gene pools, often referred 

to as the second plant genome or extended genome (Berendsen et al., 2012; Rout and 

Southworth, 2013). Notably, there has been a growing focus on plant root-associated 

microbiomes in recent years due to their crucial roles in host nutrition, development, 

and immunity (Chen et al., 2019). A study demonstrated that plant roots assemble 

microbial communities in the root zone from the surrounding soil (Fitzpatrick et al., 

2018). The microbiota in these compartments can either be beneficial or harmful to the 

host plant, and any shift in this balance could significantly impact crop production in 

agricultural ecosystems. Consequently, understanding how root-associated microbial 

communities respond to soil management practices and the physiological status of the 

plant is of significant agronomic interest. 
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Soil, often described as a "microbial seed bank" (Lennon et al., 2011), provides plants 

with a diverse pool of potential microorganisms. Plants, as a strategy to influence their 

local growth conditions, can modify the soil environment by releasing bioactive 

molecules into the rhizosphere, thereby altering edaphic conditions for soil microbiota 

(Hu et al., 2018). Consequently, distinct plant species or genotypes can attract specific 

microbiota due to variations in root morphologies and patterns of root exudation 

(Haichar et al., 2008).  

Additionally, the composition of root exudates (Gransee and Wittenmayer, 2000) and 

the structure of the root-associated microbial community are significantly influenced 

by the plant's growth stage (Schlemper et al., 2017). Studies utilizing molecular 

technologies have demonstrated variations in the composition of root-associated 

microbiomes during plant development (Houlden et al., 20087), suggesting that 

changes in root exudation may be the underlying cause, even though the compositions 

and quantities of the root exudates were not explicitly assessed in these studies (Chen 

et al., 2019). 

 

1.7. Root exudates 

Root exudates, comprising a diverse range of carbon-containing metabolites such as 

sugars, amino acids, and organic acids, impose a substantial carbon cost on the host 

plant (Marschner, 1995). These exudates also serve as substrates and signalling 

molecules for microbes, fostering intricate biogeochemical interactions between the 

host plant and microorganisms (Bais et al., 2006). Among the primary low molecular 

weight compounds found in root exudates, organic acids have been identified as 

selective agents influencing the structure of the rhizosphere microbiome. They 

stimulate the growth of specific microbial populations while inhibiting the development 

of others (Eilers et al., 2010). Incubation experiments indicate that, compared to 

carbohydrates, organic acids have a more pronounced impact on the richness and 

structure of dominant taxa within the soil microbial community (Carvalhais et al., 2011; 

Shi et al., 2011). Plants employ the secretion of organic acids as a crucial strategy to 

adapt to low nutrient availability, particularly for nutrients like phosphorus and nitrogen 

(Chen et al., 2019).  

Plants release approximately one-third of their photosynthetic products in the form of 

rhizodeposits into the soil, establishing the foundation for plant-microbial interactions 

(Kuzyakov et al., 2003; Bais et al., 2006). Rhizodeposits encompass various 

components, including the loss of root cap and border cells, the death and lysis of root 

cells, gaseous emissions, the passive and active release of solutes (root exudates), and 

the presence of gelatinous material on the root surface (mucigel) (Jones et al., 2009). 

The process of root exudation serves to stimulate microbial activity (Hinsinger et al., 

2009), promotes the production of extracellular enzymes (Asmar et al., 1994), and 

thereby contributes to the decomposition of soil organic matter (SOM) (Cheng and 

Coleman, 1990). It's worth noting that the elevated enzyme activity observed in the 

rhizosphere compared to root-free soil is influenced not only by microbial activity but 

also by the direct release of enzymes by roots or the lysis of root cells (Jones et al., 

2009; Marinari et al., 2014). 

Glucose, a prevalent soluble carbohydrate abundant in root exudates, plays a pivotal 

role in facilitating root adaptation to dynamic environmental conditions (Canarini et al., 

2019). Its consistent presence among fluctuations in root exudate composition due to 

varying soil moisture, temperature, and nutrient availability underscores its significance 

in driving microbial activity within the rhizosphere (Hütsch et al., 2002). The influence 

of glucose extends beyond its role as a mere energy source. Studies have suggested its 
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involvement in modulating root exudation patterns in response to environmental cues, 

thereby shaping the rhizosphere's microbial community structure (Smith and Read, 

2008). For instance, glucose availability has been linked to alterations in microbial 

diversity and enzymatic activities, influencing nutrient cycling processes and 

potentially affecting plant nutrient uptake (Qi et al., 2022). Wild et al. (2014) found that 

glucose can actively engage in soil carbon metabolism processes by serving as both a 

carbon and energy source. Studies conducted in pure cultures have demonstrated that 

glucose molecules engage with microbial chemoreceptors, eliciting diverse 

biochemical responses. This finding holds significance for the study of soil microbes 

(Kirby, 2009). 

 

1.8. Root exudates and plant pathogen response 

A holobiome, a symbiotic relationship between the microbial population and the host 

plant, is established, and the colonization of beneficial fungi and bacteria holds 

particular significance for sustainable agricultural production (Vandenkoornhuyse et 

al., 2015). Plant root exudates exert protective effects by competing for nutrients and 

producing substances that hinder the growth of pathogenic microorganisms. Through 

chemotaxis, plant root exudates can attract desired microbes while repelling pathogens. 

This process contributes to maintaining soil moisture, stabilizing soil aggregates, 

facilitating nutrient mobilization, and impeding the growth of competing plants (Narula 

et al., 2012). 

Plants face diverse challenges in their natural environment, such as drought, warming 

and plant pathogens, but they have developed sophisticated strategies to address these 

issues (Bukovská et al., 2021; Philippot et al., 2013). One fundamental strategy involves 

synthesizing specialized compounds with unique properties. These compounds serve 

dual purposes: some act as direct defenses against pests and diseases, while others 

function as signalling molecules. The signalling molecules alert nearby plants, 

preparing them to activate their defense mechanisms.  

The activation of the plant immune system under the attack of leaf pathogens led to the 

change of rhizosphere microbial community, indicating that plant immune signals and 

rhizosphere microbial community assembly are functionally related (Bakker et 

al. 2018). A strategy employed to enhance plant defense involves the release of 

secretions by the roots to recruit beneficial microorganisms during pathogen attacks, 

commonly known as the "cry for help" (Bakker et al., 2018). These signals operate as 

an SOS call to beneficial soil microbes, fostering collaboration with the plant to 

alleviate the impacts of environmental stresses (Teklić et al., 2021). Within their 

chemical arsenal, plants generate diverse compounds that play specific roles in defense 

and signalling (Dubey et al., 2020; Islam et al., 2021). Importantly, plant roots have 

evolved similarly to other plant parts. When roots release these compounds, they initiate 

the recruitment of symbiotic microbes, thereby enhancing the plant's resilience and 

overall health, particularly in response to environmental stressors (de Vries et al., 2020). 

Beneficial microbes have the capability to activate plant defense signalling pathways 

and/or impede the virulence and growth of pathogens by secreting antibiotics, as 

depicted in Figure 2 (Liu et al., 2020). For instance, upon pathogen invasion, members 

of the Chitinophagaceae and Flavobacteriaceae were enriched in the root endosphere, 

providing protection against plant diseases (Carrión et al., 2019). When attacked by the 

pathogen Pythium ultimum, barley roots increased the secretion of vanillic acid, fumaric 

acid, and p-coumaric acid, inducing Pseudomonas fluorescens CHA0 to colonize and 

synthesize the antibiotic 2,4-diacetylphloroglucinol (DAPG) (Jousset et al., 2011). 

https://link.springer.com/article/10.1007/s11356-021-15838-7#ref-CR4
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These findings suggest that plants recruit beneficial microbes that produce 

antimicrobial compounds when facing pathogenic attacks. 

Direct plant defense involves root exudates directly suppressing pathogens and pests. 

On the other hand, indirect plant defense refers to root exudates playing a role in driving 

plant-microbe feedbacks for defense. This occurs by altering the rhizosphere 

microbiome, recruiting beneficial microbes. These beneficial microorganisms, in turn, 

enhance plant defense through two pathways: firstly, by activating plant defense 

signaling pathways, and secondly, by secreting antimicrobial compounds that inhibit 

pathogens (Fig. 1.2; Sun et al., 2021). 

 
Figure 1.2. Direct and indirect plant defense mechanisms mediated by root exudates 

(adopted from Sun et al., 2021) 

 

Figure 1.3 illustrates the factors influencing the association between plants and their 

microbiome, as well as the chemical exudates released by roots to attract microbial 

species. Biotic factors encompass both beneficial and harmful elements simultaneously. 

Notably, the host plant releases specific root exudates designed to recruit beneficial 

microbes. These microbes play a role in providing nutrients, inducing and priming host 

immunity, and enhancing tolerance under challenging conditions (Afridi et al., 2024). 

In response to stress and pathogen attacks, plants engage in complex biochemical 

processes. For example, barley roots, when infected with the soil-borne pathogenic 

fungus Fusarium graminearum, released elevated amounts of phenolic compounds, 

including t-cinnamic acids with antifungal properties (Bakker et al., 2018). A similar 

pattern was observed in sweet basil roots, which released the antifungal compound 

rosmarinic acid when infected with the oomycete fungus Pythium ultimum (Bakker et 

al., 2018). Nevertheless, root exudates can act as a natural nutrient supply for 

pathogenic fungi, including Phytophthora, Verticillium, Pythium, Aphanomyces, 

Sclerotium, Fusarium, and Rhizoctonia. Furthermore, a single exudate can attract 

various species; for instance, the isoflavones released by soybean roots have the 

capability to attract both Bradyrhizobium japonicum (a mutualistic bacterium) and 

Phytophthora sojae (a pathogen) (Song et al., 2021). 
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Figure 1.3. factors influencing the association between plants and their microbiome, and the 

chemical exudates released by roots to attract microbial species (adopted from Afridi et al., 2024) 

 

Rhizospheric microbes serve as biological control agents (BCA) that regulate plant 

pathogens, ultimately enhancing plant productivity by producing antimicrobial 

secondary metabolites (Singh et al., 2019) and hydrolytic enzymes (Adesina et al., 

2007) and improving nutrient availability (Glick, 2012). The secretion of lytic enzymes 

by plant growth-promoting rhizobacteria enhances defense capabilities (Upadhyay et 

al., 2016). Hydrolytic enzymes (HEs) have the ability to break down chemical bonds in 

a wide range of polymeric compounds, including chitin, proteins, cellulose, 

hemicelluloses, and phytopathogenic DNA (Jadhav and Sayyed, 2016). By targeting 

the cell wall, proteins, and DNA of pathogens, HEs effectively control phytopathogens, 

thereby playing a crucial role in bio-control (Prathap and Ranjitha, 2015). 

 

1.9. Soil microbial functions and enzyme activity 

The concept of soil quality is defined as "the capacity of a soil to function, within 

ecosystem and land use boundaries, to sustain productivity, maintain environmental 

quality, and promote plant and animal health" (Doran, 1996). Due to its dynamic nature, 

soil quality requires continuous monitoring over time, and the selection of appropriate 

indicators depends on the specific objectives of users (Snapp and Morrone, 2008). Soil 

extracellular enzymes play a crucial role in controlling soil nutrient cycling (Maharjan 

et al., 2017; Uwituze et al., 2022), and their activities are considered important 

determinants of soil quality (Sinsabaugh et al., 2008). 

Microorganisms play a pivotal role as the most dynamic component in the soil 

ecosystem, offering timely responses and feedback to its conditions (Toledo et al., 

2023; Zhao et al., 2023). The diversity and composition of soil microbial communities 

are crucial for maintaining soil quality and health. Higher levels of bacteria and fungi 

in the soil show a positive correlation with the overall well-being of the soil ecosystem 
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(Liu et al., 2015). Soil extracellular enzymes are predominantly released outside the 

cell, either by soil microorganisms (Skujinš and Burns, 1976) or plant roots (Burns et 

al., 2015). They can bind to either the cell or soil particles or diffuse freely in soils 

(Burns et al., 2015). Soil enzyme activity is generated through the biological activities 

of the soil fauna, organisms, and plant roots. Moreover, they play a vital role in the C, 

N, and P cycles within the soil (Fu et al., 2017).  

The enzyme activity reflects the trend and intensity of various biochemical processes 

in the soil, making it more sensitive than changes to the physicochemical properties. 

Therefore, compared to the physical and chemical indices, ascertaining the changes in 

the soil enzyme activity is a more intuitive and reliable approach to elucidate the impact 

of agricultural management on soil quality (Li et al., 2023).  

Continuous cropping practices have been observed to adversely impact soil 

microorganisms. These practices result in a notable decrease in functional strains, 

including aerobic and nitrogen-fixing bacteria, disrupting the original structure of the 

soil microbial community and subsequently affecting plant growth (Wang et al., 2018). 

Furthermore, such practices can inhibit the secretion of antibiotics by bacteria, 

promoting the proliferation of pathogenic bacteria, thereby increasing the incidence of 

plant diseases (Zhang et al., 2020). Concurrently, harmful microorganisms release 

secondary metabolites that attract beneficial microorganisms for their advantage, 

further disturbing the soil microecology and pushing it towards a state conducive to 

their survival. This exacerbates challenges associated with continuous cropping. Hence, 

it is crucial to investigate the impact of continuous wheat cropping on soil microbial 

and biochemical characteristics for the improvement of cultivation practices and the 

enhancement of the soil environment (Song et al., 2024). 

In recent years, numerous analyses have been conducted analyses on the impact of 

continuous cropping on enzyme activity; however, the findings were inconsistent. 

Some studies indicated a peak in enzyme activity with increasing years of planting 

(Zhang et al., 2021), while others demonstrated a negative correlation between the two 

(Wang et al., 2022). These discrepancies may be attributed to variations in soil type and 

plant species. Furthermore, microbial communities play a significant role in 

maintaining the microecological environment of plant roots through their influence on 

soil enzyme activity. 

 

1.10. Objectives and Hypotheses 

Wheat is an important staple crop worldwide, and the increasing demand for wheat 

requires more intensive cropping systems, such as monoculture (Gan et al., 2014). 

However, continuous cultivation of wheat contributes to a decline in grain yield and 

quality (Debaeke et al., 1996), possibly due to increased weed infestation and the 

proliferation of agrophages (pests and fungal pathogens) (Woźniak, 2019). Therefore, 

in the present study, we aimed to investigate 1) the underlying mechanisms that govern 

the productivity of WW grown in self-succession as opposed to WW grown after a 

break crop, oilseed rape, 2) the impact of successive wheat cultivation on glucose 

release from roots and microbial activity, 3) the effects of continuous wheat rotations 

on glucose release, microbial growth and activity, and expression of sugar transporter 

genes. 

We hypothesized that there would be reduced rhizodeposition in self-successional WW, 

resulting in distinct changes in the microbial community composition and reduced 

production of hydrolytic enzymes. The reduced rhizodeposition in self-successional 

WW would be followed by changes in the microbial community composition and a 

https://www.frontiersin.org/journals/microbiology/articles/10.3389/fmicb.2024.1348259/full#B16
https://www.frontiersin.org/journals/microbiology/articles/10.3389/fmicb.2024.1348259/full#B32
https://www.frontiersin.org/journals/microbiology/articles/10.3389/fmicb.2024.1348259/full#B63
https://www.frontiersin.org/journals/microbiology/articles/10.3389/fmicb.2024.1348259/full#B50
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decreased microbial activity, influencing nutrient (especially mineral N) uptake by the 

plant and plant biomass.  

Specifically, we focused on the quantification of root growth parameters and the 

associated biochemical parameters (C and N translocation), enzyme kinetics involved 

in C, N, and P acquisition as well as on the microbial (bacterial and archaeal) 

compositions in the rhizosphere (RH) and bulk (BS) soil of WW grown in different 

rotational positions. 

 

1.11. Experiments, Materials and Methods 

1.11.1. Field sites and experimental design 

The experiments were conducted in two field sites. The first field experiment located 

in the Hohenschulen experimental field site (54°19′05″N, 9°58′38″E), which is owned 

by the Christian-Albrechts-University of Kiel, Germany. The soil at the site was 

pseudogleyic sandy loam (Luvisol), with 21% clay and 35% silt, 44% sand, a pH of 

6.7, and organic carbon content of 1.3%, total nitrogen content of 0.15%, and available 

phosphorous and potassium contents of 9 mg.kg-1 and 15 mg.kg-1, respectively (Sieling 

et al., 2005). The crop rotation trial was established in 1989. It 126 included the factors 

a) rotational position (rapeseed, first wheat after rapeseed, third wheat grown 

continuously, b) winter wheat varieties (4 levels), and c) N levels (4 levels). From this 

trial, we selected following rotational positions containing the winter wheat cultivar 

“Nordkap” and optimal N-fertilization (240 kg N ha-1): (1) winter oilseed rape–winter 

wheat (W1) and (2) winter oilseed rape–winter wheat–winter wheat- winter wheat 

(W3). Each crop rotation element is cultivated every year and each plot is replicated 

four times in incomplete blocks.  

The second field site is located near Harste (51°36′23.5″N, 9°51′55.8″E, 142 m above 

sea level) in Central Germany and the soil type is a silty loam Luvisol derived from 

Loess (IUSS Working Group WRB, 2015). Long-term (1991–2020) mean annual 

precipitation is 624 mm and mean annual temperature is 9.4°C (DWD, 2022). The crop 

rotation trial was established in 2006 (Koch et al., 2018) and includes nine crop 

rotations, out of which two with winter wheat were included in this study: (1) wheat 

monoculture (WM) and (2) winter oilseed rape–winter wheat–winter wheat– grain pea–

sugar beet–winter wheat. From the latter, the first (W1) and second wheat (W2) after 

oilseed rape as break crop were considered. Each crop rotation element is cultivated 

every year with the winter wheat cultivar “Nordkap” and each plot is replicated three 

times in incomplete blocks.  

 

1.11.2. Rhizobox Experiments 

1.11.2.1. Greenhouse 

For the rhizobox experiment conducted in the greenhouse with transparent rhizoboxes 

(20 × 20 × 3 cm), soil samples were collected from the Ap horizon (0-20 cm) of soil at 

the Hohenschulen experimental field from six different plots at the beginning of the 

growing season. The soil samples were collected from W1 and W3. After filling the 

rhizoboxes with soil samples, healthy seeds of the wheat cultivar 'Nordkap' were 

selected and sterilized before being germinated on wet filter paper for three days at 

room temperature. Soil moisture was monitored gravimetrically every two days and 

adjusted to maintain 70% water holding capacity (WHC) throughout the two-month 

experiment by adding sterile distilled water as needed. Due to the limited space and 

resources in the rhizoboxes, plants were harvested at two time points: four weeks (t1, 

BBCH 13) and eight weeks (t2, BBCH 29) after sowing through destructive sampling. 
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This approach ensured a consistent and comparable temporal assessment of enzyme 

activities and plant root exudates in W1 and W3. 

 

1.11.2.2. Outdoor rhizotron experiment 

Soil was collected in September 2021 from the Experimental Farm Hohenschulen, 

Faculty of Agricultural and Nutritional Sciences, Christian-Albrechts-University of 

Kiel. Composite soil samples for rhizobox experiments were taken from oilseed rape 

(KW1), first (KW2) and third wheat (KW4) plots (N = 4 replications). We conducted 

an outdoor rhizotron experiment using newly designed rhizotrons with a height of 100 

cm, width of 35 cm and inner thickness of 2.5 cm (Reichel et al., 2022). The rhizotrons 

were placed on the campus of Forschungszentrum Jülich, Germany. All rhizotrons were 

kept inclined at 45ᵒ to facilitate root growth along the lower side of the rhizotrons. 

Winter wheat seeds were germinated on petri dishes with sterile filter paper for 24 h in 

the dark at 23 ᵒC. Subsequently, one germinated seed was sown into each rhizotron. 

The plants were not fertilized for the duration of the experiment. The plants were 

harvested at the stem elongation stage (BBCH 30). 

 

1.11.3. Biochemical soil analyses 

At harvest, soil samples were stored at -25 °C before analysis of mineral N, dissolved 

organic carbon (DOC), and total extractable nitrogen (TN) and were quantified with a 

total organic C (TOC) analyzer (TOC-V + ASI-V + TNM, Shimadzu, Japan). The 

chloroform-fumigation extraction (CFE) method was used to estimate microbial 

biomass C and N. 

 

1.11.4. Soil imaging methods 

Zymography was performed to measure β-glucosidase activity, following the protocol 

developed by Razavi et al., (2019). The membranes were soaked in the fluorescent 

solution and then directly applied to the root-exposing side of the rhizoboxes and 

covered with aluminium foil to avoid exposure to light and drying out. After one hour 

of incubation, the membranes were quickly removed, cleaned with a soft brush and 

exposed to UV light of 355 nm wavelength excitation in a dark room. 

 

1.11.4.1. Method development: in situ glucose imaging 

Soil glucose imaging is a method used to visualize and quantify the amount of glucose 

exuded from plant roots. This method was developed and optimized based on the 

protocols developed by McLaughlin and Boyer (2004) and Voothuluru et al. (2018) and 

is useful for studying plant root exudation and interactions with the surrounding soil. 

The process involves preparing a reaction mixture solution by dissolving phosphate 

powder (Sigma P7994) in distilled water to make a 100 mL buffer solution of 0.05 M 

(pH 7.4). To this solution, 1.7 unit/ml of glucose oxidase from Aspergillus niger (Sigma 

G7141), 1.5 unit/ml of peroxidase from horseradish (Sigma P8125), and 200 μM of 

Ampliflu red (Sigma 90101) dissolved in 60 μL of Dimethylsulfoxide were added. 

Polyamide membrane filters with a diameter of 20 cm and a pore size of 0.45 mm (Tao 

Yuan, China) were cut to fit the size of the rhizobox and then saturated with the 

prepared reaction mixture solution. These membranes are then attached to the rooted 

side of each rhizobox. After an optimal incubation time (one hour for wheat), the 

membranes were quickly removed and placed in a dark room under UV light of 355 nm 

wavelength. 

The magenta-colored area on the membrane indicates the presence of glucose 

exudation, as hydrogen peroxide was generated from a reaction between glucose and 
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glucose oxidase enzymes. Horseradish peroxidase then catalyses the conversion of 

colorless Ampliflu red into magenta colored and fluorescent resorufin (Zhou et al., 

1997).  

 

1.11.4.2. Installing root windows and in situ glucose imaging  

At the tillering stage (BBCH 28) under the field condition, the root windows were built 

at an angle of 90° to the soil surface next to the wheat plants. Root windows (30 × 30 

cm) consisting of a transparent acrylic sheet (3-5 mm thick) were fixed in place by two 

vertical steel rods and backfilled with soil to remove air gaps. 

 

1.11.4.3. Calibration and image analysis 

All images were captured using a Canon EOS 6D digital camera with a Canon lens EF 

24–105 mm 1: 4L IS II USM. For image processing, individual 4 cm2 membranes were 

soaked in MUF and AMC solutions of varying concentrations (0, 0.2, 0.5, 1, 2, 4, 6, 8, 

and 10 mM for MUF, and 0, 0.1, 0.2, 1, 2, 4 and 5 mM for AMC), then exposed to UV 

light in the same way as the samples. Calibrated values were used to quantify the colour 

intensity and relate enzyme activity to the grey value. Fluorescent signals of 

MUF/AMC on an area basis were calculated based on the volume of substrate solution 

taken up by a fixed membrane size. The images were processed and analysed using the 

ImageJ software package. Mean+2SD was applied to identify and separate hotspots 

within each image. The rhizosphere extent of each root was calculated from the root 

surface for mature roots (>2 cm from the tip) and root tips (0–2 cm) for glucose release 

and β-glucosidase activity (soil zymograms) (Bilyera et al., 2021). 

 

1.11.5. Enzyme kinetics, substrate affinity, and catalytic efficiency 

The soil samples were collected in a conical tube and stored at 5 °C. soil samples were 

taken from three soil compartments, i.e., rhizosphere soil (RH) sampled with 

microspatulas from ≤ 5 mm away from the rhizosphere of primary roots, root-free bulk 

soil (BS) and the loosely attached soil to the roots after shaking off the plant roots as 

root-affected soil samples (RA). The kinetics of hydrolytic enzymes involved in C, N, 

and P cycles were measured by fluorimetric microplate assays of 4-

methylumbelliferone (MUF) and 7-amino-4-methyl coumarin (AMC) (Dorodnikov et 

al., 2009).  

 

1.11.6. Basal respiration and substrate-induced respiration 

The MicroResp™ system (Chapman et al., 2007) was utilized to measure basal 

respiration (BR) and substrate-induced respiration (SIR). For BR, we used distilled 

water, while SIR was measured using glucose as a readily available C source.  

 

1.11.7. Expression analysis of SWEET sugar transporters by RT-qPCR 

Total RNA from wheat leaf and root tissues was extracted with TRIzol® reagent 

(Thermo Fisher Scientific, Germany) according to the manufacturer’s instructions. 

Quality and concentration control of total RNA were performed using gel 

electrophoresis and NanoVue Plus Spectrophotometer (GE Healthcare Life Science), 

respectively. Total RNA samples of three independent biological replicates were used 

for further experimentation. Complementary DNA (cDNA) was synthesized from 1 μg 

total RNA in 20 μl reaction volume using RevertAid First Strand cDNA Synthesis Kit 

(Thermo Fisher Scientific, Germany) at 42 °C for 1 h.  
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1.11.8. Kinetics of the substrate-induced respiration 

Total and active microbial biomass was characterized by Substrate Induced Growth 

Respiration (SIGR) (Blagodatskaya et al., 2014).  

 

1.11.9. Data analysis 

All the statistical analyses were performed in SAS v.9.2. Significant differences 

measured and calculated parameters between W1 and W3 soil samples were confirmed 

by Two-Way ANOVA after checking normality and homogeneity of variance values. 

A probability of p < 0.05 was used as the significance level between treatment 

comparisons. Error bars indicate the standard error of the means. 

 

1.12. Results and Discussion 

1.12.1 Study 1: Effect of preceding crop legacy on root growth dynamics, 

rhizosphere processes and microbial interactions 

There was a strong response of root growth traits to WW rotational position with an 

overall reduction in RLD of 29 % and 31 % for KW2 and KW4, respectively, mainly 

in the upper 30 cm of the soil (Fig. 1.4a). However, even at a greater depth (60-100 

cm), KW1 had the highest difference in RLD compared with KW4. At this depth, KW2 

increased its RLD greater than KW4, which had the lowest values of all three rotational 

positions. Similarly, KW1 had the highest RTD of all rotational positions, with 58 % 

and 48 % higher RTD values than KW2 and KW4, respectively (Fig. 1.4b). These 

differences were apparent in both the topsoil and the subsoil. Overall, KW1 had thicker 

roots with an Rdia of 0.28 mm compared to 0.25 mm and 0.24 mm for KW2 and KW4, 

respectively, a trend that was observed throughout the soil profile (Fig. 1.4c). Finally, 

KW2 and KW4 increased their SRL by 28 % and 33 % compared to KW1, with 

significant differences along the complete soil profile (Fig. 1.4d). 

More ammonium (NH4
+) and nitrate (NO3

-) were found in the RH compared to BS and 

in the 0-30 cm soil layer compared to subsoil layers. The rotational position of WW 

strongly affected mineral N, with a 42 % and 48 % lower NH4
+ concentration in KW1 

overall compared to KW2 and KW4, respectively (Fig. 1.5a). In particular, in the 

uppermost soil depth of KW1, there was much less NH4
+ than in the same depth of 

KW2 (-54 %) and KW4 (-58 %). In addition, a similarly lower NO3
- content was found 

in KW1 (-49 % and -36 % compared to KW2 and KW4, Fig. 1.5b). Microbial biomass 

C (Cmic) and N (Nmic) were also highly impacted by the rotational position, as shown in 

Fig. 6. Cmic was lower by 37 % and 43 % in KW1 compared to KW2 and KW4, 

respectively (Fig. 1.6a). Nmic values of KW1 were 50 % and 57 % lower than those of 

KW2 and KW4 (Fig. 1.6b). 

 The rotational position also had a major influence on DOC levels. KW1 soil had 

68 % and 150 % higher DOC concentrations than KW2 and KW4, respectively (Fig. 

1.7). A significant main effect of soil compartment was shown, with a 74 % higher 

DOC content in the RH compared to BS. Interestingly, the DOC level in the RH of 

KW1 at both subsoil depths (30-60 and 60-100 cm) was 1.7 and 4.1 times higher than 

KW2 and KW4, respectively (Fig. 1.7). Similar DOC concentrations were observed in 

the BS in the rotational position and at all three soil depths. 
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Figure 1.4. Effect of the rotational positions on root length density (a), root tissue density (b), 

average root diameter (c) and specific root length (d) of the following winter wheat at the onset of 

stem elongation (BBCH 30) at soil depths 0-30 cm, 30-60 cm and 60-100 cm). KW1 = first wheat, 

KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental 

farm Hohenschulen in Kiel, Germany. Within each soil depth, different lowercase letters denote 

significant differences between rotational positions at p ≤ 0.05 according to ANOVA with 

Bonferroni correction for multiple comparisons. No letters indicate non-significant differences.  

 
Figure 1.5. Effect of the rotational positions on soil NH4

+-N (a) and NO3
--N (b) of the following 

winter wheat at onset of stem elongation (BBCH 30) at soil depths 0-30 cm, 30-60 cm and 60-100 

cm and two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first wheat, KW2 

= second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental farm 

Hohenschulen in Kiel, Germany. Within each soil depth and soil compartment, different lowercase 

letters denote significant differences between rotational positions at p ≤ 0.05 according to ANOVA 

with Bonferroni correction for multiple comparisons. No letters indicate non-significant 

differences. 
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Figure 1.6. Effect of the rotational positions on microbial biomass carbon (Cmic, a) and microbial 

biomass nitrogen (Nmic, b) of the following winter wheat at onset of stem elongation (BBCH 30) at 

soil depths 0-30 cm, 30-60 cm and 60-100 cm. KW1 = first wheat, KW2 = second wheat, and KW4= 

fourth wheat after oilseed rape in soil from the experimental farm Hohenschulen in Kiel, Germany. 

Within each soil depth, different lowercase letters denote significant differences between rotational 

positions at p ≤ 0.05 according to ANOVA with Bonferroni correction for multiple comparisons. 

No letters indicate non-significant differences. 

 

 The main components of the microbial community composition at the phylum 

level were Actinobacteriota, Proteobacteria, Chloroflexi, Gemmatimonadota, and 

Crenarchaeota. The relative abundance of several taxa from Acidobacteriota, 

Gemmatimonadota, Nitrospirota, and Chloroflexi was significantly affected by the 

rotational position in the BS and RH soils and at different soil depths. While in the BS 

of the plants, the relative abundance of Acidobacteriota was not significantly different, 

we recorded a significantly higher relative abundance of Acidobacteriota in the RH of 

the topsoil and subsoil of KW1 compared to both KW2 and KW4 (Fig. 1.8a). A 

decreasing relative abundance of Gemmatimonadota in KW4 compared to KW1 was 

found in both soil compartments, while the difference between KW1 and KW2 

remained insignificant (Fig. 1.8b). With regard to Nitrospirota, KW1 and KW2 had 

similar relative abundances in both BS and the RH (Fig. 1.8c). In the RH, the relative 

abundance of Nitrospirota was significantly lower in both the topsoil and subsoil of 

KW2 compared to KW4. Finally, in KW1 and KW2, there was a much lower relative 

abundance of Chloroflexi compared to KW4, and this difference was consistently found 

in BS and RH soil (Fig. 1.8d). 

Successively grown WW appeared to prioritize soil exploration, shaping a thinner and 

less dense root system, as indicated by its higher SRL, lower Rdia, and RTD. Increasing 

the proportion of WW in the rotation led to a clear reduction in biomass of the following 

WW. We provide evidence of an early onset of reduced biomass growth and onset of 

early root senescence in successively grown WW. This reduction was associated with 

changes in microbial activity and composition (Fig. 1.7) in WW rotations, coupled with 

changes in root growth (Fig. 1.4). The decrease in plant dry weight for successive WW 

rotations was of a similar magnitude for both aboveground and belowground plant 

parts. In response to biotic and abiotic stresses, the specific root length (SRL) of plants 

tend to increase (Kramer-Walter et al., 2016; Kaloterakis et al., 2021; Spitzer et al., 

2021), while root length density (RLD) and average root diameter (Rdia) are reduced 

(Kramer-Walter et al., 2016; Lopez et al., 2023). Kelly et al. (2022) found higher SRL 

in WW landraces grown in low nutrient availability conditions, while landraces with a 
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higher proportion of coarse roots were linked to higher extractable C pools in the 

rhizosphere. Root diameter is considered an important feature that enhances root 

exudation, and thicker absorptive roots have been shown to increase mycorrhizal 

colonization (Wen et al., 2019). Consistent with this, we observed important root plastic 

responses influenced by the preceding crop history. Root plastic responses associated 

with higher biomass and RLD during early growth stages lead to increased ability for 

nutrient and water uptake, dry matter accumulation, and thus yield (Chen et al., 2020). 

The reduction of root length and root mass across the soil profile confers changes to the 

soil organic carbon pool through reduced inflow of dead root material as well as root 

exudation to the soil, which in turn decelerates mineralization processes (De Deyn et 

al., 2008; Cong et al., 2014). 

 

 
Figure 1.7. Effect of the rotational positions on dissolved organic carbon (DOC) of the following 

winter wheat at onset of stem elongation (BBCH 30), at soil depths 0-30 cm, 30-60 cm and 60-100 

cm and in two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first wheat, 

KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental 

farm Hohenschulen in Kiel, Germany. Within each soil depth and soil compartment, different 

lowercase letters denote significant differences between rotational positions at p ≤ 0.05 according 

to ANOVA with Bonferroni correction for multiple comparisons. No letters indicate non-

significant differences. 

 

In a recent field experiment, Yang et al. (2022) found that microbial biomass C (Cmic) 

and N (Nmic) increased with increasing wheat (WW) dry matter throughout the growth 

period. However, the highest plant biomass-yielding rotational position KW1 had much 

lower Cmic and Nmic values at all three soil depths. Typically, higher root biomass is 

associated with increased microbial biomass (Lange et al., 2015). However, changes in 

microbial diversity may be more accurately associated with changes in root biomass, 

explaining the observed trends (Fig. 1.7) in this experiment (Ren et al., 2017). Hansen 

et al. (2019) observed a similar decline in Cmic when oilseed rape was introduced to 

successive wheat monocultures, and attributed this effect to the biocidal qualities of its 

secondary metabolite isothiocyanate. Successively grown WW has a clear soil legacy 
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with increased microbial biomass. The high initial DOC content of the soil induced 

rapid regrowth of microbes following the initial adjustment of the water holding 

capacity (WHC) and therefore N immobilization which could have affected plant 

growth. 

Results showed that the root system of KW1, stimulated microbial activity and 

increased the release of glucose and leucine, which can be directly utilized by microbes. 

This enables KW1-selected microbes to use dissolved organic C (DOC) and N in the 

rhizosphere more effectively compared to successively grown WW (Fig. 1.5, Fig. 1.6). 

It has been shown that plants have a decreased capacity to utilize low molecular weight 

C under intense microbial competition, with DOC content driving this interaction 

(Kuzyakov & Jones, 2006; Song et al., 2020). Labile carbon is considered critical for 

maintaining the pathogen suppressive qualities of agricultural soils irrespective of the 

total soil organic matter content (Bongiorno et al., 2019), which would explain the 

generally lower Ggt prevalence in soil after oilseed rape cultivation (Jenkyn et al., 

2014). 

The higher richness of bacterial taxa (ASVs, amplicon sequence variants) in the bulk 

soil of KW4 compared to KW1 and KW2 suggests that successive wheat cultivation 

selects a broader spectrum of bacteria that are better adapted to the specific soil 

conditions (Mayer et al., 2019). Previous research by Hilton et al. (2018) has observed 

that preceding crops affect the microbial communities in the wheat rhizosphere. This is 

most likely due to the continuous secretion of exudates of similar quality that 

preferentially stimulate specific groups of microbes (Jones et al., 2019; Wen et al., 

2022). This is most likely due to the continuous secretion of exudates of similar quality 

that preferentially stimulate specific groups of microbes (Jones et al., 2019; Wen et al., 

2022). We observed differences in the relative abundance of bacteria at the phylum 

level (Fig. 1.8) that shifted the spectrum of interactions of microbes and wheat with 

potential imbalance or dysbiosis effect. The microbial community structure of KW1 

and KW2 were more similar compared to KW4 (Fig. 1.8b). It appears that the higher 

rate of WW residue return in the soil of WW monocropping leads to the prevalence of 

an unfavorable soil microbial community that is associated with early growth reduction 

and biomass loss. The prevalence of bacterial taxa with lower secretion of extracellular 

enzymes that foster the acquisition of carbon and nitrogen created a competitive 

environment for both plants and microbes, resulting in less mineral nitrogen being taken 

up by KW2. 

The observed alterations in root growth patterns, microbial activity, and soil dynamics 

in response to successive wheat (WW) cultivation underline the pivotal role of root 

exudates and secretions in shaping soil microbial communities and influencing plant 

performance. The diminished biomass growth and early onset of root senescence in 

successively grown WW indicate a complex interplay between root plastic responses 

and the soil microbial environment. The root system of the first rotational position 

(KW1) emerges as a key player, stimulating microbial activity and enhancing the 

release of glucose and leucine, which are crucial substrates for microbial utilization. 

This microbial stimulation and efficient utilization of dissolved organic carbon (DOC) 

and nitrogen (N) in the rhizosphere by KW1-selected microbes highlight the importance 

of specific root exudates in fostering a beneficial microbial community. 

The findings underscore the necessity of identifying and characterizing specific 

compounds in root exudates that trigger soil microorganisms, as they play a pivotal role 

in shaping the microbial community structure and influencing nutrient dynamics. The 

glucose imaging method, developed as a result of this investigation, emerges as a 

valuable tool for probing the intricate dynamics of root exudation, providing a means 
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to visualize and quantify the release of critical substrates that drive microbial activity. 

The ability to discern the nuances of root-microbe interactions enhances our 

understanding of soil legacy effects and offers insights into sustainable agricultural 

practices by emphasizing the importance of managing root exudation for fostering a 

resilient and beneficial soil microbiome. 

 

 
Figure 1.8. Effect of the rotational positions on the relative abundance of (a) Acidobacteriota, (b) 

Gemmatimonadota, (c) Nitrospirota and (d) Chloroflexi at soil depths 0-30 cm and 30-60 cm, in the 

two soil compartments bulk soil (BS) and rhizosphere (RH). KW1 = first wheat, KW2 = second 

wheat, and KW4 = fourth wheat after oilseed rape in field soil from the experimental farm 

Hohenschulen in Kiel, Germany. Within each soil depth and soil compartment, different lowercase 

letters denote significant differences between rotational positions at p ≤ 0.05 according to ANOVA 

with Bonferroni correction for multiple comparisons. No letters indicate non-significant 

differences. 

 

1.12.2. Study 2: methodological innovations to study the rhizosphere processes 

Glucose, the primary compound in exudates as an easy available sugar, is among the 

soluble carbohydrates that are adjusted by the roots to adapt to osmotic conditions 

(Sharp et al., 1990; Spollen et al., 2008; Voothuluru et al., 2016). Soil glucose imaging 

is a method used to visualize and quantify the amount of glucose exuded from plant 

roots. This method was optimized based on the protocols developed by McLaughlin 

and Boyer (2004) and Voothuluru et al. (2018) and is useful for studying plant root 

exudation and interactions with the surrounding soil. 
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In situ glucose imaging was performed for AMF-inoculated and AMF non-inoculated 

rhizoboxes, which were divided into three drought- and three optimum conditions. 

Soybean seeds were sterilized with 70% ethanol and 10% hydrogen peroxide, and 

rinsed thrice with distilled water (Ibiang et al., 2017). These sterilized seeds were 

germinated on wet filter paper in a petri dish for three days before transplanting into 

rhizoboxes. Treatments with and without AMF were set up in separate boxes. 

Zymography and glucose imaging were performed in different rhizoboxes to avoid 

cross effects of the two imaging methods. Thus, soil was packed in 24 transparent 

rhizoboxes (20 × 20 × 3 cm). The experiment consisted of four treatments (drought vs. 

optimum, AMF vs. no-AMF), each of which was replicated thrice to measure 

zymography.  

In glucose imaging, decreasing the release of glucose was demonstrated in color bars 

in which white color showed the highest glucose exudation. Under optimum conditions, 

glucose was mainly exuded along the roots and root tips (Fig. 1.9). On the contrary, 

under drought condition, glucose exudation was more focused on the root tips. 

However, a higher release of glucose was observed in the rhizosphere under AMF-

drought than control-drought. 

In line with our hypothesises, glucose exudation highly relied on moisture condition, 

as suggested by Vancura and Hovadik (1965) and Calvo et al. (2019). Under optimum 

condition, glucose was homogeneously exuded along the root as well as root tips, but 

drought dramatically reduced glucose exudation along with a total decrease in 

exudation (Liese et al., 2018), especially from the mature part of the root (Fig. 1). 

Remarkably, AMF strongly boosted glucose hotspots in comparison to non-

mycorrhizal plants. Glucose exuded from root characterized by lability and ready 

utilization can be directly absorbed by AMF as a C source (Bago et al., 2000; Bücking 

et al., 2008) to stimulate AMF hyphae branching and lengthening. On the other hand, 

AMF may contribute to glucose release, for instance, by the expression of β-glucosidase 

and mobilizing oligo- and polysaccharides or glycosylated compounds. Therefore, the 

enhanced glucose exudation was attributed to the concomitant direct secretion from 

plant roots or product of β-glucosidase activity within rhizosphere. This accelerated 

glucose availability within the mycorrhizosphere (Kraigher et al., 2013), the zone of 

influence in the vicinity of fungal hyphae (Tarafdar and Marschner, 1994), which 

compensates C deprivation of rhizobiota due to drought (Asensio et al., 2021). 

The results obtained from the glucose imaging method provide compelling evidence of 

its efficacy in elucidating the nuanced dynamics of glucose exudation under varying 

moisture conditions and mycorrhizal associations. The method effectively captured the 

spatial distribution of glucose release along the roots and root tips, highlighting distinct 

patterns in response to both optimal and drought conditions. Notably, the visualization 

of glucose hotspots demonstrated the strong influence of arbuscular mycorrhizal fungi 

(AMF) on boosting glucose exudation, presenting a novel aspect of the method's utility 

in unraveling plant-microbe interactions. 
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Figure 1.9. Upper row shows glucose release (nmol/cm2), for treatment with and without AMF 

(control), under optimum and drought conditions. Lower row: shows zymograms of acid 

phosphomonoesterase (pmol cm-2 h -1). 

 

The observed changes in glucose exudation under AMF-drought conditions compared 

to control-drought further emphasize the method's sensitivity to variations in 

environmental factors. The ability to discern differences in glucose release attributed to 

direct root secretion and β-glucosidase activity within the rhizosphere showcases the 

method's capacity to provide detailed insights into the molecular processes influencing 

glucose dynamics. These findings lay a solid foundation for extending the application 

of the glucose imaging method to diverse plant species, such as wheat, and investigating 

the impact of successive cultivation on glucose release and enzyme activity. The 

method's success in capturing these intricate dynamics positions it as a valuable tool for 

advancing our understanding of plant responses to environmental stress and 

mycorrhizal associations, with potential applications in optimizing agricultural 

practices for enhanced plant-microbe interactions and sustainable crop production. This 

prompted the initiation of a subsequent experiment aimed at rigorously assessing how 

the dynamic relationship between these factors is influenced over successive wheat 

cropping cycles. 

 

1.12.3. Study 3: glucose release and enzyme activity affected by successive wheat 

cultivation 

The spatial distribution of glucose release and β-glucosidase activity was found to be 

influenced by successive wheat plantation, particularly at t2, as shown in Figure 1.11. 

Furthermore, at t2, W3 exhibited the lowest proportion of glucose release hotspots, 

covering 1.83% of the total soil surface area. This represents a 31.7% decline compared 

to W1 (p<0.05) (see Figure 1.11). 
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Figure 1.11. Spatial distribution of glucose release (a-d); β-glucosidase activity (i-l) and original 

images of the wheat root (e-h) at T1W1 (top row), T1W3 (second row), T2W1 (third row), T2W3 

(lower row), respectively (T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 

29); W1: first and W3: third wheat after break crop. 

 

 
Figure 1.11. Comparison of the percentage of hotspot area and (b) rhizosphere extent for glucose 

release and β-glucosidase activity in the first (W1) and third (W3) wheat after break crop at two 

sampling dates (T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)). Lower-

case letters denote significant differences between treatments in terms of glucose release and 

upper-case letters denote significant differences between treatments in terms of β-glucosidase 

activity according to two- way ANOVA at p<0.05.  
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The results showed that W3 wheat plants had a consistently lower in glucose release 

rate in both root tips and mature roots, especially at t2, compared to W1 (p<0.05). At 

t1, glucose release at wheat root tips decreased by 19.4% in W3 compared to W1. 

However, at t2, W1 had higher glucose release at root tips with 403.3 nmol-1 cm-2, while 

W3 resulted in 20% lower glucose release. A similar trend was observed for glucose 

release from mature roots, which decreased by 18.5% and 17.4% at t1 and t2, 

respectively, in W3 compared to W1 (Fig. 1.12). The wheat crop rotational positions 

minimally affected β-glucosidase activity at t1 for both root tips and mature roots. 

Subsequently, at t2, a noticeable declining trend in enzyme activity was observed from 

W1 to W3, leading to an 11.4% decrease in root tip activity and a 13.6% decrease in 

mature root enzyme activity. W1 displayed higher enzyme activity for root tips (153.85 

nmol MUFcm-2h-1) and mature roots (159.64 nmol MUFcm-2h-1) (p<0.01; Fig. 1.12). 

Thus, the highest glucose release at T2 was accompanied by the highest β-glucosidase 

activity. 

Soil basal respiration increased at t2, but no significant difference was observed 

between W1 and W3 (p<0.01). W1 exhibited higher basal respiration by 0.114 µg CO2 

g-1h-1, which was 10.5% higher than that observed in W3. At both sampling times, the 

microbial quotient in W3 was significantly higher compared to W1, with higher 

microbial quotient observed at t2 in W3, which was 0.018 μg CO2-C mg-1 MBC h-1, 

indicating a ~28% increase compared to W1 at the same sampling date (p<0.01; Fig. 

1.13). 

In accordance with our hypothesis, successive wheat cultivation resulted in a substantial 

reduction in glucose release from roots and a decrease in rhizosphere expansion at t2 

(as depicted in Figs. 1.10, 1.11, and 1.12). However, this trend was not observed in 

plants at t1. The age of the plant is an essential factor that determines the extent and 

type of exudation (Olanrewaju et al., 2019), which varies throughout its life cycle 

(Gargallo-Garriga et al., 2018). As plants progress through their life cycle, the 

composition and quantity of root exudates can vary substantially (Gargallo-Garriga et 

al., 2018). The observed discrepancy between t1 and t2 may be attributed, in part, to 

the evolving physiological state of the plant, influencing its exudation patterns (Ulrich 

et al., 2022). A growing body of research indicates that root exudates play a crucial role 

in shaping the special microbial communities within the rhizosphere (Huang et al., 

2014; Paterson et al., 2007). Subsequently, these plant-associated microorganisms have 

the potential to exert influence on both plant growth and overall plant health. Also, 

decaying roots create a favourable environment for necrotrophic pathogens and 

contribute to increasing fungal colonization (Häffner et al., 2014; Olanrewaju et al., 

2019) and can modify the fungal community within the rhizosphere, leading to the 

proliferation of host-specific pathogenic fungi at the cost of beneficial fungi associated 

with plant health (Wu et al., 2016). 
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Figure 1.12. (a) Glucose releasing rate and (b) β-glucosidase activity in the first (W1) and third 

(W3) wheat after break crop at two sampling times (T1: four weeks (BBCH 13), and T2: eight 

weeks after sowing (BBCH 29)). Lower-case letters denote significant differences between 

treatments for mature root and upper-case letters denote significant differences between 

treatments for root tips according to two-way ANOVA at p<0.05. 

 
Figure 1.13. Basal respiration (bar charts) and microbial quotient values (dashed line) in wheat 

rhizosphere soil in the first (W1) and third (W3) wheat after break crop at two sampling times (T1: 

four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)). Lower-case letters denote 

significant differences between treatments in terms of basal respiration and upper-case letters 

denote significant differences between treatments in terms of microbial quotient according to two-

way ANOVA at p<0.05. 
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The decrease in glucose release from wheat roots (as observed in Fig. 1.11) coupled 

with a decrease in C availability due to root senescence, leads to competition for C in 

the rhizosphere among beneficial microbes and soil-borne pathogens (Bressan and 

Figueiredo, 2008). Plant root exudates contain a variety of compounds, including 

sugars, that can have antimicrobial properties and regulate the microbial community in 

the soil (Dennis et al., 2010). Jalali and Suryanarayana (1971) showed that healthy 

wheat plants secrete considerably higher amounts of glucose than infected plants. The 

lower concentrations of released glucose in W3 were confirmed by its lower proportion 

of hotspot and lower rhizosphere extent during t2 (as illustrated in Figs. 1.10 and 1.11). 

This suggests that the plant's rhizosphere development and activity, as reflected by the 

extent and intensity of hotspots, may have played a role in the observed differences in 

glucose release between W3 and the other treatments. Root exudates, such as glucose, 

substantially affect the initiation and development of plant-microbe interactions in the 

rhizosphere (Hage-Ahmed et al., 2013). Therefore, the composition and extent of root 

exudates will affect soil-borne pathogens differently (Jones et al., 2004). Bakker et al., 

(2013) reported that pathogens have sophisticated mechanisms to receive sugar fluxes 

from the host plant. Moreover, pathogens can modify the expression of the SWEET 

family of sugar transporters to obtain the sugars necessary for their growth (Chen et al., 

2010). The plant, by reducing rhizosphere size, is engineering density gradients of soil 

biochemical properties to establish a protection zone against pathogen invasion. In 

other words, plants can regulate their glucose release and modify plant-pathogen 

interactions towards a healthy relationship. 

Overall, this study sheds light on the rhizosphere processes in successive wheat 

cultivation, revealing a significant impact on root processes. Specifically, the reduction 

in the release rate of key root exudates, notably glucose, alters the competitive dynamics 

on the root surface. The observed decrease in glucose release, coupled with constrained 

rhizosphere expansion, leads to a substantial reduction in microbial biomass C, 

resulting in lower enzyme activity. Maintaining the expansion of the rhizosphere is a 

plant strategy under biotic stress since the rhizosphere and its hotspots are essential 

microbial habitats that determine the processes, dynamics, and cycling of C in terrestrial 

ecosystems. The findings of this study suggest that successive wheat cultivation 

changes root primary compound exudation, leading to declining glucose release, 

creating a harsh environment for beneficial soil microbes and accelerating root 

senescence, ultimately resulting in wheat yield decline. 

In the next section, we delve into the intricate mechanisms governing the modulation 

of rhizosphere processes in field conditions. Building upon the insights gained from the 

preceding study on successive wheat cultivation, this chapter aims to unravel the 

underlying dynamics of glucose release controlled by sugar transporters in wheat 

plants. By conducting field experiments, we aim to explore the direct impact of altered 

root exudation patterns, particularly the reduction in glucose release, on microbial 

growth and enzyme activity around the root. The field conditions provide a realistic and 

dynamic environment, allowing us to investigate how changes in root primary 

compound exudation, specifically glucose, influence the rhizosphere microbial 

community. Through this exploration, we seek to elucidate the intricate interplay 

between sugar transporters, microbial dynamics, and enzyme activity, contributing to a 

comprehensive understanding of the regulatory mechanisms that shape the rhizosphere 

environment in wheat plants and its implications for overall plant health and 

productivity. 
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1.12.4. Study 4: A SWEET challenge: less sugars for rhizospheric microbiome 

under the successive wheat rotation 

The spatial pattern of glucose release was affected by continuous wheat cultivation (Fig. 

1.14). W3 had the lowest proportion of hotspots for glucose release with 1.35 % of the 

total soil surface area, indicating a 17.7 % decline compared to W1 (p<0.05) (Fig. 

1.15a). Glucose release rate for wheat root tips and mature roots showed that W3 

demonstrated a consistent decrease in both compartments compared to W1 and the 

highest glucose release at root tips was obtained in W1 with 593.5 nmol-1 cm-2 (p<0.05). 

However, as shown in Figure 2b, glucose release increased enormously in root tips 

compared to mature roots in W1 and W3. In W1, glucose release at wheat root tips 

increased by 30.2 % compared to mature roots, while in W3, root tips had 35.6 % higher 

glucose release than mature roots (Fig. 1.15b).  

Results showed that the expressions of functional orthologous genes of SWEET1a in 

wheat roots were significantly upregulated in W3 compared to W1. The expressions of 

these orthologous genes were also checked by real-time quantitative PCR. It was found 

that these genes were upregulated under continuous wheat cultivation (Fig. 1.16a). 

However, there was a reverse expression pattern for SWEET genes in wheat plant 

leaves in W3 compared to W1. We found downregulation of genes, especially for 

SWEET 2a. Also, all orthologous genes of SWEET13 showed downregulation in 

continuous wheat cultivation compared to W1 (Fig. 1.16b). 

 

 
 
Figure 1.14. Original images of the wheat root (a, b) and spatial distribution of glucose release (c, 

d) at W1 (top row) and W3 (lower row), respectively (W1: first and W3: third wheat after break 

crop). 
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Figure 1.15. (a) Comparison of the percentage of hotspot area and (b) mean glucose releasing rate 

in the whole area and region of interest (ROI) in the first (W1) and third (W3) wheat after break 

crop. Error bars represent standard error of means (n = 4). 

 

 

 
Figure 1.16. Relative expression of differentially expressed SWEET genes in wheat (a) roots and 

(b) leaves in W3 vs. W1 (W1: first and W3: third wheat after break crop). Error bars represent 

standard error of means. 

 

Total microbial biomass dropped by 11.8 and 4.8 % in W3 in the rhizosphere and bulk 

soils compared to W1 (respectively; Fig. 1.17a). The Growing microbial biomass in the 

rhizosphere soil of W1 was about five times higher than W3, and different crop 

rotations did not affect growing microbial biomass in bulk soil compartment (Fig. 

1.17b). The GMB/TMB ratio was also strongly affected by crop rotation, and W1 had 

the higher ratios in both rhizosphere and bulk soil (0.14 and 0.002, respectively; Fig. 

1.17c). The specific growth rates (μ) considerably increased in W3 in the rhizosphere 

compartment compared to W1 (0.17 and 0.23 h-1) and both W1 and W3 had similar 

specific growth rates in bulk soil samples (about 0.26 h-1; Fig. 1.17d). Despite a slower 

specific growth rate, a seven times shorter lag period was observed in W1 vs W3 

rhizosphere soil. Similar lag periods were observed for bulk soil samples in W1 and 

W3 (15.49 and 15.64 h, respectively; Fig. 1.17e). Generation time of actively growing 

microbial community-consuming substrate during incubation of soils with glucose and 

nutrients in W3 declined by 24.2 % compared to W1 in rhizosphere soil and the 

difference in Tg in bulk soil for W1 and W3 was negligible (2.66 and 2.58 h, 

respectively; Fig. 1.17f). 

Root secretion and exudates play a pivotal role in modulating the interplay between 

roots and soil microorganisms (Mommer et al., 2016). Glucose stands as the 

predominant sugar synthesized within the root systems of wheat plants (Yahya et al., 

2021). However, the collection of glucose from natural soil settings is challenging due 

to their intricate chemical associations with the soil matrix, coupled with the concurrent 

release of microbial exudates (Yahya et al., 2021). Therefore, in the current 
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investigation, we used a novel method to in situ localization and quantification of 

glucose released from wheat roots (Hoang-Rashtbari et al., 2022). Results showed that 

continuous wheat cultivation affected wheat root glucose release (Figs. 1.14, 1.115a). 

The observed differences in glucose release between W1 and W3 underscore the impact 

of crop rotation on root exudation patterns. The substantial reduction in glucose 

hotspots in W3 compared to W1 could be attributed to changes in root physiology and 

exudation processes. This result aligns with Chen et al. (2022) who have highlighted 

the role of crop rotation in altering root exudation patterns. This indicates that the 

development and activity of the plant's rhizosphere, as demonstrated by the intensity of 

hotspots, potentially contributed to the observed variations in glucose release between 

W3 and W1.  

The observed differential expression of SWEET genes in wheat roots and leaves 

highlights the intricate interplay between crop rotation and plant-microbe interactions. 

The expressions of functional orthologous genes of SWEET1a in wheat roots were 

significantly upregulated in W3 compared to W1 which further confirmed by real-time 

quantitative PCR (Fig. 1.16a). SWEET1a, belonging to clade I of the SWEET family, 

acts as a low affinity (Km ~100 mM) glucose-specific carrier with a passive diffusion 

manner and involved in the redistribution of sugars within the root system and in the 

uptake of glucose into unloading cells as part of the sugar unloading mechanism in sink 

organs (Chen et al., 2010; Ho et al., 2019). The upregulation of these genes in W3 wheat 

roots may reflect the need for energy and carbon sources required for nutrient uptake 

and root development. Also, this upregulation could be linked to altered root exudation 

patterns and the demand for nutrient acquisition in the rhizosphere of W3 (Wen et al., 

2022).  

Conversely, the expressions of functional orthologous genes of SWEET13 and 

SWEET2a in wheat leaves were significantly downregulated in W3 compared to W1 

(Fig. 1.16b). These genes are involved in in the export of sugars (such as glucose and 

sucrose) produced during photosynthesis from the mesophyll cells of wheat leaves to 

other plant tissues (Breia et al., 2021) and may play important roles in sugar partitioning 

during seed development (Xie et al., 2019). SWEET2 transporters retrieve sugars from 

the cytosol to the vacuole to limit their leakage to the extracellular space where they 

may feed the pathogen (Chen et al., 2015). This downregulation, especially for 

SWEET2a, could reflect a complex response to changes in root exudation and nutrient 

availability, potentially impacting plant growth and stress responses.  Also, 

downregulation of these genes may indicate a decreased sugar export from the source 

tissues (leaves) to the rest of the plant and might be a result of reduced photosynthetic 

activity or altered resource allocation in continuous wheat cultivation. This is consistent 

with Zhang et al. (2021) who reported decrease in photosynthesis rate and efficiency in 

monoculture compared to intercropping and crop rotation. 

In summary, our study offers novel insights into the complex interplay between 

continuous wheat cultivation, root exudation patterns, microbial dynamics, gene 

expression, and enzymatic activities within the rhizosphere and bulk soil compartments. 

Notably, our research introduced a pioneering approach by conducting glucose imaging 

in the field setting for the first time, shedding light on the dynamics of glucose release 

from wheat roots. The decline in glucose release observed under continuous wheat 

cultivation (W3) compared to the first wheat after a break crop (W1) underscores the 

significance of root exudates in shaping rhizosphere interactions. This shift in glucose 

release could be linked to altered root physiology and exudation processes, potentially 

reflecting the plant's strategy to create a less favorable environment for potential 

pathogens. The differential expression of SWEET genes in wheat roots and leaves 
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further adds to the novelty of our findings. The upregulation of SWEET1a orthologous 

genes in W3 roots suggests a demand for energy and carbon sources for nutrient uptake, 

while the downregulation of certain genes in leaves could indicate shifts in resource 

allocation strategies. 

 

 
 Figure 1.17- Total microbial biomass (TMB) (a), actively growing microbial biomass (GMB) (b), 

Specific growth rates (μ) of soil microorganisms (d), their lag time (Tlag) (e) and generation time 

(Tg) (f) in rhizosphere and bulk soil samples of the first (W1) and third (W3) wheat after break 

crop during incubation at 25°C. Error bars represent standard error of means (n = 3). 

 

Our study not only contributes to the understanding of how continuous wheat 

cultivation shapes plant-soil-microbe interactions but also introduces novel techniques, 

like in situ glucose imaging, to assess these interactions in the field. These insights carry 

implications for sustainable agricultural practices, nutrient cycling, and ecosystem 

health. By revealing the complex cascade of effects triggered by continuous cultivation, 

we provide valuable perspectives for optimizing management strategies and 

maintaining productive ecosystems in the face of evolving agricultural practices. 

In the upcoming section, our focus shifts to the distinctive silty loam (loess) soil 

conditions, diverging from our previous experiments conducted in sandy loam soil. 

This shift is motivated by the desire to investigate whether similar trends in enzyme 

activity and microbial growth, as observed in the silty loam soil, persist in the loess soil 

environment. Our study aims to bridge this knowledge gap by unravelling the enzyme 

kinetics patterns influenced by varying crop rotation scenarios. Building on the insights 
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gained from continuous wheat cultivation, root exudation dynamics, and gene 

expression in sandy loam soil, we extend our investigations to understand how these 

factors interact within the rhizosphere and bulk soil compartments in the context of 

loess soil. This comparative analysis will contribute to a more comprehensive 

understanding of the universal and soil-specific factors shaping plant-soil-microbe 

interactions, providing valuable insights for sustainable agricultural practices and 

ecosystem management. 

 

1.12.5. Study 5: different crop rotation scenarios affected enzyme kinetics pattern 

in a loess soil 

Soil samples were collected from the field site is located near Harste with soil type of 

silty loam Luvisol derived from Loess from three wheat rotational positions (W1, W2 

and WM). At t1, different wheat rotational positions had a substantial impact on the 

total microbial biomass in the rhizosphere compartment, with a 42.5% and 42.8% 

decrease in WM compared to W2 and W1, respectively. Notably, the bulk soil exhibited 

a higher total microbial biomass than the rhizosphere soil at t1 in WM and t2 in W1 and 

WM (Fig. 1.18a). The trend in growing microbial biomass varied at both t1 and t2. In 

both sampling times, the rhizosphere soil showed significantly higher growing 

microbial biomass compared to the bulk soil. While wheat monoculture significantly 

increased growing microbial biomass at t1, by t2, the rhizosphere soil of W1 exhibited 

approximately 2.5 times higher growth compared to WM. Crop rotations did not have 

a significant effect on growing microbial biomass in the bulk soil compartment (Fig. 

1.18b). 

Wheat rotational positions significantly influenced the maximum rate (Vmax) of 

extracellular enzymes in the rhizosphere, root-affected, and bulk soil (p<0.01; Fig. 

1.18). In terms of α-glucosidase activity at t1, continuous wheat cultivation markedly 

increased the enzyme activity in all sampling compartments. Notably, at t2, the 

rhizosphere soil exhibited the highest Vmax value compared to both bulk soil (BS) 

compartment (Fig. 1.19a). For β-glucosidase activity. In the second sampling time, WM 

significantly decreased β-glucosidase activity in all studied compartments. The lowest 

Vmax was observed in wheat monoculture with values of 56.67 and 67.98 nmol MUF g-

1h-1 in BS and RH compartments, respectively (Fig. 1.19b). 

Leucine aminopeptidase activity displayed an increasing trend from bulk soil to 

rhizosphere soil. In the bulk soil (BS) at t1, W1 exhibited the highest Vmax at 114.4 

nmol AMC g-1h-1, with a 29.8% and 15.9% decrease in W2 and WM, respectively (Fig. 

1.119c). In contrast to the other studied enzymes, wheat monoculture led to a substantial 

increase in acid phosphatase compared to the first and second wheat after the break 

crop. In rhizosphere (RH) compartment, WM demonstrated the highest enzyme activity 

at t2, with values of 73.8 and 83.1 nmol MUF g-1h-1, respectively. At the second 

sampling time, W1 displayed the lowest acid phosphatase activity in RH (Fig. 1.19d). 

At t2, the rhizosphere (RH) exhibited the most efficient α-glucosidase with low 

substrate affinity in both W1 and WM. Additionally, the bulk soil in WM displayed the 

lowest catalytic efficiency. Throughout both sampling times, W2 resulted in the lowest 

catalytic efficiency overall (Fig. 1.20a). For β-glucosidase, there was a decreasing trend 

in Km values from bulk soil to rhizosphere soil in all wheat rotational positions. At t2, 

the RH compartment in W1 had the highest catalytic efficiency, reaching 4.4 nmol 

MUF µmol substrate-1h-1. With plant growth, wheat monoculture resulted in lower 

enzyme efficiency, and there were no significant differences between W2 and WM 

(Fig. 1.20b). The same trend was observed for catalytic efficiency values for leucine 

aminopeptidase at the second sampling time. W1 in the RH compartment exhibited the 
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highest catalytic efficiency, and continuous wheat cultivation led to a decline in enzyme 

efficiency (Fig. 1.20c). A different trend was observed for catalytic efficiency and Km 

values for acid phosphatase, where wheat monoculture at both sampling times led to 

more efficient enzymes. At t2, RH soil in WM had the highest catalytic efficiency 

values, reaching 2.9 nmol MUF µmol substrate-1h-1, corresponding to a 38.6% and 6.2% 

increase compared to W1 and W2, respectively (Fig. 1.20d). 

 

 
Figure 1.18. Total microbial biomass (TMB) (a), actively growing microbial biomass (GMB) (b), 

in different wheat soil compartments (BS: bulk soil, RH: rhizosphere) in the first (W1), second 

(W2) winter wheat after oilseed rape break crop and long-term wheat monoculture (WM) at two 

sampling times, T1 (BBCH 29) and T2 (BBCH 59). Error bars represent standard error of means 

(n = 3) according to ANOVA at p<0.05. 

 

This study unravels dynamic shifts in microbial biomass, growth, and activity 

influenced by various wheat rotational positions across two sampling times (t1 and t2; 

Fig. 1.18), revealing the intricate interplay between crop rotation and soil microbial 

ecology. Previous studies, including those by Venter et al. (2016) and Sun et al. (2023), 

support the complexity of this relationship. While wheat monoculture enhanced 

microbial growth in the rhizosphere at t1, a notable shift occurred by t2. The 

rhizosphere soil of W1 (first year wheat) exhibited a remarkable growth increase, 

surpassing WM by approximately 2.5 times (Fig. 1.17). This hints at an adaptive and 

growth-promoting effect of W1 on the rhizosphere microbiome, consistent with Liu et 

al. (2023) observations of enhanced microbial activity in rotational systems compared 

to monoculture. These findings underscore the temporal dynamics and intricate 

relationships between wheat rotational positions and microbial responses, emphasizing 

the need for a comprehensive understanding of soil microbial communities in 

sustainable agricultural practices. 

At t1, WM increased activity across all compartments (Fig. 1.19), potentially reflecting 

readily available resources for this readily degradable substrate (Sinsabaugh et al., 

2002). However, at t2, WM exhibited the lowest activity, suggesting potential resource 

depletion or changes in microbial community composition in the monoculture system 

(Yahya et al., 2021). Notably, the rhizosphere consistently displayed higher activity 

compared to bulk soil, highlighting the localized enrichment of enzymes due to root 

exudates (Dhungaha et al., 2023). While the rhizosphere displayed the most efficient 

enzyme (low Km) at t2 in both W1 and WM, WM bulk soil had the lowest efficiency 

throughout the study, suggesting potential spatial and temporal variability in enzyme 

efficiency within the different compartments and wheat rotations (Wang et al., 2023). 
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WM showed variable effects on β-glucosidase activity. At t1, WM had the highest 

activity in the rhizosphere, displaying the highest catalytic efficiency. However, this 

advantage diminished by t2, with W1 rhizosphere exhibiting the highest efficiency, 

potentially indicating efficient utilization of complex carbohydrates by specific 

microbial groups (Sinsabaugh et al., 2002). By t2, WM displayed the lowest activity in 

all compartments, suggesting potential limitations or shifts in resource availability in 

the monoculture over time. The decline in β-glucosidase activity in WM at t2, coupled 

with lower efficiency compared to W1 rhizosphere, indicates potential limitations or 

shifts in resource availability for the monoculture system over time. 

 
Figure 1.19. Vmax values of α-glucosidase (a), β-glucosidase (b), leucine aminopeptidase (c) and acid 

phosphatase (d) in different wheat soil compartments (BS: bulk soil, RH: rhizosphere) in the first 

(W1), second (W2) winter wheat after oilseed rape break crop and long-term wheat monoculture 

(WM) at two sampling times, T1 (BBCH 29) and T2 (BBCH 59). Error bars represent standard 

error of means (n = 3) according to ANOVA at p<0.05. 

 

In conclusion, our investigation into the distinct silty loam (loess) soil conditions, 

diverging from previous experiments in sandy loam soil, has uncovered notable 

differences in enzyme activity, microbial growth, and related dynamics. The identified 

trends underscore the necessity for further in-depth exploration using advanced 

techniques such as imaging and gene expression analysis. These methodologies will 
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provide a more comprehensive understanding of the unique characteristics and 

mechanisms at play in silty loam soil. This imperative next step in research will not 

only deepen our insights into plant-soil-microbe interactions but also contribute 

valuable knowledge essential for the development of targeted and sustainable 

agricultural practices in diverse soil environments. 

 

Figure 1.20. Km values and catalytic efficiency of α-glucosidase (a), β-glucosidase (b), leucine 

aminopeptidase (c) and acid phosphatase (d) in different wheat soil compartments (BS: bulk soil, 

RH: rhizosphere) in the first (W1), second (W2) winter wheat after oilseed rape break crop and 

long-term wheat monoculture (WM) at two sampling times, T1 (BBCH 29) and T2 (BBCH 59). 

Error bars represent standard error of means (n = 3) according to ANOVA at p<0.05. 

 

1.13. Summary of the main results of the studies 

In this thesis, at first, we investigated the underlying mechanisms that govern the 

productivity of WW grown in self-succession as opposed to WW grown after a break 

crop, such as oilseed rape. We found significant biomass decline in successively grown 

winter wheat (WW) and also contrasting root plastic responses in response to 

successive WW rotational positions. The lower dissolved organic carbon (DOC) 

observed in the rhizosphere of successively grown winter wheat (WW) was found to be 

associated with microbial nitrogen (N) immobilization. Additionally, the rotational 

position of winter wheat strongly influenced the activity of carbon (C) and nitrogen 

(N)-acquiring enzymes. This rotational effect extended to the microbial community 

composition, indicating that the position of winter wheat in the rotation has a significant 

impact on the structure and function of the soil microbiota. These findings highlight the 

intricate connections between plant rotations, rhizosphere processes, and microbial 

dynamics, providing valuable insights for understanding and managing soil health in 

agricultural systems (Study 1). 

The findings underscore the necessity of identifying and characterizing specific 

compounds in root exudates that trigger soil microorganisms, as they play a pivotal role 
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in shaping the microbial community structure and influencing nutrient dynamics. 

Glucose, the primary compound in exudates as an easily available sugar, is among the 

soluble carbohydrates that are adjusted by the roots to adapt to osmotic conditions. 

Therefore, we improved and optimized the protocol of soil glucose imaging - in situ 

imaging method of glucose release and presence of glucose in the area around the root. 

and adapted this method for the soil environment. The results obtained from the glucose 

imaging method provide compelling evidence of its efficacy in elucidating the nuanced 

dynamics of glucose exudation under varying moisture conditions and mycorrhizal 

associations. The method's success in capturing these intricate dynamics positions it as 

a valuable tool for advancing our understanding of plant responses to environmental 

stress (Study 2). 

In the subsequent experiment, we aimed at thoroughly assessing how the dynamic 

relationship between these factors is influenced over successive wheat cropping cycles 

in a rhizobox experiment. The newly developed glucose imaging method proved to be 

a powerful tool for in situ visualization of glucose within the soil matrix. The study 

revealed that regions characterized by high glucose release exhibited heightened 

microbial activity, indicating a direct correlation between glucose availability and 

microbial stimulation. Interestingly, the distribution of glucose release along the wheat 

root is found to be heterogeneous, emphasizing the spatial complexity of root exudation 

patterns. Furthermore, the investigation into long-term wheat cultivation demonstrates 

a notable decrease in both glucose release and enzyme activity, suggesting potential 

shifts in the microbial environment over time. Importantly, the study underscores that 

successive wheat cultivation induces alterations in the exudation of root primary 

compounds, shedding light on the dynamic nature of plant-soil interactions in response 

to continuous cropping practices (Sudy 3). 

Building upon the insights gained from the preceding study on successive wheat 

cultivation, we aimed to investigate the intricate mechanisms governing the modulation 

of rhizosphere processes in field conditions. In the context of continuous wheat 

cultivation, several key observations emerged. Firstly, W3 exhibited the lowest 

proportion of hotspots for glucose release in comparison to W1. Concurrently, there 

was a notable upregulation of the expressions of functional orthologous genes of 

SWEET family sugar transporters, particularly SWEET1a, in the wheat roots of W3 as 

opposed to W1. This shift in gene expression patterns suggests dynamic responses in 

the plant's molecular processes under prolonged wheat cultivation. Moreover, total 

microbial biomass experienced a decline in both the rhizosphere and bulk soils of W3 

relative to W1, indicating shifts in the microbial community composition. Further 

accentuating these differences, β-glucosidase activity displayed a higher maximum 

velocity (Vmax) in soil samples from W1 across all compartments studied compared to 

W3 samples. The reduced glucose release in W3 underscores the pivotal role of root 

exudates in shaping rhizosphere interactions and influencing microbial community 

dynamics during continuous wheat cultivation. Additionally, variations in SWEET 

gene expression in wheat roots and leaves signal potential adjustments in nutrient 

uptake and resource allocation strategies, providing valuable insights into the intricate 

interplay between plant physiology, root exudation, and microbial responses in the 

context of sustained wheat cultivation (Study 4). 

Expanding on the insights obtained from sandy loam soil, we have extended our 

research endeavors to delve into the intricate interactions within the rhizosphere and 

bulk soil compartments, particularly within the distinct context of loess soil. 

Recognizing the inherent differences between soil types, our investigation aims to 

unravel how key factors such as enzyme kinetics patterns and microbial growth operate 
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in the unique environmental conditions of loess soil. The catalytic efficiency exhibited 

a consistent decline with successive wheat rotations, reflecting a downward trend from 

the root to bulk soil compartments. Notably, the rhizosphere (RH) compartment 

displayed the highest enzyme activity, and there was a discernible decrease in enzyme 

activities from the rhizosphere to the bulk soil compartments. Regarding wheat 

monoculture (WM), an initial decrease in rhizosphere biomass was observed, which, 

however, transitioned into the promotion of microbial growth compared to other 

rotations. This dual effect underscored the potential for both suppression and adaptation 

within the microbiome under continuous wheat cultivation. In summary, our findings 

indicate that sustained wheat cultivation not only suppressed microbial activity and 

functional efficiency but also resulted in lower enzyme activity, accompanied by the 

production of less efficient enzymes. 

 

1.14. Conclusions and perspectives 

The collective findings from the five studies underscore the profound impact of 

continuous wheat cultivation and successive rotations on soil microbial dynamics, 

enzymatic activities, and overall plant performance. The research revealed the 

importance of considering rotational positions, root exudation patterns, and microbial 

responses in shaping the rhizosphere environment and influencing soil health. Studies 

highlight the soil legacy from preceding crops, linking reduced root growth and labile 

carbon availability to decreased microbial and enzymatic activities in successive wheat 

rotations. The introduction of a glucose imaging method proves valuable for 

understanding nuanced dynamics of glucose exudation, shedding light on plant 

responses to environmental stress. Successive wheat cultivation significantly alters 

rhizosphere processes, resulting in declines in glucose release and creating a less 

favorable environment for beneficial soil microbes. The complex interplay between 

continuous wheat cultivation, root exudation patterns, gene expression, and enzymatic 

activities is explored, emphasizing the need for sustainable agricultural practices that 

account for the intricate dynamics of plant-soil-microbe interactions. Overall, these 

insights contribute to a comprehensive understanding of the factors influencing soil 

health and highlight the importance of considering temporal dynamics and intricate 

relationships between crop rotation and soil microbial responses for sustainable 

agriculture. 

These studies provide several key perspectives that could shape future research and 

agricultural practices. Firstly, there is a need for continued investigation into the long-

term impacts of continuous wheat cultivation and successive rotations on soil health 

and microbial communities. Understanding the persistent effects and potential shifts in 

soil dynamics over extended periods is crucial for designing sustainable agricultural 

systems.  
The identified role of root exudates in shaping rhizosphere interactions emphasizes the 

importance of crop selection and management practices that optimize nutrient 

availability and microbial activity. Developing strategies to enhance beneficial 

microorganisms and their functions in the rhizosphere could contribute to improved soil 

health and plant performance. The introduction of innovative tools, such as the glucose 

imaging method, opens avenues for further advancements in soil research. Continued 

exploration of techniques will enhance our ability to monitor and understand the 

intricate dynamics of root exudation and microbial responses in real-world field 

settings. 

Additionally, the findings highlight the complexity and adaptability of microbial 

communities in response to different rotational positions and continuous cropping. 
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Further research could delve into the underlying mechanisms of microbial adaptation 

and explore how these communities can be harnessed to promote sustainable 

agricultural practices. Ultimately, these perspectives underscore the importance of 

holistic approaches that integrate plant physiology, microbial ecology, and soil 

chemistry to inform more resilient and environmentally friendly agricultural systems. 

By incorporating these insights, researchers and practitioners can work towards 

developing strategies that balance crop productivity with long-term soil health and 

ecosystem sustainability. 
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2.1.1. Abstract 

Successive winter wheat (WW) rotations are associated with a substantial yield decline, 

and the underlying mechanisms remain elusive. An outdoor experiment was set up 

using sandy loam soil. WW was grown in rhizotrons, in soil after oilseed rape (KW1), 

after one season of WW (KW2), and after three successive seasons of WW (KW4). We 

applied zymography and harvested the plants at the stem elongation stage to observe 

changes in the activity of β-glucosidase (BGU) and leucine aminopeptidase (LAP), as 

well as using glucose (GLU) imaging to observe glucose release patterns in the 

rhizosphere of WW. Several biochemical and microbial properties of the bulk soil and 

the rhizosphere of the rotational positions were measured. KW2 and KW4 exhibited 

reduced plant biomass compared to KW1. There was a higher root length density and 

root mean diameter, as well as a lower specific root length for KW1 compared to KW2 

and KW4. KW1 soil had a lower mineral N concentration and microbial biomass carbon 

(C) and nitrogen (N) than KW2 and KW4, which translated to a lower plant C:N ratio. 

A greater rhizosphere extent of BGU and LAP across the soil profile was also visible 

for KW1 compared to KW2 and KW4 using zymography. Lower dissolved organic C 

and hotspot areas of GLU in the rhizosphere of successive WW might explain shifts in 

the microbial community composition, possibly leading to a dysbiosis with the soil 

microbes in the rhizosphere. Soil depth and rotational position explained most of the 

variance in the soil microbial communities. The relative abundance of Acidobacteriota, 

Gemmatimonadota, Nitrospirota, and Chloroflexi significantly varied among the 

rotational positions. Our results highlight the effect of WW rotational positions on soil 

2.1. Study 1: Preceding crop legacy modulates the early growth of winter wheat 

by influencing root growth dynamics, rhizosphere processes, and microbial 

interactions 

 

Nikolaos Kaloterakis1, Mehdi Rashtbari2, Bahar S. Razavi2, Andrea Braun-

Kiewnick3, Adriana Giongo3, Kornelia Smalla3, Charlotte Kummer1, Sirgit 

Kummer1, Rüdiger Reichel1, Nicolas Brüggemann1 
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and plant properties, as well as microbial community dynamics, and provide evidence 

for the pathways driving biomass decline in successively grown WW. 

 

2.1.2. Introduction 

Due to its high economic importance, higher proportions of winter wheat (WW) are 

added to crop rotations by growing two or more WW crops after a break crop (Kwak 

& Weller, 2013). The positive effects of adding non-cereal break crops to the rotation 

have been well established. On a global scale, up to 40 % of the cultivated wheat is 

grown successively, with only a late summer fallow as a break (Angus et al., 2015; Yin 

et al., 2022). However, growing WW successively in the same field increases the risk 

of soil-borne infections, such as the take-all disease caused by Gaeumannomyces 

graminis var tritici (Ggt, recently re-named Gaeumannomyces tritici), which is the 

most important soil-borne fungal pathogen of WW, causing root rotting and significant 

yield losses (Cook, 2003; Kwak & Weller, 2013). Plant yield is negatively affected by 

the self-succession of wheat in the same field (Sieling & Christen, 2015) due to the 

increased incidence of Ggt (Smagacz et al., 2016). The take-all disease persists in wet 

and dry conditions and can cause a yield decline of up to 50 % (Palma-Guerrero et al., 

2021). However, it has been recently demonstrated that the yield reduction is evident 

in a dry year with no obvious Ggt infection (Arnhold et al., 2023a). Adding non-cereal 

break crops to the rotation, such as oilseed rape, has been shown to enhance the yield 

of the following WW (Angus et al., 2015; Weiser et al., 2018). Nevertheless, the 

complex interactions between pre-crop plants and microorganisms in the rhizosphere 

remain unclear. 

WW allocates 20-30 % of the assimilated carbon (C) belowground through the root 

(Kuzyakov & Domanski, 2000), known as rhizodeposition. Rhizodeposition shapes a 

dynamic and heterogeneous microenvironment in the rhizosphere, which is estimated 

to extend between 0.5 mm and 4 mm for different plant species (Kuzyakov & Razavi, 

2019) and to be governed by mutualistic, parasitic, and neutral interactions between 

roots and soil microorganisms (Pausch & Kuzyakov, 2017). Root exudates are a highly 

influential pool of organic compounds with a low molecular weight, referred to as 

rhizodeposits, which are secreted into the rhizosphere. They provide a nutrient source 

for soil microbes, stimulating their activity, but also acting as signals for both mutualists 

and parasites, with consequences for plant health (Hernández-Calderón et al., 2018; 

Mohan et al., 2020). The efflux of primary metabolites to the soil due to root exudation 

creates a plant C source, which fuels microbial growth and nutrient mineralization, 

affecting plant performance and health. Soil microbes, in turn, influence root exudation 

by producing extracellular enzymes and polymeric substances (Costa et al., 2018; 

Korenblum et al., 2020). Both processes require significant amounts of energy and are 

therefore an investment from both the plant and microbial sides to stimulate their 

nutrient acquisition as well as proliferation in the soil (Costa et al., 2018; Canarini et 

al., 2019). For plants, this can be exhibited as the stimulation of root growth. Plants also 

excrete secondary metabolites (e.g. flavonoids) into their rhizosphere in response to 

biotic stress and herbivores to induce systemic resistance (ISR; Vlot et al., 2020; Pang 

et al., 2021). Labile soil organic matter (SOM) and nitrogen (N) mineralization 

following enhanced enzymatic activity (e.g. protein and cellulose-degrading enzymes) 

are thus mediated by root exudation and indirectly increase plant nutrient uptake (Meier 

et al., 2017). These interactions can induce changes in the root system architecture and, 

in turn, influence nutrient and water uptake (Galloway et al., 2020). 

WW shapes its rhizosphere microbial community through rhizodeposition (Wen et al., 

2022), enhancing nutrient uptake and plant performance. In particular, oilseed rape and 
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legumes as preceding crops have been associated with the selection of beneficial 

microbial taxa, and the suppression of pathogenic microbial taxa, in WW (Vujanovic 

et al., 2012). This is mainly due to differences in the residue quality that affect its 

decomposition process (Kerdraon et al., 2019). WW residues mainly contain cellulose 

and have a higher lignin content than oilseed rape, decelerating their decomposition 

rate (Pascault et al., 2010). In addition to the soil legacy effect of the residues of the 

preceding crop, glucose release in the rhizosphere of the growing WW, which is 

affected by root growth and functioning, can shape microbial communities and, 

therefore, affect the productivity of WW (Qi et al., 2022). Glucose is the most abundant 

monosaccharide in the root exudates of WW (Yahya et al., 2021) and is a readily 

available C source for the soil microbiome. As such, it can fuel both mutualistic, 

competitive, and pathogenic interactions between soil microorganisms and plants that 

might affect plant productivity (Philippot et al., 2013). Besides root pathogens that can 

directly affect plant health, such as Ggt, the prevalence of other detrimental 

microorganisms in the rhizosphere can compete with roots for available nutrients 

(Kuzyakov & Xu, 2013). This leads to reduced root growth and exudation, which 

further increases the C cost for the soil microbial community, creating negative plant–

soil feedback (Cortois et al., 2016; Bennett & Klironomos, 2019). Diversified WW 

rotations with oilseed rape as a preceding crop are known to increase WW yield 

compared to successively grown WW (Kirkegaard et al., 2008; Ramanauskienė et al., 

2018). Most studies show a positive effect on WW pathogen suppression, soil structure, 

and a high residual N content after oilseed rape harvest (Sieling & Christen, 2015; 

Weiser et al., 2018; Hilton et al., 2018), although these positive effects have not always 

been consistently observed (Arnhold et al., 2023b).  

Our study aimed to investigate the underlying mechanisms that govern the productivity 

of WW grown in self-succession as opposed to WW grown after a break crop, such as 

oilseed rape. Specifically, we focused on the quantification of root growth parameters 

and the associated biochemical parameters (C and N translocation) as well as on the 

microbial (bacterial and archaeal) compositions in the rhizosphere (RH) and bulk (BS) 

soil of WW grown in different rotational positions. We hypothesized that there would 

be reduced rhizodeposition in self-successional WW, resulting in distinct changes in 

the microbial community composition and reduced production of hydrolytic enzymes. 

The reduced rhizodeposition in self-successional WW would be followed by changes 

in the microbial community composition and a decreased microbial activity, 

influencing nutrient (especially mineral N) uptake by the plant and plant biomass.  

To test these hypotheses, an outdoor rhizotron experiment was conducted, contrasting 

three rotational positions of WW. We combined zymography and glucose (GLU) 

imaging on WW at the onset of stem elongation to observe changes in the activity of 

two important C- and N-acquiring enzymes, β-glucosidase (BGU), and leucine 

aminopeptidase (LAP) as well as glucose release in its rhizosphere. We also combined 

soil biochemical and microbiome analyses to assess nutrient and C availability as well 

as microbial community composition in the rhizosphere of WW and to understand the 

mechanisms underlying WW performance in those rotational positions. 

 

2.1.3. Methods 

2.1.3.1. Experimental design 

The soil was collected in September 2021 from the experimental farm Hohenschulen, 

Faculty of Agricultural and Nutritional Sciences, Kiel University, 54°19′05″N, 

9°58′38″E, Germany. The crop rotation trial was established in 1989. It included the 

following factors: a) rotational position (oilseed rape, first wheat after oilseed rape, 
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third wheat grown continuously), b) WW varieties (4 levels), and c) N fertilization 

levels (4 levels). Composite soil samples for rhizobox experiments were taken from 

oilseed rape (KW1), first wheat plots (KW2), and third wheat plots (KW4) (N = 4 

replications) containing the WW cultivar “Nordkap” (SAATEN-UNION GmbH, 

Isernhagen, Germany) and optimal N fertilization (240 kg N ha1). Soil was collected 

from the topsoil (0-30 cm) and subsoil (30-50 cm) and sieved to 2 mm. The residues of 

the preceding crop were not removed from the soil before sampling, and the field was 

ploughed after sampling. The crop rotations are referred to as rotational positions 

hereinafter. After the harvest of the different preceding crops, the plant residues 

remained on the field. The soil is a Cambic Luvisol of sandy loam texture (44 % sand, 

35 % silt, and 21 % clay; Sieling et al., 2005). The lack of effervescence in our soil 

samples after adding 10 % HCl indicated the absence of carbonates, which was 

confirmed by an average δ13C value of -26.92 ‰ of soil samples analyzed before the 

start of the experiment. Table 1 shows some important initial soil biochemical 

parameters specific to the three rotational positions. 

We conducted an outdoor rhizotron experiment (May 4, 2022 to June 30, 2022) using 

newly designed rhizotrons with a height of 100 cm, a width of 35 cm, and an inner 

thickness of 2.5 cm (Reichel et al., 2022). Each rhizotron was wrapped in a 50-mm-

thick, aluminum-coated Rockwool foil to reduce soil temperature fluctuations inside 

the rhizotron. Bulk density was adjusted to 1.35 g cm-3 and deionized water was added 

to adjust soil moisture to 70 % water-holding capacity (215 g H2O soil kg-1) at the onset 

of the experiment. The plants were subsequently rain-fed throughout the experiment. 

The rhizotrons were placed on the campus of Forschungszentrum Jülich, Germany. All 

rhizotrons were consistently inclined at 45ᵒ to facilitate root growth along the lower side 

of the rhizotrons. WW seeds (cultivar “Nordkap”) were germinated on petri dishes with 

sterile filter paper for 24 h in the dark at 23 ᵒC. One germinated seed was subsequently 

sown into each rhizotron. The plants were not fertilized for the duration of the 

experiment. The plants were harvested at the stem elongation stage (BBCH 30).  

 

2.1.3.2. Above and belowground plant growth analyses 

The aerial plant parts were split at harvest into pseudostems (hereinafter referred to as 

stems) and leaves. The lower sides of the rhizotrons were then removed, and images of 

the root system along the soil profile were taken with a camera (DSLR Nikon D3500 

Kit AF-P VR 18-55mm, Nikon Corp., Tokyo, Japan). The soil profile was then divided 

into three layers (0-30 cm, 30-60 cm, and 60-100 cm), and soil samples were taken 

from two soil compartments, i.e. RH sampled with microspatulas from ≤ 5 mm away 

from the rhizosphere of primary roots and root-free BS. We pooled and mixed 

subsamples to form a composite sample, and then split it into several parts to ensure 

sufficient soil was collected for every planned analysis. For analysis of microbial 

biomass C and N (Cmic and Nmic), we sampled root-affected soil from a distance between 

5 mm and 20 mm away from the rhizoplane of primary roots. This measure was taken 

to ensure that a sufficient amount of soil (20 g per sample) was sampled to be used for 

this specific analysis. The roots were then retrieved after washing off the soil through a 

1 mm sieve and stored in 30 % ethanol. They were scanned at 600 dpi (Epson Perfection 

V800 Photo, Epson, Japan) and analyzed with WinRhizo® software (Regent 

Instruments Inc., Quebec, Canada) for the following root growth traits: root length, 

average root diameter (Rdia), root surface area, and root volume. The roots were split 

into seven diameter classes: 0-0.05 mm, 0.05-0.1 mm, 0.1-0.5 mm, 0.5-1 mm, 1-1.5 

mm, 1.5-2 mm, and ≥ 2 mm. Using these root growth traits, we computed the root 

length density (RLD), the specific root length (SRL), and the proportion of root length 
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for the seven root diameter classes. Estimates of root tissue density (RTD) were made 

as described in Rose (2017). All plant materials were oven-dried at 60 °C to constant 

weight (maximum three days) to record their dry weight. Ball-milled (MM 400, Retsch, 

Germany) above and belowground plant samples, as well as soil samples, were weighed 

into tin capsules (HEKAtech, Wegberg, Germany) to determine the C and N content 

using an elemental analyzer coupled to an isotope-ratio mass spectrometer (EA-IRMS, 

Flash EA 2000, coupled to Delta V Plus; Thermo Fisher Scientific Inc., Waltham, MA, 

USA). 

 

2.1.3.3. Biochemical soil analyses 

At harvest, soil samples were stored at -25 °C before analysis of mineral N, dissolved 

organic carbon (DOC), and total extractable nitrogen (TN). For the analysis, they were 

thawed and extracted using 0.01 M CaCl2 (soil-to-solution ratio of 1:4 w:v), vortexed, 

shaken horizontally for 2 h at 200 rpm, centrifuged for 15 min at 690 × g, and filtrated 

through 0.45 µm PP-membrane filters (Ø 25 mm; DISSOLUTION ACCESSORIES, 

ProSense B.V., Munich, Germany). Soil solution was stored overnight at 4 °C before 

DOC and TN analysis. Ammonium (NH4
+) was measured by continuous-flow analysis 

(Flowsys, Alliance Instruments GmbH, Freilassing, Germany). Nitrate (NO3
-) and 

sulfate (SO4
2-) were measured by ion chromatography (Metrohm 850 Professional IC 

Anion – MCS, Metrohm AG, Herisau, Switzerland). Mg was measured by inductively 

coupled plasma optical emission spectroscopy (iCAP 6500; Thermo Fisher Scientific 

Inc., Waltham, MA, USA). The pH was measured in the same solution using a glass 

pH electrode (SenTix® 940, WTW, Xylem Analytics, Weilheim, Germany). DOC and 

TN were quantified with a total organic C (TOC) analyzer (TOC-V + ASI-V + TNM, 

Shimadzu, Japan). Using 0.01 M calcium acetate lactate (CAL) instead of CaCl2 and 

following the same extraction protocol, the plant-available phosphorus (PCAL) and 

potassium (KCAL) were measured with inductively coupled plasma optical emission 

spectroscopy (ICP-OES, iCAP 6500; Thermo Fisher Scientific Inc., Waltham, MA, 

USA). 

The chloroform-fumigation extraction (CFE) method was used to estimate microbial 

biomass C and N. Ten grams of fresh soil stored at 4 °C were weighed in beakers and 

placed inside a desiccator. They were incubated with ethanol-free chloroform (80 ml) 

at room temperature for 24 h. Soil samples were then extracted with 0.01 M CaCl2 and 

analyzed with a TOC analyzer, as described previously. Non-fumigated soil samples 

were extracted using the same protocol. The difference between extracted C and N from 

fumigated and non-fumigated soil samples was used to calculate Cmic and Nmic, using 

the correction factors 0.45 and 0.4 as the extractable parts of Cmic (kEC) and Nmic (kEN), 

respectively (Wu et al., 1990; Joergensen, 1996). 

 

2.1.3.4. Glucose imaging 

Soil glucose imaging was applied to all rhizoboxes according to Hoang et al. (2022). 

Accordingly, phosphate powder (Sigma P7994) was dissolved in distilled water to 

make a 100 mL buffer solution with a concentration of 0.05 M (pH 7.4). Added to the 

solution were 1.7 unit/ml glucose oxidase from Aspergillus niger (Sigma G7141), 1.5 

unit/ml peroxidase from horseradish (Sigma P8125), and 200 μM Ampliflu red (Sigma 

90101, Sigma-Aldrich, Darmstadt, Germany) dissolved in 60 μL dimethylsulfoxide. 

Installed rhizotrons were gently removed to avoid cutting roots. Polyamide membrane 

filters (pore size 0.45 mm – Tao Yuan, China) were cut into 10×20 cm strips. These 

membranes were saturated with the prepared reaction mixture solution before being 

attached to the rooted area. After 20 minutes of incubation (an optimal incubation time 
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was tested in advance; time may differ between plant species (Hoang et al., 2022)), 

membranes were quickly removed, placed in a dark container, and immediately 

transferred to the dark room under UV light with a wavelength of 355 nm. The magenta-

colored area on the membrane indicated glucose exudation as hydrogen peroxide 

generated from a reaction between glucose and glucose oxidase enzymes, which was 

catalyzed by horseradish peroxidase to convert colorless Ampliflu red into magenta-

colored resorufin (Zhou et al., 1997). 

 

2.1.3.5. Zymography 

Zymography (BGU and LAP activity) was performed according to the protocol 

developed by Razavi et al. (2019). A 4-methylumbelliferyl-β-glucoside (MUF-β) and 

L-leucine-7-amino-4-methylcoumarin hydrochloride (AMC-L) (Sigma Aldrich, 

Germany) solutions were prepared in MES buffer (C6H13NO4SNa0.5, Sigma-Aldrich, 

Darmstadt, Germany) and TRIZMA (C4H11NO3 · HCl, C4H11NO3, Sigma-Aldrich, 

Darmstadt, Germany), respectively, to make a fluorescent solution of 12 mM. The same 

polyamide membrane filters (Tao Yuan, China) with a pore size of 0.45 mm were 

selected to reduce enzyme diffusion through the pores (Razavi et al., 2016). The 

membranes were soaked in the fluorescent solution and then directly applied to the root-

exposed side of the rhizoboxes before being subsequently covered with aluminum foil 

to avoid exposure to light and drying out. After one hour of incubation, the membranes 

were quickly removed, cleaned with a soft brush, and exposed to UV light with an 

excitation wavelength of 355 nm in a dark room. 

All images were taken with a digital camera (Canon EOS 6D, Canon Inc.) and a Canon 

lens EF 24–105 mm 1: 4L IS II USM with the setting of aperture and shutter speed at 

f/5.6 and 1/10 sec (for glucose imaging) and 1/8 sec (for zymography), respectively. 

The calibration lines for glucose imaging were prepared by soaking a 4 cm2 membrane 

in a glucose solution at respective concentrations of 0 mM, 2 mM, 4 mM, 6 mM, 8 mM, 

and 10 mM. The membranes were soaked in the respective reaction mixture solution in 

the same way as mentioned above. Fluorescent signals of glucose release on an area 

basis were calculated based on the volume of substrate solution taken up by a fixed 

membrane size. 

Zymography processing was calibrated by soaking individual 4 cm2 membranes in 

MUF solution at respective concentrations of 0 mM, 0.2 mM, 0.5 mM, 1 mM, 2 mM, 

4 mM, 6 mM, 8 mM, and 10 mM. These membranes were exposed to UV light in the 

same way as the samples. Calibrated values were used to quantify the color intensity 

and to link BGU activity to the grey value. Fluorescent signals of MUF on an area basis 

were calculated based on the volume of substrate solution taken up by a fixed 

membrane size. 

The image processing and analysis were conducted using the software package ImageJ. 

The hotspot percentage was calculated based on the pixel size proportion of the hot area 

to the entire image. In other words, hotspot areas were determined to have the 25 % 

higher pixel-wise enzyme activities after subtracting background values at zero 

concentration of the calibration line from all zymograms and glucose release images 

(Ma et al., 2018). Meanwhile, the rhizosphere extent of each root was calculated from 

the root surface. The rhizosphere extent was determined for root segments for the 

following parameters: 1) glucose release and 2) BGU and leucine aminopeptidase 

activity (soil zymograms). To measure the rhizosphere extent, five horizontal transects 

(angle to the root ~90°) were randomly drawn across five randomly selected roots for 

the glucose release image and BGU zymogram using ImageJ. In total, this yielded 25 
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lines per image as pseudo-replicates, and their mean was used for each rhizobox (as a 

true replicate) (Bilyera et al., 2021). 

 

2.1.3.6. Enzyme kinetics and turnover time 

The kinetics of hydrolytic enzymes involved in C and N cycles were measured by 

fluorimetric microplate assays of 4-methylumbelliferone (MUF) and 7-amino-4-methyl 

coumarin (AMC) (Dorodnikov et al., 2009). A fluorogenic substrate based on MUF and 

one type based on AMC were used to assess enzymatic activities: 4-

methylumbelliferyl-β-D-glucoside to detect BGU activity; L-Leucine-7-amino-4-

methylcoumarin to detect LAP activity. All substrates and chemicals were purchased 

from Sigma-Aldrich (Darmstadt, Germany). 

According to German et al. (2011), 1.0 g of soil was suspended in 50 mL of distilled 

water, of which 50 μL aliquots were pipetted into labeled wells of a 96-well microplate 

(Thermo Fisher, Denmark). A 50 μL buffer (MES/Trizma) and 100 μL respective 

substrate solution were then added to each well. The activity of enzymes was measured 

at three time points: 30 min, 60 min, and 120 min using CLARIOstar Plus (BMG 

LABTECH, Germany) at an excitation wavelength of 355 nm and an emission 

wavelength of 460 nm. We determined enzyme activities over a range of substrate 

concentrations from low to high (0 µmol g-1 soil, 20 µmol g-1 soil, 40 µmol g-1 soil, 60 

µmol g-1 soil, 80 µmol g-1 soil, 100 µmol g-1 soil, 200 µmol g-1 soil, and 400 µmol g-1 

soil) to ensure the appropriate saturating concentration.  

Enzyme activities (Vmax) were denoted as released MUF/AMC in nmol per g dry soil 

per hour (nmol MUF/AMC g-1 soil h-1) (Awad et al., 2012), and the affinity constant 

for each enzyme (Km) was expressed in µmol substrate per g dry soil (μmol g-1 soil). 

Simultaneously, MUF/AMC concentrations of 0 nM, 10 nM, 20 nM, 30 nM, 40 nM, 

50 nM, 100 nM, and 200 nM were prepared to calibrate the measurement. The 

Michaelis-Menten equation was used to determine the parameters of the activity of the 

enzyme (V): 

𝑉 =
𝑉𝑚𝑎𝑥[𝑆]

𝐾𝑚[𝑆]
                                                                                                                               (1) 

where Vmax is the maximum enzyme activity (a function of enzyme concentration), S is 

the substrate concentration, and Km is the substrate concentration at half-maximal 

enzyme activity. Both Vmax and Km parameters were approximated by the Michaelis–

Menten equation (1) with the non-linear regression routine of SigmaPlot (v. 12.3). 

Catalytic efficiency was calculated as the Vmax-to-Km ratio (Panikov et al., 1992). The 

substrate turnover rate was calculated by equation (2), where Tt is the turnover time 

(hours) (Zhang et al., 2020).  

𝑇𝑡 =
𝐾𝑚×[𝑆]

𝑉𝑚𝑎𝑥+[𝑆]
                                                                                                                            (2)                             

 

2.1.3.7. Soil DNA extraction and 16S rRNA gene amplicon sequencing 

The distinct microbial communities (bacteria and archaea) were accessed using a 

metabarcoding approach (16S rRNA amplicon sequencing). Total DNA was extracted 

from 0.5 g of BS and RH soil samples using the FastDNA SpinKit for Soil (MP 

Biomedicals Fast Prep-24 5G) according to the manufacturer’s instructions. This 

included weighing the soil into the 2 mL bead-beating tubes containing the lysis matrix. 

After adding 978 µL sodium phosphate buffer and 122 µL of the MT buffer provided 

by the kit, samples were vortexed and adjusted for bead beating using the FastPrep-24 

(2 x 30 s with a 5-min rest, speed 4). Samples were kept on ice until 250 µL of PPS 

(protein precipitation solution) were added. Extraction was performed according to the 

manufacturer’s protocol, and DNA was eluted in 100 µL of DES water. 
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The quantity and integrity of the DNA were checked by Nanodrop and on 0.8% agarose 

gels, respectively. The libraries from the 16S rRNA gene amplicon using Uni341F and 

Uni806R primers and Illumina adaptors (Illumina, San Diego, USA) were performed 

at Novogene (UK) using Illumina MiSeq v2 (2 × 250 bp) chemistry according to the 

manufacturer’s instructions (Illumina, San Diego, USA). Unassembled raw amplicon 

data were deposited in the National Center for Biotechnology Information (NCBI) 

Sequence Read Archive (SRA) under BioProject PRJNA942109. 

 

2.1.3.8. Amplicon sequence analyses 

The soil sample sequences were analyzed and categorized using the Divisive Amplicon 

Denoising Algorithm (DADA2 v.1.12.1 pipeline; Callahan et al., 2016) in R (R Core 

Team, 2019). The "FilterAndTrimmed" function was utilized for the quality trimming 

and filtering processes. Reads of less than 100 bp were discarded, and two expected 

errors were permitted for each read. The subsequent steps involved error inference, 

denoising, and chimera removal. Following quality filtering, denoising, and chimera 

removal, the 16S rRNA gene amplicon depths of 48 samples produced 1,558,139 high-

quality 16S rRNA gene reads, or 32,461 per sample. The amplicon sequencing 

variations (ASVs) were assigned taxonomically using the SILVA database version 138 

(Quast et al., 2013) and then imported into the phyloseq tool in R (McMurdie & 

Holmes, 2013). Unassigned ASVs at the phylum level and any remaining ASVs 

identified as chloroplasts, mitochondria, or eukaryotes were omitted from the studies. 

Amplicon sequencing yielded 46,725 unique ASVs.  

 

2.1.3.9. Statistical analysis 

General linear models (GLMs) were used to test the difference between the means of 

the response variables at a significance threshold of α = 0.05. The factors in the GLM 

were rotational position (KW1, KW2, and KW4), soil compartment (BS, RH), and soil 

depth (0-30 cm, 30-60 cm, and 60-100 cm). The Shapiro–Wilk and Levene tests as well 

as a visual inspection of QQ plots were used to test for normality of the residual 

distribution and homogeneity of variance, respectively. Pairwise comparisons were 

made for soil chemical and enzymatic data using Bonferroni correction to identify 

differences between the response variables. Data transformation was performed when 

the assumptions of GLM failed. Yeo–Johnson (Yeo & Johnson, 2000), Box–Cox (Box-

Cox, 1964), and log transformations were used. The transformation used for a certain 

variable is mentioned in the respective table. Correlation analysis was performed using 

Pearson’s correlation for the response variable and for every level of the rotational 

position of WW (KW1, KW2, and KW4). Since the soil sampling for microbiome data 

was performed only for soil depths of 0-30 cm and 30-60 cm, we calculated correlation 

coefficients for these two depths only, excluding the 60-100 cm layer from our analysis. 

Where applicable, we also show the variables related to BS and RH. The 

abovementioned statistical analyses were performed with IBM SPSS Statistics for 

Windows, version 23 (IBM Corp., Armonk, N.Y., USA). Graphs were generated with 

the ggplot2 package in R (v4.2.1; R Core Team 2022). 

Relative abundances, alpha and beta diversities, and statistical tests were determined in 

R using specialized R package functions. Rarefaction analysis within the vegan R 

package examined the sequencing depth (Oksanen et al., 2020). The rarefaction curves 

tended to reach a plateau, indicating that the sequencing method supplied sufficient 

sequences to cover most of the sample diversity. Microbial sequences were rarefied for 

the lowest number of sequences identified among all samples, generating a dataset with 

22,158 sequences per sample. The alpha diversity indices were computed for each 
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rarefied sample using the phyloseq (McMurdie & Holmes, 2013) and microbiome 

(Lahti et al., 2017) R packages. Using 10,000 permutations, Kruskal–Wallis tests were 

employed to evaluate for statistically significant changes in alpha diversity. The 

microbial composition of samples was assessed after transformation to relative 

abundance. The differences in phyla and taxa across samples were visualized using the 

phyloseq package (McMurdie & Holmes, 2013). Permutational multivariate analysis of 

variance (PERMANOVA) was performed to identify significant differences in the WW 

microbial community composition. The beta diversity of the microbial communities 

was visualized by a principal coordinate analysis (PCoA) using the Bray–Curtis 

distance.   

 

2.1.4. Results  

2.1.4.1. Effects of rotational position, soil compartment, and soil depth on winter 

wheat growth 

The preceding crop history had a pronounced effect on the biomass of the following 

WW. KW2 and KW4 plants had 43 % and 45 % reduced dry weight, respectively, 

compared to KW1 (Table S2.1.1; Fig. 2.1.1a). The decline in wheat dry weight was 

attributed to a reduction in root and stem biomass for KW2, and root, stem, and leaf 

biomass for KW4 when compared to KW1 (Fig. 2.1.1a). Higher shoot N concentration 

resulted in a lower C:N ratio for KW1 compared to KW2 and KW4 (Table S1; Fig. 

2.1.1b). In all rotational positions, there was a similar C:N ratio increase within roots, 

stems, and leaves (Table S2.1.2).  

 
Figure 2.1.1. Effect of the rotational positions on root, stem, leaf dry weight (a) and C:N ratio (b) 

of the following winter wheat at onset of stem elongation (BBCH 30). KW1 = first wheat, KW2 = 

second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental farm 

Hohenschulen in Kiel, Germany. Within each plant part, different lowercase letters denote 

significant differences between rotational positions at p ≤ 0.05 according to ANOVA with 

Bonferroni correction for multiple comparisons. 

 

There was a strong response of root growth traits to WW rotational position with an 

overall reduction in RLD of 29 % and 31 % for KW2 and KW4, respectively, mainly 

in the upper 30 cm of the soil (Table S2; Fig. 2.1.2a). However, even at a greater depth 

(60-100 cm), KW1 had the highest difference in RLD compared with KW4. At this 
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depth, KW2 increased its RLD greater than KW4, which had the lowest values of all 

three rotational positions. Similarly, KW1 had the highest RTD of all rotational 

positions, with 58 % and 48 % higher RTD values than KW2 and KW4, respectively 

(Table S2.1.2; Fig. 2.1.2b). These differences were apparent in both the topsoil and the 

subsoil. Overall, KW1 had thicker roots with an Rdia of 0.28 mm compared to 0.25 mm 

and 0.24 mm for KW2 and KW4, respectively, a trend that was observed throughout 

the soil profile (Table S2.1.2, Fig. 2.1.2c). The Rdia of all three rotational positions 

increased at greater soil depth (Table S2.1.2). Finally, KW2 and KW4 increased their 

SRL by 28 % and 33 % compared to KW1, with significant differences along the 

complete soil profile (Table S2.1.2, Fig. 2.1.2d). 

 

2.1.4.2. Effects of rotational position, soil compartment, and soil depth on 

biochemical soil properties 

More ammonium (NH4
+) and nitrate (NO3

-) were found in the RH compared to BS and 

in the 0-30 cm soil layer compared to subsoil layers (Table S2.1.3). The rotational 

position of WW strongly affected mineral N, with a 42 % and 48 % lower NH4
+ 

concentration in KW1 overall compared to KW2 and KW4, respectively (Fig. 2.1.3a). 

In particular, in the uppermost soil depth of KW1, there was much less NH4
+ than in 

the same depth of KW2 (-54 %) and KW4 (-58 %). In addition, a similarly lower NO3
- 

content was found in KW1 (-49 % and -36 % compared to KW2 and KW4, Fig. 2.1.3b). 

Microbial biomass C (Cmic) and N (Nmic) were also highly impacted by the rotational 

position, as shown in Fig. 4. Cmic was lower by 37 % and 43 % in KW1 compared to 

KW2 and KW4, respectively (Fig. 2.1.4a). Nmic values of KW1 were 50 % and 57 % 

lower than those of KW2 and KW4 (Fig. 2.1.4b). Most Cmic and Nmic were found in the 

topsoil (Table S2.1.2). 

The rotational position also had a major influence on DOC levels (Table S2.1.3). KW1 

soil had 68 % and 150 % higher DOC concentrations than KW2 and KW4, respectively 

(Fig. S2.1.2). A significant main effect of soil compartment was shown, with a 74 % 

higher DOC content in the RH compared to BS. Interestingly, the DOC level in the RH 

of KW1 at both subsoil depths (30-60 and 60-100 cm) was 1.7 and 4.1 times higher 

than KW2 and KW4, respectively (Fig. S2.1.2). Similar DOC concentrations were 

observed in the BS in the rotational position and at all three soil depths. 

 

2.1.4.3. Effects of rotational position, soil compartment, and soil depth on 

extracellular enzymes activities  

The maximum reaction rate (Vmax) of BGU was higher in KW2 compared to KW4 (by 

27 %). No differences were observed between BS and RH, while higher values were 

observed in the first 30 cm of the soil profile (Table S2.1.4). The interaction between 

rotational position, soil compartment, and soil depth revealed a 91 % and 169 % higher 

BGU Vmax in the RH of KW1 at 30-60 cm and 60-100 cm of the subsoil, respectively, 

compared to KW4. In contrast, KW2 and KW4 had a higher BGU Vmax in the topsoil 

compared to KW1 (by 83 % and 89 %, respectively; Fig. S2.1.5a). The response of the 

BGU substrate affinity (Km) to the rotational position revealed a 64 % and 68 % 

reduction in affinity for KW2 and KW4 compared to KW1, which was evident in all 

soil layers (Fig. S2.1.5b). A higher catalytic efficiency (Ka) was observed in KW1 

compared to KW2 and KW4, while a lower substrate turnover time (Tt) was seen in 

KW1 and KW2 compared to KW4 (Table S2.1.4). The Vmax of the leucine 

aminopeptidase (LAP) of KW1 equaled that of KW2 and was 32 % higher than that of 

KW4 (Fig. S2.1.5c). It was also increased in BS compared to RH, with no obvious 

differences in its response between soil depths. Higher values of Vmax were observed in 
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the BS of KW1 in the subsoil layers compared to KW2 and KW4. Soil compartment 

had a significant effect, with LAP affinity increasing in the RH compared to BS (Table 

S2.1.4). LAP Km was also affected by the rotational position, as shown in Fig. S5d. 

KW2 had a much higher LAP affinity in the RH than BS, while it did not fluctuate 

significantly between the two soil compartments for KW1 and KW4. LAP Km was 

higher in KW1 compared to KW4 in the BS (58 %) and RH (76 %) (Fig. S2.1.5d). 

Finally, both Ka and Tt were increased in KW4 compared to KW1 and KW2 (Table 

S2.1.4). 

 
Figure 2.1.2. Effect of the rotational positions on root length density (a), root tissue density (b), 

average root diameter (c) and specific root length (d) of the following winter wheat at the onset of 

stem elongation (BBCH 30) at soil depths 0-30 cm, 30-60 cm and 60-100 cm). KW1 = first wheat, 

KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental 

farm Hohenschulen in Kiel, Germany. Within each soil depth, different lowercase letters denote 

significant differences between rotational positions at p ≤ 0.05 according to ANOVA with 

Bonferroni correction for multiple comparisons. No letters indicate non-significant differences.  

 

Zymography revealed significant differences between WW rotations (Table S2.1.5), 

with the BGU rhizosphere extent of KW1 averaging 5.3 mm compared with 2.5 mm 

for KW2 and KW4. This response was mainly driven by major differences in the lowest 

soil depth, where the rhizosphere extent for BGU was 9 mm compared to 4 mm for 

KW2 and 3 mm for KW4 (Fig. 2.1.5a). In a similar manner, the rhizosphere extent for 

LAP was, on average, 0.36 mm for KW1, which was significantly higher than for KW4 

(0.16 mm, Fig. 2.1.5b). We found a similar, though insignificant, trend of a reduced 

LAP rhizosphere extent for KW2 (0.19 mm). In terms of BGU and LAP activity, there 

were no pronounced differences among the fixed factors of the experiment (Fig. 2.1.5c, 

d). The same was true for the BGU hotspot area, with a decreasing hotspot area 

percentage at greater soil depths that was nonetheless insignificant (Fig. 2.1.5e). Lastly, 
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the LAP hotspot area for KW1 was 96 % higher than KW2 in the deep subsoil of 60-

100 cm (Fig. 2.1.5f).  

 

 
Figure 2.1.3. Effect of the rotational positions on soil NH4

+-N (a) and NO3
--N (b) of the following 

winter wheat at onset of stem elongation (BBCH 30) at soil depths 0-30 cm, 30-60 cm and 60-100 

cm and two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first wheat, KW2 

= second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental farm 

Hohenschulen in Kiel, Germany. Within each soil depth and soil compartment, different lowercase 

letters denote significant differences between rotational positions at p ≤ 0.05 according to ANOVA 

with Bonferroni correction for multiple comparisons. No letters indicate non-significant 

differences. 

 

 
Figure 2.1.4. Effect of the rotational positions on microbial biomass carbon (Cmic, a) and microbial 

biomass nitrogen (Nmic, b) of the following winter wheat at onset of stem elongation (BBCH 30) at 

soil depths 0-30 cm, 30-60 cm and 60-100 cm. KW1 = first wheat, KW2 = second wheat, and KW4= 

fourth wheat after oilseed rape in soil from the experimental farm Hohenschulen in Kiel, Germany. 

Within each soil depth, different lowercase letters denote significant differences between rotational 

positions at p ≤ 0.05 according to ANOVA with Bonferroni correction for multiple comparisons. 

No letters indicate non-significant differences. 
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Figure 2.1.5. Effect of the rotational positions on rhizosphere extent (RH), activity and hotspot 

percentage of β-glucosidase (BGU) (a, c, e) and leucine aminopeptidase (LAP) (b, d, f) of the 

following winter wheat at onset of stem elongation (BBCH 30) at soil depths 0-30 cm, 30-60 cm and 

60-100 cm. KW1 = first wheat, KW2 = second wheat, and KW4 = fourth wheat after oilseed rape 

in soil from the experimental farm Hohenschulen in Kiel, Germany. Within each soil depth and 

soil compartment, different lowercase letters denote significant differences between rotational 

positions at p ≤ 0.05 according to ANOVA with Bonferroni correction for multiple comparisons. 

No letters indicate non-significant differences. 

 

Glucose (GLU) imaging revealed significant differences between the GLU rhizosphere 

extent and hotspot area between the three soil layers (Table S2.1.5). This trend followed 

that of the root growth data. We also observed a decreasing rhizosphere extent for GLU 

in successively grown WW that was, however, insignificant (Fig. 2.1.6a). The same 

was found for GLU release per surface area (Fig. 2.1.6b), with a lower relative amount 

of GLU release in KW2 and KW4, although there was no significant main effect of the 

rotational position. However, a significant decline was recorded in the GLU hotspot 

area in the 60-100 cm layer of the soil profile in KW2 (-53 %) compared to KW1 (Fig. 

2.1.6c).  

 

2.1.4.4. Effects of rotational position, soil compartment, and soil depth on 

microbial community structure and composition  

A significant difference in species richness between KW1 and KW4 was observed in 

the BS compartment and in the uppermost 30 cm of soil, where KW4 presented a higher 

number of species than KW1 (Fig. S2.1.6a). Interestingly, there was no influence on 

the microbial community diversity and species evenness distribution expressed as the 

Pielou index and Shannon index, respectively (Fig. S2.1.7a, b). The soil depth had a 

main effect on the beta diversity parameters (Fig. S2.1.6b). According to the 

PERMANOVA results, the rotational position explained 10.5 % of the variation (F = 

3.51; p < 0.001) in the microbial community, while soil depth explained 12.3 % of the 

variation observed (F = 5.97; p < 0.001).  
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Figure 2.1.6. Effect of the rotational positions on glucose rhizosphere extent (RH, a), release (b) 

and hotspot percentage (c) of the following winter wheat at onset of stem elongation (BBCH 30) at 

soil depths 0-30 cm, 30-60 cm and 60-100 cm. KW1 = first wheat, KW2 = second wheat, and KW4 

= fourth wheat after oilseed rape in soil from the experimental farm Hohenschulen in Kiel, 

Germany. Within each soil depth and soil compartment, different lowercase letters denote 

significant differences between rotational positions at p ≤ 0.05 according to ANOVA with 

Bonferroni correction for multiple comparisons. No letters indicate non-significant differences. 

 

The main components of the microbial community composition at the phylum level 

were Actinobacteriota, Proteobacteria, Chloroflexi, Gemmatimonadota, and 

Crenarchaeota. The relative abundance of several taxa from Acidobacteriota, 

Gemmatimonadota, Nitrospirota, and Chloroflexi was significantly affected by the 

rotational position in the BS and RH soils and at different soil depths. While in the BS 

of the plants, the relative abundance of Acidobacteriota was not significantly different, 

we recorded a significantly higher relative abundance of Acidobacteriota in the RH of 

the topsoil and subsoil of KW1 compared to both KW2 and KW4 (Fig. 2.1.7a). A 

decreasing relative abundance of Gemmatimonadota in KW4 compared to KW1 was 

found in both soil compartments, while the difference between KW1 and KW2 

remained insignificant (Fig. 2.1.7b). With regard to Nitrospirota, KW1 and KW2 had 

similar relative abundances in both BS and the RH (Fig. 2.1.7c). In the RH, the relative 

abundance of Nitrospirota was significantly lower in both the topsoil and subsoil of 

KW2 compared to KW4. Finally, in KW1 and KW2, there was a much lower relative 

abundance of Chloroflexi compared to KW4, and this difference was consistently found 

in BS and RH soil (Fig. 2.1.7d). 
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Figure 2.1.7. Effect of the rotational positions on the relative abundance of (a) Acidobacteriota, (b) 

Gemmatimonadota, (c) Nitrospirota and (d) Chloroflexi at soil depths 0-30 cm and 30-60 cm, in the 

two soil compartments bulk soil (BS) and rhizosphere (RH). KW1 = first wheat, KW2 = second 

wheat, and KW4 = fourth wheat after oilseed rape in field soil from the experimental farm 

Hohenschulen in Kiel, Germany. Within each soil depth and soil compartment, different lowercase 

letters denote significant differences between rotational positions at p ≤ 0.05 according to ANOVA 

with Bonferroni correction for multiple comparisons. No letters indicate non-significant 

differences. 

 
In order to examine the relationship between the measured parameters in each rotational 

position and their influence on the different bacterial phyla, we conducted correlation 

analyses (Tables S2.1.9-S2.1.11). At 0-30 cm, the root dry weight of KW1 was 

negatively correlated with the relative abundance of Gemmatimonadota in the 

rhizosphere compartment. At 30-60 cm, it was positively correlated with the soil NO3
- 

content in the BS, KCAL in the RH, and the relative abundance of Nitrospirota in the 

RH, but negatively correlated with Chloroflexi in the RH and Acidobacteriota in the 

BS (Table S2.1.9). For KW4, the root dry weight was negatively correlated with the 

relative abundance of Chloroflexi in the RH and Nitrospirota in the RH (Table S2.1.11). 

For KW1 and at 30-60 cm, DOC was positively correlated with PCAL in the RH. DOC 

was also positively correlated with both the BGU and LAP reaction rates in the BS. 

Finally, DOC positively correlated with the relative abundance of Nitrospirota in the 

RH (Table S2.1.9). For KW2 and at 0-30 cm, DOC was negatively correlated with KCAL 
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in the BS. In the RH, there was a negative correlation between DOC and Cmic and a 

positive correlation between DOC and the relative abundance of Acidobacteriota. As 

for KW4, there was a negative correlation between DOC in the RH and BGU 

rhizosphere extent (Table S2.1.11). Cmic exhibited a positive correlation with the LAP 

hotspot at 0-30 cm of KW1, while it was negatively correlated with Gemmatimonadota 

in the BS. At 30-60 cm, it was positively correlated with both NO3
- of the RH and Nmic 

(Table S2.1.9). Cmic of KW2 was negatively correlated with both Chloroflexi and 

Acidobacteriota in the RH at 0-30 cm. In the subsoil, it was negatively correlated with 

DOC in the RH (Table S2.1.10). Finally, in the topsoil of KW4, Cmic was positively 

correlated with both NH4
+ and NO3

- in the RH and BS, respectively (Table S2.1.11).  

 

2.1.5. Discussion 

2.1.5.1. Root plastic responses drive nutrient supply and plant biomass 

accumulation in winter wheat rotations 

Successively grown WW appeared to prioritize soil exploration, shaping a thinner and 

less dense root system, as indicated by its higher SRL, lower Rdia, and RTD. It should 

be noted that the overall RLD and SRL followed a similar trend for each measured 

diameter class in the rotational positions. In a field trial with silty loam soil, Arnhold et 

al. (2023b) found no differences in RLD between the first WW after oilseed rape, the 

second WW after oilseed rape, and WW monoculture at the end of tillering. However, 

when they measured RLD during late flowering in a year with high summer 

precipitation, the wheat after oilseed rape had a significantly higher RLD than the 

successively grown WW in the topsoil. In the sandy loam soil of our study, we 

documented an early reduction in RLD in successive WW rotations during the 

relatively dry period of the trial (Fig. S2.1.1). Therefore, the soil type and 

environmental conditions are strong determinants of the effect of the WW rotational 

position on its plant biomass accumulation. 

Differences in root growth patterns might explain the more efficient N, P, and K uptake 

in KW1, leading to lower mineral N, P, and K concentrations in the soil of KW1 at 

BBCH 30 and, therefore, an increased N, P, and K supply to the plants, which is 

reflected in the lower C:N ratios of KW1 compared to KW2 and KW4 (Fig. 2.1.1a, b; 

Table S2.1.6). A higher N uptake by maize plants was previously found in diversified 

crop rotations (maize, soybean, three-year wheat rotation with red clover and rye cover 

crops) and was associated with a higher C and N enzymatic activity of soil microbes 

(Bowles et al., 2022). In our study, there was a positive correlation between the root 

dry weight and the KCAL in the topsoil of KW1, but this was not the case for KW2 and 

KW4. In the topsoil, the SRL of KW1 was negatively correlated with NH4
+ in the RH 

and KCAL (Table S2.1.9). The SRL of plants tends to increase under biotic and abiotic 

stresses (Kramer-Walter et al., 2016; Kaloterakis et al., 2021; Spitzer et al., 2021), while 

RLD and Rdia are reduced (Kramer-Walter et al., 2016; Lopez et al., 2023). 

Accordingly, the SRL of KW2 was negatively correlated with RLD and the root dry 

weight (Table S2.1.10). Kelly et al. (2022) found a higher SRL in WW landraces grown 

under conditions of low nutrient availability, while landraces with a higher proportion 

of coarse roots were associated with higher extractable C pools in the RH. The higher 

NH4
+ was positively correlated with the Rdia of KW1, especially in the subsoil (Table 

S2.1.9). KW1 is also associated with high residual mineral N in the soil after harvest 

(10-20 kg N ha−1) that is readily available for uptake by KW1 (Weiser et al., 2018). Our 

data suggest that this available N stimulated the early growth of KW1, enabling the 

vigorous establishment and exploitation of the rhizobox soil volume. Due to their initial 
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root growth reduction, KW2 and KW4 did not fully utilize the N reservoir of the soil, 

resulting in higher mineral N in the soil at the end of the experiment. 

 

2.1.5.2. High microbial biomass and low labile carbon in the soil of successive 

winter wheat rotations induce nitrogen immobilization  

In a recent field experiment, Yang et al. (2022) found that Cmic and Nmic increased in 

parallel with WW dry matter accumulation throughout the growth period. In our 

experiment, the highest plant biomass-yielding rotational position, KW1, had much 

lower Cmic and Nmic values at all three soil depths, confirming the results of the 

aforementioned study. Typically, higher root biomass is associated with increased 

microbial biomass (Lange et al., 2015). However, changes in root biomass may be more 

accurately linked to changes in microbial diversity, thus explaining the trends observed 

(Fig. S2.1.6) in this experiment (Ren et al., 2017). Hansen et al. (2019) reported a 

similar decline in Cmic when oilseed rape was introduced into successive wheat 

monocultures and attributed this effect to the biocidal properties of its secondary 

metabolite, isothiocyanate. The initial soil biochemical properties of the three rotational 

positions (Table 1) showed a higher Cmic in the soil of KW4 and a higher Cmic:Nmic ratio 

for KW2 compared to KW1. The higher Cmic, Cmic:Nmic ratio, and lower soil mineral N 

indicate a significant initial N limitation of the soil microbial community of 

successively grown WW. The high initial DOC content of the soil (Table 2.1.1) induced 

rapid microbial regrowth after the initial adjustment of the water-holding capacity 

(WHC), resulting in N immobilization that may have affected plant growth. The higher 

Cmic measured at the end of the experiment was not utilized as an N source (i.e. 

mineralization of microbial biomass and N release) by KW2 and KW4, leading to lower 

plant biomass and a higher plant C:N ratio. 

 

2.1.5.3. Microbial activity in the rhizosphere of winter wheat is highly dependent 

on its rotational position 

The combination of zymography with the quantification of enzyme kinetic parameters 

complemented each other and improved our understanding of the microbial activity and 

the nutrient transformations in the RH of WW. Zymography is an invaluable technique 

to demonstrate the dynamics of enzymatic activity at very small spatial scales (Razavi 

et al., 2019; Guber et al., 2021). Soil microbes in successive WW rotations invested 

less in BGU and LAP secretion compared to those in the RH of KW1, especially in the 

subsoil. The absence of the main effect of soil depth on soil enzymatic activity, together 

with the high root growth and DOC content in the subsoil, imply that the soil microbes 

sustained their metabolic function at greater depth. This was evident for all three 

rotational positions. 

The zymograms of BGU and LAP showed a narrower rhizosphere extent in the topsoil 

of KW2 and KW4 compared to KW1 (Fig. 2.1.5). This suggests that the root system of 

KW1 stimulated microbial activity, increasing glucose and leucine release, which can 

be directly utilized by microbes. As a result, the microbes in the RH of KW1 (and 

partially of KW2) (such as taxa belonging to the Gemmatimonadota, Acidobacteriota, 

and Nitrospirota) were able to utilize the DOC and N in the RH more effectively than 

the microbes in the RH of KW4 (Fig. 2.1.3, Fig. S2.1.2). Plants as well as bacteria and 

archaea (Singh et al., 2016; Bilyera et al., 2021) produce BGU, an enzyme important in 

the first step of cellulose degradation, which is the major component of plant cell walls. 

Microbes have a weaker ability to utilize low molecular weight C when competing with 

plants for available nutrients, with DOC content being a strong determinant of the 

outcome of this interaction (Kuzyakov & Jones, 2006; Song et al., 2020). 
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Complementing our findings on the DOC of the RH, we found a larger glucose hotspot 

area in KW1 compared to KW2 and KW4. Labile C is considered critical for 

maintaining the pathogen-suppressive qualities of agricultural soils, irrespective of the 

total soil organic matter content (Bongiorno et al., 2019), which could have confounded 

the biocidal soil legacy of oilseed rape.  

Depth-specific comparisons revealed differences in the activity of the previous C- and 

N-cycling soil enzymes between all three rotational positions. Interestingly, BGU 

activity was significantly higher in the RH and in the topsoil of KW2 and KW4 than in 

KW1. This pattern could be explained by the accumulation of less labile organic matter 

from the wheat residues in the uppermost soil layers in successively grown WW (Cenini 

et al., 2016; Ni et al., 2020; Luan et al., 2022), which may have stimulated the growth 

of cellulose-degrading microbes. This, in turn, led to higher BGU activity in the topsoil 

and Cmic throughout the soil profile (Zhao & Zhang, 2018; Reichel et al., 2022). Soil 

microorganisms thus synthesize BGU in response to the presence of a decomposable 

substrate that must be degraded (Turner et al., 2002; Veres et al., 2015).  

The larger LAP hotspot area in KW1 compared to successively grown WW indicates a 

larger overall rhizosphere size, which affects a larger soil volume and thus induces 

positive soil feedback for KW1. This may have contributed to the observed N limitation 

of successively grown WW. Protein-derived N accounts for 40 % of total soil N and is 

a crucial N source for microbes and plants, but it is also a precursor for mineral N 

production that is available for plant uptake (Rillig et al., 2007; Paungfoo-Lonhienne et 

al., 2008; Näsholm et al., 2009). It is likely that these differences in the form of organic 

N in the soil of the rotational position stimulated LAP activity in KW1 and repressed it 

in successively grown WW, with an increasing size of effect from KW2 to KW4. 

Emmet et al. (2020) showed that plant N uptake and LAP activity are coupled in 

sunflower (Helianthus annuus L.), buckwheat (Fagopyrum esculentum Moench), 

Sudan grass (Sorghum x drummondii (Nees ex Steud.) Millsp. & Chase), Japanese 

millet (Echinochloa esculenta (A. Braun) H. Scholz), and maize (Zea mays subsp. mays 

L.) during flowering, and attributed this to the priming of soil organic N that is available 

for plant uptake. We observed that higher concentrations of DOC and NH4
+ were 

accompanied by higher LAP activity and substrate affinity in the RH (Fig. S2.1.5, Fig. 

2.1.5). However, the literature is inconclusive regarding the impact of inorganic N on 

LAP activity (Cenini et al., 2016; Shi et al., 2016).  

 

2.1.5.4. The rotational position of WW shapes the soil microbial community 

composition 

The higher richness of bacterial taxa in the BS of KW4 compared to KW1 and KW2 

suggests that successive wheat cultivation selects a broader spectrum of bacteria that 

are better adapted to the specific soil conditions (Mayer et al., 2019). Previous research 

has shown that preceding crops affect the microbial communities in the wheat 

rhizosphere (Hilton et al., 2018; Babin et al., 2019). Oilseed rape is known to recruit 

microbial taxa that enhance the growth of the following WW (Vujanovic et al., 2012). 

This might be linked to the control that the preceding crops exert over the quantity and 

quality of the secreted exudates, leading to changes in the relative abundance of certain 

taxa (Jones et al., 2019; Wen et al., 2022). In addition, we observed only minor 

differences between BS and RH soil compartments, which is in contrast to other studies 

reporting pronounced differences between soil- and root-associated communities 

(Schreiter et al., 2014; Bziuk et al., 2021). These findings suggest that our non-

destructive sampling technique using microspatulas may have been constrained by the 

distance at which we were able to collect soil samples from the vicinity of the plant 
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roots (≤ 5 mm). Although more precise techniques, such as the wet needle technique 

(Tian et al., 2020) or Stomacher blending to wash off tightly adhering soil particles 

directly from the roots, could provide a better distinction between BS and RH microbial 

communities, they are mainly suitable for only very small sample sizes in terms of soil 

weight, or they require more root material. Nevertheless, we aimed for a compromise 

in sampling RH and BS to be able to link all gathered data, i.e. soil biochemical, 

enzymatic, and microbial community data.  

We observed shifts in the bacterial composition at the phylum level between different 

WW rotational positions (Fig. 2.1.7) that might explain a potential imbalance or 

dysbiosis effect in successively grown WW, leading to less efficient nutrient uptake 

and lower plant biomass yields. In general, the microbial community structures of KW1 

and KW2 were more similar compared to KW4 (Fig. S2.1.6b). It appears that the higher 

rate of WW residue return in the soil of WW monocropping may have favored a higher 

species richness, resulting in microbial taxa competing for slowly degradable C sources 

(straw) but causing less efficient plant nutrient supply and thus an early reduction of 

plant growth.  

In more detail, we observed a higher relative abundance of Acidobacteriota in the RH 

of KW1 throughout the soil profile compared to KW2 and KW4. Acidobacteriota is 

considered a keystone phylum in the RH of wheat (Kavamura et al., 2020). Bacteria 

belonging to this phylum have been found to induce auxin (IAA) production in 

Arabidopsis, increase iron uptake following siderophore synthesis, and secrete 

exopolysaccharides, forming biofilms (Kielak et al., 2016; Kalam et al., 2020). In the 

subsoil of KW2, the high microbial biomass was negatively associated with the relative 

abundance of Acidobacteriota (Tables S2.1.9-S2.1.10), which was not the case for 

KW1, thus highlighting the rotational position-specific effect on supporting the 

proliferation of certain bacterial phyla. Chloroflexi and Nitrospirota are considered to 

be NO2
- oxidizers, contributing to nitrification and, therefore, soil NO3

- production 

(Pivato et al., 2021; Yuan et al., 2023). Nitrospirota was more prevalent in KW1 and 

KW2 compared to KW4 in the RH. In the topsoil of KW1, we found that Nitrospirota 

was negatively associated with Chloroflexi in the RH (Table S2.1.9), indicating a 

competition for the same resources. In a rape–rice rotation, Yuan et al. (2023) correlated 

the relative abundance of Nitrospirota to urease activity, which generates NH4
+ and, 

therefore, allows N turnover due to nitrification. We found that KW1 formed a more 

extensive root system and accumulated more N in its biomass. It could thus exploit the 

newly produced NH4
+ and NO3

- more effectively than KW2 and KW4, leading to an 

increase in biomass in KW1. These findings suggest functional differences in the 

bacterial communities of the rotational positions, underscoring the dynamic 

biochemical soil processes that lowered the performance of successively grown wheat.  

Understanding the shape of the fungal communities of the rotational positions would 

help us to better comprehend the complex plant–microbe interactions. Woo et al. (2022) 

found a strong effect of the rotational position of wheat grown after pea on shaping 

bacterial and fungal diversity. In another study, fungal community composition 

responded more than bacterial composition to crop rotation, with a higher relative 

abundance of beneficial microbes in rotation canola compared to oilseed rape 

monocropping (Town et al., 2023). Finally, differences in the stability of bacterial and 

fungal necromass (reflected in the stability between peptides and chitin/chitosan) could 

determine the mineralization rate of immobilized N by microorganisms and, therefore, 

the subsequent mineral N release (Camenzind et al., 2023) that is available for uptake 

by WW. 
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2.1.6. Conclusions 

In this study, three rotational positions of WW were contrasted to assess their impact 

on soil microbial dynamics, extracellular enzymatic activity, and the performance of 

WW. We linked the activities of C-acquiring (BGU) and N-acquiring (LAP) enzymes 

to changes in biochemical soil processes and microbiome community in the RH of 

successive WW rotations. The reduced root growth and labile C in the RH of successive 

WW rotations led to decreased microbial and enzymatic activity and, finally, plant 

nutrient uptake and biomass accumulation. Our results greatly increase our 

understanding of the preceding crop’s soil legacy, which drives the reduction in 

biomass growth during the early growth of WW.  
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2.1.13. Supplementary material 

 
Figure S2.1.1. Minimum, maximum temperature and precipitation fluctuations throughout the 

course of the experiment. 

 
Figure S2.1.2. Effect of the rotational positions on dissolved organic carbon (DOC) of the following 

winter wheat at onset of stem elongation (BBCH 30), at soil depths 0-30 cm, 30-60 cm and 60-100 

cm and in two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first wheat, 

KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental 

farm Hohenschulen in Kiel, Germany.  

 

 
Figure S2.1.3. Effect of the rotational positions on dissolved organic carbon soil Pcal (a) and soil 

Kcal (b) of the following winter wheat at onset of stem elongation (BBCH 30) at the three soil depths 

0-30 cm, 30-60 cm and 60-100 cm and in two soil compartments bulk soil (BS) and rhizosphere soil 

(RH). KW1 = first wheat, KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil 

from the experimental farm Hohenschulen in Kiel, Germany. Uppercase letters denote significant 

differences between rotational positions.  
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Figure S2.1.4. Effect of the rotational positions on dissolved organic carbon soil pH of the following 

winter wheat at onset of stem elongation (BBCH 30) at the three soil depths 0-30 cm, 30-60 cm and 

60-100 cm and in two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first 

wheat, KW2  = second wheat, and KW4= fourth wheat after oilseed rape in soil from the 

experimental farm Hohenschulen in Kiel, Germany. Uppercase letters denote significant 

differences between rotational positions.  

 
Figure S2.1.5. Effect of the rotational positions on maximum velocity (Vmax) and enzyme affinity 

(Km) of β-glucosidase (BGU) (a and b) and leucine aminopeptidase (LAP) (c and d) of the following 

winter wheat at onset of stem elongation (BBCH 30), at soil depths 0-30 cm, 30-60 cm and 60-100 

cm and in two soil compartments bulk soil (BS) and rhizosphere soil (RH). KW1 = first wheat, 

KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil from the experimental 

farm Hohenschulen in Kiel, Germany.  
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Figure S2.1.6. Effect of the rotational positions on the microbial alpha diversity index Chao1 (a) 

and PCoA plots of beta diversity (b) of the following winter wheat at onset of stem elongation 

(BBCH 30), at soil depths 0-30 cm and 30-60 cm, and in two soil compartments bulk soil (BS) and 

rhizosphere soil (RH). KW1 = first wheat, KW2 = second wheat, and KW4 = fourth wheat after 

oilseed rape in soil from the experimental farm Hohenschulen in Kiel, Germany. 

 
Figure S2.1.7. Effect of the rotational positions on the microbial alpha diversity indices ((a) Pielou 

and (b) Shannon) of the following winter wheat at onset of stem elongation (BBCH 30), at soil 

depths 0-30 cm and 30-60 cm, and in two soil compartments bulk soil (BS) and rhizosphere soil 

(RH). KW1 = first wheat, KW2 = second wheat, and KW4 = fourth wheat after oilseed rape in soil 

from the experimental farm Hohenschulen in Kiel, Germany.  

 
Table S2.1.1. Impact of rotational position (Rot_pos), plant part (Plant_part) and their interactions on 

winter wheat total dry weight (Plant DW) as well as total C:N ratio (Plant C:N). For the individual dry 

weight and C:N ratio of the plant parts (root, stem and leaf) the main effect of rotational position in 

mentioned. Log transformation was used for Plant DW. Significant values at p ≤ 0.05 are indicated in 

bold. 

ANOVA results 
  Plant DW Root DW Stem DW Leaf  DW   

d.f. F p value F p value F p value F p value 

Rot_pos 2 31.08 < 0.001 20.45 < 0.001 24.83 < 0.001 5.43 0.028 

Plant_part 2 53.52 < 0.001       

Rot_pos * Plant_part 4 2.13 0.104       

   Plant C:N Root C:N Stem C:N Leaf C:N   

 d.f. F p value F p value F p value F p value 

Rot_pos 2 34.95 < 0.001 25.83 < 0.001 9.20 0.007 24.80 < 0.001 

Plant_part 2 391.90 < 0.001       

Rot_pos * Plant_part 4 6.07 0.001             



Chapter II 

 

73 
 

Table S2.1.2. Impact of rotational position (Rot_pos), soil depth (Depth) and their interactions on root length density 

(RLD), root tissue density (RTD), root diameter (Rdia), specific root length (SRL), microbial biomass carbon (Cmic) and 

microbial biomass nitrogen (Nmic). The Box-Cox transformation was used for Rida. Significant values at p ≤ 0.05 are 

indicated in bold. 

ANOVA results 
  RLD   RTD   Rdia   

d.f. F p value F p value F p value 

Rot_pos 2 15.16 < 0.001 18.52 < 0.001 35.83 < 0.001 

Depth 2 4.77 0.017 8.80 0.001 1.94 0.163 

Rot_pos * Depth 4 3.438 0.021 3.07 0.033 0.83 0.516 

   SRL   Cmic   Nmic   

 d.f. F p value F p value F p value 

Rot_pos 2 22.71 < 0.001 25.45 < 0.001 17.66 < 0.001 

Depth 2 100.71 < 0.001 27.11 < 0.001 28.25 < 0.001 

Rot_pos * Depth 4 3.09 0.032 0.57 0.686 2.09 0.109 

 

Table S2.1.3. Impact of rotational position (Rot_pos), soil depth (Depth), soil compartment (Comp) and 

their interactions on soil N-NH4
+, N-NO3

-, dissolved organic carbon (DOC) and total nitrogen (TN). The 

Yeo-Johnson transformation was used for N-NH4
+, N-NO3

- while the Box-Cox transformation was used 

for DOC and TN. Significant values at p ≤ 0.05 are indicated in bold. 

ANOVA results 
  N-NH4

+   N-NO3
-  DOC TN   

d.f. F p value F p value F p value F p value 

Rot_pos 2 10.50 < 0.001 6.97 0.002 10.53 < 0.001 3.80 0.029 

Depth 2 11.32 < 0.001 6.87 0.002 1.21 0.307 0.10 0.908 

Comp 1 89.81 < 0.001 0.04 0.847 6.61 0.013 21.63 < 0.001 

Rot_pos * Depth 4 0.92 0.459 0.21 0.929 0.98 0.426 2.59 0.047 

Rot_pos * Comp 2 0.85 0.434 0.09 0.917 3.73 0.030 0.27 0.761 

Depth * Comp 2 0.46 0.637 0.20 0.817 2.34 0.106 1.00 0.376 

Rot_pos * Depth * 

Comp 
4 0.61 0.655 0.11 0.977 1.96 0.114 0.31 0.873 
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Table S2.1.4. Impact of rotational position (Rot_pos), soil depth (Depth), soil compartment (Comp) and their 

interactions on maximum velocity (Vmax), enzyme substrate affinity (Km), catalytic efficiency (Ka) and turnover 

time (Tt) of β-glucosidase (BGU Vmax, BGU Km, BGU Ka, BGU Tt) and leucine aminopeptidase (LAP Vmax, LAP 

Km, LAP Ka, LAP Tt). The Yeo-Johnson transformation was used for BGU Km, BGU Ka, BGU Tt, LAP Ka and 

LAP Tt. Significant values at p ≤ 0.05 are indicated in bold. 

ANOVA results 
  BGU Vmax BGU Km   BGU Ka   

BGU 

Tt 
  

d.f. F p value F p value F p value F p value 

Rot_pos 2 5.33 0.008 10.14 < 0.001 12.59 < 0.001 7.56 0.001 

Depth 2 3.21 0.048 7.71 0.001 3.45 0.039 2.16 0.125 

Comp 1 0.77 0.384 0.18 0.674 0.29 0.589 1.38 0.245 

Rot_pos * Depth 4 8.44 < 0.001 2.41 0.060 2.33 0.068 9.15 < 0.001 

Rot_pos * Comp 2 2.34 0.106 14.87 < 0.001 10.35 < 0.001 1.25 0.295 

Depth * Comp 2 3.27 0.046 8.83 < 0.001 3.77 0.029 1.72 0.189 

Rot_pos * Depth * Comp 4 3.74 0.009 4.06 0.006 4.96 0.002 5.27 0.001 

   LAP Vmax LAP Km   LAP Ka   LAP Tt   

 d.f. F p value F p value F p value F p value 

Rot_pos 2 16.75 < 0.001 18.75 < 0.001 8.27 0.001 6.84 0.002 

Depth 2 2.44 0.097 2.40 0.100 0.41 0.665 1.99 0.147 

Comp 1 75.14 < 0.001 14.71 < 0.001 0.89 0.350 59.71 < 0.001 

Rot_pos * Depth 4 5.58 0.001 1.13 0.353 3.14 0.022 6.28 < 0.001 

Rot_pos * Comp 2 13.32 < 0.001 6.08 0.004 10.39 < 0.001 11.98 < 0.001 

Depth * Comp 2 7.67 0.001 0.92 0.405 1.85 0.168 10.27 < 0.001 

Rot_pos * Depth * Comp 4 10.57 < 0.001 8.55 < 0.001 13.30 < 0.001 11.88 < 0.001 
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Table S2.1.5. Impact of rotational position (Rot_pos), soil depth (Depth) and their interactions on glucose rhizosphere 

extent (GLU RH extent), activity (GLU activity), hotspot area (GLU hotspot), β-glucosidase rhizosphere extent (BGU 

RH extent), activity (BGU activity), hotspot area (BGU hotspot), leucine aminopeptidase rhizosphere extent (LAP 

extent), activity (LAP activity) and hotspot percentage (LAP hotspot). The Yeo-Johnson transformation was used for 

GLU RH extent. Significant values at p ≤ 0.05 are indicated in bold.   

ANOVA results 
  GLU RH extent GLU activity GLU hotspot 

d.f. F p value F p value F p value 

Rot_pos 2 3.16 0.066 3.26 0.062 7.27 0.005 

Depth 2 15.89 < 0.001 0.72 0.502 37.27 < 0.001 

Rot_pos * Depth 4 0.56 0.696 0.80 0.543 0.80 0.544 

  BGU RH extent BGU activity BGU hotspot 

 d.f. F p value F p value F p value 

Rot_pos 2 15.11 0.000 2.91 0.081 0.33 0.726 

Depth 2 15.82 0.000 3.13 0.068 3.40 0.056 

Rot_pos * Depth 4 3.793 0.021 1.11 0.384 1.87 0.159 

  LAP RH extent LAP activity LAP hotspot 

 d.f. F p value F p value F p value 

Rot_pos 2 1.70 0.211 0.93 0.412 1.18 0.329 

Depth 2 2.65 0.098 0.68 0.521 3.99 0.037 

Rot_pos * Depth 4 2.52 0.077 0.19 0.940 1.29 0.310 

 

Table S2.1.6. Impact of rotational position (Rot_pos), soil depth (Depth), soil compartment (Comp) and their interactions on plant 

accessible P (soil Pcal), K (soil Kcal) and pH. Significant values at p ≤ 0.05 are indicated in bold. 

ANOVA results 
  soil Pcal     soil Kcal   pH 

d.f. F p value F p value F p value 

Rot_pos  2 36.32 < 0.001 36.16 < 0.001 277.98 < 0.001 

Depth  2 148.44 < 0.001 32.94 < 0.001 191.22 < 0.001 

Comp  1 28.60 < 0.001 0.15 0.698 88.22 < 0.001 

Rot_pos * Depth 4 11.89 < 0.001 3.46 0.014 20.04 < 0.001 

Rot_pos * Comp 2 0.45 0.639 1.56 0.219 8.62 0.001 

Depth * Comp 2 0.53 0.589 3.06 0.055 6.09 0.004 

Rot_pos * Depth * Comp 4 0.51 0.729 6.85 < 0.001 2.13 0.090 

 
Table S2.1.7. Impact of rotational position (Rot_pos), soil depth (Depth) and their interactions on root length proportion for six 

fine-root diameter classes. Significant values at p ≤ 0.05 are indicated in bold. 

Soil 

depth 
Root diameter ≤ 0.05 mm   Root diameter  0.05 - 0.1 mm 

cm %  % 

 KW1 KW2 KW4  KW1 KW2 KW4 

0-30 0.96 ± 0.10 0.87 ± 0.08 0.84 ± 

0.04 
 7.94 ± 1.21 b 11.0 ± 1.04 ab 14.11 ± 

1.25 a 30-60 1.05 ± 0.13 0.81 ± 0.12 1.09 ± 

0.03 
 8.90 ± 1.03 b 6.15 ± 1.07 b 12.28 ± 

0.27 a 60-100 1.10 ± 0.17 0.91 ± 0.12 0.79 ± 

0.05 
  3.13 ± 0.33 3.20 ± 0.41 5.62 ± 

0.82 

ANOVA 

Rotational 

position 

F = 2.3; P = 

0.122 
  Rotational 

position 

F = 19.1; P < 

0.001 
 

Depth F = 0.56; P = 

0.576 
  Depth F = 48.6; P < 

0.001 
 

Two-way  F = 1.2; P = 

0.333 
    Two-way F = 3.3; P = 0.026   
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Soil 

depth 
Root diameter  0.1 - 0.5 mm  Root diameter  0.5 - 1 mm 

cm %  % 

 KW1 KW2 KW4  KW1 KW2 KW4 

0-30 85.55 ± 1.31 84.98 ± 1.30 82.01 ± 

1.01 
 4.35 ± 0.31 a 2.64 ± 0.25 b 2.77 ± 

0.28 ab 30-60 85.01 ± 1.54 

b 
89.70 ± 1.23 a 83.59 ± 

0.27 b 
 4.29 ± 0.32 2.99 ± 0.30 2.88 ± 

0.42 60-100 87.02 ± 1.17 89.62 ± 0.79 87.04 ± 

0.89 
  7.62 ± 0.82 a 5.73 ± 0.78 b 6.11 ± 

0.15 ab 

ANOVA 

Rotational 

position 

F = 9.2; P = 

0.001 
  Rotational 

position 

F = 11.6; P < 

0.001 
 

Depth F = 8.4; P = 

0.001 
  Depth F = 47.3; P < 

0.001 
 

Two-way F = 1.9; P = 

0.145 
    Two-way  F = 0.1; P = 0.971   

Soil 

depth 
Root diameter  1 - 1.5 mm  Root diameter  1.5 - 2 mm 

cm %  % 

 KW1 KW2 KW4  KW1 KW2 KW4 

0-30 0.92 ± 0.10 a 0.43 ± 0.05 ab 0.24 ± 

0.07 b 
 0.22 ± 0.04 a 0.07 ± 0.02 b 0.03 ± 

0.01 b 30-60 0.63 ± 0.08 a 0.32 ± 0.04 ab 0.15 ± 

0.04 b 
 0.10 ± 0.02 a 0.02 ± 0.01 ab 0.01 ± 

0.00 b 60-100 0.95 ± 0.19 a 0.47 ± 0.11 b 0.39 ± 

0.12 b 
  0.15 ± 0.05 a 0.05 ± 0.02 b 0.04 ± 

0.01 b 

ANOVA 

Rotational 

position 

F = 26.9; P < 

0.001 
  Rotational 

position 

F = 25.9; P < 

0.001 
 

Depth F = 4.6; P = 

0.020 
  Depth F = 5.1; P = 0.013  

Two-way F = 0.4; P = 

0.816 
    Two-way F = 1.6; P = 0.202   

 

Table S2.1.8. Impact of rotational position (Rot_pos), soil depth (Depth) and their interactions on root length proportion for the 

coarse root diameter class. Significant values at p ≤ 0.05 are indicated in bold. 

Soil depth Root diameter ≥ 2 mm 

cm % 

 KW1 KW2 KW4 

0-30 0.06 ± 0.02 a 0.01 ± 0.00 b 0.00 ± 0.00 c 

30-60 0.02 ± 0.01  0.00 ± 0.00 0.00 ± 0.00 

60-100 0.04 ± 0.02 0.01 ± 0.00 0.01 ± 0.00 

ANOVA 

Rotational position F = 11.5; P < 0.001  

Depth F = 2.6; P = 0.094  

Two-way  F = 1.1; P = 0.364   
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Table S2.1.9. Pearson correlation coefficients of the correlations of plant growth, biochemical and microbial response variables of KW1 at 0-30 cm and 30-60 cm. 

Asterisks indicate significant correlation coefficients at: *p ≤ 0.05; **p ≤ 0.01; ***p ≤ 0.001. 

 
 

 

 

 

               0-30 cm                                 

30-60 cm

DW 

root
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+ 

RH

NH4
+ 
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NO3
- 

RH

NO3
- 

BS

DOC 

RH

DOC 

BS

pH 

RH

pH 

BS
P RH P BS K RH K BS

BGU 

Vmax 

RH

BGU 

Vmax 

BS

LAP 

Vmax 

RH

LAP 

Vmax 

BS

 Cmic  Nmic  RLD  SRL  Rdia

Chlor

oflexi 

RH

Chlor

oflexi 

BS

Gemmati

monadot

a RH

Gemmati

monadot

a BS

Acidob

acterio

ta RH

Acidob

acterio

ta BS

Nitrosp

irota 

RH

Nitros

pirota 

BS

BGU 

extent

 BGU 

hotspot

LAP 

extent

LAP 

hotspot

GLU 

extent

GLU 

hotspot

DW root -0.17 -0.44 0.51 .963
* 0.93 0.58 0.88 -0.72 0.85 0.61 .950

* -0.22 -0.83 0.72 -0.46 0.40 0.38 0.55 0.91 0.32 0.47 -.967
* -0.77 0.77 0.06 -0.10 -.966

*
.988

* 0.03 -0.70 0.75 -0.21 -0.10 0.07 -0.19

NH4
+
 RH -0.75 0.93 0.58 -0.05 0.17 -0.84 0.29 -0.20 0.37 0.67 -0.06 0.91 -0.07 -0.81 -0.27 -0.92 -0.02 -0.06 -0.56 -.959

* 0.67 0.05 0.61 -0.21 0.49 .968
* 0.38 -0.04 0.32 0.94 -0.20 0.98 0.95 -0.94 -0.81

NH4
+
 BS -0.21 0.64 0.47 -0.28 -0.09 -.980

* -0.04 0.16 0.07 0.43 -0.39 0.79 0.07 -0.94 0.07 -.995
** 0.06 -0.04 -0.74 -0.90 0.36 0.37 0.85 -0.54 0.60 0.94 0.65 -0.34 0.47 0.97 -0.26 0.95 0.91 -0.90 -0.75

NO3
-
 RH 0.56 -0.14 0.66 0.70 0.78 -0.38 0.64 -0.27 0.76 0.89 0.40 0.27 -0.84 -0.13 -0.03 -0.53 0.71 0.75 0.24 -0.33 0.52 -0.45 0.15 0.00 0.83 0.73 -0.28 0.55 0.74 0.25 0.69 0.73 0.80 -0.82 -0.94

NO3
-
 BS -0.17 -0.51 -0.55 -0.38 .971

* 0.40 0.84 -0.58 0.87 0.70 0.86 -0.22 -0.95 0.60 -0.28 0.22 0.59 0.74 0.85 0.27 0.43 -0.89 -0.59 0.58 0.32 0.07 -0.87 0.95 0.30 -0.52 0.88 0.03 0.13 -0.17 -0.41

DOC RH 0.68 -0.20 -0.16 0.20 -0.68 0.24 0.93 -0.69 .958
* 0.84 0.88 0.02 -0.92 0.43 -0.41 0.05 0.50 0.65 0.72 0.03 0.63 -0.90 -0.49 0.60 0.35 0.26 -0.81 .950

* 0.28 -0.34 0.78 0.22 0.32 -0.36 -0.58

DOC BS -0.35 0.40 -0.37 -0.75 -0.31 0.37 0.23 -0.35 0.11 -0.27 0.56 -0.68 -0.16 .959
* -0.25 .980

* -0.10 0.04 0.80 0.81 -0.17 -0.54 -0.94 0.70 -0.61 -0.87 -0.77 0.50 -0.52 -0.98 0.29 -0.92 -0.88 0.86 0.70

pH RH 0.62 -0.87 -0.90 -0.26 0.41 0.39 0.10 -0.89 .986
* 0.87 0.94 0.27 -0.72 0.33 -0.71 0.03 0.17 0.34 0.59 -0.17 0.84 -0.94 -0.54 0.76 0.11 0.29 -0.77 0.94 -0.01 -0.29 0.50 0.27 0.36 -0.40 -0.62

pH BS 0.35 -0.86 -0.89 -0.37 0.77 -0.05 -0.08 0.90 -0.81 -0.65 -0.90 -0.38 0.35 -0.32 0.94 -0.19 0.28 0.10 -0.45 0.21 -0.86 0.87 0.64 -0.91 0.32 -0.09 0.70 -0.80 0.44 0.73 -0.12 0.25 0.15 -0.11 0.14

P RH -0.29 -0.19 0.08 0.08 0.78 -0.90 -0.69 -0.15 0.28 0.93 0.88 0.29 -0.79 0.25 -0.61 -0.10 0.30 0.45 0.55 -0.22 0.82 -0.89 -0.42 0.64 0.27 0.41 -0.71 0.91 0.16 -0.14 0.57 0.42 0.51 -0.54 -0.74

P BS 0.83 -0.33 0.38 0.90 -0.51 0.58 -0.51 0.06 -0.20 -0.27 0.64 0.52 -0.72 -0.11 -0.48 -0.46 0.34 0.44 0.24 -0.50 0.85 -0.67 -0.06 0.36 0.51 0.71 -0.41 0.70 0.36 0.31 0.46 0.78 0.84 -0.86 -0.96

K RH -0.79 0.28 -0.43 -0.92 0.53 -0.56 0.52 -0.01 0.25 0.26 -.999** 0.00 -0.66 0.63 -0.71 0.38 0.09 0.28 0.79 0.14 0.66 -.998
** -0.80 0.91 -0.14 -0.07 -0.93 .977

* -0.21 -0.75 0.52 -0.28 -0.18 0.15 -0.11

K BS 0.30 -0.28 -0.74 -0.53 -0.15 0.70 0.74 0.70 0.42 -0.73 -0.11 0.15 0.21 -0.75 -0.54 -0.74 -0.42 -0.43 -0.61 -.980
* 0.75 0.02 0.44 0.01 0.09 0.78 0.37 -0.08 -0.09 1.000

* -0.50 0.83 0.77 -0.74 -0.55

BGU Vmax RH 0.25 -0.37 0.36 0.68 0.39 -0.47 -.993** -0.13 0.10 0.77 0.41 -0.42 -0.78 -0.41 0.03 0.00 -0.80 -0.89 -0.72 -0.19 -0.33 0.71 0.32 -0.30 -0.60 -0.24 0.69 -0.80 -0.58 0.31 -0.95 -0.25 -0.35 0.38 0.61

BGU Vmax BS 0.82 -0.54 -0.45 0.12 -0.35 0.93 0.25 0.70 0.32 -0.72 0.54 -0.50 0.77 -0.34 -0.13 0.91 0.18 0.32 0.93 0.86 -0.16 -0.63 -0.92 0.65 -0.36 -0.76 -0.86 0.62 -0.27 -0.99 0.55 -0.78 -0.72 0.69 0.48

LAP Vmax RH 0.51 0.16 0.33 0.46 -0.93 0.88 0.23 -0.08 -0.50 -0.84 0.70 -0.70 0.33 -0.33 0.65 -0.13 0.57 0.42 -0.19 0.36 -0.84 0.67 0.52 -0.84 0.50 -0.09 0.47 -0.56 0.64 0.31 0.22 0.78 0.84 -0.86 -0.96

LAP Vmax BS 0.44 -0.77 -0.19 0.38 0.68 -0.35 -0.84 0.40 0.61 0.72 0.27 -0.26 -0.38 0.85 -0.05 -0.48 -0.16 -0.06 0.69 0.85 -0.34 -0.36 -0.86 0.57 -0.67 -0.95 -0.62 0.31 -0.56 -0.95 0.17 -0.97 -0.94 0.93 0.80

Cmic 0.58 -0.16 0.64 1.000**-0.37 0.20 -0.75 -0.24 -0.35 0.08 0.91 -0.92 -0.52 0.68 0.14 0.46 0.39 .981
* 0.42 0.30 -0.20 -0.16 0.11 -0.30 0.84 0.23 -0.24 0.30 0.90 -0.18 0.89 0.38 0.47 -0.50 -0.71

Nmic 0.68 -0.47 0.38 0.93 -0.04 0.09 -0.89 0.03 0.00 0.29 0.84 -0.85 -0.49 0.83 0.17 0.22 0.69 0.93 0.57 0.34 -0.08 -0.35 -0.06 -0.10 0.77 0.18 -0.42 0.48 0.82 -0.28 .958
* 0.28 0.37 -0.41 -0.63

RLD 0.95 -0.91 -0.33 0.49 0.15 0.44 -0.50 0.71 0.57 -0.01 0.69 -0.66 0.20 0.43 0.68 0.21 0.69 0.51 0.72 0.69 0.07 -0.81 -0.86 0.67 -0.07 -0.46 -.955
* 0.83 -0.01 -0.89 0.78 -0.50 -0.41 0.38 0.13

SRL 0.51 -0.92 -0.52 0.13 0.75 -0.19 -0.60 0.69 0.85 0.55 0.15 -0.12 -0.03 0.60 0.18 -0.48 0.93 0.14 0.49 0.76 -0.65 -0.16 -0.60 0.18 -0.25 -0.86 -0.49 0.18 -0.08 -.999
* 0.46 -0.87 -0.81 0.79 0.61

Rdia -0.19 0.67 .994** 0.64 -0.64 -0.06 -0.29 -0.89 -0.93 -0.03 0.40 -0.45 -0.66 0.27 -0.37 0.42 -0.28 0.63 0.34 -0.34 -0.60 -0.65 -0.17 0.58 0.04 0.58 -0.34 0.60 -0.15 0.67 0.02 0.96 0.99 -0.99 -0.99

Chloroflexi RH -0.26 0.78 0.46 -0.03 -0.89 0.45 0.62 -0.54 -0.80 -0.74 0.05 -0.08 0.20 -0.65 0.09 0.69 -0.93 -0.04 -0.39 -0.56 -.961* 0.55 0.78 -0.88 0.08 0.04 0.94 -.989
* 0.14 0.71 -0.57 0.22 0.12 -0.08 0.18

Chloroflexi BS -0.23 0.80 0.62 0.15 -0.92 0.40 0.45 -0.64 -0.89 -0.66 0.17 -0.20 0.03 -0.49 0.03 0.72 -0.85 0.14 -0.23 -0.52 -0.95 0.70 .981* -0.89 0.56 0.65 0.91 -0.73 0.52 1.000
** -0.35 0.85 0.79 -0.76 -0.57

Gemmatimonadota RH -.952* 0.70 -0.02 -0.76 0.13 -0.49 0.60 -0.42 -0.23 0.08 -0.90 0.89 0.00 -0.51 -0.62 -0.43 -0.58 -0.78 -0.87 -0.93 -0.54 -0.02 0.34 0.24 -0.54 -0.31 -0.84 0.80 -0.60 -.999
* 0.17 -0.82 -0.75 0.73 0.53

Gemmatimonadota BS -0.56 0.16 -0.65 -.999** 0.35 -0.17 0.77 0.25 0.35 -0.11 -0.89 0.91 0.55 -0.70 -0.11 -0.43 -0.41 -.999** -0.94 -0.50 -0.16 -0.63 0.06 -0.12 0.77 0.69 0.17 0.05 .980
* 0.44 0.57 0.86 0.91 -0.92 -0.99

Acidobacteriota RH -0.59 0.85 0.91 0.30 -0.40 -0.40 -0.14 -.999** -0.89 0.17 -0.03 -0.02 -0.73 0.18 -0.71 0.07 -0.36 0.28 0.02 -0.68 -0.66 0.90 0.51 0.62 0.38 -0.29 0.35 0.00 0.55 0.85 0.01 1.000
* 0.99 -0.99 -0.91

Acidobacteriota BS -0.25 -0.29 -0.07 -0.01 0.87 -0.87 -0.64 0.00 0.42 .988* -0.32 0.32 -0.61 0.72 -0.64 -0.89 0.76 -0.01 0.24 0.05 0.64 -0.18 -0.82 -0.76 0.07 -0.02 0.03 -0.94 0.16 0.88 -0.66 0.49 0.39 -0.36 -0.11

Nitrospirota RH 0.87 -0.41 0.29 0.87 -0.46 0.61 -0.49 0.16 -0.12 -0.28 .996** -.989* -0.05 0.39 0.60 0.68 0.31 0.87 0.84 0.75 0.22 0.31 0.00 0.11 -0.93 -0.86 -0.13 -0.32 0.00 -0.63 0.68 -0.12 -0.01 -0.02 -0.28

Nitrospirota BS 0.38 -0.25 0.56 0.88 0.06 -0.24 -.966* -0.24 -0.14 0.53 0.65 -0.67 -0.77 0.94 -0.20 -0.01 0.69 0.88 0.93 0.45 0.40 0.49 -0.40 -0.22 -0.64 -0.90 0.29 0.45 0.62 0.34 0.62 0.80 0.85 -0.87 -0.97

BGU extent -0.87 0.98 0.47 -0.45 -0.44 -0.28 0.94 -0.87 -0.71 -0.52 -0.53 0.49 -0.20 -0.97 -0.83 0.10 -0.98 -0.47 -0.78 -0.98 -0.92 0.49 0.83 0.75 0.84 0.48 0.85 -0.52 -0.59 -0.74 -0.49 0.84 0.78 -0.76 -0.57

BGU hotspot 0.93 -0.46 0.03 0.64 -0.52 0.84 -0.19 0.38 0.01 -0.54 0.91 -0.89 0.31 0.08 0.84 0.79 0.13 0.65 0.61 0.77 0.17 0.08 0.10 0.15 -0.88 -0.62 -0.36 -0.54 0.93 0.31 -0.61 0.06 0.16 -0.20 -0.44

LAP extent -0.91 0.95 0.39 -0.53 -0.36 -0.36 0.96 -0.83 -0.65 -0.44 -0.60 0.57 -0.11 -0.99 -0.87 0.01 -0.95 -0.55 -0.83 -0.99 -0.88 0.41 0.77 0.69 0.88 0.56 0.81 -0.45 -0.66 -0.80 1.00 -0.68 0.99 -0.99 -0.92

LAP hotspot 0.84 -0.26 0.56 1.000**-0.59 0.98 -0.75 -0.02 -0.29 -0.51 .997* -.999* -0.77 0.67 0.88 0.83 0.26 1.000** 0.92 0.65 0.09 0.55 0.11 0.24 -0.87 -1.000** 0.06 -0.51 0.99 0.94 -0.47 0.98 -0.54 -.999
* -0.96

GLU extent -0.76 1.000* 0.64 -0.27 -0.61 -0.08 0.85 -0.95 -0.84 -0.68 -0.35 0.31 -0.39 -0.90 -0.70 0.29 -1.000* -0.29 -0.64 -0.91 -0.98 0.65 0.92 0.86 0.71 0.30 0.94 -0.68 -0.42 -0.60 0.98 -0.45 0.96 -0.28 0.97

GLU hotspot 0.95 -0.50 0.33 0.96 -0.36 0.89 -0.89 0.24 -0.03 -0.27 0.98 -0.97 -0.58 0.84 0.97 0.66 0.50 0.97 0.99 0.82 0.34 0.31 -0.15 -0.02 -0.97 -0.97 -0.20 -0.27 0.99 1.00 -0.68 1.00 -0.74 0.97 -0.52
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Table S2.1.11. Pearson correlation coefficients of the correlations of plant growth, biochemical and microbial response variables of KW2 at 0-30 cm and 30-60 cm. 

Asterisks indicate significant correlation coefficients at: *p ≤ 0.05; **p ≤ 0.01; ***p ≤ 0.001. 

 
 

 

               0-30 cm                                 

30-60 cm

DW 

root

NH4
+ 

RH

NH4
+ 

BS

NO3
- 

RH

NO3
- 

BS

DOC 

RH

DOC 

BS

pH 

RH

pH 

BS
P RH P BS K RH K BS

BGU 

Vmax 

RH

BGU 

Vmax 

BS

LAP 

Vmax 

RH

LAP 

Vmax 

BS
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RH

Nitros

pirota 
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extent

 BGU 
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LAP 

hotspot

GLU 

extent

GLU 

hotspot

DW root 0.51 0.27 -0.04 0.32 0.02 -0.59 0.03 0.34 -0.61 -0.48 -0.71 -0.24 -0.25 0.02 0.52 0.19 -0.59 0.15 0.87 0.62 -0.68 -0.26 -0.13 -0.81 -0.88 -0.32 -.982
* -0.34 -0.94 -0.34 0.42 0.69 -0.31 -0.47 0.77

NH4
+
 RH -0.06 0.93 0.32 .958

* 0.83 0.21 0.02 0.68 0.36 0.14 0.11 0.50 0.29 -0.66 0.82 -0.39 -0.13 -0.61 0.12 -0.21 0.29 -0.79 -0.43 -0.03 -0.12 0.64 -0.34 0.29 -0.67 -0.95 0.00 0.99 0.58 0.43 0.97

NH4
+
 BS 0.16 0.24 0.11 0.88 .968

* 0.24 -0.26 0.83 0.57 0.08 0.20 0.43 0.16 -0.55 0.89 -0.25 -0.19 -0.86 -0.20 -0.53 0.50 -0.62 -0.18 0.09 0.19 0.82 -0.10 0.20 -0.53 -0.96 -0.35 0.99 0.58 0.43 0.97

NO3
-
 RH 0.81 0.53 0.20 0.55 0.11 0.76 0.92 -0.45 0.33 0.89 0.65 0.89 .969

* -0.88 -0.28 -.968
* 0.82 0.20 0.12 0.20 0.32 -0.83 -.987

* 0.56 -0.07 0.27 0.14 0.93 0.20 -0.63 0.69 0.26 0.97 .998
* 0.14

NO3
-
 BS -0.55 0.75 -0.33 0.00 0.83 0.47 0.22 0.50 0.53 0.41 0.38 0.73 0.55 -0.85 0.65 -0.63 0.16 -0.57 0.00 -0.26 0.46 -0.91 -0.62 0.23 0.01 0.74 -0.14 0.55 -0.45 -1.000

** 0.09 0.92 0.79 0.67 0.87

DOC RH 0.93 0.21 0.44 0.89 -0.43 0.39 -0.29 0.78 0.74 0.19 0.38 0.50 0.21 -0.56 0.79 -0.30 -0.05 -0.94 -0.44 -0.72 0.69 -0.56 -0.14 0.30 0.43 0.93 0.15 0.28 -0.31 -0.99 -0.49 0.95 0.72 0.59 0.91

DOC BS 0.94 -0.18 0.43 0.67 -0.74 0.92 0.54 -0.26 0.82 .963
*

.986
* 0.93 0.90 -0.82 -0.23 -0.89 0.90 -0.24 -0.55 -0.44 0.83 -0.63 -0.68 .951

* 0.59 0.67 0.70 0.95 0.57 -0.50 0.10 0.10 0.92 0.97 -0.02

pH RH 0.20 0.72 0.83 0.54 0.13 0.54 0.31 -0.72 -0.01 0.75 0.43 0.64 0.83 -0.63 -0.54 -0.80 0.77 0.57 0.35 0.52 -0.02 -0.60 -0.90 0.37 -0.30 -0.13 0.01 0.76 0.24 -0.29 0.89 -0.12 0.81 0.90 -0.24

pH BS 0.71 -0.67 0.25 0.19 -.975
* 0.57 0.84 -0.12 0.25 -0.46 -0.25 -0.13 -0.41 0.00 .968

* 0.33 -0.66 -0.84 -0.16 -0.51 0.20 -0.11 0.37 -0.30 0.12 0.53 -0.25 -0.37 -0.65 -0.62 -0.64 0.89 0.01 -0.16 0.93

P RH -0.27 -0.83 -0.69 -0.68 -0.26 -0.59 -0.30 -.973
* 0.20 0.64 0.87 0.72 0.54 -0.63 0.19 -0.56 0.51 -0.73 -0.83 -0.86 .997

** -0.45 -0.26 0.85 0.84 0.94 0.75 0.64 0.40 -0.72 -0.45 0.37 0.99 .998
* 0.26

P BS -.975
* -0.12 -0.32 -0.89 0.46 -.989

* -0.93 -0.41 -0.62 0.48 0.92 0.93 .970
* -0.83 -0.39 -0.95 .964

* 0.01 -0.34 -0.18 0.65 -0.66 -0.81 0.88 0.38 0.47 0.58 .986
* 0.56 -0.42 0.35 0.02 0.89 0.95 -0.10

K RH -0.37 -0.89 -0.42 -0.82 -0.39 -0.62 -0.28 -0.84 0.27 0.94 0.55 0.86 0.82 -0.72 -0.26 -0.80 0.87 -0.30 -0.68 -0.55 0.88 -0.50 -0.54 .988
* 0.71 0.69 0.81 0.88 0.66 -0.42 -0.04 0.01 0.88 0.95 -0.10

K BS -0.94 0.37 -0.20 -0.57 0.80 -0.83 -.963
* -0.04 -0.91 0.05 0.88 0.08 .954

*
-.973

* -0.02 -.973
* 0.79 -0.25 -0.27 -0.26 0.70 -0.87 -0.86 0.77 0.31 0.68 0.39 .970

* 0.24 -0.74 0.29 0.40 1.00 1.00 0.29

BGU Vmax RH 0.85 -0.56 0.15 0.38 -0.89 0.69 0.90 -0.11 .971
* 0.13 -0.75 0.14 -.976

* -0.91 -0.28 -.995
** 0.90 0.05 -0.13 -0.03 0.53 -0.80 -0.93 0.74 0.18 0.43 0.37 .992

** 0.36 -0.57 0.51 0.19 0.95 0.99 0.07

BGU Vmax BS 0.87 -0.15 -0.35 0.68 -0.34 0.67 0.67 -0.21 0.53 0.07 -0.77 -0.16 -0.78 0.71 -0.15 0.94 -0.65 0.28 0.11 0.17 -0.59 .962
* 0.89 -0.60 -0.14 -0.66 -0.18 -0.91 -0.01 0.86 -0.34 -0.58 -0.99 -0.96 -0.49

LAP Vmax RH 0.13 0.80 0.77 0.53 0.25 0.47 0.21 .992
** -0.24 -.981

* -0.34 -0.87 0.06 -0.22 -0.25 0.18 -0.62 -0.76 0.03 -0.35 0.13 -0.30 0.16 -0.35 -0.06 0.51 -0.41 -0.26 -0.78 -0.70 -0.43 0.93 0.12 -0.06 0.96

LAP Vmax BS -0.94 -0.09 0.11 -0.87 0.28 -0.84 -0.76 -0.10 -0.48 0.24 0.91 0.44 0.80 -0.67 -.950
* -0.06 -0.85 0.02 0.11 0.05 -0.54 0.86 0.94 -0.71 -0.16 -0.49 -0.31 -.987

* -0.27 0.66 -0.49 -0.29 -0.98 -1.000
* -0.18

Cmic -0.90 -0.37 -0.33 -.972
* 0.23 -.974

* -0.82 -0.55 -0.40 0.65 .967
* 0.74 0.72 -0.56 -0.70 -0.51 0.88 0.20 -0.33 -0.09 0.54 -0.46 -0.72 0.87 0.38 0.27 0.64 0.91 0.72 -0.16 0.40 -0.25 0.73 0.84 -0.36

Nmic -0.54 0.86 0.26 0.04 0.82 -0.24 -0.56 0.60 -0.86 -0.63 0.35 -0.59 0.74 -0.86 -0.62 0.69 0.42 0.11 0.62 0.87 -0.70 0.24 -0.19 -0.26 -0.60 -0.88 -0.28 -0.04 0.19 0.97 0.76 -0.98 -0.62 -0.48 -0.96

RLD .997
** -0.07 0.22 0.80 -0.59 0.94 .961

* 0.23 0.74 -0.29 -.979
* -0.37 -.952

* 0.86 0.83 0.16 -0.91 -0.90 -0.54 0.93 -0.87 -0.12 -0.24 -0.74 -.999
** -0.67 -0.91 -0.25 -0.64 0.12 0.74 0.29 -0.70 -0.81 0.40

SRL -.984
* 0.02 0.00 -0.83 0.44 -0.89 -0.86 -0.11 -0.62 0.22 0.94 0.37 0.89 -0.79 -0.94 -0.05 .984

* 0.89 0.52 -.968
* -0.86 0.01 -0.27 -0.57 -0.91 -0.83 -0.70 -0.15 -0.31 0.82 0.85 -0.51 -.999

* -0.98 -0.41

Rdia 0.80 -0.50 -0.37 0.41 -0.59 0.53 0.68 -0.43 0.73 0.35 -0.65 0.18 -0.84 0.85 0.93 -0.49 -0.80 -0.49 -0.86 0.77 -0.84 -0.39 -0.23 0.87 0.88 0.91 0.80 0.63 0.47 -0.65 -0.46 0.28 0.98 .999
* 0.17

Chloroflexi RH 0.87 0.45 0.26 .992
** -0.12 0.94 0.75 0.54 0.30 -0.66 -0.94 -0.78 -0.66 0.48 0.70 0.51 -0.89 -.993

** -0.05 0.86 -0.87 0.46 0.88 -0.36 0.10 -0.56 0.09 -0.78 0.25 0.96 -0.43 -0.77 -0.93 -0.85 -0.69

Chloroflexi BS -0.30 0.07 0.88 -0.28 -0.21 -0.03 0.02 0.60 0.04 -0.40 0.16 -0.08 0.17 -0.14 -0.73 0.56 0.57 0.16 0.35 -0.23 0.46 -0.64 -0.23 -0.44 0.20 -0.24 0.01 -0.88 -0.04 0.75 -0.73 -0.42 -.998
* -0.99 -0.31

Gemmatimonadota RH 0.70 -0.76 -0.15 0.16 -0.86 0.44 0.71 -0.44 0.92 0.45 -0.54 0.41 -0.87 0.94 0.71 -0.53 -0.57 -0.31 -.978
* 0.70 -0.67 0.91 0.25 -0.33 0.78 0.63 0.89 0.82 0.76 -0.28 -0.11 -0.14 0.81 0.90 -0.25

Gemmatimonadota BS 0.59 -0.38 0.70 0.23 -0.89 0.64 0.83 0.33 0.86 -0.20 -0.60 0.00 -0.76 0.78 0.19 0.21 -0.28 -0.45 -0.50 0.64 -0.44 0.34 0.34 0.50 0.60 0.67 0.93 0.30 0.67 -0.13 -0.70 -0.29 0.70 0.82 -0.39

Acidobacteriota RH 0.91 0.21 0.50 0.88 -0.44 .998
** 0.92 0.58 0.57 -0.62 -.978

* -0.63 -0.81 0.68 0.62 0.51 -0.80 -.964
* -0.22 0.93 -0.85 0.49 0.93 0.03 0.42 0.67 0.48 0.52 0.06 -0.95 -0.48 0.73 0.95 0.88 0.65

Acidobacteriota BS 0.85 -0.14 -0.38 0.67 -0.31 0.65 0.65 -0.23 0.51 0.08 -0.75 -0.15 -0.76 0.69 1.000
** -0.26 -0.95 -0.68 -0.61 0.82 -0.93 0.93 0.69 -0.75 0.70 0.16 0.60 0.46 0.89 0.11 -0.43 -0.51 0.52 0.66 -0.60

Nitrospirota RH 0.00 0.46 -0.74 0.32 0.71 -0.10 -0.35 -0.24 -0.56 0.02 0.03 -0.29 0.26 -0.37 0.39 -0.15 -0.34 -0.11 0.25 -0.07 -0.17 0.14 0.22 -0.82 -0.26 -0.81 -0.15 0.41 0.41 -0.56 0.40 0.18 0.95 0.99 0.06

Nitrospirota BS 0.65 0.72 0.32 .965
* 0.17 0.81 0.53 0.71 -0.01 -0.84 -0.78 -0.94 -0.38 0.17 0.47 0.71 -0.71 -0.91 0.29 0.64 -0.66 0.16 0.94 -0.12 -0.09 0.14 0.81 0.47 0.32 0.43 -0.10 -0.76 0.20 0.37 -0.83

BGU extent 0.98 -0.06 -0.11 0.89 -0.97 0.84 0.89 0.04 0.99 -0.18 -0.91 -0.44 -0.98 .999
* 0.97 -0.02 -.999

* -0.87 -0.77 0.96 -1.00 0.91 0.88 -0.59 0.92 0.55 0.80 0.96 0.46 0.75 -0.15 -0.91 -0.79 -0.68 -0.86

BGU hotspot -0.79 -0.56 -0.34 -.990
* 0.03 -0.92 -0.69 -0.65 -0.20 0.76 0.89 0.86 0.56 -0.37 -0.60 -0.63 0.81 .978

* -0.09 -0.79 0.79 -0.33 -.989
* 0.14 -0.11 -0.31 -0.91 -0.59 -0.21 -.977

* -0.81 -0.26 0.72 0.83 -0.37

LAP extent 0.09 -0.97 -0.98 -0.17 -0.05 -0.26 -0.16 -0.94 0.18 0.88 0.12 0.72 -0.13 0.25 0.54 -0.96 -0.27 0.21 -0.84 0.03 -0.22 0.67 -0.18 -0.95 0.66 -0.63 -0.32 0.56 0.99 -0.41 0.30 0.31 0.48 0.32 0.99

LAP hotspot -0.59 -0.89 -0.87 -0.77 0.62 -0.83 -0.76 -0.93 -0.51 0.98 0.74 .998
* 0.55 -0.44 -0.14 -0.91 0.42 0.80 -0.28 -0.63 0.47 0.02 -0.78 -0.51 0.00 -0.98 -0.86 -0.12 0.64 -0.91 -0.39 0.86 0.76 0.99 0.37

GLU extent 0.69 0.83 0.80 0.85 -0.72 0.90 0.84 0.88 0.62 -0.94 -0.82 -.997
* -0.65 0.55 0.27 0.85 -0.54 -0.87 0.15 0.73 -0.59 0.11 0.86 0.39 0.13 .999

* 0.92 0.25 -0.53 0.95 0.51 -0.92 -0.66 -0.99 0.21

GLU hotspot 0.90 -0.28 -0.32 0.76 -0.89 0.70 0.77 -0.18 0.94 0.04 -0.80 -0.24 -0.92 0.96 .999
* -0.23 -0.97 -0.74 -0.89 0.88 -0.95 0.98 0.76 -0.75 0.98 0.35 0.65 .998

* 0.64 0.58 0.98 -0.66 0.51 -0.18 0.31
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Table S2.1.11. Pearson correlation coefficients of the correlations of plant growth, biochemical and microbial response variables of KW4 at 0-30 cm and 30-60 cm. 

Asterisks indicate significant correlation coefficients at: *p ≤ 0.05; **p ≤ 0.01; ***p ≤ 0.001. 
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DW 
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DOC 

BS

pH 

RH

pH 

BS
P RH P BS K RH K BS

BGU 

Vmax 

RH

BGU 

Vmax 

BS

LAP 

Vmax 

RH

LAP 

Vmax 

BS

 Cmic  Nmic  RLD  SRL  Rdia

Chlor

oflexi 

RH

Chlor

oflexi 

BS

Gemmati

monadot

a RH

Gemmati

monadot

a BS

Acidob

acterio

ta RH

Acidob

acterio

ta BS

Nitrosp

irota 

RH

Nitros

pirota 

BS

BGU 

extent

 BGU 

hotspot

LAP 

extent

LAP 

hotspot

GLU 

extent

GLU 

hotspot

DW root -0.76 0.50 0.15 0.25 -0.13 0.11 0.46 -0.05 0.33 -0.46 0.72 0.47 0.25 -0.63 -0.59 -0.53 0.29 0.56 0.79 -0.78 0.70 -.969
* -0.74 -0.05 -0.44 0.57 -0.59 0.43 -.979

* 0.59 0.33 -0.84 -0.78 -0.54 -0.64

NH4
+
 RH -0.49 0.15 0.52 0.44 0.74 -0.62 0.22 0.59 -0.02 0.21 -0.52 -0.82 0.16 0.18 0.88 0.73 0.38 0.06 -0.26 .960

* -0.84 0.88 0.64 0.42 0.88 -0.07 0.62 0.06 0.65 -0.99 -0.63 0.98 0.99 0.98 -0.10

NH4
+
 BS 0.15 0.66 0.81 0.87 0.70 -0.78 .986

* 0.83 0.19 -0.16 0.18 -0.19 0.80 -0.87 0.12 -0.07 0.83 0.79 0.72 -0.01 0.11 -0.27 -0.46 0.20 0.39 0.92 -0.30 0.49 -0.65 -0.72 -0.54 0.42 0.51 0.76 -0.85

NO3
-
 RH -0.19 -0.51 -.972

*
.993

**
.957

* -0.67 0.89 0.72 0.56 -0.45 0.28 -0.72 0.39 -0.42 0.65 0.53 .988
* 0.88 0.69 0.48 -0.46 0.04 0.14 0.71 0.82 0.51 0.32 0.77 -0.26 -.997

* -0.38 0.90 0.94 1.000
* -0.32

NO3
-
 BS 0.25 -0.53 -0.79 0.86 0.93 -0.70 0.94 0.74 0.53 -0.43 0.30 -0.63 0.47 -0.52 0.55 0.43 .992

** 0.91 0.74 0.38 -0.36 -0.04 0.02 0.64 0.75 0.61 0.21 0.76 -0.36 -0.98 -0.39 0.85 0.90 0.99 -0.42

DOC RH 0.16 -0.92 -0.68 0.50 0.31 -0.76 0.78 0.78 0.41 -0.26 0.03 -0.83 0.39 -0.29 0.79 0.64 0.90 0.71 0.45 0.69 -0.63 0.33 0.30 0.68 0.93 0.40 0.44 0.61 0.01 -.999
* -0.53 0.92 0.95 1.000

** -0.29

DOC BS 0.55 -.979
* -0.70 0.59 0.68 0.83 -0.75 -.997

** 0.23 -0.34 0.43 0.35 -0.86 0.66 -0.36 -0.08 -0.60 -0.37 -0.16 -0.40 0.18 -0.35 0.18 -0.03 -0.58 -0.73 0.14 -0.06 0.09 0.76 0.93 -0.47 -0.56 -0.80 0.82

pH RH -0.38 0.24 0.47 -0.61 -0.91 0.07 -0.43 0.80 0.33 -0.28 0.26 -0.33 0.70 -0.78 0.25 0.09 0.91 0.87 0.77 0.10 -0.02 -0.24 -0.33 0.36 0.50 0.84 -0.14 0.62 -0.59 -0.84 -0.47 0.58 0.66 0.87 -0.74

pH BS 0.11 -0.24 0.34 -0.55 -0.70 0.43 0.06 0.84 -0.17 0.28 -0.36 -0.35 0.86 -0.69 0.35 0.09 0.65 0.44 0.24 0.38 -0.16 0.29 -0.20 0.07 0.59 0.76 -0.14 0.13 -0.15 -0.77 -0.90 0.48 0.57 0.80 -0.81

P RH 0.79 -0.82 -0.48 0.44 0.74 0.53 0.91 -0.66 -0.15 -.983
* 0.86 -0.56 -0.44 0.18 0.45 0.60 0.63 0.75 0.73 0.18 -0.41 -0.34 0.38 0.90 0.42 -0.13 0.57 0.95 -0.25 -0.51 0.55 0.79 0.72 0.46 0.71

P BS 0.85 0.03 0.59 -0.55 -0.06 -0.35 0.05 -0.25 0.02 0.40 -0.93 0.39 0.46 -0.15 -0.27 -0.46 -0.55 -0.72 -0.76 0.00 0.24 0.50 -0.25 -0.80 -0.24 0.12 -0.44 -0.92 0.37 0.33 -0.66 -0.65 -0.57 -0.28 -0.83

K RH 0.50 -0.88 -0.78 0.73 0.86 0.69 .958
* -0.66 -0.23 0.92 0.03 -0.05 -0.36 -0.04 -0.08 0.11 0.41 0.67 0.82 -0.36 0.12 -0.77 -0.08 0.55 -0.08 0.02 0.12 0.80 -0.62 0.14 0.73 0.23 0.12 -0.20 0.99

K BS 0.01 0.24 0.73 -0.86 -0.94 -0.07 -0.40 0.90 0.87 -0.47 0.20 -0.64 0.16 -0.30 -.990
**

-.961
* -0.64 -0.45 -0.18 -0.91 0.95 -0.55 -0.78 -0.86 -.964

* 0.18 -0.87 -0.58 -0.43 0.87 0.18 -0.99 -0.97 -0.84 -0.27

BGU Vmax RH -0.55 -0.26 -0.89 0.93 0.62 0.39 0.30 -0.35 -0.48 0.07 -0.81 0.44 -0.72 -0.91 -0.17 -0.43 0.37 0.27 0.20 -0.11 0.35 -0.03 -0.65 -0.37 0.10 0.92 -0.62 -0.13 -0.43 -0.35 -0.83 -0.01 0.09 0.40 -0.99

BGU Vmax BS 0.18 -0.10 0.53 -0.71 -0.79 0.24 -0.08 0.84 .976
* -0.21 0.19 -0.36 0.94 -0.65 0.35 0.54 -0.46 -0.49 -0.53 0.40 -0.55 0.43 0.82 0.28 0.07 -.993

** 0.73 -0.11 0.77 0.23 0.53 0.14 0.03 -0.29 1.000
*

LAP Vmax RH -0.19 -0.72 -0.67 0.49 0.14 0.93 0.60 0.28 0.46 0.21 -0.64 0.46 0.01 0.52 0.25 .958
* 0.55 0.33 0.04 .957

*
-.974

* 0.66 0.82 0.79 .958
* -0.24 0.87 0.46 0.54 -0.87 -0.24 0.99 0.97 0.84 0.27

LAP Vmax BS -0.16 0.76 0.94 -0.93 -0.91 -0.66 -0.84 0.66 0.39 -0.73 0.29 -0.93 0.79 -0.73 0.55 -0.53 0.46 0.31 0.07 0.88 -.974
* 0.54 0.91 0.87 0.86 -0.44 .970

* 0.54 0.54 -0.70 0.05 0.91 0.86 0.66 0.52

Cmic 0.05 0.83 0.92 -0.81 -0.59 -0.91 -0.81 0.20 -0.04 -0.51 0.55 -0.78 0.44 -0.73 0.17 -0.88 0.87 0.94 0.79 0.36 -0.36 -0.11 0.05 0.71 0.73 0.55 0.26 0.84 -0.39 -1.00 -0.27 0.90 0.94 1.000
* -0.33

Nmic 0.91 -0.49 0.31 -0.42 -0.09 0.27 0.47 0.03 0.50 0.60 0.77 0.30 0.39 -0.70 0.56 -0.02 0.06 0.06 0.95 0.08 -0.15 -0.42 -0.10 0.68 0.50 0.54 0.13 0.92 -0.61 -.999
* -0.01 0.91 0.95 1.000

** -0.30

RLD 0.81 -0.11 0.15 -0.05 0.46 -0.29 0.27 -0.73 -0.45 0.65 0.84 0.38 -0.36 -0.37 -0.33 -0.61 -0.16 0.28 0.53 -0.23 0.12 -0.69 -0.30 0.53 0.20 0.55 -0.07 0.87 -0.80 -0.98 0.20 0.84 0.90 0.99 -0.43

SRL -0.27 0.68 0.12 0.12 0.26 -0.80 -0.52 -0.54 -0.87 -0.26 0.07 -0.26 -0.52 0.17 -0.77 -0.75 0.10 0.49 -0.57 0.35 -.958
* 0.85 0.83 0.59 0.90 -0.29 0.81 0.19 0.72 -0.89 -0.39 0.99 0.98 0.86 0.22

Rdia 0.23 -0.43 0.19 -0.42 -0.54 0.58 0.25 0.73 .980
* 0.04 0.04 -0.03 0.77 -0.41 0.93 0.56 0.22 -0.20 0.59 -0.38 -0.95 -0.72 -0.93 -0.75 -0.87 0.45 -0.95 -0.35 -0.69 0.74 0.11 -0.94 -0.89 -0.70 -0.46

Chloroflexi RH 0.76 -0.38 0.45 -0.60 -0.36 0.26 0.30 0.31 0.71 0.37 0.68 0.08 0.63 -0.79 0.78 0.04 0.26 0.14 .958
* 0.30 -0.67 0.76 0.67 0.08 0.57 -0.36 0.54 -0.36 0.90 -0.93 -0.53 1.000

** 0.99 0.90 0.14

Chloroflexi BS -0.03 -0.35 0.11 -0.33 -0.59 0.59 0.15 0.83 .967
* -0.15 -0.21 -0.13 0.75 -0.24 0.89 0.66 0.22 -0.26 0.35 -0.61 -0.92 .964

* 0.56 0.65 0.62 -0.75 .972
* 0.21 0.80 -0.42 0.17 0.72 0.64 0.37 0.78

Gemmatimonadota RH -0.09 -0.06 -0.63 0.79 0.87 -0.10 0.24 -0.89 -0.94 0.34 -0.18 0.50 -.984
* 0.69 -.987

* -0.15 -0.68 -0.30 -0.48 0.36 0.66 -0.87 -0.71 -0.84 0.76 -0.19 0.81 0.88 0.08 -0.72 0.25 0.92 0.88 0.68 0.50

Gemmatimonadota BS -0.37 0.39 0.61 -0.72 -.967
* -0.10 -0.57 .984

* 0.78 -0.73 -0.16 -0.77 0.92 -0.45 0.81 0.11 0.78 0.37 0.01 -0.66 -0.40 0.64 0.30 0.73 -0.88 0.05 0.71 0.52 0.35 -0.97 -0.42 0.99 1.000
** 0.95 0.00

Acidobacteriota RH -0.86 0.15 -0.19 0.11 -0.41 0.25 -0.30 0.67 0.36 -0.67 -0.88 -0.38 0.28 0.44 0.24 0.58 0.13 -0.28 -0.61 -.994
** -0.26 0.28 -0.40 0.52 -0.27 0.60 -0.64 0.17 -0.73 -0.36 -0.58 -0.01 0.10 0.41 -0.99

Acidobacteriota BS -0.06 -0.44 -0.02 -0.20 -0.49 0.68 0.24 0.77 0.93 -0.09 -0.29 -0.03 0.66 -0.12 0.82 0.75 0.10 -0.38 0.31 -0.64 -0.94 0.94 0.50 .991
** -0.76 0.65 0.55 0.43 0.64 -0.50 0.22 0.78 0.72 0.46 0.71

Nitrospirota RH 0.93 -0.36 0.06 -0.02 0.48 -0.04 0.48 -0.66 -0.26 0.80 0.84 0.53 -0.29 -0.39 -0.17 -0.39 -0.27 0.10 0.71 .960
* 0.08 -0.14 0.48 -0.40 0.24 -0.63 -.977

* -0.41 -0.41 -0.83 0.30 0.98 0.95 0.80 0.33

Nitrospirota BS -0.34 -0.65 -0.82 0.68 0.31 0.86 0.57 0.12 0.21 0.18 -0.77 0.50 -0.22 0.73 -0.01 .962
* -0.65 -0.93 -0.24 -0.61 -0.54 0.31 -0.22 0.45 0.10 -0.05 0.61 0.56 -0.44 -0.23 -0.13 0.57 0.48 0.18 0.88

BGU extent 0.94 -0.86 0.29 -0.15 0.43 -.999
* 0.78 -0.67 -0.39 0.95 0.90 0.61 -0.27 -0.47 -0.24 -.997

* -0.14 0.60 0.68 1.00 0.44 -0.34 0.42 -0.60 0.27 -0.61 -1.000
** -0.68 1.000

** -0.90 0.63 -0.93 -0.96 -.999
* 0.25

BGU hotspot 0.58 -0.83 -0.16 -0.05 -0.01 0.80 0.73 0.23 0.71 0.58 0.20 0.50 0.34 -0.24 0.63 0.62 -0.27 -0.50 0.77 0.00 -0.93 0.83 0.78 0.72 -0.50 0.11 -0.09 0.74 0.28 0.42 0.12 -0.30 -0.40 -0.67 0.91

LAP extent 0.43 -0.98 -0.45 0.57 0.93 -0.70 1.00 -.997
* -0.92 0.90 0.34 0.99 -0.86 0.26 -0.84 -0.67 -0.79 -0.12 -0.02 0.79 0.94 -0.90 -0.32 -0.99 0.86 -0.99 -0.73 -.998

* 0.71 -0.35 0.72 -0.60 0.99 0.91 0.12

LAP hotspot 0.11 0.72 0.85 -0.92 -0.98 0.22 -0.80 0.89 0.99 -0.54 0.20 -0.92 1.000
* -0.73 1.000

** 0.18 0.99 0.62 0.54 -0.35 -0.98 1.00 0.77 0.92 -1.000
* 0.92 0.26 0.88 -0.24 -0.19 -0.25 0.93 -0.85 0.95 0.02

GLU extent 0.64 0.21 .999
* -0.98 -0.72 -0.36 -0.34 0.49 0.75 0.02 0.71 -0.56 0.82 -0.99 0.84 -0.39 0.89 0.95 0.91 0.23 -0.71 0.78 0.99 0.56 -0.83 0.55 -0.32 0.47 0.33 -0.70 0.32 0.98 -0.42 0.83 -0.30

GLU hotspot -0.99 0.51 -0.71 0.60 0.04 0.90 -0.40 0.24 -0.09 -0.70 -1.000
* -0.16 -0.21 0.83 -0.24 0.91 -0.34 -0.91 -0.94 -0.83 0.03 -0.14 -0.80 0.16 0.22 0.17 0.88 0.26 -0.89 .999

* -0.88 -0.57 -0.31 -0.23 -0.73
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2.2.1. Abstract 

Glucose is one of the low molecular weight components of root exudates to mediate the cross-

talk between plants and microbes, but less is known about their contribution to drought 

resistance of plants and root-associated microbiome. To fill this knowledge gap, we optimized 

the visualization of glucose exudation and coupled it with another in situ tool – soil 

zymography - as well as destructive analysis of enzyme kinetics (β-glucosidase; acid 

phosphomonoesterase) and microbial biomass. This helped identify how microbial 

functionality - affected by drought and P limitation - will show more resistance in the hotspots 

of soybean rhizosphere (grown in the rhizoboxes for 10 weeks) associated with arbuscular 

mycorrhizal fungi (AMF) symbiosis than those without AMF. 

Drought reduced glucose exudation, mainly allocated to root tips, and narrowed the rhizosphere 

enzymatic hotspot by three times. However, AMF inoculation enhanced glucose exudation 

compared to non-mycorrhizal plants and enlarged enzymatic hotspot area by 53% under 

drought condition. Despite the 50% reduction in β-glucosidase and acid phosphomonoesterase 

activities owing to water deficit, AMF symbiont triggered up to 36% enzyme activities in 

correlation with the non-mycorrhizal ones. Therefore, the drought resistance of these two 

enzymes was enhanced by up to 63% in mycorrhizal plants. The biomass of microbial 

phosphorus increased by 45% under drought AMF-conditioned plants.  

We conclude that the cooperation between soybean and AMF induced the formation of 

favorable microsites around the root, specifically in overlapping localities between rhizosphere 

and mycorrhizosphere, characterized by enhanced glucose release, increasing rhizosphere 

expansion, high enzyme activities and shortened substrate turnover time. This, in turn, 

contributed to the stronger resistance of microbial functions (e.g., enzyme expression) to 

drought stress in the rhizosphere hotspots. Thus, in response to AMF inoculation and 

consequent high glucose availability, rhizosphere microorganisms increased P mining rate in 

those hotspots remaining active despite water scarcity. 

Duyen Thi Thu Hoang1a, Mehdi Rashtbari1b, Luu The Anhc, Shang Wangb, Dang Thanh Tua, 

Nguyen Viet Hiepd, Bahar S. Razavib* 

2.2. Study 2: Mutualistic interaction between arbuscular mycorrhiza fungi and 

soybean roots enhances drought resistant through regulating glucose exudation and 

rhizosphere expansion 
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Keywords: glucose imaging, rhizosphere, mycorrhizosphere, zymography, microbial 

functional resistance. 

 

2.2.2. Introduction 

Drought severity is projected to be more frequent in the future, posing major challenges for the 

persuasion of sustainable agriculture development globally (Mach et al., 2019). The induced 

water stress affects all aspects of plant growth, such as decreasing leaf area and size, hampering 

photosynthesis (Bruce et al., 2007), reducing the shoot/root ratio (Peña-Rojas et al., 2004, 

2006) limiting aboveground to underground carbon (C) transfer (Fuchslueger et al., 2014, 

2016; Hasibeder et al., 2015; Karlowsky et al., 2018), and C diffusion from roots to rhizosphere 

soil (Gorissen et al., 2004), indirectly affecting microbial activity (Kuzyakov and 

Blagodatskaya, 2015). In addition, water deficit triggers nutrient (e.g., phosphorus (P)) 

accumulation in soil, which is difficult for the plants to take up (Sardans and Peñuelas, 2004).  

Plants have evolved various strategies to counter the negative effects of drought and P 

deficiency, ranging from modification of root morphology to physiological (Wang et al., 2001), 

biochemical, and biophysical processes (Carminati et al., 2010). Most prominently, plants can 

mediate root exudate quality and quantity to facilitate their communication with rhizosphere 

microorganisms (Williams and de Vries, 2020), or form symbiosis with arbuscular mycorrhizal 

fungi (AMF) to increase water and P uptake (Doubková et al., 2012; 2013). If the mediation of 

exudates promotes the recovery of plants, microbial activities, and ecosystem functions after 

drought (Karlowsky et al., 2018), symbiosis with AMF enhances the buffering capacity of the 

plant to drought (Doubková et al., 2013). In fact, root exudates act as signals to attract 

symbionts as AMF to build symbiotic relationships (Peters & Long, 1988; Besserer et al., 

2006). For example, drought increases organic acid exudation in maize, which is an effective 

chemoattractant for Bacillus subtilis (e.g., in the soybean rhizosphere; Allard-Massicotte et al., 

2016) or a nutritional source for Trichoderma spp. (Zhang et al., 2014). Similarly, during 

drought, soybean may benefit from the symbiotic association with AMF, which enhances its 

osmoprotective properties (Pavithra & Yapa, 2018).  In reality, soil systems with high spatio-

temporal variability of properties are often subjected to combined stresses (Brook et al., 2008), 

which can, theoretically, affect plant-microbial cooperation strategy to overcome these 

limitations. However, the plant strategy to overcome drought by mediating symbiosis with 

AMF and regulating primary compounds (e.g., glucose) exudation within rhizosphere under 

nutrient deprivation is poorly investigated.  

Glucose, the primary compound in exudates as an easy available sugar, is among the soluble 

carbohydrates that are adjusted by the roots to adapt to osmotic conditions (Sharp et al., 1990; 

Spollen et al., 2008; Voothuluru et al., 2016). On the other hand, the distribution of glucose 

also corresponds to the nutrient status of the rhizosphere (Marschner, 1998; Hinsinger, 2001). 

Water stress inhibits glucose exudation (Calvo et al., 2019), and instead stimulates the 

accumulation of this compatible solute in roots (Palta and Gregory, 1997) to maintain 

physiological processes such as stomatal conductance, photosynthetic rate (Jacob and Lawlor 

1991; Ghannoum and Conroy 2007), and expansion growth (Morgan, 1984; Bohnert and 

Sheveleva, 1998; Hoffmann, 2010). In contrast, the root secretion of glucose tends to increase 

as a strategy of plants to deal with P deficiency (Carvalhais et al., 2011). Although the exuded 

glucose supposedly varies with plant growth stage (Vancura and Hovadik, 1965), plant species 

(Strickland et al., 2012), and environmental conditions (Calvo et al., 2019), its exudation 

pattern is still obscure, especially as plants suffer the combined effects of drought and P 

deficiency.  

It is well known that glucose is a labile source of energy for microbial community within 

rhizosphere. Despite flavonoids released by plant roots act as a signal to attract AMF symbiont 

(Buee et al., 2000; Antunes et al., 2006), enriched glucose exudation makes rhizosphere more 

https://www.frontiersin.org/articles/10.3389/fmars.2019.00455/full#B4
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attractive to soil microorganisms. The presence of such microbial communities in the 

rhizosphere facilitates nutrient transformation to meet the demands of plants and themselves 

by synthesizing different functioning enzymes. Consequently, the rhizosphere is one of the 

most critical microbial hotspots in the agroecosystem and probably in terrestrial ecosystems. 

However, the formation of such hotspots in the rhizosphere strongly depends on biotic factors 

mediated by root-microbial interactions (Razavi et al., 2016; Kuzyakov and Razavi, 2019) and 

affected by abiotic controls. In other words, the resistance of microorganisms affects the ability 

of the system to maintain ecosystem services even under critical stress conditions (Shade et al., 

2012). To cover the costs of this resistance, energetic adaptation mechanisms (e.g., expression 

of enzymes) are required by individual microbial groups to redirect resources from growth to 

survival-related mechanisms (Schimel et al., 2007).  Accordingly, the microsites with abundant 

resources (e.g., hotspots with high abundance of available C) exhibit strengthened resistance 

in soil ecosystems (Shu et al., 2019). Hence, the significant increase in the distribution of 

rhizosphere microbial hotspots under P-limitation and water-stress conditions can be used to 

evaluate the resistance and recovery threshold of plants with AMF symbiosis.   

Here, we tested the following hypotheses: i) Drought reduces microbial energy resources (e.g. 

root exudate), thus, indirectly changing microbial activity. ii) Microbial functionality - affected 

by drought and P limitation - will show more resistance in the hotspots of soybean rhizosphere 

associated with AMF symbiosis than those without AMF, due to a higher abundance of the 

available substrate (e.g. glucose); iii) AMF increases the accessibility of plants to nutrient 

sources not only by their hypha system but also by enlarging enzymatic rhizosphere size that 

extends soil volume mined by plants and microbes for potentially available nutrients.  

To clarify the hypotheses, soybeans (Glycine max L.) were grown in rhizoboxes containing 

limited-P soil in a greenhouse at 22 °C under optimum water conditions (65% WHC) for 7 

weeks, one more week at transition stage to drought condition followed by two weeks drought 

(25% WHC). Coupled with direct glucose imaging, soil zymography was implemented to 

demonstrate the mediation of C and P transformation and translocation by mycorrhizal roots 

and soil microbial communities to adapt to drought condition and restricted P availability. 

Additionally, microbial biomass P and kinetics of β-glucosidase and acid 

phosphomonoesterase were assayed to interpret the role of AMF symbiosis in the resistant 

capacity of microorganisms under water stress and P deprivation.  

  

2.2.3. Materials and Methodologies          

2.2.3.1. Soil sampling and experimental design 

Soil was collected in January, 2020 from the depth of 0-20 cm of the Ap horizon of an arable 

sandy clay loam, Fluvisol, located in Quang Nam, a southern province of central region of 

Vietnam (15o49’11’’N, 108o09’77’’E). Roots and stones were separated and soil was 

immediately sealed in a plastic bag. The samples were kept cold (~4 °C) during transportation 

to the laboratory. Soil sampled were sieved through a 2 mm mesh in prior to the experiment. 

A small portion of soil was dried under 60 °C, ground and prepared for C and N content 

analysis.  

The soil consisted of 61% sand, 18.4% silt, 20.6% clay, with a pH 6.8, OC 11.2 g kg-1, TN 0.9 

(g kg-1), available P 28 (mg kg−1). The soil C and N were measured by Isoprime 100 (Elementar, 

Germany). The total available P fraction (Olsen P) was determined by the method of DeLuca 

et al. (2015) where 0.5 g of fresh soil was extracted with 10 mL of 0.5M NaHCO3 solution 

(Olsen et al., 1954). 

 

2.2.3.2. Arbuscular mycorrhizal fungi colonization 

Glomus mosseae inoculum was provided by Division of Microbiology, Soil and Fertilizers 

Research Institute, Vietnam. Briefly, arbuscular mycorrhizal fungi spores were isolated from 

https://www.sciencedirect.com/topics/earth-and-planetary-sciences/sandy-clay-loam
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rhizopheric soil of pomelo growing in Gleyic Fluvisols (Flg) located in Phu Tho province, 

Vietnam. The fungus was propagated on maize root grown in greenhouse for 8 weeks (Tarafdar 

and Marschner, 1995), and the spores were surface sterilized to make inoculum for the 

experiment. We chose this fungal species because Glomus mosseae (G. Mossea) is a crucial 

AM fungus species in agricultural system (Benedetto et al., 2005) that is ubiquitous in 

worldwide ecosystems.   

 

2.2.3.3. Plant and Experimental setup 

The cultivar of soybean was Glycine max L. DT96 characterized with drought resistant 

capacity, which was provided by Agricultural Genetics Institute of Vietnam. Soybean seeds 

were sterilized with 70% ethanol and 10% hydrogen peroxide, and rinsed thrice with distilled 

water (Ibiang et al., 2017). These sterilized seeds were germinated on wet filter paper in a petri 

dish for three days before transplanting into rhizoboxes.  

Treatments with and without AMF were set up in separate boxes. Zymography and glucose 

imaging were performed in different rhizoboxes to avoid cross effects of the two imaging 

methods. Thus, soil was packed in 24 transparent rhizoboxes (20 × 20 × 3 cm). The experiment 

consisted of four treatments (drought vs. optimum, AMF vs. no-AMF), each of which was 

replicated thrice to measure zymography, enzyme kinetics, and microbial biomass P. 

Simultaneously, another set of drought vs. optimum treatments with three replications 

inoculated with and without AMF was prepared for glucose imaging. To evaluate the effects 

of mycorrhiza on soybean drought resistance, 20 g of mycorrhiza inoculum (Glomus mosseae, 

> 100 cell g-1) (Ruiz-Lozano et al., 2001) was added to 12 rhizoboxes.  

The rhizoboxes were placed horizontally with one side open and then soil was slowly and 

continuously poured into the rhizoboxes through a 2 mm sieve to achieve a uniform soil 

packing. The open side was then closed, the samples were turned vertically, and they were 

gently shaken to achieve a stable soil packing. All the rhizoboxes were kept inclined at 45o 

with the open side facing down like a door in the greenhouse chamber at 20-22 °C and light 

intensity of 330 µmol m-2 s-1. The emplacement of the rhizoboxes ensured root growth along 

the lower side of the boxes. The rhizoboxes were covered with aluminum foil to prevent algal 

growth. Soil moisture in each rhizobox was gravimetrically measured every two days to ensure 

65% water holding capacity (WHC) during the first 7 weeks of the experiment, and distilled 

water was added if necessary. After that, drought condition (25% WHC) was set up in half of 

the 24 rhizoboxes by for two weeks (excluding 1 week of transition from 65%WHC to 

25%WHC), the rest of the boxes were maintained at 65% WHC till harvest. Briefly, the growth 

of soybean was kept for 7 weeks at optimum moisture followed by 1 week at transition stage 

from optimum to drought and 2 more weeks at 25% WHC for drought treatment. The samples 

were collected after 10 weeks of the experiment (Appendix 1). 

 

2.2.3.4. Staining arbuscular-mycorrhizal fungal colonizations in root  

Root branches were randomly cut off from three plant replicates of each treatment. Root 

staining was implemented according to Vierheilig et al. (1998). Firstly, roots were boiled with 

KOH for 5 minutes and rinsed with tap water several times. Solution of black ink (Pelikan; 

Germany) and vinegar was used to boil the cleared roots for 3 minutes, followed by pure 

vinegar rinse. The stained arbuscules and their hyphae were observed and imaged under a light 

microscope (Vierheilig et al., 2005). 

 

2.2.3.5. Glucose imaging: method optimization 

The exudation of glucose was first visualized in gel-based approach which demonstrated a 

dependence of spatial and temporal pattern of glucose distribution on plant species, soil 

moisture, and root compartments (Voothuluru et al., 2018). In situ glucose imaging was 
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performed for AMF-inoculated and AMF non-inoculated rhizoboxes, which were divided into 

three droughts and three optimum conditions. Here, we optimized the method for soil matrix 

from protocols proposed by McLaughlin and Boyer (2004) and Voothuluru et al. (2018). 

Accordingly, phosphate powder was dissolved in distilled water to make a buffer solution of 

0.05 M. 100 mL buffer solution was added to 0.00107 g glucose oxidase from Aspergillus niger 

(G7141-10KU, Sigma Aldrich, Germany), 0.003 g peroxidase from horseradish, and 0.005144 

g Ampliflu red (C14H11NO4, 90101-5MG-F, Sigma Aldrich, Germany) dissolved in 60 µL 

dimethylsulfoxid (Sigma Aldrich, (CH3)2SO). Parallelly, polyamide membrane filters 

(diameter 20 cm, pore size 0.45 µm - Tao Yuan, China) were cut to fit the size of the rhizobox. 

These membranes were saturated with the prepared solution prior to being attached to rooted 

sides of the rhizoboxes. In this study, glucose imaging was further developed by integrating 

the solution described above that becomes red when glucose oxidase and horseradish 

peroxidase (EC No. 232-668-6, Sigma Aldrich, Germany) catalyzes glucose-based conversion 

of colorless Ampliflu Red into magenta-colored resorufin, using membranes instead of gel. 

This modification enables glucose imaging at the soil surface and strongly reduces the diffusion 

artifacts occurring in gel.  

After 20 minutes of incubation, membranes were quickly removed and placed in a dark room 

under UV light of 355 nm wavelength (an optimal incubation time should be tested in advance 

‒ time may differ between plants species). The magenta-colored area on the membrane 

indicated glucose exudation as hydrogen peroxide generated from the reaction between glucose 

and the enzyme glucose oxidase, catalyzed by horseradish peroxidase, converted colorless 

Ampliflu red into magenta color. 

 

2.2.3.6. Soil Zymography 

In order to localize hotspots of enzymatic activity at soil surface, the protocol of zymography 

was applied according to Razavi et al. (2019). In details, 4-methylumbelliferyl-phosphate 

(MUF-P, C10H9O6P, EC No. 222-137-7, Sigma Aldrich, Germany) solution was prepared in 

Dimethyl sulfoxide (DMSO, (CH3)2SO, Sigma Aldrich, Germany) to prepare the solution of 

10 mM. This substrate was used to detect acid phosphomoasterase activity.  

The polyamide membrane filters (Tao Yuan, China) with large pore size of 0.45 µm were 

selected to reduce the restriction of enzyme diffusion through the pores. The cut membranes 

that match well with the door of rhizoboxes were soaked into the substrate solution. The 

membranes were directly applied to root-exposing side, and covered outside with aluminum 

foils to avoid dry out. After one hour of incubation, the membranes were lifted off and cleaned 

with a soft brush, then exposed to UV light of 355 nm wavelength excitation and 460 nm 

emission wavelength in a closed room. Beside analysis of rhizosphere size, the zymograms 

were used as a map to localize hotspot of acid phosphomoasterase activity (Fig. 2.2.1). The soil 

samples were collected from all the identified hotspots of each rhizobox and the mixed soils 

were split into 2 subsamples for further analysis (1 for enzyme kinetics, 1 for MBP). 

 

2.2.3.7. Calibration lines 

Glucose imaging was calibrated by soaking individual 2 cm2 membrane in glucose solution at 

respective concentration of 0, 2, 4, 6, 8 and 10 mM and then placed in reaction mixture 

containing Ampliflu Red, glucose oxidase and horse radish peroxidase for 30 sec. These 

membranes were exposed under UV light in the same way as the samples. Calibrated values 

were used to quantify color intensity of the glucose release and relate glucose release to the 

gray-value. Fluorescent signals on an area basis were calculated based on the volume of 

substrate solution taken up by a fixed membrane size.  

Zymography processing was calibrated by soaking individual 3 cm2 membrane in MUF 

solution at respective concentration of 0.01, 0.2, 0.5, 1, 2, 4, 6 and 10 mM. These membranes 
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were exposed under UV light in the same way as the samples. Calibrated values were used to 

quantify color intensity of the zymograms and relate enzyme activity to the gray-value. 

Fluorescent signals of MUF on an area basis were calculated based on the volume of substrate 

solution taken up by a fixed membrane size. 

 

2.2.3.8. Photography and processing glucose and zymography images  

All the images were taken with a digital camera (Canon EOS 6D, Canon Inc.), with a Canon 

lens EF 24–105 mm 1: 4L IS with the setting of aperture and shutter speed at f/5.6 and 1/30 s 

respectively. The fixation of distance from the camera to UV light source and membranes was 

to ensure constancy in image qualification, comparable quality of image processing for all 

samples. 

The image processing and analysis was conducted in ImageJ and Matlab. For image processing, 

all the taken images (glucose images and zymograms) were i) transformed to 16-bit grayscale 

value; ii) adjusted the background and contrast levels; iii) segmented roots and iv) converted 

grayvalue to enzyme activities and glucose intensity. The segmented roots and their radius were 

calculated using the Euclidean distance map function in Matlab (Menon et al., 2007; 

Zarebanadkouki and Carminati, 2014). The hotspot areas were determined as top 25% higher 

enzyme activities after subtracting background values at zero concentration of the calibration 

line from all zymograms (Ma et al., 2017).  

Hotspot percentage was calculated based on the pixel size proportion of hot area to the entire 

image. Rhizosphere extent of each individual root was calculated from root surface.  

 

 

2.2.3.9. Enzyme kinetics, substrate turnover time and resistance of enzyme activity under 

drought condition influenced by AMF 

According to the zymograms, samples from the rhizosphere hotspots were collected. These 

samples were preserved at 5 oC and measured the next day. Supposing that drought restricted 

photosynthesis so may affect above-underground C translocation. On the other hand, AMF 

presence stimulated P uptake by plants under stressed conditions and P deficiencies. Therefore, 

two enzymes were selected to investigate the interaction between roots and microorganisms 

including: β-glucosidase and acid phosphomonoesterase. The kinetics of these two enzymes 

were determined using fluorescent substrates (Sigma Aldrich, Germany). MUF β-D-

glucopyranoside (MUF-G) was used for the determination of β-glucosidase and 4-

methylumbelliferyl-phosphate (MUF-P) for acid phosphomonoesterase. According to German 

et al., (2012), 1.0 g soil was suspended in 50 mL sterile water of which 50 μL suspension was 

pipetted in a 96-well microplate (Puregrade, Germany). Then, 50 μL MES hemisodium buffer 

(pH 6.5) (MES, C6H13NO4SNa0.5, Sigma Aldrich, Germany) and 100 μL respective substrate 

solution were added subsequently in each well. The activity of each enzyme was measured at 

3 time points: 30, 60 and 120 min. using CLARIOstar plus (BMG LABTECH, Germany) at an 

excitation wavelength of 355 nm and an emission wavelength of 460 nm. Enzyme activities 

(Vmax) were denoted as released MUF in nmol per g dry soil per hour (nmol MUF g-1 soil h-1) 

(Awad et al., 2012) at the time point of 120 min. The linear increase of fluorescence overtime 

during the assay was properly checked and data obtained after 2 h was used for further 

calculation (German et al., 2011). Simultaneously, a range of MUF concentration of 0, 10, 20, 

30, 40, 50, 100, 200 μM were prepared to calibrate the measurement. 

The determination of Km and Vmax was conducted by fitting the measured values to Michaelis-

Menten equation (1): 

𝑣 =  
𝑉𝑚𝑎𝑥×[𝑆]

𝐾𝑚+[𝑆]
                                         (1) 
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where v is the reaction rate, Vmax is the maximum reaction rate at saturated substrate 

concentration, [S] is substrate concentration, Km is the substrate concentration at which the 

reaction rate attains a half of maximum. 

Based on Vmax, Km and [S] values, we calculated turnover time (Tt) of the added substrates 

according to equation (2) suggested by Panikov et al., (1992) and Larionova et al., (2007): 

        Tt (hours) = (Km + S)/Vmax               (2)       

Since drought triggers less proportion of C allocation to root rhizosphere (Gao et al., 2021), the 

low substrate concentration (equal to Km) was chosen to calculate the turnover time of added 

substrates.    

In order to evaluate the role of AMF in improving drought resistant capacity of soybean 

rhizosphere’s enzyme activity, the resistance index (RS) was interpreted based on equation (3) 

(Orwin and Wardle, 2004): 

𝑅𝑆 (𝑡0) = 1 −
2|𝐷0|

𝐶0+ |𝐷0|
                          (3) 

where D0 is the amount of the difference in a biological function between the control soil (C0) 

(here enzyme activity) and the drought soil at the end of disturbance (t0). This resistance index 

is between -1 and +1, where +1 indicates no effects of disturbance (maximum resistance). 

 

2.2.3.10. Microbial biomass phosphorus (MBP) 

Microbial biomass phosphorus was determined by chloroform fumigation-extraction using 

anion exchange membrane (Kouno et al., 1995; Yevdokimov and Blagodatskaya, 2014). To 

prepare for the experiment, anion exchange membrane (AEM) strips were shaken with three 

sequential changes in 200 mL 0.5 mol L−1 NaHCO3 for 24 h, then washed three times and kept 

in deionized water until use. Subsequently, each pair of 50-mL tube (for fumigation and non-

fumigation purposes) contains the same sample equivalent to 3 g dry soil were filled with 30 

mL of deionized water. The fumigated tube was added with 300 μl of chloroform to solubilize 

microbial biomass P. One anion exchange membrane (AEM) strip was placed in fumigated and 

non-fumigated tubes. These tubes were shaken for 24 h continuously to induce the recovery of 

inorganic P from the soil extract. After shaking, AEM strips were lifted out of the tubes and 

gently washed again in deionized water prior to being submerged into another centrifuge tube 

filled with 45 mL of 0.25 M H2SO4. Tubes containing membranes and 0.25 M H2SO4 were 

shaken for three hours to release membrane-fixed P back to the solution. 150 μL acid extract 

was mixed with 30 μl Reagent 1 (prepared with 14.2 mmol L-1 ammonium molybdate 

tetrahydrate in H2SO4 3.1 M) and Reagent 2 (prepared with 3.5 g L-1 aqueous polyvinyl alcohol 

reagent and malachite green) (D'Angelo et al., 2001) in disposable 96-well polystyrene 

microplates. These microplates were exposed to 40 oC for 30 – 40 min in a dryer (thermostat) 

and read at 630 nm in CLARIOstar plus (BMG LABTECH, Germany).  

 

2.2.3.11. Data analysis and statistics 

All the statistical analyses were performed in Sigma-Plot 14.0. One-way ANOVA was applied 

to categorize hotspot boundary and hotspot intensity. The significant differences in enzyme 

activities, rhizosphere extent, hotspot percentage, substrate turnover time and drought 

resistance, microbial biomass P between droughts vs. optimum, with AMF vs. without AMF 

were confirmed by Two-Way ANOVA after checking normality and homogeneity of values. 

A probability level of p < 0.05 or p < 0.001 indicated the significance in comparison. Error 

bars indicate the standard error of the means. 

 

2.2.4. Results 

The staining technique with ink and vinegar demonstrated the colonization of AMF in 

mycorrhizal plant roots (Fig. S2.2.1). Our measurements showed that drought reduced the 
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shoot length by 1.3-1.5 times but the reduction of root length is less than shoot length. AMF 

inoculum strongly increased shoot length by 1.38 times at optimum condition and by 1.24 times 

in drought condition (Fig. S2.2.3). 

 

2.2.4.1. Glucose exudation from root tips 

In glucose imaging, decreasing the release of glucose was demonstrated in color bars 

in which white color showed the highest glucose exudation. Under optimum conditions, 

glucose was mainly exuded along the roots and root tips (Fig. 2.2.1). On the contrary, under 

drought condition, glucose exudation was more focused on the root tips. However, a higher 

release of glucose was observed in the rhizosphere under AMF-drought than control-drought. 

 

2.2.4.2. Enzymatic hotspots and rhizosphere size 

In the absence of AMF, drought reduced acid phosphomonoesterase hotspot percentage 

by three times compared to optimum condition, while AMF inoculation further reduced it to 

two times (Fig. 2.2.2a). The presence of AMF increased the hotspot area by 40% and 53% in 

optimum and drought conditions, respectively, compared to respective conditions without 

AMF. Enzymatic hotspot area increased by 9% under drought than optimum conditions with 

AMF symbiosis. 

 
Figure 2.2.1. Upper row shows glucose release (nmol/cm2), for treatment with and without AMF (control), 

under optimum and drought conditions. Lower row: shows zymograms of acid phosphomonoesterase 

(pmol cm-2 h -1). 

 

Water stress triggered a reduction of rhizosphere size by 78% when compared to the 

optimum condition (Fig. 2.2.2b). In contrast, in plants inoculated with AMF, rhizosphere extent 

under stress effects was almost the same as that under optimum condition (without AMF), and 

71% higher than non-mycorrhizal rhizosphere under the same stress. 
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Figure 2.2.2. Hotspot percentage (a) and rhizosphere extent (b). Lower case letters: significant differences 

between optimum and drought at p < 0.05; upper case letters: significant differences between control and 

AMF at p < 0.05. 

 

2.2.4.3. Enzyme kinetics, turnover time, and resistance to drought 

Activities of β-glucosidase and acid phosphomonoesterase decreased by approximately 

50% owing to water deficit, irrespective of AMF or non-AMF inoculation (p < 0.001, Fig. 

2.2.3). Km value of both enzymes considerably increased (p < 0.001) in mycorrhizal plants in 

comparison to non-mycorrhizal ones, regardless of optimum or drought conditions (Fig. 

S2.2.2).   

 
Figure 2.2.3. Michaelis-Menten kinetics (enzyme activity as a function of substrate concentration) for (a) 

β-glucosidase (GLU) and (b) acid phosphomonoesterase (PHOS). The bar indicated standard error. 
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While substrate turnover times of β-glucosidase and acid phosphomonoesterase were 

at least 56% shorter in optimum condition than in drought (p < 0.001, Fig. 2.2.4), AMF 

symbiont reduced the turnover time of these enzymes by up to 28%, especially under drought. 

Additionally, the drought resistance of β-glucosidase and acid phosphomonoesterase activities 

was enhanced by 63% and 57%, respectively, in mycorrhizal plants (p < 0.05, Fig. 2.2.5). 

 
Figure 2.2.4. Substrate turnover time at optimum and drought condition with and without AMF 

inoculation. Lower case letters: significant differences between optimum and drought at p < 0.05; upper 

case letters: significant differences between control and AMF at p<0.05. GLU: β-glucosidase, PHOS: acid 

phosphomonoesterase. 

 
Figure 2.2.5. The resistance of enzyme activity to drought (i.e. RS (t0) = 1- (2|D0| / (C0 + |D0|)). Letters 

indicate significant differences between control and AMF treatment of respective enzyme after Student’s t 

test at p < 0.05. 

 

2.2.4.4. Microbial biomass phosphorus 

Drought resulted in a two-fold decrease of microbial biomass P (MBP) in both control 

and AMF treatments (Fig. 2.2.6). Nevertheless, biomass of microbial P increased by 50% and 

45% under optimum and drought conditions, respectively, in plants inoculated with AMF.  
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Figure 2.2.6. Microbial biomass phosphorus. Drought resulted in two-fold decrease of microbial biomass 

phosphorus (MBP) in both control and AMF treatments. Nevertheless, biomass of microbial phosphorus 

increased 50% and 45% in respective optimum and drought conditions as plant was inoculated with AMF. 

Lower case letters: significant differences between optimum and drought at p < 0.05; upper case letters: 

significant differences between control and AMF at p < 0.05. 

 

2.2.5. Discussion 

2.2.5.1. How AMF presence affected glucose exudation and enzymatic hotspot within 

rhizosphere? 

In line with our first and second hypothesis, glucose exudation highly relied on moisture 

condition, as suggested by Vancura and Hovadik (1965) and Calvo et al. (2019). Under 

optimum condition, glucose was homogeneously exuded along the root as well as root tips, but 

drought dramatically reduced glucose exudation along with a total decrease in exudation (Liese 

et al., 2018), especially from the mature part of the root (Fig. 2.2.1). Remarkably, AMF strongly 

boosted glucose hotspots in comparison to non-mycorrhizal plants. Glucose exuded from root 

characterized by lability and ready utilization can be directly absorbed by AMF as a C source 

(Bago et al., 2000; Bücking et al., 2008) to stimulate AMF hyphae branching and lengthening. 

On the other hand, AMF may contribute to glucose release, for instance, by the expression of 

β-glucosidase and mobilizing oligo- and polysaccharides or glycosylated compounds. 

Therefore, the enhanced glucose exudation was attributed to the concomitant direct secretion 

from plant roots or product of β-glucosidase activity within rhizosphere. This accelerated 

glucose availability within the mycorrhizosphere (Kraigher et al., 2013), the zone of influence 

in the vicinity of fungal hyphae (Tarafdar and Marschner, 1994), which compensates C 

deprivation of rhizobiota due to drought (Asensio et al., 2021). As a consequence, acid 

phosphomonoesterase hotspots percentage and rhizosphere extent increased by up to 53% and 

71%, respectively, in mycorrhizal plants when compared with non-mycorrhizal plants under 

water scarcity (Fig. 2.2.2). AMF can play the role of root hairs and enlarge the overall extent 

of the absorbing surface of the host roots (40 times) (Muchovej, 2004; Pepe et al., 2016).   

P is well known as one of the most essential nutrients for plant growth and is quickly taken up 

by plant roots resulting in a P depletion zone in the adhering vicinity of host roots (Lewis & 

Quirk, 1967; Hinsinger et al., 2009; Shen et al., 2011). However, water deficiency strongly 

inhibits soil P bioavailability (Sardan et al., 2007) in contrast to the increasing demand of P by 

plants under stress condition (He et al., 2014). The extension of the enzymatic rhizosphere is 

expected to compensate the P-depletion zone, especially under increasing water stress 

condition. The fungus mycelium system can approach microaggregate-trapped P and 

efficiently transport P into plant roots (Smith and Read, 2008; Schnepf et al., 2011). The spread 
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of external mycelium is coincidental with the synthesis of acid phosphomonoesterase by fungi 

(Tarafdar and Claassen, 1988; Dakora and Phillips, 2002) to facilitate P availability, which 

apparently contributed to higher hotspot percentage and rhizosphere extent in host plants than 

in non-host plants. Coupling with the glucose distribution pattern above, we conclude that 

plants sustain a mutual communication with rhizosphere microorganisms by diffusing more 

glucose along the plant roots associated with AMF as a strategy to adapt to water limitation. In 

turn, AMF boosts the P availability for plants in the enzymatic pathway by enlarging acid 

phosphomonoesterase hotspots and rhizosphere expansion. Consequently, shoot length 

increased by 1.24-1.37 times in AMF inoculation regardless of optimum or drought condition. 

Considering the fact that many hotspots have a mixed origin and mixed-use, it becomes more 

evident that the overlapping area between rhizosphere and mycorrhizosphere accelerates 

microbial activity around the roots (Fig. 2.2.7). Thus, AMF stimulated microbial-mediated 

processes and extended hotspots around the roots under water stress by forming favorable 

microsites for microorganisms which supported soybean performance. 

 

2.2.5.2. How AMF symbiosis affected enzyme kinetics and its drought resistance? 

In agreement with our second hypothesis, AMF symbiosis significantly enhanced β-

glucosidase and acid phosphomonoesterase activities, compared with non-mycorrhizal plants, 

irrespective of optimal moisture or water deficiency (p < 0.001). This finding confirms that 

AMF promotes enzymatic activities, especially that of acid phosphomonoesterase (Welc et al., 

2014) through possible stimulation of bacteria, fungi or plant roots (Joner and Jakobsen,1995; 

Yang et al., 2012; Nannipieri et al., 2011). C demand of AMF facilitates the synthesis of β-

glucosidase by either bacteria or fungi (Pathan et al., 2017) to decompose root exudates 

containing carbohydrates and root slough-off. In addition, glomaline produced by AMF stores 

4–5% of the total tropical soil C (Rillig et al., 2001) which promotes the β-glucosidase activity. 

Meanwhile, acid phosphomonoesterase was synthesized by both plant roots and fungal hyphae, 

leading to the increase in acid phosphomonoesterase activity in mycorrhizal plants. The higher 

Km values in AMF inoculated plant independent of water content indicated different enzyme 

systems with lower substrate affinity compared to control without AMF (Razavi et al., 2016b). 

The change of enzyme systems reflected a probable shift in dominant microbial populations 

toward species with lower affinity to celluloses and organic P-compounds as compared to the 

control (Zhang et al., 2020) indicating action of fast-growing microorganisms with low 

efficiency within the rhizosphere‒mycorrhizosphere hotspots.  

Our findings for both β-glucosidase and acid phosphomonoesterase was consistent with the 

results of a previous study on the reduction of enzyme activities as a result of water stress 

(Alster et al., 2013). This reduction might be the result of i) reduced diffusion of substrate to 

enzymes in suboptimal moisture (Nannipieri et al., 2002) and ii) adsorption of enzymes on soil 

particles (Steinweg et al., 2012) under drought. 

At low substrate concentration (< 20 μmol g-1 soil), we detected a similar reaction rate of acid 

phosphomonoesterase under drought independent of AMF inoculation (Fig. 2.2.3). These 

results can be explained by an increase of Km, which is in the denominator of the Michaelis-

Menten equation (1). Therefore, the positive effects of AMF on Vmax were canceled by the 

Km increase. A much greater increase in Km (substrate affinity decreased) than in Vmax 

canceled the differences in acid phosphomonoesterase activities at substrate concentrations 

below 20 μmol g-1 soil under drought. Thus, the decomposition of organic P-compounds under 

drought was accelerated only at substrate levels exceeding that threshold. Accordingly, 

increased turnover time of added substrates by enzymes, under drought demonstrates that the 

decomposition of soil organic matter was delayed under water stress condition due to lower 

activities of enzymes. AMF symbiont showed a faster degradation of substrates under drought 

condition, with up to 28% reduction in turnover time in the mycorrhizal rhizosphere. This 
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reduction is critical in improving C and nutrient transformation, especially P compounds within 

the rhizosphere, under water stress.  

Effects of drought on soybean varies with its growth stage but most severe during vegetative 

and flowering timing (Desclausx et al., 2000) which showed more influences on shoot length 

than root length in our experiment (Fig. S2.2.3). As a result of AMF symbiosis, shoot length 

was significantly improved in comparison to plant without AMF. Moreover, AMF plays a 

leading role in enhancing drought-resistance of both β-glucosidase and acid 

phosphomonoesterase enzymes. As mentioned in a review by Dodd et al. (2000), greater 

allocation of sucrose to mycorrhizal roots maintains AMF growth and also retains sustainable 

plant production. The observed increased glucose excretion under drought treatment might 

have a function similar to that of sucrose in enhancing drought resistance of these two enzymes. 

Although the role of AMF hyphae in sustaining soil micro-aggregates is not within our research 

scope, we speculate that AMF-synthesized glomaline glues separate soil particles to make soil 

water-stable aggregates (Wu et al., 2008), facilitating drought resistance of β-glucosidase and 

acid phosphomonoesterase enzymes.  

Given that drought dramatically reduced microbial biomass P (MBP) because of increasing P 

accumulation in soil accompanied with water limitation, AMF enormously improved MBP. 

Remarkably, AMF showed positive effects on MBP not only under drought but also under 

optimum conditions. This result implies that P is increasingly mobilized by AMF which was 

not only transported into the host plant but also served the soil microbes demand for P. This 

role of AMF is more critical as plants encounter simultaneous P deficiency and water 

limitation.  

Overall, the stronger resistance of enzyme activities to drought in AMF-inoculated than in non-

mycorrhizal suggests that microorganisms associated with mycorrhizal root have a higher 

capability to react to altered abiotic environmental conditions than those associated with non-

mycorrhizal roots. The mycorrhization induced an interactive regulation of soybean glucose 

exudation and rhizosphere expansion for enzyme activities. This contributed to the resistance 

of microbial functions (e.g., enzyme expression) to drought stress in AMF-inoculated than in 

non-mycorrhizal soybean. AMF-inoculation suppressed adverse drought effects on plant and 

microbial nutrient mining, which has substantial implications for controlling microbial roles in 

organic matter decomposition and P cycling.  
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2.2.8. Graphical abstract 

 
2.2.9. Appendix 

 
Appendix 2.2.1. Experiment design of soybean with four treatments: optimum (65% WHC) vs. drought 

(25% WHC) and AMF vs. no-AMF. Soybean grew under optimum condition for 8 weeks prior to a stress 

suffer for extra 2 weeks until harvest. 
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2.2.10. Supplementary figures 

 
Figure S2.2.1. Arbuscular mycorrhiza fungi well accommodated in the roots. The image was taken using 

staining technique. 

 
Figure S2.2.2. Km values of β-glucosidase and acid phosphomonoesterase in mycorrhizal and non-

mycorrhizal plants. Higher Km value in mycorrhizal plants than non-mycorrhizal plants indicated different 

enzyme systems with lower substrate affinity. Lower case letters: significant differences between optimum 

(Opt) and drought at p < 0.05; upper case letters: significant differences between control and AMF at p < 

0.05. GLU: β-glucosidase, PHOS: acid phosphomonoesterase. 

 
Figure S2.2.3. Drought reduced the shoot length by 1.3-1.5 times but the reduction of root length is less 

than shoot length. AMF inoculum strongly increased shoot length by 1.38 times at optimum condition and 

by 1.24 times at drought condition. 
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2.3.1. Abstract 

Plants modify their rhizosphere through root exudates to recruit beneficial organisms, thus 

creating a protective zone around their roots. Changes in exudate compounds, such as glucose, 

can impact the abundance and activity of rhizosphere microorganisms. In this study, we 

investigated the presence of glucose in the rhizosphere of an economically important crop. We 

employed soil zymography, soil β-glucosidase enzyme kinetics, and microbial activity indices 

(such as respiration). Our aim was to offer new insights into microbial functionality by 

establishing connections between root exudation patterns and microbial activity. We conducted 

this study in the bulk soil and rhizosphere of first (W1) and third (W3) wheat after a break crop. 

Sampling occurred at two different times: t1 (four weeks after sowing, BBCH 13) and t2 (eight 

weeks after sowing, BBCH 29). W3 demonstrated a lower proportion of hotspots for glucose 

release at t2, with a 31.7% decline compared to W1. Additionally, presence of glucose at wheat 

root tips dropped by 19.4% in W3 compared to W1 at t1. At t2, the highest glucose presence 

at root tips was obtained in W1 with 403.3 nmol cm-2, while W3 resulted in 20% less glucose 

presence. Accordingly, the maximum rate of β-glucosidase enzyme activity decreased by ~71% 

and 47% in the rhizosphere and bulk soil compartments at t2 compared to t1 in W1, while the 

respective values for W3 were ~82% and 83%, respectively. The microbial biomass C indicated 

a considerable decrease, resulting in lower enzyme activity for W3 compared to W1 samples. 

We concluded that successive wheat cultivation affected rhizosphere processes in terms of 

glucose exudation and enzyme activities, and that W3 not only resulted in lower glucose release 

and enzyme activity but also led to the production of less efficient enzymes with higher Km 

values and lower catalytic efficiency. This may result in weaker, less healthy plants in 

successive wheat cultivation without a microbial protection zone around roots, leading to 

higher pathogen susceptibility and ultimately lower yields. Also, our method efficiently 

localized glucose exudation from wheat roots and has great potential to be expanded for the 

visualization of other sugars in the exudates. 

Keywords: monoculture, root exudates, rotation, wheat, zymography 

 

2.3.2. Introduction 

Root exudates play a crucial role in shaping soil microbial community assembly (Zhalnina et 

al., 2018) and influencing biogeochemical processes that impact plant growth (Bakker et al., 

2018; Blagodatskaya et al., 2021). These processes encompass C and nutrient dynamics, as 

well as the root-soil defense system (Kuzyakov and Razavi, 2019). The rhizosphere, the soil 
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zone surrounding plant roots, is characterized by a dynamic interaction between the rhizosphere 

microbiome and roots (Kennedy and de Luna, 2005, Giongo et al., 2024). Plants release a range 

of organic substances derived from photosynthesis into the rhizosphere, stimulating the 

proliferation of specific microbial groups in a plant species and soil type-dependent manner. 

This results in the formation of an environment rich in organic compounds. This dynamic 

environment can either stimulate or inhibit microbial communities, depending on the 

availability and composition of these compounds (Berg and Smalla, 2009; Hinsinger et al., 

2011). Numerous studies have demonstrated that plants shape the composition and diversity of 

microbial communities in the rhizosphere through exudate-mediated interactions (Houlden et 

al., 2008; Chen et al., 2019). Moreover, plants can remodel the rhizosphere microbial 

communities in response to pathogen attacks (Li et al., 2020). 

Boyer et al., (2010) reported that wheat (Triticum aestivum) and barley (Hordeum 

vulgare) release about 1 to 11 percent of their fixed C into the soil through rhizodeposition. 

This process involves the secretion of primary metabolites, such as sugars, amino acids, and 

organic acids, which make up the majority of root exudates (Canarini et al., 2019). Notably, 

Derrien et al., (2004) used stable C isotope tracing to show that up to 21% of the C fixed during 

wheat photosynthesis is released through root exudation. Glucose, a dominant sugar in root 

exudates of various plant species (Gunina and Kuzyakov, 2015), accounts for approximately 

40-50% of exudates (Hütsch et al., 2002). As glucose is readily available in root exudates 

(Jones et al., 2009), it can directly influence the proliferation and function of potentially 

beneficial microorganisms in the rhizosphere (Finzi et al., 2015). 

There is significant competition among microorganisms in the rhizosphere for nutrients 

and niches, which depend on these resources (Wang et al., 2021). As crops continue to grow, 

developmental senescence causes a decrease in root exudation and glucose production 

(Prudence et al., 2021). This intensifies competition on the root surface and reduces enzyme 

activity, which is directly related to the amount of available substrate (Allison and Vitousek 

2005). This competition can lead to a decline in the abundance and activity of plant-beneficial 

microorganisms, as supported by studies such as Peralta et al. (2018), which observed reduced 

activity of antagonistic microorganisms. This reduction significantly impacts the rhizosphere 

microbiome, consequently affecting their function and ultimately influencing plant 

performance. 

Glucose, a prevalent soluble carbohydrate abundant in root exudates, plays a pivotal 

role in facilitating root adaptation to dynamic environmental conditions (Canarini et al., 2019). 

Its consistent presence amid fluctuations in root exudate composition due to varying soil 

moisture, temperature, and nutrient availability underscores its significance in driving 

microbial activity within the rhizosphere (Hütsch et al., 2002). The influence of glucose 

extends beyond its role as a mere energy source. Studies have suggested its involvement in 

modulating root exudation patterns in response to environmental cues, thereby shaping the 

rhizosphere's microbial community structure (Smith and Read, 2008). For instance, glucose 

availability has been linked to alterations in microbial diversity and enzymatic activities, 

influencing nutrient cycling processes and potentially affecting plant nutrient uptake (Qi et al., 

2022). Wild et al. (2014) found that glucose can actively engage in soil carbon metabolism 

processes by serving as both a carbon and energy source. Studies conducted in pure cultures 

have demonstrated that glucose molecules engage with microbial chemoreceptors, eliciting 

diverse biochemical responses. This finding holds significance for the study of soil microbes 

(Kirby, 2009). 

The complexity of the rhizosphere extends beyond glucose availability, as the amount 

and composition of root exudates are subject to modulation by a range of biotic and abiotic 

factors (Gargallo-Garriga et al., 2018). Plant-mediated manipulation of microbial populations 

through sugar secretion, as seen in studies by Pascale et al., (2020), exemplifies the dynamic 
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interactions that occur. Additionally, the role of pathogens cannot be underestimated, as they 

harness sugar fluxes from plant roots to potentially enhance their growth and increase plant 

susceptibility to infection (Meteier et al., 2019). The intricate orchestration of these processes 

becomes evident through observations of increased glucose efflux into the root apoplast during 

the activation of sugar transporters, potentially serving as a strategy employed by pathogens 

(Chen et al., 2010; 2015). 

Changes in exudate composition have implications for plant health, soil properties, and 

rhizosphere microorganisms. Higher sugar content in root exudates may be associated with 

pathogen resistance in plants, as sugars provide energy for defense responses and interact with 

hormonal signalling pathways (Meteier et al., 2019). For instance, elevated glucose levels in 

root exudates of Arabidopsis thaliana enhance the activity of defense enzymes against fungal 

pathogens (Naseem et al., 2012). However, root exudates can have differential effects on 

beneficial microorganisms and soil-borne pathogens (Jones et al., 2004), and the specific 

factors contributing to these effects in wheat root exudates are not well understood. Successive 

cultivation of wheat with other crops often leads to yield decline due to biotic and abiotic 

stressors, such as pathogen accumulation/attack and droughts, affecting water and nutrient 

uptake (Sieling et al., 2005). 

This study aimed to investigate the impact of successive wheat cultivation on glucose 

release from roots and microbial activity. Glucose imaging, soil zymography, microbial 

respiration, and enzyme kinetics were optimized and utilized to quantify these effects. The 

hypothesis is that successive wheat cultivation would decrease glucose release, leading to 

reduced microbial activity and biomass. Additionally, a decline in soil microbial enzyme 

production in the third wheat (W3) compared to the first wheat (W1) was expected. To test the 

hypothesis, wheat plants (Tritium aestivum) were grown in rhizoboxes filled with soil from 

either W1 or W3 under optimal water conditions in a greenhouse. Glucose imaging (Hoang et 

al., 2022) and soil zymography (Spohn and Kuzyakov, 2014) were employed to investigate the 

role of soil microbial communities in C transformation and translocation. The study also 

measured microbial biomass C and the kinetics of the β-glucosidase enzyme responsible for 

glucose release from complex organic molecules in soil (German et al., 2012). 

 

2.3.3. Materials and Methods 

2.3.3.1. Experimental design 

In this study, soil samples were collected from the Ap horizon (0-20 cm) of soil at the 

Hohenschulen experimental field site (54°19′05″N, 9°58′38″E) in Germany from six different 

plots at the beginning of the growing season. The soil samples were collected from two distinct 

wheat rotational positions: the first wheat position (referred to as W1), represented the first 

wheat cultivation after the break crop of winter oilseed rape, and the subsequent third wheat 

(wheat grown continuously for three years referred to as W3) addressing the continuous 

cultivation of wheat three years in a row following the same break crop. The details on the crop 

rotational trials and wheat rotational positions are described in Arnhold et al. (2023). The soil 

had a pH of 6.7 and the following properties: pseudogleyic sandy loam (Luvisol), 21% clay, 

35% silt, 44% sand, 1.3% organic C, 0.15% total N, 9 mg.kg-1 available P, and 15 mg.kg-1 

available K (Sieling et al., 2005).  

The soil samples were then transported to a greenhouse facility at Kiel University, 

where they were sieved through a 2 mm mesh and filled into transparent rhizoboxes (20 × 20 

× 3 cm) (Fig. S2.3.1). The rhizoboxes were arranged in a randomized design, with a total of 

six rhizoboxes filled with soil from W1 and another six filled with soil from W3, each treatment 

comprising three replicates. After filling the rhizoboxes with soil samples, healthy seeds of the 

wheat cultivar 'Nordkap' were selected and sterilized before being germinated on wet filter 

paper for three days at room temperature. One seed was then planted 1.5 cm deep into each 
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rhizobox. The rhizoboxes were placed in a greenhouse chamber, inclined at a 45° angle with 

the removable side facing down. The temperature was maintained at 22°C with a 12-hour 

day/light cycle and a light intensity of 300 mmol m-2 s-1. The rhizoboxes were covered with 

aluminium foil to reduce evaporation and prevent algae growth. Soil moisture was monitored 

gravimetrically every two days and adjusted to maintain 70% water holding capacity (WHC) 

throughout the two-month experiment by adding sterile distilled water as needed. 

Due to the limited space and resources in the rhizoboxes, plants were harvested at two 

time points: four weeks (t1, BBCH 13) and eight weeks (t2, BBCH 29) after sowing through 

destructive sampling. This approach ensured a consistent and comparable temporal assessment 

of enzyme activities and plant root exudates in W1 and W3. 

 

2.3.3.2. Glucose imaging 

Soil glucose imaging is a method used to visualize and quantify the amount of glucose exuded 

from plant roots. This method was optimized based on the protocols developed by McLaughlin 

and Boyer (2004) and Voothuluru et al. (2018) and is useful for studying plant root exudation 

and interactions with the surrounding soil. The process involves preparing a reaction mixture 

solution by dissolving phosphate powder (Sigma P7994) in distilled water to make a 100 mL 

buffer solution of 0.05 M (pH 7.4). To this solution, 1.7 unit/ml of glucose oxidase from 

Aspergillus niger (Sigma G7141), 1.5 unit/ml of peroxidase from horseradish (Sigma P8125), 

and 200 μM of Ampliflu red (Sigma 90101) dissolved in 60 μL of Dimethylsulfoxide were 

added. 

Polyamide membrane filters with a diameter of 20 cm and a pore size of 0.45 mm (Tao 

Yuan, China) were cut to fit the size of the rhizobox and then saturated with the prepared 

reaction mixture solution. These membranes are then attached to the rooted side of each 

rhizobox. After an optimal incubation time (one hour for wheat), the membranes were quickly 

removed and placed in a dark room under UV light of 355 nm wavelength. 

The magenta-colored area on the membrane indicates the presence of glucose exudation, as 

hydrogen peroxide was generated from a reaction between glucose and glucose oxidase 

enzymes. Horseradish peroxidase then catalyses the conversion of colorless Ampliflu red into 

magenta colored and fluorescent resorufin (Zhou et al., 1997). Glucose imaging was conducted 

for all rhizoboxes in two sampling times foe W1 and W3. 

 

2.3.3.3. β -glucosidase Zymography 

Zymography was performed to measure β-glucosidase activity, following the protocol 

developed by Razavi et al., (2019). Firstly, a fluorescent solution of 4-methylumbelliferyl-β-

glucoside (MUF-β) (Sigma Aldrich, Germany) was prepared in 4-morpholineethane sulfonic 

acid (MES) with a concentration of 12 mM. The added substrate was cleaved by soil β-

glucosidase enzymes, generating fluorescent signals under UV light, which was used to detect 

β-glucosidase activity. 

To reduce enzyme diffusion through the pores, the polyamide membrane filters (Tao 

Yuan, China) with a pore size of 0.45 mm were utilized (Razavi et al., 2016). These membranes 

were soaked in the fluorescent solution and then directly applied to the root-exposing side of 

the rhizoboxes. They were then covered with aluminium foil to prevent exposure to light and 

drying out. After incubation for one hour, the membranes were quickly removed, cleaned with 

a soft brush, and exposed to UV light of 355 nm wavelength excitation in a dark room. 

 

2.3.3.4. Calibration and image analysis 

All images were captured using a Canon EOS 6D digital camera with a Canon lens EF 24–105 

mm 1: 4L IS II USM. The aperture and shutter speed were set to f/5.6 and 1/10 sec (for glucose 

imaging) and 1/8 sec (for zymography), respectively. To create the calibration lines for glucose 
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imaging, membranes of 4 cm2 were soaked in glucose solutions of varying concentrations (0, 

2, 4, 6, 8, and 10 mM). The membranes were used to measure the fluorescent signals of glucose 

release on an area basis, calculated based on the volume of substrate solution taken up by a 

fixed membrane size. 

For zymography processing, individual 4 cm2 membranes were soaked in MUF 

solutions of varying concentrations (0, 0.2, 0.5, 1, 2, 4, 6, 8, and 10 mM), then exposed to UV 

light in the same way as the samples. Calibrated values were used to quantify the colour 

intensity and relate β-glucosidase activity to the grey value. Fluorescent signals of MUF on an 

area basis were calculated based on the volume of substrate solution taken up by a fixed 

membrane size. The images were processed and analysed using the ImageJ software package. 

All captured images were transformed to a 16-bit grayscale value, adjusted for background and 

contrast levels, segmented roots, and converted grey values to enzyme activities/glucose 

release rate. We used the "Adjust Brightness and Contrast" tool in ImageJ software to adjust 

the background and contrast levels in captured images to ensure that the grey values of the 

roots were within the 0-255 range. The lower and upper threshold levels were set to remove 

background noise and ensure clear visibility of roots. Finally, grey values were converted to 

enzyme activities/glucose release rates using a calibration curve generated from known 

concentrations. This allowed for quantification of enzymatic activities or glucose release rates 

in each image. 

Mean+2SD was applied to identify and separate hotspots within each image which 

comprised three steps: dividing the greyscale histogram into two distributions with normal 

greyscale values, pinpointing the greyscale range associated with the hotspots, and 

subsequently mapping these hotspots onto the original image (Bilyera et al., 2020). This 

method allowed for the application of individualized thresholds to account for variations in 

enzyme activity and glucose release distribution within each image, ensuring that hotspot 

determination was tailored to the specific characteristics of the respective image. The 

rhizosphere extent of each root was calculated from the root surface for mature roots (>2 cm 

from the tip) and root tips (0–2 cm) for glucose release and β-glucosidase activity (soil 

zymograms). To measure the rhizosphere extent, five horizontal transects (angle to the root 

~90°) were randomly drawn across five randomly selected roots for glucose release images and 

beta-glucosidase zymograms using ImageJ. In total, this yielded 25 lines per image as pseudo-

replicates, and their mean was used for each rhizobox as a true replicate (Bilyera et al., 2021). 

 

2.3.3.5. Enzyme kinetics, substrate affinity, and catalytic efficiency 

After uprooting the plants from the rhizoboxes, rhizosphere samples were obtained by 

immediately removing attached soil particles from roots using toothbrushes (Hamel et al., 

2019). To do this, the entire root was placed on a sterile surface, and the soil was brushed off 

the root surface using a clean toothbrush. The soil was then collected in a conical tube and 

stored at 5 °C. Bulk soil (without roots) was also collected from the boxes and stored in the 

same way for comparative purposes. All samples for enzyme kinetics were measured the next 

day. The kinetics of β-glucosidase were determined using β-D-glucopyranoside (MUF-G) 

fluorescent substrate (Sigma Aldrich, Germany). According to German et al., (2011), 1.0 g of 

soil was suspended in 50 mL of distilled water, and 50 μL aliquots were pipetted into labelled 

wells of a 96-well microplate (Thermo Fisher, Denmark). Then, 50 μL of MES buffer (pH 6.5) 

and 100 μL of the respective substrate solution were added to each well. The enzyme activity 

was measured at three time points: 30, 60, and 120 min using CLARIOstar plus (BMG 

LABTECH, Germany) at an excitation wavelength of 355 nm and an emission wavelength of 

460 nm. We determined enzyme activities over a range of substrate concentrations from low 

to high (0, 20, 40, 60, 80, 100, 200, and 400 µmol g-1 soil) to ensure the appropriate saturating 

concentration. Enzyme activity (Vmax) were expressed as released MUF in nmol per g dry soil 
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per hour (nmol MUF g-1 soil h-1) (Awad et al., 2012), and affinity constants for β-glucosidase 

(Km) were expressed in µmol substrate per g dry soil (μmol g-1 soil). Simultaneously, a range 

of MUF concentrations (0, 10, 20, 30, 40, 50, 100, and 200 nM) were prepared to calibrate the 

measurement. The Michaelis-Menten equation was used to determine the parameters of β-

glucosidase enzyme activity (V): 

𝑉 =
𝑉𝑚𝑎𝑥[𝑆]

𝐾𝑚+[𝑆]
                                                                                                                  (1) 

Vmax represents the maximum enzyme activity, which is a function of enzyme concentration. 

Km is the substrate concentration at half-maximal enzyme activity, and S is the substrate 

concentration. To calculate catalytic efficiency, we used the Vmax-to-Km ratio (Panikov et al., 

1992). Additionally, we calculated the substrate turnover time using equation (2), where Tt 

represents the turnover time in hours, employing the highest substrate concentration within our 

experimental range (400 µmol g-1 soil) (Hoang et al., 2020). 

 

𝑇𝑡 =
𝐾𝑚×[𝑆]

𝑉𝑚𝑎𝑥
                                                                                                                  (2) 

 

2.3.3.6. Basal respiration and substrate-induced respiration 

The MicroResp™ system (Chapman et al., 2007) was utilized to measure basal respiration 

(BR) and substrate-induced respiration (SIR). For BR, we used distilled water, while SIR was 

measured using glucose as a readily available C source. The system comprises a 1.2-mL deep 

well plate containing fresh soil and C source, and a carbon dioxide detection microplate. The 

detection plate was read by a CLARIOstar Plus microplate reader (BMG LABTECH, 

Germany) at 0 and 6 hours after incubation at 25°C, with a wavelength of 570 nm. The 

absorbance readings were converted to CO2 concentration using a standard calibration line. 

The microbial biomass C (Cmic) was calculated by determining the rate of glucose-

induced respiration after incubation using the formula developed by Anderson and Domsch 

(1990):  

Cmic (μg C g-1 soil) = (μl CO2 g
-1 soil h-1) × 40.04 

The metabolic quotient (qCO2), which indirectly reflects microbial maintenance 

expenses, availability, and efficiency of microbial substrate utilization, was determined by 

calculating the ratio of BR to Cmic (Anderson and Domsch, 1990). 

 

2.3.3.7. Data analysis 

All statistical analyses were conducted using Sigma-Plot 14.0 software. To test for significant 

differences in enzyme activities, substrate affinity, catalytic efficiency, substrate turnover time, 

rhizosphere extent, hotspot percentage, respiration, microbial biomass C, and qCO2 between 

W1 and W3 soil samples collected at two different sampling times (t1 and t2), two-way 

ANOVA was performed after checking normality and homogeneity of variance values. A 

significance level of p<0.05 was used to determine the significance of treatment comparisons. 

The standard error of the means is represented by the error bars. 

 

2.3.4. Results 

2.3.4.1. Hotspot area and rhizosphere extent in W3 were significantly lower compared to W1 

at t2 

The spatial distribution of glucose release and β-glucosidase activity was found to be 

influenced by successive wheat plantation, particularly at t2, as shown in Figure 2.3.1. At t1, 

there was no significant difference in the total area of β-glucosidase activity hotspots in the 

rhizosphere of W3 and W1 soil samples. However, at t2, W3 samples showed a 25.2% lower 

proportion of hotspots (4.26% vs 5.70%, respectively; p<0.01) compared to W1. Furthermore, 

at t2, W3 exhibited the lowest proportion of glucose release hotspots, covering 1.83% of the 
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total soil surface area. This represents a 31.7% decline compared to W1 (p<0.05) (see Figure 

2.3.2a). 

 

  
Figure 2.3.1. Spatial distribution of glucose release (a-d); β-glucosidase activity (i-l) and original images of 

the wheat root (e-h) at T1W1 (top row), T1W3 (second row), T2W1 (third row), T2W3 (lower row), 

respectively (T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29); W1: first and W3: 

third wheat after break crop. 

 

Although the rhizosphere extent for glucose release was higher in W3 compared to W1 

at t1, from 0.48 mm to 0.66 mm, there was a significant decrease during the later plant stage, 

with a 39.7% decline (p<0.01). On the other hand, the β-glucosidase activity around the wheat 

roots at t1 indicated a 33% decrease from W1 to W3. The decline in enzyme activity was 

observed over time, indicating lower enzyme activity at t2 compared to t1. However, it's 

noteworthy that the rate of decrease in W3 at t2, in comparison to W1, was not as pronounced 

as observed at t1. The highest and lowest extents of enzyme activity were observed in W1 at 

t1 and in W3 at t2, with values of 0.45 mm and 0.17 mm, respectively (p<0.05) (see Figure 

2.3.2b). As the plants developed, it was observed that W3 wheat plants released less glucose 

from their root samples. This decrease in glucose release affected both the hotspot percentage 

and the extent of enzyme activity around the roots. 

 

2.3.4.2. Glucose releasing rate and β-glucosidase activity are lower in W3 at t2 than in W1 

The results showed that W3 wheat plants had a consistently lower in glucose release rate in 

both root tips and mature roots, especially at t2, compared to W1 (p<0.05). At t1, glucose 

release at wheat root tips decreased by 19.4% in W3 compared to W1. However, at t2, W1 had 

higher glucose release at root tips with 403.3 nmol-1 cm-2, while W3 resulted in 20% lower 

glucose release. A similar trend was observed for glucose release from mature roots, which 

decreased by 18.5% and 17.4% at t1 and t2, respectively, in W3 compared to W1 (Fig. 2.3.3a). 

The wheat crop rotational positions minimally affected β-glucosidase activity at t1 for both 
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root tips and mature roots. Subsequently, at t2, a noticeable declining trend in enzyme activity 

was observed from W1 to W3, leading to an 11.4% decrease in root tip activity and a 13.6% 

decrease in mature root enzyme activity. W1 displayed higher enzyme activity for root tips 

(153.85 nmol MUFcm-2h-1) and mature roots (159.64 nmol MUFcm-2h-1) (p<0.01; Fig. 2.3.3b). 

Thus, the highest glucose release at T2 was accompanied by the highest β-glucosidase activity. 

 

 

 
Figure 2.3.2. (a) Comparison of the percentage of hotspot area and (b) rhizosphere extent for glucose release 

and β-glucosidase activity in the first (W1) and third (W3) wheat after break crop at two sampling dates 

(T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)). Lower-case letters denote 

significant differences between treatments in terms of glucose release and upper-case letters denote 

significant differences between treatments in terms of β-glucosidase activity according to two- way ANOVA 

at p<0.05.  

 

2.3.4.3. Enzyme kinetics were the lowest at t2 in W1 and W3 

The maximum rate (Vmax) of β-glucosidase activity in the rhizosphere and bulk soil was 

strongly influenced by the sampling dates, which corresponded to different stages of plant 

development (p<0.01). At t1, soil samples from W3 had a higher Vmax compared to W1 

samples, showing 86.51 nmol MUF g-1h-1 in rhizosphere and 113.9 nmol MUF g-1h-1 in bulk 

soil samples, respectively. The increase in the bulk soil Vmax was substantial (~60%). W1 

samples had a lower Vmax in bulk soil than in the rhizosphere (41.78 vs. 70.2 nmol MUF g-1h-

1), while the Vmax in bulk soil samples of W3 was higher than rhizosphere samples (113.9 vs. 

86.51 nmol MUF g-1h-1, respectively; Fig. 2.3.4). However, at t2, compared to t1, there was a 

notable and significant decrease in the Vmax values observed for both rhizosphere and bulk soil 

samples. There was no statistical difference between W1 and W3, but the decreasing rate of 

Vmax was not equal in W1 and W3 crop rotations. The maximum rate of β-glucosidase activity 
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decreased by ~71% and 47% in the rhizosphere and bulk soil compartments at t2 in W1 

compared to t1, while the respective values for W3 were ~82% and 83%, respectively (Fig. 

2.3.4). Although Km values increased in W3 compared to W1 at t1 for bulk soil, there were no 

significant differences between Km values at both sampling dates and crop rotations for 

rhizosphere soil. However, catalytic efficiency decreased at t2 for rhizosphere, and there were 

no prominent differences between W1 and W3 at both sampling times (p<0.01; Fig. 2.3.5). At 

t1, W3 resulted in higher turnover time (86h for rhizosphere and 400h for bulk soil), indicating 

lower enzyme efficiency in this crop rotational position compared to W1. Changes in turnover 

time at t2 were not statistically considerable for the rhizosphere. However, substrate turnover 

time increased two-fold for rhizosphere soil at W3 owing to plant growth (p<0.01; Fig. 2.3.6). 

Hence, successive wheat rotation considerably decreased enzyme efficiency. Developing the 

plants to later growth stages sharply declined the maximum rate of β-glucosidase activity, and 

substrate utilization was growth-dependent, especially in W3. 

 

 

 
Figure 2.3.3. (a) Glucose releasing rate and (b) β-glucosidase activity in the first (W1) and third (W3) wheat 

after break crop at two sampling times (T1: four weeks (BBCH 13), and T2: eight weeks after sowing 

(BBCH 29)). Lower-case letters denote significant differences between treatments for mature root and 

upper-case letters denote significant differences between treatments for root tips according to two-way 

ANOVA at p<0.05. 

 
Figure 2.3.4. Vmax values of β-glucosidase in different soil compartments in the first (W1) and third (W3) 

wheat after break crop at two sampling times (T1: four weeks (BBCH 13), and T2: eight weeks after sowing 

(BBCH 29)). Lower-case letters denote significant differences between treatments for rhizosphere and 

upper-case letters denote significant differences between treatments for bulk soil samples according to two-

way ANOVA at p<0.05. 
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2.3.4.4. Microbial biomass C, microbial quotient, and respiration are less efficient in W3  

The microbial biomass C (MBC) was significantly lower in W3 at both sampling times 

compared to W1 (p<0.05). At t1, higher MBC was observed in W1, which was 9.62 μg g-1 soil, 

while it was 5.92 μg g-1 soil in W3. Similarly, at t2, the MBC in W3 decreased by 32% (Fig. 

2.3.7). Moreover, soil basal respiration increased at t2, but no significant difference was 

observed between W1 and W3 (p<0.01). W1 exhibited higher basal respiration by 0.114 µg 

CO2 g-1h-1, which was 10.5% higher than that observed in W3. At both sampling times, the 

microbial quotient in W3 was significantly higher compared to W1, with higher microbial 

quotient observed at t2 in W3, which was 0.018 μg CO2-C mg-1 MBC h-1, indicating a ~28% 

increase compared to W1 at the same sampling date (p<0.01; Fig. 2.3.8). The decrease in 

microbial biomass C in W3 accompanied by a higher microbial quotient might suggest harsh 

growth conditions for the soil microbial community in W3 compared to W1. 

Bulk soil Rhizosphere  

  
Figure 2.3.5. Km values and catalytic efficiency of β-glucosidase in different soil compartments in the first 

(W1) and third (W3) wheat after break crop at two sampling times (T1: four weeks (BBCH 13), and T2: 

eight weeks after sowing (BBCH 29)). Lower-case letters denote significant differences between treatments 

in terms of Km and upper-case letters denote significant differences between treatments in terms of catalytic 

efficiency according to two-way ANOVA at p<0.05. 

 
Figure 2.3.6. Turnover time of the β-glucosidase at a substrate concentration of 200 µmol g-1 soil in different 

soil compartments in the first (W1) and third (W3) wheat after break crop at two sampling times (T1: four 

weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)).  Lower-case letters denote significant 

differences between treatments for rhizosphere and upper-case letters denote significant differences 

between treatments for bulk soil samples according to two-way ANOVA at p<0.05. 
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2.3.5. Discussion 

2.3.5.1. Glucose release 

In accordance with our first hypothesis, successive wheat cultivation resulted in a substantial 

reduction in glucose release from roots and a decrease in rhizosphere expansion at t2 (as 

depicted in Figs. 2.3.1, 2.3.2, and 2.3.3). However, this trend was not observed in plants at t1. 

The age of the plant is an essential factor that determines the extent and type of exudation 

(Olanrewaju et al., 2019), which varies throughout its life cycle (Gargallo-Garriga et al., 2018). 

As plants progress through their life cycle, the composition and quantity of root exudates can 

vary substantially (Gargallo-Garriga et al., 2018). The observed discrepancy between t1 and t2 

may be attributed, in part, to the evolving physiological state of the plant, influencing its 

exudation patterns (Ulrich et al., 2022). Numerous studies have documented that issues 

associated with consecutive monoculture in plants arise from alterations in the soil microbial 

community triggered by the presence of root exudates (Wu et al., 2015; Li et al., 2015) which 

in turn could affect root exudation pattern. A growing body of research indicates that root 

exudates play a crucial role in shaping the special microbial communities within the 

rhizosphere (Huang et al., 2014; Paterson et al., 2007). Subsequently, these plant-associated 

microorganisms have the potential to exert influence on both plant growth and overall plant 

health. Also, decaying roots create a favourable environment for necrotrophic pathogens and 

contribute to increasing fungal colonization (Häffner et al., 2014; Olanrewaju et al., 2019) and 

can modify the fungal community within the rhizosphere, leading to the proliferation of host-

specific pathogenic fungi at the cost of beneficial fungi associated with plant health (Wu et al., 

2016). 

 

 
Figure 2.3.7. Microbial biomass C in wheat rhizosphere soil in the first (W1) and third (W3) wheat after 

break crop at two sampling times (T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 

29)). Lower-case letters denote significant differences between treatments according to two-way ANOVA 

at p<0.05. 

 

The decrease in glucose release from wheat roots (as observed in Fig. 2.3.2) coupled 

with a decrease in C availability due to root senescence, leads to competition for C in the 

rhizosphere among beneficial microbes and soil-borne pathogens (Bressan and Figueiredo, 

2008). Plant root exudates contain a variety of compounds, including sugars, that can have 

antimicrobial properties and regulate the microbial community in the soil (Dennis et al., 2010). 

In a similar study, Braun-Kiewnick et al., (unpublished data) showed increased concentrations 

of Gaeumannomyces tritici DNA by species-specific qPCR in W3 rhizosphere samples 

compared to W1 at later plant stages such as flowering and ripening compared to the tillering 

stage, confirming the higher relative abundance of an important soil-borne pathogen in W3. 

When plants are under pathogen attack, they may increase the release of certain compounds in 

their root exudates as a defence mechanism (Song et al., 2021). However, the response of plants 
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to pathogen attack can vary depending on the specific pathogen, plant species, and 

environmental conditions. Jalali and Suryanarayana (1971) showed that healthy wheat plants 

secrete considerably higher amounts of glucose than infected plants. The lower concentrations 

of released glucose in W3 were confirmed by its lower proportion of hotspot and lower 

rhizosphere extent during t2 (as illustrated in Figs. 1 and 2). This suggests that the plant's 

rhizosphere development and activity, as reflected by the extent and intensity of hotspots, may 

have played a role in the observed differences in glucose release between W3 and the other 

treatments. Root exudates, such as glucose, substantially affect the initiation and development 

of plant-microbe interactions in the rhizosphere (Hage-Ahmed et al., 2013). Therefore, the 

composition and extent of root exudates will affect soil-borne pathogens differently (Jones et 

al., 2004). Bakker et al., (2013) reported that pathogens have sophisticated mechanisms to 

receive sugar fluxes from the host plant. Moreover, pathogens can modify the expression of 

the SWEET family of sugar transporters to obtain the sugars necessary for their growth (Chen 

et al., 2010). The plant, by reducing rhizosphere size, is engineering density gradients of soil 

biochemical properties to establish a protection zone against pathogen invasion. In other words, 

plants can regulate their glucose release and modify plant-pathogen interactions towards a 

healthy relationship. 

 

 
Figure 2.3.8. Basal respiration (bar charts) and microbial quotient values (dashed line) in wheat 

rhizosphere soil in the first (W1) and third (W3) wheat after break crop at two sampling times (T1: four 

weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)). Lower-case letters denote significant 

differences between treatments in terms of basal respiration and upper-case letters denote significant 

differences between treatments in terms of microbial quotient according to two-way ANOVA at p<0.05. 

 

Our results also showed that the root and shoot dry weight significantly decreased in 

W3 compared to W1 at both sampling times (Fig. S2.3.2). Furthermore, wheat plants in 

successive cultivation reduced root-released glucose to regulate their rhizosphere microbiome. 
The reduced glucose release observed in our study corresponded to a decrease in microbial 

activity within the rhizosphere. This, in turn, may have contributed to a diminished penetration 

of soil-borne pathogens into the roots, as suggested by Jalali and Suryanarayana (1971). 

Successive wheat plantation accelerated root senescence (Arnhold et al., 2023), created a harsh 

environment for soil microbes, and potentially paved the way for higher abundance of wheat 

soil-borne pathogens, ultimately affecting wheat yield. These findings suggest that the 

observed decrease in root and shoot dry weight may be a result of the lower glucose release 

and reduced microbial activity in the rhizosphere of the third wheat, potentially leading to a 

less efficient uptake of nutrients and water by the plants. Braun-Kiewnick et al., (unpublished 
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data) studying the bacterial and archaeal communities in the wheat rhizosphere and rhizoplane 

from the same soils found a significantly lower diversity in W3 compared to W1 at tillering 

stage confirming a shift in the plant-associated microbiota due to successive wheat cultivation, 

which might be related to changing root exudate patterns.  

Our study found a decrease in microbial biomass C and enzyme activity in the third 

wheat (W3) compared to the first wheat (W1), which may be attributed to the higher pathogen 

levels in W3. This is consistent with previous studies that have shown that monoculture can 

lead to increased disease incidence and severity due to the build-up of pathogens in the soil 

(Mazzola, 2002).  

The microbial community in the rhizosphere plays a crucial role in nutrient availability, 

which can influence the growth and activity of beneficial and pathogenic microorganisms in 

the soil (Chen et al., 2015; Manck-Götzenberger and Requena, 2016). Modification of root 

exudates and up- or down-regulation of sugar transporters, especially the SWEET family, can 

also influence both beneficial and pathogenic interactions (Chen et al., 2015). Therefore, the 

decrease in microbial biomass C and enzyme activity in W3 found in the present study may 

have affected the production of biocontrol compounds by antagonistic microorganisms in the 

soil (Peralta et al., 2018). 

 

2.3.5.2. β -glucosidase activity 

At t2, there was a significant decrease in the maximum rate (Vmax) of β-glucosidase for both 

W1 and W3 compared to t1 (Fig. 2.3.4). Microorganisms prioritize survival and allocate their 

available resources accordingly (Zhang et al., 2019), investing less energy in enzyme 

production when there is no limitation (Allison and Vitousek, 2005). Our results showed that 

the glucose release rate substantially increased at t2 for both root tips and mature roots (Fig. 

2.3.3a). However, the released glucose in the rhizosphere can have a different stimulatory effect 

on microbial activity (Baudoin et al., 2003) and can have an inhibitory effect on β-glucosidase 

activity, probably due to the end-product (glucose) (Zhang et al., 2019), thereby lowering the 

catalytic efficiency for the enzyme at t2 (Fig. 2.3.5). 

While there was a significant decrease in Vmax of β-glucosidase at t2 compared to t1 for 

both W1 and W3, the decrease was more pronounced for W3 (Fig. 2.3.4), likely because W3 

had lower glucose release at both sampling times compared to W1 (Fig. 2.3.3a). The decrease 

in β-glucosidase activity can be attributed to the decline in glucose release. The decrease in 

glucose release in W3 at t2 might have resulted in a decrease in microbial biomass C (Fig. 

2.3.7). Enzyme activity reflects the current or recently active microbial community members 

(Hargreaves and Hofmockel, 2014). Our results indicate that the decrease in microbial biomass 

C also resulted in a decrease in β-glucosidase activity, consistent with Hansen et al. (2019) who 

reported that higher rhizosphere β-glucosidase activity was typically accompanied by a greater 

microbial biomass. At t2, microbial communities may have allocated more energy to 

maintenance (Hargreaves and Hofmockel, 2014). Therefore, especially in W3, the limited C 

sources were allocated to respiration or microbial growth, resulting in lower microbial biomass 

and, consequently, lower enzyme production than W1. 

Despite the difference in Vmax, the Km and catalytic efficiency remained stable in both 

W1 and W3 (Fig. 2.3.5). β-glucosidases hydrolyze the non-reducing end of β-D-glucosyl 

residues and release β-D-glucose (Cañizares et al., 2011). Higher glucose release at t2 (Fig. 

2.3.3) resulted in non-competitive inhibition of β-glucosidase (Yang et al., 2015), where non-

competitive inhibitor (glucose) reacts close to the active site and changes the shape of the 

enzyme (Dick, 2011). Moreover, released glucose prevents the hydrolyzed substrate from 

leaving (Yeoman et al., 2010). This type of enzyme inhibition results in a decline of Vmax but 

stable Km values (Datta et al., 2017). Alternatively, constant Km can be explained by the 

expression of multiple isoenzymes (Bradford, 2013). Such isoenzyme expression leads to an 
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optimal balance between the static character of the enzyme (responsible for maintaining 

constant efficiency at a specific condition) and functional capacity, given similar flexibilities 

of isoenzymes under their respective optimal working conditions (e.g., low enzyme expression) 

(Razavi et al., 2017; Zavodszky et al., 1998). An increase in turnover time indicates a decline 

in enzyme efficiency. Therefore, maintaining a constant Km value was not an effective strategy 

to ensure efficient catalysis. 

Contrary to our expectations, we observed that, the bulk soil exhibited the highest 

enzyme activity, while the rhizosphere displayed more efficient enzymatic activity in terms of 

Km, catalytic efficiency, and turnover time. This unexpected result may be attributed to the 

presence of different microbial communities and enzyme types in the rhizosphere and bulk soil 

(Philippot et al., 2013). The rhizosphere is known to harbor a more intense dynamicity and 

active microbial community than the bulk soil, which may contribute to the higher enzymatic 

efficiency in this zone (Chaparro et al., 2014; Braun-Kiewnick et al. (unpublished data). 

Additionally, the rhizosphere is enriched with plant root exudates, which can stimulate the 

growth and activity of specific microbial groups that are capable of producing more efficient 

enzymes (Chaparro et al., 2014). Further investigations are required to identify the specific 

microbial groups and enzymes responsible for the observed differences in enzyme activity 

between the rhizosphere and bulk soil, especially for the W1 and W3t at t1, where bulk soil 

had higher Vmax in W3. These findings highlight the complex and dynamic nature of the 

rhizosphere, and the need for a more comprehensive understanding of the factors influencing 

microbial activity and enzymatic efficiency in soil (Álvarez-Solís and Anzueto-Martínez, 

2004). 

 

2.3.5.3. Microbial biomass C and microbial quotient 

The microbial biomass C in the rhizosphere soils of W3 was considerably lower than in W1, 

possibly due to a reduction in glucose release from the wheat and a lack of active C input to 

the rhizosphere from the plant (Prudence et al., 2021). Moreover, during the initiation of root 

senescence, the composition of root exudates changes significantly, mainly because of the 

diversion of N to the developing grains, which affects the composition and abundance of 

rhizosphere microbiomes (Zhalnina et al., 2018). 

While our study revealed substantial differences in glucose release (Figs. 2.3.1, 2.3.2 

and 2.3.3) and enzyme properties (Figs. 4, 5 and 6) between t1 and t2, the observation of no 

significant difference in microbial biomass C (Fig. 2.3.7) merits further discussion. The 

absence of a marked change in microbial biomass C could be attributed to the complex 

interplay of various factors influencing microbial dynamics. The observed alterations in 

glucose release and enzyme activities may not necessarily translate directly into detectable 

changes in microbial biomass within the relatively short time-span considered in our study. 

Microbial responses to changes in root exudates are influenced by factors such as microbial 

turnover rates, nutrient availability, and the overall microbial community structure, which can 

buffer or delay observable shifts in microbial biomass C (Fierer et al., 2007). Additionally, 

microbial biomass turnover rates and the turnover of labile carbon sources like glucose 

contribute to the overall microbial biomass C dynamics (Anderson and Domsch, 1989). The 

specific mechanisms governing microbial responses to changes in root exudates are complex 

and can be influenced by numerous factors, including microbial community composition, 

substrate preferences, and competition for resources (Bais et al., 2006; Allison and Martiny, 

2008). 

The decrease in glucose release from the roots at W3 led to accelerated wheat root 

senescence (as shown in Fig. 2.3.1) and the presence of decayed roots, which in turn resulted 

in an increase in necrotrophic pathogens around the root. The findings of Braun-Kiewnick et 

al., (unpublished data) in the same soil samples indicated that the number of antagonists against 
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wheat pathogens was significantly higher in W3, but the abundance of bacteria isolated in W1 

and W3 was not significantly different. However, hydrolytic enzyme profiles of isolated 

bacteria (cellulase, ß-1,3 glucanase) was significantly higher in W1, indicating functionally 

more active bacteria in W1 compared to W3. In light of the observed increase in wheat 

pathogens and senesced roots, it is plausible that the root environment became less favorable 

for maintaining a diverse and functionally active microbial community (as shown in Fig. 2.3.8). 

To elaborate, the ratio between soil microbial biomass C and basal respiration, denoted as 

qCO2, serves as an indicator of the physiological state of the soil microbiota (Serafini et al., 

2022) and indicates how effectively microorganisms in the soil use the available C (Fterich et 

al., 2012). A higher qCO2 at t2 in W3 suggests that the microbial community associated with 

W3 roots experienced a more stressful condition in the rhizosphere. Under such circumstances, 

increased respiration was required to sustain a unit of microbial biomass (Fterich et al., 2012). 
This contrasts with the lower qCO2 levels observed in W1 soils, indicating higher stability 

(Pinzari et al., 1999) and a more efficient utilization of available substrates by the microbial 

biomass. Thus, the microbiome associated with the roots at t2 and in W3 was more sensitive 

to the surrounding environment in the rhizosphere. 

 

2.3.6. Conclusion 

Overall, our study sheds light on the rhizosphere processes in successive wheat cultivation, 

revealing a significant impact on root processes. Specifically, the reduction in the release rate 

of key root exudates, notably glucose, alters the competitive dynamics on the root surface. The 

observed decrease in glucose release, coupled with constrained rhizosphere expansion, leads 

to a substantial reduction in microbial biomass C, resulting in lower enzyme activity. 

Maintaining the expansion of the rhizosphere is a plant strategy under biotic stress since the 

rhizosphere and its hotspots are essential microbial habitats that determine the processes, 

dynamics, and cycling of C in terrestrial ecosystems. The findings of this study suggest that 

successive wheat cultivation changes root primary compound exudation, leading to declining 

glucose release, creating a harsh environment for beneficial soil microbes and accelerating root 

senescence, ultimately resulting in wheat yield decline. 
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2.3.10. Graphical abstract 

 
2.3.11. Supplementary Figures 

 

 
Figure S2.3.1- Experimental Design and Methodology 

 
Figure S2.3.2- Wheat root and shoot dry weight in the first (W1) and third (W3) wheat after break crop at 

two sampling times (T1: four weeks (BBCH 13), and T2: eight weeks after sowing (BBCH 29)). Lower-case 

letters denote significant differences between treatments in terms of wheat root dry weight and upper-case 

letters denote significant differences between treatments in terms of wheat shoot dry weight according to 

two- way ANOVA at p<0.05. 
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2.4.1. Summary 

 Considering the crucial role of root exudates, we hypothesized that continuous wheat 

cultivation would lead to lower glucose release, resulting in lower microbial growth, 

activity, and biomass.  

 For the first time in situ glucose imaging was optimized for studying the interactions in 

the first (W1) and third (W3) wheat after break crop plots in the field. Glucose imaging 

method combined with soil microbial respiration, enzyme kinetics and the 

quantification SWEET genes expression levels in wheat plants. 

 W3 had the lowest proportion of hotspots for glucose release with 1.35 % of the total 

soil surface area, indicating a 17.7 % decline compared to W1. Also, the expressions of 

functional orthologous genes of SWEET1a in wheat roots were significantly 

upregulated in W3 compared to W1. The growing microbial biomass in the rhizosphere 

soil of W1 was about five times higher than W3.  

 Differences in SWEET gene expression and shift in glucose release is linked to altered 

root physiology and exudation processes, potentially reflecting the plant's strategy to 

create a less favourable environment for opportunistic pathogens. Hence, this study 

provides novel insights into the complex interactions between continuous wheat 

cultivation, root exudation, microbial dynamics, gene expression, and enzymatic 

activities.  

Keywords: monoculture, root exudates, SWEET genes, wheat rotation, glucose, enzyme, 

microbial growth  

 

2.4.2. Introduction 

Plant adaptes strategies to sustain rhizospheric microbial growth and proliferation and to coopt 

soil born pathogens under stress condition mostley trough the exudate regulations (Baker et al., 

2012). Root exudation is a complex process by which plants respond to changing 

environmental conditions, allocating carbon to roots and subsequently to the soil (Canarini et 

al., 2019; Oburger & Jones, 2018). This initiates a cascade of feedback loops between root and 

soil microbiome (Vetterlein et al., 2020). The extensive input of easily degradable substances 

and labile carbon such as sugars (e.g. glucose comprising ~ 40-50% of root secretions) (Hütsch 

et al., 2002; Dennis et al., 2010) provides a significant energy source for microorganisms 
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(Hinsinger et al., 2009), inducing higher microbial abundance and activities in the rhizosphere 

than in root free soil (Kuzyakov and Razavi, 2019). Root exudation improve plant performance 

by altering the soil environment (Zhao et al., 2021) and creating faivorable microbial hotspots 

– micro-habitats within the rhizosphere – a small volume of soil influenced by living roots 

(Hinsinger et al., 2009).  

While soil microbial communities play a crucial role in regulating ecosystem services, 

such as carbon and nutrient cycling (Blagodatskaya et al., 2020), the exudates changes alter 

the structure, diversity, and function of the microorganisms, (Chaparro et al., 2014). This 

suggests that root exudation stimulates the production of extracellular enzymes in the 

rhizosphere (Zhang et al., 2019), hence, controls nutrient acquisition (Bais et al., 2006). Thus, 

higher enzyme activities in the rhizosphere are dependent on soil microbial activity, the direct 

release of enzymes by roots, and root exudates (Zhang et al., 2021). However, the accumulation 

of root secretions in the soil around the root not only shapes specific beneficial microbial 

groups it can also attract plant pathogens and increase microbial competition for nutrients 

(Jones et al., 2009). Detailed knowledge about the allocation and localization of photosynthetic 

sugars released from roots is an important prerequisite for understanding the complex 

interactions between plants and the rhizosphere microbiome in agroecosystems. 

 Fixed carbaon during photosynthesis will be transported from leaves (source tissues) 

to non-photosynthesic part of plants – such as root (sink tissues). In other word, 

photosynthetically produced sugars are transported over long distances as sucrose via phloem 

flow, driven by concentration gradients resulting from differences in turgor (Canarini et al., 

2019; Liu et al., 2021b). Prior to entering sink cells, sucrose is hydrolyzed irreversibly into 

glucose and fructose by sucrose invertase (Liu et al., 2021a; Paulsen et al., 2019). In order to 

be released into the soil environment, glucose must cross at least one plasma membrane, which 

is impermeable to uncharged polar glucose molecules (Yang & Hinner, 2015). Plant SWEET 

(sugars will be eventually effluxed transporter) sugar transporters play different physiological 

roles during plant growth and development, including maintatining the uptake of glucose from 

the apoplast to the parenchyma cells in sink tissues (Ho et al., 2019). Specific transmembrane 

proteins mediate transmembrane absorption of these molecules, forming small pores through 

the lipid bilayer (Sasse et al., 2018; Paulsen et al., 2019). Once in the apoplast, diffusion 

primarily controls glucose efflux from the root to the soil (Canarini et al., 2019).  

The SWEET transporter family includes potential candidates for sugar exudation, such 

as glucose, from plant roots to feed microbiota (Chen et al., 2015). These efflux carriers may 

permit sugar exudate regulation via gene expression up/downregulation or post-translational 

modification (Badri et al., 2008; Canarini et al., 2019). SWEETs are ubiquitous, bidirectional, 

pH-dependent carriers (Chen et al., 2010), classified into four clades; clade I and II members 

prefer hexose (Chandran, 2015; Chen et al., 2012). In plants, SWEETs are predominantly 

localized to the plasma membrane and facilitate sugar efflux from the cytosol to the apoplast 

(Anjali et al., 2020; Eom et al., 2015). They also contribute to pathogen susceptibility (Chen 

et al., 2010), as pathogen-produced transcription activator-like (TAL) effectors target the 

SWEET gene to obtain sugars for nutrition (Asai & Kobayashi, 2016; Cohn et al., 2014). Chen 

et al. (2015) demonstrated increased glucose efflux into the root apoplast due to SWEET gene 

expression activation by pathogens. Despite the essentiality of this process in plant-soil-

microbiome system and its effect on shaping of rhizosphereic biota, a complete understanding 

of mechanism involved and the pathways from leave to the action takers – soil microorganisms 

is lacking. 

Wheat (Triticum aestivum) is an important crop worldwide, and the increasing demand 

for wheat requires more intensive cropping systems, such as monoculture (Gan et al., 2014). 

However, continuous cultivation of wheat contributes to a decline in grain yield and quality 

(Debaeke et al., 1996), possibly due to increased proliferation of agrophages (pests and fungal 

https://www.ncbi.nlm.nih.gov/pmc/articles/PMC8195505/#kiab127-B65
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pathogens), (Woźniak, 2019). Hence, in the present study, we aimed to investigate and quantify 

the effects of continuous wheat rotations on glucose release, microbial growth and activity, and 

expression of sugar transporter genes.  

We tested the following hypotheses: i) continuous wheat cultivation results in 

differently expressed sugar transporter genes in plant roots and leaves; ii) the variation in 

SWEET gene expression results in lower glucose release by root, causing lower microbial 

growth, activity, and biomass in the rhizosphere; iii) a decrease in glucose release in continuous 

wheat will be accompanied by a decline in microbial functionality reflected in lower enzyme 

expression and reduction of enzymatic efficiency. To test these hypotheses, a specific field 

installation root windows (Bilyera et al., 2021) in the first (W1) and third (W3) wheat after 

break crop plots in the Hohenschulen field at CAU Kiel was performed. To identify and localize 

glucose hotspots, direct in situ glucose imaging (Hoang-Rashtbari et al., 2022) combined by 

expression of sugar transporter genes in root and leaf sample as well as destractive analysis of 

soil microbial growth kintetics and enzyme kinetics (including the activity of α- and β-

glucosidase, leucine aminopeptidase and acid phosphatase enzymes) were performed. 

 

2.4.3. Materials and Methods 

2.4.3.1. Soil description and experimental setup 

A field experiment was conducted at the Hohenschulen experimental field site 

(54°19′05″N, 9°58′38″E), which is owned by the Christian-Albrechts-University of Kiel, 

Germany. The soil at the site was pseudogleyic sandy loam (Luvisol), with 21% clay and 35% 

silt, 44% sand, a pH of 6.7, and organic carbon content of 1.3%, total nitrogen content of 0.15%, 

and available phosphorous and potassium contents of 9 mg.kg-1 and 15 mg.kg-1, respectively 

(Sieling et al., 2005).  

Soil samples for enzyme and microbial growth kinetics were taken from the Ap horizon 

of a sandy loam soil (0-20 cm) from two distinct wheat rotational positions: the first wheat 

position (referred to as W1), represented the first wheat cultivation after the break crop of 

winter oilseed rape, and the subsequent third wheat (wheat grown continuously for three years 

referred to as W3) addressing the continuous cultivation of wheat three years in a row following 

the same break crop in 2021. The details on the crop rotational trials and wheat rotational 

positions are described in Arnhold et al. (2023). The samples were sieved through a 2 mm 

mesh and stored at 4°C. Plant leaf and root sampling, as well as in situ glucose imaging, were 

carried out in four replications at BBCH 59 (when the flag leaf was fully extended and 

photosynthesis was optimal). 

 

2.4.3.2. Installing root windows and in situ glucose imaging  

At the tillering stage (BBCH 28) under the field condition, the root windows were built 

at an angle of 90° to the soil surface next to the wheat plants. Root windows (30 × 30 cm) 

consisting of a transparent acrylic sheet (3-5 mm thick) were fixed in place by two vertical steel 

rods and backfilled with soil to remove air gaps. 

Soil in situ glucose imaging was applied on all plots according to Hoang et al. (2022). 

Accordingly, phosphate powder (Sigma P7994) was dissolved in distilled water to make a 

buffer solution of 0.05 M. 100 mL buffer solution (pH 7.4). It was added respectively with 1.7 

unit/ml glucose oxidase from Aspergillus niger (Sigma G7141), 1.5 unit/ml peroxidase from 

horseradish (Sigma P8125), and 200 μM Ampliflu red (Sigma 90101) dissolved in 60 μL 

Dimethylsulfoxide. Installed rhizotrones were gently removed to avoid cutting roots. 

Polyamide membrane filters (pore size 0.45 mm - Tao Yuan, China) were cut into 10 ×10 cm. 

These membranes were saturated with the prepared reaction mixture solution before being 

attached to the rooted area. After 20 minutes of incubation (an optimal incubation time was 

tested in advance ‒ time may differ between plants species (Hoang et al., 2022), membranes 
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were promptly removed and placed in a dark container and immediately transferred to the dark 

room under UV light of 355 nm wavelength. The magenta-colored area on the membrane 

indicated glucose exudation as hydrogen peroxide generated from a reaction between glucose 

and glucose oxidase enzymes, which was catalyzed by horseradish peroxidase to convert 

colorless Ampliflu red into magenta color resorufin (Zhou et al., 1997).  

All images were taken with a digital camera (Canon EOS 6D, Canon Inc.) and a Canon lens 

EF 24–105 mm 1: 4L IS II USM with the setting of aperture and shutter speed at f/5.6 and 1/10 

sec, respectively.  

The calibration lines for glucose imaging were prepared by soaking a 4 cm2 membrane 

in glucose solution at respective concentrations of 0, 2, 4, 6, 8, and 10 mM. The membranes 

were soaked in the respective reaction mixture solution. Fluorescent signals of glucose release 

on an area basis were calculated based on the volume of substrate solution taken up by a fixed 

membrane size. The image processing and analysis were conducted using the software package 

ImageJ.  

Mean+2SD was applied to identify and separate hotspots within each image which 

comprised three steps: dividing the greyscale histogram into two distributions with normal 

greyscale values, pinpointing the greyscale range associated with the hotspots, and 

subsequently mapping these hotspots onto the original image (Bilyera et al., 2020). The glucose 

release was determined for mature roots and root tips where the flux of primary metabolites 

through root exudation is mainly located, and the plants to communicate more with soil 

microorganisms (Canarini et al., 2019; Zhang et al., 2020). Five horizontal transects (angle to 

the root ~90°) were randomly drawn across five selected roots in the image using ImageJ to 

measure the glucose release. This yielded 25 lines per image as pseudo-replicates, and their 

mean was used for each replicate (as a true replicate) (Razavi et al., 2019). 

 

2.4.3.3. Expression analysis by RT-qPCR 

Total RNA from wheat leaf and root tissues was extracted with TRIzol® reagent (Thermo 

Fisher Scientific, Germany) according to the manufacturer’s instructions. The tissues were 

homogenized with pestles in liquid nitrogen, and then incubated for 5 min at room temperature. 

Subsequently, 200 µl of chloroform was added, vigorously vortexed, and centrifuged at 10,000 

rpm for 15 min at 4 °C. The resulting clear supernatant was carefully transferred to a new 1.5 

ml tube and incubated on ice for 30 min before being centrifuged at 12,000 rpm for 15 min at 

4 °C. The supernatant was discarded, and the RNA pellet was washed twice with 1 ml 80% 

DEPC-ethanol and 1 ml 100% ethanol, followed by centrifugation at 12,000 rpm for 5 min at 

4 °C, and subsequent supernatant removal. The RNA pellet was air-dried and dissolved in 50 

µl DEPC-water. Quality and concentration control of total RNA were performed using gel 

electrophoresis and NanoVue Plus Spectrophotometer (GE Healthcare Life Science), 

respectively. Total RNA samples of three independent biological replicates were used for 

further experimentation. 

Complementary DNA (cDNA) was synthesized from 1 μg total RNA in 20 μl reaction volume 

using RevertAid First Strand cDNA Synthesis Kit (Thermo Fisher Scientific, Germany) at 42 

°C for 1 h. Approximately 50 ng of the synthesized cDNA was used as a template for RT-qPCR 

reactions, conducted with qPCR SyGreen Mix (2X) (Nippon Genetics, Germany). The 

quantification of TaeSWEET1a expression levels was performed using the following program: 

10 min 95 °C; 40 × 15 s 95 °C, 30 s 59 °C, 30 s 72 °C; 10 s 95 °C, melting curve from 65 °C 

to 95 °C. The normalization of expression levels was carried out using GADPH as the internal 

reference gene. Each data point represents the mean of three independent biological replicates, 

with each replicate measured in duplicate. Primers used for RT-qPCR quantification assays are 

detailed in Table S1. 

 



Chapter II 

 

124 
 

2.4.3.4. Kinetics of the substrate-induced respiration 

Total and active microbial biomass was characterized by Substrate Induced Growth Respiration 

(SIGR) (Blagodatskaya et al., 2014). Accordingly, 0.5 g fresh soil was amended with a mixture 

of glucose (10 mg g-1) and mineral salts (1.9 mg g-1 (NH4)2SO4, 2.25 mg g K2HPO4 and 3.8 mg 

g-1 MgSO4.7H2O) in order to induce unlimited growth. There were samples amended with 

distilled water as a control. Soil samples were incubated in the modified rapid automated 

bacterial impedance technique (RABIT) system (Don Whitley Scientific, UK) at 25°C, and the 

CO2 production rate was monitored every six minutes. Equation (3) was used to estimate the 

specific growth rate (μ) of soil microorganisms: 

             𝐶𝑂2 = 𝐴 + 𝐵 × exp (µ𝑡)                                                                                                            (3) 

Where A is the initial respiration rate uncoupled from ATP production, B is the initial 

rate of couple (growth) respiration, and t is the time (Blagodatsky et al., 2000). The total 

microbial biomass (TMB) and growing microbial biomass (GMB) at time zero were given by 

Eqs. (4) and (5): 

              𝑇𝑀𝐵 =
𝐵

𝑟0𝑄
                                                                                                                                      (4) 

               𝐺𝑀𝐵 = 𝑇𝑀𝐵 × 𝑟0                                                                                                                          (5) 

where r0 is the physiological state index of the microbial biomass (MB) before substrate 

addition and was calculated according to Eq. (6): 

              r0 =
𝐵(𝜆−1)

𝐴+𝐵(𝜆−1)
                                                                                                                                   (6) 

where λ = 0.9, which has been accepted as a basic stoichiometric constant (Panikov & 

Sizova, 1996). Q is the total specific respiration activity: 

              𝑄 =
µ

𝜆𝑌𝐶𝑂2
                                                                                                                                    (7) 

YCO2 is the microbial yield per unit of glucose-C consumed, which was assumed to be 

a mean value of 0.6 (Panikov & Sizova, 1996). The theory of microbial growth kinetics has 

been presented in detail earlier (Panikov, 1991). 

The duration of the lag period (tlag) was determined as the time interval between the 

glucose addition and the moment when the increasing rate of growth-related respiration 

becomes as high as the rate of respiration uncoupled from ATP generation. It was calculated 

by using the parameters of the approximated curve of the respiration rate of microorganisms 

with the equation (8) (Blagodatskaya et al., 2009); 

             T𝑙𝑎𝑔 =
𝑙𝑛(𝐴/𝐵)

𝜇𝑚
                                                                                                                                  (8) 

In addition, the kinetic approach allowed the assessment of generation time (Tg) of both 

actively growing and total microbial populations consuming glucose. The estimation of Tg for 

actively growing biomass is based on specific growth rates, i.e.: 

T𝑔 =
𝑙𝑛(2)

𝜇𝑚
                                                                                                                                  (9) 

 

2.4.3.5. Enzyme kinetics, substrate affinity, and catalytic efficiency 

After removing plant roots from the plots, rhizosphere samples were collected by detaching 

tightly adhered soil particles immediately from roots using toothbrushes (Hamel et al., 2019). 

Briefly, the complete root was put on a sterile surface, and the soil was brushed off the root 

surface using a clean toothbrush. The loosely attached soil to the roots after shaking off the 

plant roots was collected as root-affected soil samples. The soil was collected in a conical tube 

and stored at 4°C. The root-free soil was collected as bulk soil for comparative purposes and 

stored the same way. All samples for enzyme kinetics were measured the next day.  

The kinetics of hydrolytic enzymes involved in C, N, and P cycles were measured by 

fluorimetric microplate assays of 4-methylumbelliferone (MUF) and 7-amino-4-methyl 

coumarin (AMC) (Dorodnikov et al., 2009). Three types of fluorogenic substrates based on 
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MUF and one type based on AMC were used to assess enzymatic activities; 4-

methylumbelliferyl-β-D-glucoside to detect β-glucosidase activity, 4-methylumbelliferyl-α-D-

glucoside to detect α-glucosidase activity, 4-methylumbelliferylphosphate to detect acid 

phosphomonoesterase activity, and L-Leucine-7-amino-4-methylcoumarin to detect leucine 

aminopeptidase activity. All substrates and chemicals were purchased from Sigma (Germany). 

According to (German et al., 2011), 1.0 g of soil was suspended in 50 mL distilled 

water, of which 50 μL aliquots were pipetted into labeled wells of a 96-well microplate 

(Thermo Fisher, Denmark). Then, 50 μL buffer (MES/Trizma) and 100 μL respective substrate 

solution were added to each well. The activity of enzymes was measured at three time points: 

30, 60, and 120 min using CLARIOstar plus (BMG LABTECH, Germany) at an excitation 

wavelength of 355 nm and an emission wavelength of 460 nm. We determined enzyme 

activities over a range of substrate concentrations from low to high (0, 20, 40, 60, 80, 100, 200, 

and 400 µmol g-1 soil) to ensure the appropriate saturating concentration (Razavi et al. 2016a).  

Enzyme activities (Vmax) were denoted as released MUF/AMC in nmol per g dry soil 

per hour (nmol MUF/AMC g-1 soil h-1) (Awad et al., 2012) and affinity constant for each 

enzyme (Km) expressed in µmol substrate per g dry soil (μmol g-1 soil). Simultaneously, 

MUF/AMC concentrations of 0, 10, 20, 30, 40, 50, 100, and 200 nM were prepared to calibrate 

the measurement. The Michaelis-Menten equation (Michaelis-Menten, 1913) was used to 

determine the parameters of the activity of the enzyme (V): 

𝑉 =
𝑉𝑚𝑎𝑥[𝑆]

𝐾𝑚+[𝑆]
                                                                                                       (1) 

where Vmax is the maximum enzyme activity (a function of enzyme concentration), S is 

the substrate concentration, and Km is the substrate concentration at half-maximal enzyme 

activity. Both Vmax and Km parameters were approximated by the Michaelis-Menten equation 

(1) with the non-linear regression routine of SigmaPlot (v. 12.3). Catalytic efficiency was 

calculated as the Vmax-to-Km ratio (Panikov et al., 1992). The substrate turnover rate was 

calculated by equation (2), where Tt is the turnover time (hours) (Hoang et al., 2020). 

𝑇𝑡 =
𝐾𝑚×[𝑆]

𝑉𝑚𝑎𝑥+[𝑆]
                                                                                                       (2) 

 

2.4.3.6. Data analysis 

All the statistical analyses were performed in SAS v. 9.2, and all graphs were drawn using 

Excel 2016. Significant differences in enzyme activities, substrate affinity, catalytic efficiency, 

substrate turnover time, rhizosphere extent, hotspot percentage, substrate-induced growth 

respiration kinetics parameters, and differentially expressed SWEET genes between W1 and 

W3 soil samples were confirmed by Two-Way ANOVA after checking normality and 

homogeneity of variance values. A probability of p < 0.05 was used as the significance level 

between treatment comparisons. Error bars indicate the standard error of the means.  

 

2.4.4. Results 

2.4.4.1. Lower glucose release in W3 compared to W1 

The spatial pattern of glucose release was affected by continuous wheat cultivation (Fig. 2.4.1). 

W3 had the lowest proportion of hotspots for glucose release with 1.35 % of the total soil 

surface area, indicating a 17.7 % decline compared to W1 (p<0.05) (Fig. 2.4.2a). Glucose 

release rate for wheat root tips and mature roots showed that W3 demonstrated a consistent 

decrease in both compartments compared to W1 and the highest glucose release at root tips 

was obtained in W1 with 593.5 nmol-1 cm-2 (p<0.05). However, as shown in Figure 2b, glucose 

release increased enormously in root tips compared to mature roots in W1 and W3. In W1, 

glucose release at wheat root tips increased by 30.2 % compared to mature roots, while in W3, 

root tips had 35.6 % higher glucose release than mature roots (Fig. 2.4.2b).  
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Figure 2.4.1. Original images of the wheat root (a, b) and spatial distribution of glucose release (c, d) at 

W1 (top row) and W3 (lower row), respectively (W1: first and W3: third wheat after break crop). 

 
Figure 2.4.2. (a) Comparison of the percentage of hotspot area and (b) mean glucose releasing rate in the 

whole area and region of interest (ROI) in the first (W1) and third (W3) wheat after break crop. Error 

bars represent standard error of means (n = 4). 

 

2.4.4.2. Gene expression 

Table 2.4.1 provided some information regarding SWEET genes identified in wheat roots and 

leaves in continuous wheat cultivation compared to W1. Results showed that the expressions 

of functional orthologous genes of SWEET1a in wheat roots were significantly upregulated in 

W3 compared to W1. The expressions of these orthologous genes were also checked by real-

time quantitative PCR. It was found that these genes were upregulated under continuous wheat 

cultivation (Fig. 2.4.3a). However, there was a reverse expression pattern for SWEET genes in 

wheat plant leaves in W3 compared to W1. We found downregulation of genes, especially for 

a c 

d b 

0

0.5

1

1.5

2

2.5

First wheat (W1) Third wheat (W3)

G
lu

co
se

 r
el

ea
se

 h
o

ts
p

o
t 

ar
ea

 (
%

)

(a) (b) 

300

350

400

450

500

550

600

650

First wheat (W1) Third wheat (W3)

G
lu

co
se

 r
el

ea
se

 (
n
m

o
l 

cm
-2

)

Mature roots Root tips

Glucose release (nmol cm
-2

 h
-1

) 

700 0 
10 cm 



Chapter II 

 

127 
 

SWEET 2a. Also, all orthologous genes of SWEET13 showed downregulation in continuous 

wheat cultivation compared to W1 (Fig. 2.4.3b). 

 
Table 2.4.1- Information about the SWEET genes identified in wheat leaf and root 

 Gene name Gene ID Length (bp) Locus on Chromosome 

Leaf 

SWEET 13 (1) TraesCS6D03G0847700 1376 6D 

SWEET 13 (2) TraesCS6A03G0966400 1473 6A 

SWEET 13 (3) TraesCS6D03G0847200 1375 6D 

SWEET 2a TraesCS6B03G0449300 1246 6B 

Root 
SWEET 1a (1) TraesCS1D03G0639100 1055 1D 

SWEET 1a (2) TraesCS1A03G0674900 1277 1A 

 

 

 
Figure 2.4.3. Relative expression of differentially expressed SWEET genes in wheat (a) roots and (b) leaves 

in W3 vs. W1 (W1: first and W3: third wheat after break crop). Error bars represent standard error of 

means. 

 

2.4.4.3. Substrate-induced respiration kinetics 

Total microbial biomass dropped by 11.8 and 4.8 % in W3 in the rhizosphere and bulk soils 

compared to W1 (respectively; Fig. 2.4.4a). The Growing microbial biomass in the rhizosphere 

soil of W1 was about five times higher than W3, and different crop rotations did not affect 

growing microbial biomass in bulk soil compartment (Fig. 2.4.4b). The GMB/TMB ratio was 

also strongly affected by crop rotation, and W1 had the higher ratios in both rhizosphere and 

bulk soil (0.14 and 0.002, respectively; Fig. 2.4.4c). The specific growth rates (μ) considerably 

increased in W3 in the rhizosphere compartment compared to W1 (0.17 and 0.23 h-1) and both 

W1 and W3 had similar specific growth rates in bulk soil samples (about 0.26 h-1; Fig. 2.4.4d). 

Despite a slower specific growth rate, a seven times shorter lag period was observed in W1 vs 

W3 rhizosphere soil. Similar lag periods were observed for bulk soil samples in W1 and W3 

(15.49 and 15.64 h, respectively; Fig. 2.4.4e). Generation time of actively growing microbial 

community-consuming substrate during incubation of soils with glucose and nutrients in W3 

declined by 24.2 % compared to W1 in rhizosphere soil and the difference in Tg in bulk soil 

for W1 and W3 was negligible (2.66 and 2.58 h, respectively; Fig. 2.4.4f). 
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Figure 2.4.4. Total microbial biomass (TMB) (a), actively growing microbial biomass (GMB) (b), Specific 

growth rates (μ) of soil microorganisms (d), their lag time (Tlag) (e) and generation time (Tg) (f) in 

rhizosphere and bulk soil samples of the first (W1) and third (W3) wheat after break crop during 

incubation at 25°C. Error bars represent standard error of means (n = 3). 

 

2.4.4.4. Enzyme kinetics is the lowest at T2 in both wheat crop rotations 

Wheat rotational positions strongly affected the maximum rate (Vmax) of extracellular enzymes 

in the rhizosphere, root affected, and bulk soil (p<0.01; Fig. 2.4.5). For β-glucosidase activity, 

soil samples from W1 resulted in a higher Vmax compared to W3 samples, demonstrating 145.5, 

148.5 and 74.6 nmol MUF g-1h-1 in the rhizosphere, root affected and bulk soil samples, 

respectively. W3 resulted in a 23.7 and 45 % decrease in Vmax value compared to W1 in 

rhizosphere and bulk soil, respectively (Fig. 2.4.5a). Despite no difference between soil 

compartments in terms of α-glucosidase activity in W1, the rhizosphere soil had the lowest 

Vmax value in W3 with 49.6 nmol MUF g-1h-1 indicating 47 % decrease compared to W1 (Fig. 

2.4.5b). 

Leucine aminopeptidase showed different trends in soil compartments at W1 and W3. 

While the highest Vmax value was observed in rhizosphere soil in W1 with 128.8 nmol AMC 

g-1h-1, the Vmax value in this compartment decreased by 44.8 % and had the lowest value in W3 

with 71.1 nmol AMC g-1h-1. The highest value was observed in bulk soil with 97.7 nmol AMC 

g-1h-1 (Fig. 2.4.5c). Contrary to leucine aminopeptidase; there was no statistical difference 
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between rhizosphere and bulk soil in W1 for acid phosphatase Vmax value. The activity of acid 

phosphatase at W3 decreased in BS and RH compartments by 8.6 and 15.7 %, respectively. 

Root-affected soil had the lowest Vmax value in both crop rotational positions with 315.8 and 

275.3 nmol MUF g-1h-1, respectively, indicating a 12.8 % drop in W3 vs W1 (Fig. 2.4.5d). 

 

 
Figure 2.4.5. Vmax values of β-glucosidase (a), α-glucosidase (b), leucine aminopeptidase (c) and acid 

phosphatase (d) in different wheat soil compartments (BS: bulk soil, RA: root affected soil, RH: 

rhizosphere) in the first (W1) and (W3) third wheat after break crop). Lower-case letters denote significant 

differences between treatments according to ANOVA at p<0.05. 

 

There was a decreasing trend in β-glucosidase Km values from bulk soil to root-affected 

and rhizosphere soil in W1 and W3. The same trend was also observed for catalytic efficiency 

values. However, the catalytic efficiency of β-glucosidase in rhizosphere soil in W3 decreased 

by 17.5 % compared to W1. The lowest catalytic efficiency was observed in bulk soil in W3 

with 1.94 nmol MUF μmol substrate-1 h-1. Accordingly, the lowest substrate turnover time was 

observed in W1 rhizosphere soil with 2.08 h (Fig. 2.4.6a). Results for catalytic efficiency values 

for α-glucosidase, leucine aminopeptidase, and acid phosphatase showed that, in both crop 

rotational positions, there was a slight decrease in efficiency from bulk soil to root affected soil 

and then drastically increased in rhizosphere soil. According to the results, these enzymes were 

less efficient in root affect soils than bulk and rhizosphere soils. Results for substrate turnover 

time support these findings (Fig. 2.4.6b, b, c). Overall results showed that the RH compartment 

had the highest enzyme activity and a downward trend from rhizosphere to bulk soil 

compartments for enzyme activities. 

 

2.4.5. Discussion 

2.4.5.1. Glucose release 

The observed differences in glucose release between W1 and W3 underscore the impact of crop 

rotation on root exudation patterns. Continuous wheat cultivation reduced glucose release in 

the rhizosphere (Figs. 2.4.1, 2.4.2a). The substantial reduction in glucose hotspots in W3 
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compared to W1 could be attributed to changes in root physiology and exudation processes. 

This result aligns with Chen et al. (2022) who have highlighted the impact of crop rotation in 

altering root exudation patterns. This indicates that the development and dynamics of the 

rhizosphere, as demonstrated by the intensity of hotspots, potentially contributed to the 

observed variations in glucose release between W3 and W1. Root-secreted compounds, 

including glucose, have a significant impact on initiating and fostering plant-microbe 

interactions within the rhizosphere (Hage-Ahmed et al., 2013). Consequently, the composition 

and quantity of root exudates can lead to distinct responses from soil-borne pathogens (Jones 

et al., 2004). In line with this, Bakker et al. (2013) pointed out that pathogens employ intricate 

mechanisms to exploit sugar fluxes from the host plant. Additionally, pathogens have the 

capability to manipulate the expression of sugar transporters from the SWEET gene family to 

secure the sugars essential for their proliferation (Chen et al., 2010).  

Especially, as monoculture practices can lead to escalated disease occurrence and 

severity, primarily due to the accumulation of pathogens in the soil. Hence, by reducing the 

released glucose amount, plants strategically establish gradients of soil biochemical attributes 

to establish a protective buffer against pathogenic invasions. Essentially, plants can regulate 

the release of glucose and modify the dynamics of plant-pathogen interactions to foster a 

mutually beneficial association. Our results revealed a decline in microbial biomass carbon and 

enzyme activity in the case of the W3, in comparison to the first wheat (W1) which might be 

attributed to the heightened levels of pathogens in the third wheat cycle (Mazzola et al., 2002). 

The lower glucose release rate in both root tip and mature root compartments of W3, 

along with the higher glucose release in root tips compared to mature roots (Fig. 2.4.2b), 

suggests a potential shift in resource allocation strategies driven by crop rotation. The initial 

section of the plant root, known as the root tip, serves as the pioneering element in the plant's 

interaction with a novel soil milieu and assumes a pivotal function in reacting to environmental 

cues. An increasing body of research has demonstrated that the root tip functions as a central 

hub for perceiving external nutrient levels and subsequently effecting changes in the 

arrangement of the root system and shaping rhizosphere hotspots (Grover et al., 2021; Razavi 

et al., 2016b). Higher release of glucose in root tips contributes to increase in microbial 

community persistence in the rhizosphere (Nwachukwu et al., 2021) which allows the plant to 

more effectively uptake nutrient, even in continuous wheat cultivation. 

 

2.4.5.2. Gene Expression 

The observed differential expression of SWEET genes in wheat roots and leaves highlights the 

intricate interplay between crop rotation and plant-microbe interactions. The expressions of 

functional orthologous genes of SWEET1a in wheat roots were significantly upregulated in 

W3 compared to W1 which further confirmed by real-time quantitative PCR (Fig. 2.4.3a). 

SWEET1a, belonging to clade I of the SWEET family, acts as a low affinity (Km ~100 mM) 

glucose-specific carrier with a passive diffusion manner and involved in the redistribution of 

sugars within the root system and the uptake of glucose into unloading cells as part of the sugar 

unloading mechanism in sink organs (Chen et al., 2010; Ho et al., 2019). The upregulation of 

these genes in W3 wheat roots may reflect the need for energy and carbon sources required for 

nutrient uptake and root development. Also, this upregulation could be linked to altered root 

exudation patterns and the demand for nutrient acquisition in the rhizosphere of W3 (Wen et 

al., 2022).  

Conversely, the expressions of functional orthologous genes of SWEET13 and 

SWEET2a in wheat leaves were significantly downregulated in W3 compared to W1 (Fig. 

2.4.3b). These genes are involved in the export of sugars (such as glucose and sucrose) 

produced during photosynthesis from the mesophyll cells of wheat leaves to other plant tissues 

(Breia et al., 2021) and may play important roles in sugar partitioning during seed development 
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(Xie et al., 2019). SWEET2 transporters retrieve sugars from the cytosol to the vacuole to limit 

their leakage to the extracellular space where they may feed the pathogen (Chen et al., 2015). 

This downregulation, especially for SWEET2a, could reflect a complex response to changes in 

root exudation and nutrient availability, potentially impacting plant growth and stress 

responses.  Also, the downregulation of these genes may indicate a decreased sugar export from 

the source tissues (leaves) to the rest of the plant and might be a result of reduced 

photosynthetic activity or altered resource allocation in continuous wheat cultivation. This is 

consistent with Zhang et al. (2021) who found decrease in photosynthesis rate and efficiency 

in monoculture compared to intercropping and crop rotation shade-demanding crop 

Amorphophallus xiei. 

 

2.4.5.3. Response of substrate-induced respiration kinetics 

The findings derived from this investigation illuminate the complex interconnections among 

crop rotation, microbial dynamics, and soil health within agroecosystems. The observed 

changes in microbial biomass, growth rates, and substrate utilization patterns under different 

crop rotations have important implications for nutrient cycling, microbial activity, and 

sustainable agricultural practices. The substantial reduction in total and growing microbial 

biomass observed in the rhizosphere and bulk soils of W3 compared to W1 (Fig. 2.4.4a and b) 

signifies the strong influence of crop rotation on soil microbial communities. This reduction 

could be attributed to a range of factors, including altered root exudation patterns (Figs. 2.4.1 

and 2.4.2) which might result in shifts in nutrient availability (Ma et al., 2022), and 

modifications in microbial community composition (Sasse et al., 2018). The finding that the 

rhizosphere soil of W1 had a significantly higher growing microbial biomass compared to W3 

supports the idea that different crop rotations can create distinct microbial habitats with varying 

nutrient dynamics (Li et al., 2021). Microbial communities in the rhizosphere soil serve as a 

bridge connecting plants and the soil, potentially mirroring soil nutrient conditions and exerting 

an impact on plant growth (Haldar and Sengupta, 2015) and might be affected by different 

factors like crop rotation (Qiao et al., 2019). Decreased growing microbial biomass in the 

rhizosphere of continuous wheat cultivation caused by decline in soil nutrient availability 

(Jiang et al., 2019) and decreased root exudation are the primary reasons for the challenges 

associated with consecutive cultivation (Li et al., 2021). 

The GMB/TMB ratio, which indicates the proportion of actively growing microbial 

biomass relative to the total microbial biomass, exhibited notable changes due to crop rotation. 

The higher GMB/TMB ratio in W1, particularly in the rhizosphere soil (Fig. 2.4.4c), suggests 

that this rotation fostered a more favorable environment for microbial growth and activity 

(Zhang et al., 2022). The observed variations in GMB/TMB ratios might be indicative of shifts 

in microbial community structure and function, potentially driven by differences in nutrient 

availability and root exudates. 
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Figure 2.4.6. Km values, catalytic efficiency and substrate turn over time of β-glucosidase (a), α-glucosidase 

(b), leucine aminopeptidase (c) and acid phosphatase (d) in different wheat soil compartments in the first 

(W1) and (W3) third wheat after break crop). Error bars represent standard error of means (n = 4). 
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The results clearly demonstrate a shift in microbial communities towards less efficient 

microorganisms in W3 compared to W1, evident in both the rhizosphere and bulk soil 

compartments. This underscores the unique microbial reactions triggered by continuous wheat 

cultivation (Fig. 2.4.4d-f). The r- and K-strategist framework can be employed to explore soil 

bacterial ecology, enabling comprehension of bacterial interactions (Pascault et al., 2013; Pan 

et al., 2022). In ecosystems that have been disturbed, structures primarily influenced by r-

strategists emerge, displaying traits associated with rapid growth. Conversely, in undisturbed 

and mature ecosystems, communities dominated by K-strategists prevail, characterized by their 

lower maximum-specific growth rates (Pianka, 1970). Alterations in the proportions of r- and 

K-strategists within microbial communities serve as valuable indicators of how soil 

microorganisms respond to stressors (Simonin et al., 2017). According to the findings 

illustrated in Fig. 2.4.4c, continuous wheat cultivation markedly diminished both the growing 

and active microbial biomass. These findings suggest that due to a decrease in glucose release 

(as observed in Figs. 2.4.1 and 2.4.2) and alterations in gene expression patterns within wheat 

roots and leaves (as depicted in Fig. 2.4.3), successive wheat cultivation practices fostered a 

harsh and unstable soil environment surrounding the roots. Given that soil microbes frequently 

face limitations in carbon availability (Soong et al., 2020), the reduced carbon supply resulting 

from diminished glucose release during continuous wheat cultivation could potentially 

contribute to a decline in the proliferation of growing microbial biomass (Singh et al., 2010), 

ultimately leading to an uncrowded environment with less competition. This circumstance may 

favor the predominance of opportunistic r-strategists, characterized by fast growth rates and 

low resource affinities, as highlighted in previous studies (Erbilgin et al., 2017; Yin et al., 

2022). This is consistent with the observed trends in the catalytic efficiency of enzymes (as 

shown in Fig. 2.4.6), wherein these fast-growers can outcompete the slower-growing K-

strategists (Blagodatskaya et al., 2009; Sun et al., 2021). 

 

2.4.5.4. Enzyme kinetics is the lowest at T2 in both wheat crop rotations 

Enzymes play a crucial role as essential agents that facilitate the breakdown of intricate organic 

compounds, allowing the release of nutrients and carbon, which are then made accessible for 

uptake by both plants and microbiomes. The enzymatic activities within the rhizosphere, root-

affected, and bulk soil compartments of different wheat plant rotational positions unveil the 

intricate interplay between crop rotation and soil microbial functionality. The variations 

observed in maximum rate and catalytic efficiency values of extracellular enzymes reflect the 

diverse responses of microbial communities to changing growth conditions and nutrient 

availability. In all studied enzymes, rhizosphere soil had higher Vmax in wheat rotational 

positions than bulk soil samples (Fig. 2.4.5). The elevated enzyme activity in the rhizosphere 

in comparison to other compartments is attributed not solely to microbial activity but also to 

the direct contribution of enzymes released by roots. This root-mediated influence 

encompasses root secretions composed of high molecular weight substances (>1000 Da), such 

as enzymes, or is a result of root cell lysis (Oburger and Jones, 2018). Roor exudates seem to 

play a key role in the effect of monoculture cultivation. Continuous wheat cultivation strongly 

decreased glucose release (Figs. 2.4.1 and 2.4.2) and also resulted in a substantial drop in 

growing microbial biomass and dominatcy of less efficient g microbial community (Fig. 2.4.4). 

Together, they influenced soil enzymatic activity and resulted in lower Vmax for all enzymes 

compare to the first wheat after break crop (Fig. 2.4.5). Other studies also showed significantly 

lower soil microbial biomass in monoculture systems (McDaniel and Grandy, 2016) and strong 

impact of continuous cultivation on the richness and diversity of the soil microbial community. 

Decreased soil enzyme activities and efficiency have been reported by Dou et al. (2016) who 

investigated the impact of continuous cropping of sorghum, cotton and corn on soil enzyme 

activities after 26 years of cropping on alkaline phosphatase, and -d-glucosidase. Lower 
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enzyme activity and efficiency in continuous cropping from the first wheat after break crop 

might be due to the fact that most labile organic matter is lost and the limitation of diversity in 

the rates of residue production and their distribution across the soil profile (Wright et al., 2007; 

Nourbakhsh, 2007). All these in turn would negatively impact microbial functionality, reflected 

in the reduction of expression of different types of enzymes.  

 

2.4.6. Conclusion 

In summary, our study offers novel insights into the complex interplay between continuous 

wheat cultivation, root exudation patterns, microbial dynamics, gene expression, and 

enzymatic activities within the rhizosphere and bulk soil compartments. Notably, our research 

introduced a pioneering approach by conducting glucose imaging in the field setting for the 

first time, shedding light on the dynamics of glucose release from wheat roots. The decline in 

glucose release observed under continuous wheat cultivation (W3) compared to the first wheat 

after a break crop (W1) underscores the significance of root exudates in shaping rhizosphere 

interactions. This shift in glucose release could be linked to altered root physiology and 

exudation processes, potentially reflecting the plant's strategy to create a less favorable 

environment for potential pathogens. The differential expression of SWEET genes in wheat 

roots and leaves further adds to the novelty of our findings. The upregulation of SWEET1a 

orthologous genes in W3 roots suggests a demand for energy and carbon sources for nutrient 

uptake, while the downregulation of certain genes in leaves could indicate shifts in resource 

allocation strategies. The microbial responses we observed, including changes in microbial 

biomass, growth rates, and substrate utilization patterns, highlight the intricate microbial 

community dynamics influenced by continuous wheat cultivation. These shifts in microbial 

composition are mirrored in the altered enzymatic activities observed across different 

compartments. 

Our study not only contributes to the understanding of how continuous wheat 

cultivation shapes plant-soil-microbe interactions but also introduces novel techniques, like in 

situ glucose imaging, to assess these interactions in the field. These insights carry implications 

for sustainable agricultural practices, nutrient cycling, and ecosystem health. By revealing the 

complex cascade of effects triggered by continuous cultivation, we provide valuable 

perspectives for optimizing management strategies and maintaining productive ecosystems in 

the face of evolving agricultural practices. 
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Table S2.4.1- Primer used in this study 

Name Forward primer Reverse primer Product length 

TaeSWEET1a CGTCTTCTCCATCTGCATGTAC GATGGCGTAGAGGATGAGCT 220bp 

GADPH CCTTCCGTGTTCCCACTGTTG ATGCCCTTGAGGTTTCCCTC 124bp 
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2.5.1. Abstract 

Continuous wheat cultivation leads to crop productivity decrease. Soil carbon availability is 

one of the main determinants of microbial activity and temporal variation in carbon inputs 

results in change in the microbial activity and functionality. Therefore, this study aims to 

elucidate and quantify the effects of the first and second wheat after break crop and long-term 

wheat monoculture, on soil enzymatic activity and microbial growth. We hypothesized that the 

long-term wheat rotation leads to the production of less efficient enzymes accompanied by the 

decline of enzyme production. We performed spatial sampling in frame of a field study at the 

experimental farm Harste, (IFZ, Göttingen). A soil sampling from rhizosphere (RH), and bulk 

soil (BS), at two sampling times, BBCH 29 (end of tillering) and BBCH 69-71 (the flowering 

stage) as 1st (W1) and 2nd (W2) wheat after break crop and wheat monoculture (WM) was 

performed. The kinetic parameters of enzymes involved in C, N and P cycles and also microbial 

growth kinetics were determined. Results showed there was considerable decrease in Vmax in 

WM compared to W1 and W2 in RH and RA compartments for β-glucosidase and in RA for 

LAP. The highest decrease in wheat monoculture compared to the W1 was observed in RH by 

~34 % for β-glucosidase and 26.2 % in BS for β-glucosidase. The substrate affinity (Km) for β-

glucosidase in BS and RA strongly decreased in WM compared to W1 and W2, while in RH a 

38 and 18.6 % increase was observed in W2 and WM compared to W1, respectively. the bulk 

soil exhibited a higher total microbial biomass than the rhizosphere soil at t1 in WM and t2 in 

W1 and WM. at t2, W2 and WM had significantly higher μ compared to W1 in the bulk soil 

(an increase of 21.6% and 14.7%, respectively). The general trend of catalytic efficiency 

demonstrated a gradual decrease with wheat rotation as a function of distance from root to bulk 

soil. Overall results showed that RH compartment had the highest enzyme activity and there 

was a downward trend from rhizosphere to bulk soil compartments for enzyme activities. We 

concluded that continuous cultivation of wheat suppressed microbial activity and functional 

efficiency and not only resulted to lower enzyme activity, but also led to production of less 

efficient enzymes. 

Keywords: biomass, efficiency, enzymes, function, growth, monoculture 

 

2.5.2. Introduction 

Soils constitute a diverse habitat characterized by an intricate amalgamation of minerals, 

organic matter, and a complex network of water- and air-filled pore spaces (Joos and De 

Tender, 2022). This environment serves as the dwelling place for a rich abundance and 

diversity of organisms, pivotal in executing fundamental soil processes and functions. Among 

these processes, the primary contributors are the microorganisms inhabiting both the bulk soil 

and the rhizosphere (the region surrounding plant roots) (Philippot et al., 2013). Accounting 
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for as much as 95% of total soil biomass (van Leeuwen et al., 2017), soil microbes, despite 

their relatively low presence in the soil matrix, wield substantial influence over sustainable 

crop productivity and play essential roles in soil ecosystems. They govern crucial activities 

such as nutrient cycling, organic matter decomposition, and the preservation of soil fertility 

(Wu et al., 2024). Concurrently, soil microbes significantly contribute to the regulation of soil-

borne diseases affecting crops. The inhibition of pathogen infection in roots arises from 

intricate interactions with other soil microorganisms (Duran et al., 2017), often manifested 

through the production of inhibitory secondary metabolites and enzymes (Garbeva et al., 2011; 

Meisner and de Boer, 2018). This dual role underscores the multifaceted importance of soil 

microorganisms, not only as drivers of essential soil processes but also as key players in the 

protection and health maintenance of agricultural systems. 

Enzymes within the soil matrix play a pivotal role in upholding the quality, functional diversity, 

and nutrient cycling of ecosystems (Kandeler et al., 1999; Liu et al., 2021). Primarily of 

microbial origin, these enzymes are also secreted by plant roots and soil fauna, contributing to 

the complex biochemical landscape of the soil environment (Telesiński et al., 2021). With their 

elevated catalytic capacity, soil enzymes regulate essential reactions in soils, governing 

microbial cycles, stabilizing soil structure, facilitating the formation of soil organic matter 

(SOM), and driving nutrient cycling (Mir et al., 2023; Erdel et al., 2023). A consensus among 

researchers underscores the significance of enzyme activity as the most sensitive indicator of 

soil ecochemical status. This heightened sensitivity arises from the integral role enzymes play 

in all microbiological reactions, encompassing the cycles of soil nutrients, and their rapid 

response to changes induced by natural or anthropogenic factors (Antonious et al., 2020; 

Telesiński et al., 2019). Consequently, the assessment of enzyme activities emerges as a 

reliable and robust indicator for discerning the extent of soil deterioration attributable to various 

environmental attributes and anthropogenic factors (Rao et al., 2014). This emphasis on 

enzyme activity underscores its potential as a valuable metric for evaluating the impact of 

diverse stressors on soil health and ecosystem functionality. 

Monocropping, the recurrent cultivation of the same crop over successive years, has become a 

prevalent practice in intensive and large-scale agriculture (Tilman et al., 2011). This continuous 

cultivation approach has been associated with various soil challenges, including the disruption 

of soil microbial communities, degradation of soil properties, and a decline in soil enzyme 

activity (She et al., 2017; Yu et al., 2024). Extensive research has demonstrated the profound 

impact of different cropping systems on the structure of the soil microbial community (Rao et 

al., 2021). Earlier researches has underscored the significant impact of various cropping 

systems on the structure of the soil microbial community (Li et al., 2021). Specifically, 

investigations have revealed substantial alterations in both composition and function of the soil 

bacterial community due to the introduction of break crop in a prolonged continuous cropping 

system (Rao et al., 2021; Sun et al., 2023). Notably, soils characterized by higher ratios of 

bacteria to fungi exhibited more resilient bacterial structures and demonstrated increased 

resistance to soil-borne diseases (Liu et al., 2015). This emphasizes the intricate relationship 

between soil microbial composition, cropping practices, and their consequences for soil health 

and disease resistance. Following continuous monocropping, a notable shift from bacterial to 

fungal dominance occurs, with the abundance and diversity of the fungal community showing 

a negative correlation with soil health (Han et al., 2010). The ramifications of such shifts extend 

to plant health, as exemplified by studies on continuous peanut cropping, where the abundance 

of beneficial Burkholderiales and Pseudomonadales decreases while detrimental Fusarium 

solani and Fusarium oxysporum increase, ultimately impacting crop yield negatively (Chen et 

al., 2020). Similar trends have been observed in the continuous cropping of buckwheat, where 

the accumulation of detrimental microorganisms further underscores the challenges associated 

with prolonged monocropping practices (Yu et al., 2024; Wang et al., 2019). 
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Moreover, continuous cropping systems exert broader effects on soil properties and enzyme 

activity, influencing the structure of rhizosphere microbial communities (Song et al., 2018 

Zhou et al., 2018). The imbalance in the soil microbial community emerges as a pivotal issue 

leading to obstacles in continuous cropping and subsequent reductions in crop yields (Li et al., 

2022). Understanding and mitigating the complex interactions within soil ecosystems under 

monocropping scenarios are critical for sustainable agricultural practices and long-term soil 

health management. 

Meier et al. (2021) highlighted that rhizosphere microbiomes exhibit responsiveness to host 

species. Simultaneously, various cropping systems have been identified to influence microbial 

species and the relative abundances of soil-enriched microorganisms (Castle et al., 2021) and 

therefore their functions. Therefore, the comprehensive analysis of soil microbial properties 

and enzyme activity stands as a crucial avenue for investigating the consequences of land 

conversions and prioritizing scientifically informed soil management practices. Therefore, in 

the present study, we aimed to investigate and quantify the effects of different wheat rotational 

positions including the first (W1) and second (W2) winter wheat (Tritium aestivum) after break 

crop of winter oilseed rape and a long-term winter wheat monoculture of 18 years on microbial 

growth and different enzymes kinetics involved in carbon (C), nitrogen (N) and phosphorous 

(P) cycles. We hypothesize that: i) wheat monoculture and continuous wheat cultivation leads 

to lower microbial growth, activity, and biomass; ii) a decrease in microbial growth and 

biomass in wheat monoculture will be accompanied by a decline in enzyme production and 

efficiency. 

 

2.5.3. Materials and Methods 

2.5.3.1. Soil description and experimental setup 

A field experiment was conducted at the field site is located near Harste (51°36′23.5″N, 

9°51′55.8″E), in Central Germany. The soil type is a silty loam Luvisol derived from Loess 

(IUSS Working Group WRB, 2015). Long-term (1991–2020) mean annual precipitation is 624 

mm and mean annual temperature is 9.4°C (DWD, 2022; Arnhold et al., 2023). 

Soil samples for enzyme and microbial growth kinetics were taken from the Ap horizon (0-20 

cm) from three distinct wheat rotational positions: the first wheat position (referred to as W1), 

represented the first wheat cultivation after the break crop of winter oilseed rape, and the 

subsequent second wheat (wheat grown continuously for two years referred to as W3) 

addressing the continuous cultivation of wheat two years in a row following the same break 

crop in 2022 and a long-term wheat monoculture of 18 years. The details on the crop rotational 

trials and wheat rotational positions are described in Arnhold et al. (2023).  

 

2.5.3.2. Soil sampling 

After uprooting the plants, loosely adhered root soil was removed by vigorously shaking the 

total root mass collected from field at BBCH 28 (end of tillering) BBCH 69-71 (flowering 

stage). After this procedure, the roots still had a layer of soil attached to them (rhizosphere, or 

RH). The complete root system was placed on a sterile surface, and the RH soil was gently 

brushed off the root surface with a sterile toothbrush (Hamel et al., 2019). Bulk soil (without 

roots) was also collected in a conical tube and stored at 5 °C, in the same way as RA and RH. 

The details on sampling scheme are described in Giongo et al. (2023). 

 

2.5.3.3. Kinetics of the substrate-induced respiration 

Total and active microbial biomass was characterized by Substrate Induced Growth Respiration 

(SIGR) (Blagodatskaya et al., 2014). Accordingly, 0.5 g fresh soil was amended with a mixture 

of glucose (10 mg g-1) and mineral salts (1.9 mg g-1 (NH4)2SO4, 2.25 mg g K2HPO4 and 3.8 mg 

g-1 MgSO4.7H2O) in order to induce unlimited growth. There were samples amended with 
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distilled water as a control. Soil samples were incubated in the modified rapid automated 

bacterial impedance technique (RABIT) system (Don Whitley Scientific, UK) at 25°C, and the 

CO2 production rate was monitored every six minutes. Equation (3) was used to estimate the 

specific growth rate (μ) of soil microorganisms: 

             𝐶𝑂2 = 𝐴 + 𝐵 × exp (µ𝑡)                                                                                                            (3) 

Where A is the initial respiration rate uncoupled from ATP production, B is the initial rate of 

couple (growth) respiration, and t is the time (Blagodatsky et al., 2000). The total microbial 

biomass (TMB) and growing microbial biomass (GMB) at time zero were given by Eqs. (4) 

and (5): 

              𝑇𝑀𝐵 =
𝐵

𝑟0𝑄
                                                                                                                                      (4) 

               𝐺𝑀𝐵 = 𝑇𝑀𝐵 × 𝑟0                                                                                                                          (5) 

where r0 is the physiological state index of the microbial biomass (MB) before substrate 

addition and was calculated according to Eq. (6): 

              r0 =
𝐵(𝜆−1)

𝐴+𝐵(𝜆−1)
                                                                                                                                   (6) 

where λ = 0.9, which has been accepted as a basic stoichiometric constant (Panikov & Sizova, 

1996). Q is the total specific respiration activity: 

              𝑄 =
µ

𝜆𝑌𝐶𝑂2
                                                                                                                                    (7) 

YCO2 is the microbial yield per unit of glucose-C consumed, which was assumed to be a mean 

value of 0.6 (Panikov & Sizova, 1996). The theory of microbial growth kinetics has been 

presented in detail earlier (Panikov, 1991). 

The duration of the lag period (tlag) was determined as the time interval between the glucose 

addition and the moment when the increasing rate of growth-related respiration becomes as 

high as the rate of respiration uncoupled from ATP generation. It was calculated by using the 

parameters of the approximated curve of the respiration rate of microorganisms with the 

equation (8) (Blagodatskaya et al., 2009); 

             T𝑙𝑎𝑔 =
𝑙𝑛(𝐴/𝐵)

𝜇𝑚
                                                                                                                                  (8) 

In addition, the kinetic approach allowed the assessment of generation time (Tg) of both 

actively growing and total microbial populations consuming glucose. The estimation of Tg for 

actively growing biomass is based on specific growth rates, i.e.: 

T𝑔 =
𝑙𝑛(2)

𝜇𝑚
                                                                                                                                  (9) 

 

2.5.3.4. Enzyme kinetics, substrate affinity, and catalytic efficiency 

The kinetics of hydrolytic enzymes involved in C, N, and P cycles were measured by 

fluorimetric microplate assays of 4-methylumbelliferone (MUF) and 7-amino-4-methyl 

coumarin (AMC) (Dorodnikov et al., 2009). Three types of fluorogenic substrates based on 

MUF and one type based on AMC were used to assess enzymatic activities; 4-

methylumbelliferyl-β-D-glucoside to detect β-glucosidase activity, 4-methylumbelliferyl-α-D-

glucoside to detect α-glucosidase activity, 4-methylumbelliferylphosphate to detect acid 

phosphomonoesterase activity, and L-Leucine-7-amino-4-methylcoumarin to detect leucine 

aminopeptidase activity. All substrates and chemicals were purchased from Sigma (Germany). 

According to (German et al., 2011), 1.0 g of soil was suspended in 50 mL distilled water, of 

which 50 μL aliquots were pipetted into labeled wells of a 96-well microplate (Thermo Fisher, 

Denmark). Then, 50 μL buffer (MES/Trizma) and 100 μL respective substrate solution were 

added to each well. The activity of enzymes was measured at three-time points: 30, 60, and 

120 min using CLARIOstar plus (BMG LABTECH, Germany) at an excitation wavelength of 

355 nm and an emission wavelength of 460 nm. We determined enzyme activities over a range 
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of substrate concentrations from low to high (0, 20, 40, 60, 80, 100, 200, and 400 µmol g-1 soil) 

to ensure the appropriate saturating concentration.  

Enzyme activities (Vmax) were denoted as released MUF/AMC in nmol per g dry soil per hour 

(nmol MUF/AMC g-1 soil h-1) (Awad et al., 2012) and affinity constant for each enzyme (Km) 

expressed in µmol substrate per g dry soil (μmol g-1 soil). Simultaneously, MUF/AMC 

concentrations of 0, 10, 20, 30, 40, 50, 100, and 200 nM were prepared to calibrate the 

measurement. The Michaelis-Menten equation (Michaelis-Menten, 1913) was used to 

determine the parameters of the activity of the enzyme (V): 

𝑉 =
𝑉𝑚𝑎𝑥[𝑆]

𝐾𝑚+[𝑆]
                                                                                                       (1) 

where Vmax is the maximum enzyme activity (a function of enzyme concentration), S is the 

substrate concentration, and Km is the substrate concentration at half-maximal enzyme activity. 

Both Vmax and Km parameters were approximated by the Michaelis-Menten equation (1) with 

the non-linear regression routine of SigmaPlot (v. 12.3). Catalytic efficiency was calculated as 

the Vmax-to-Km ratio (Panikov et al., 1992). The substrate turnover rate was calculated by 

equation (2), where Tt is the turnover time (hours) (Hoang et al., 2020). 

𝑇𝑡 =
𝐾𝑚×[𝑆]

𝑉𝑚𝑎𝑥+[𝑆]
                                                                                                       (2) 

 

2.5.5. Data analysis 

All the statistical analyses were performed in SAS v9.2. Significant differences in enzyme 

activities, substrate affinity, catalytic efficiency, substrate turnover time, and substrate-induced 

growth respiration kinetics parameters between W1, W2 and WM soil samples were confirmed 

by Two-Way ANOVA after checking normality and homogeneity of variance values. A 

probability of p < 0.05 was used as the significance level between treatment comparisons. Error 

bars indicate the standard error of the means. 

 

2.5.6. Results 

2.5.6.1. Microbial growth kinetics 

At t1, different wheat rotational positions had a substantial impact on the total microbial 

biomass in the rhizosphere compartment, with a 42.5% and 42.8% decrease in WM compared 

to W2 and W1, respectively. Notably, the bulk soil exhibited a higher total microbial biomass 

than the rhizosphere soil at t1 in WM and t2 in W1 and WM (Fig. 2.5.1a). The trend in growing 

microbial biomass varied at both t1 and t2. In both sampling times, the rhizosphere soil showed 

significantly higher growing microbial biomass compared to the bulk soil. While wheat 

monoculture significantly increased growing microbial biomass at t1, by t2, the rhizosphere 

soil of W1 exhibited approximately 2.5 times higher growth compared to WM. Crop rotations 

did not have a significant effect on growing microbial biomass in the bulk soil compartment 

(Fig. 2.5.1b). 

The GMB/TMB ratio was strongly influenced by crop rotation at t1, with WM having higher 

ratios in both rhizosphere and bulk soil (0.08 and 0.002, respectively). Although W1 had the 

highest ratio at t2 in both bulk and rhizosphere soil compartments, there was no significant 

difference between wheat rotational positions (Fig. 2.5.1c). Specific growth rates (μ) 

considerably decreased in WM in the rhizosphere compartment compared to W1 at t1 (0.22 

and 0.27 h-1). There were no significant differences in specific growth rates among wheat 

rotational positions in bulk soil samples at t1. The decreasing trend in rhizosphere soil persisted 

at t2 with no strong difference between wheat rotational positions. However, at t2, W2 and 

WM had significantly higher μ compared to W1 in the bulk soil (an increase of 21.6% and 

14.7%, respectively, Fig. 2.5.1d). 
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Figure 2.5.1. Total microbial biomass (TMB) (a), actively growing microbial biomass (GMB) (b), the ration 

of GMB/TMB (c) and Specific growth rates (μ) of soil microorganisms (d) in different wheat soil 

compartments (BS: bulk soil, RH: rhizosphere) in the first (W1), second (W2) winter wheat after oilseed 

rape break crop and long-term wheat monoculture (WM) at two sampling times, T1 (BBCH 29) and T2 

(BBCH 59). Error bars represent standard error of means (n = 3) according to ANOVA at p<0.05. 

 

A reverse trend was observed in the lag time of soil microbial biomass between t1 and t2. At 

t1, there was a decreasing trend from W1 to W2 and WM, with wheat monoculture significantly 

reducing lag time (10.43, 5.85, and 0.16 hours, respectively). However, at t2, we observed an 

increasing trend, and WM exhibited about four times longer lag period compared to W1 in the 

rhizosphere soil. No significant differences were found between wheat rotational positions in 

the bulk soil compartment (Fig. 2.5.2a). The generation time of the actively growing microbial 

community, consuming substrate during soil incubation with glucose and nutrients, declined 

by 14.3% in WM compared to W1 in both rhizosphere and bulk soil at t2. The difference in 

generation time between W1 and WM was negligible at t1 (Fig. 2.52b). 
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Figure 2.5.2. the lag time of soil microbial biomass (Tlag) (a), their generation time (Tg) (b), in different 

wheat soil compartments (BS: bulk soil, RH: rhizosphere) in the first (W1), second (W2) winter wheat after 

oilseed rape break crop and long-term wheat monoculture (WM) at two sampling times, T1 (BBCH 29) 

and T2 (BBCH 59). Error bars represent standard error of means (n = 3) according to ANOVA at p<0.05. 

 

2.5.6.2. Enzyme kinetics 

Wheat plant rotational positions significantly influenced the maximum rate (Vmax) of 

extracellular enzymes in the rhizosphere, root-affected, and bulk soil (p<0.01; Fig. 2.5.3). In 

terms of α-glucosidase activity at t1, continuous wheat cultivation markedly increased the 

enzyme activity in all sampling compartments. However, a reverse trend was observed at t2, 

with WM showing the lowest Vmax compared to W1 and W2. Notably, at t2, the rhizosphere 

soil exhibited the highest Vmax value compared to both bulk soil (BS) compartment (Fig. 

2.5.3a). For β-glucosidase activity, no substantial differences were observed between wheat 

rotational positions in BS samples. However, the rhizosphere (RH) had the highest value in 

WM (113.03 nmol MUF g-1h-1), indicating a 31.4% and 13.2% decrease compared to W1 and 

W2, respectively. In the second sampling time, WM significantly decreased β-glucosidase 

activity in all studied compartments. The lowest Vmax was observed in wheat monoculture with 

values of 56.67 and 67.98 nmol MUF g-1h-1 in BS and RH compartments, respectively (Fig. 

2.5.3b). 

Leucine aminopeptidase activity displayed an increasing trend from bulk soil to rhizosphere 

soil. In the bulk soil (BS) at t1, W1 exhibited the highest Vmax at 114.4 nmol AMC g-1h-1, with 

a 29.8% and 15.9% decrease in W2 and WM, respectively. At t2, wheat monoculture resulted 

in significantly higher Vmax in BS. In the rhizosphere (RH) compartment, at both sampling 

times, WM consistently showed the lowest Vmax for leucine aminopeptidase activity (Fig. 

2.5.3c). In contrast to the other studied enzymes, wheat monoculture led to a substantial 

increase in acid phosphatase compared to the first and second wheat after the break crop. 

Moreover, the rhizosphere soil exhibited higher enzyme activity compared to both bulk soil 

(BS) compartment. In rhizosphere (RH) compartment, WM demonstrated the highest enzyme 

activity at t2, with values of 73.8 and 83.1 nmol MUF g-1h-1, respectively. At the second 

sampling time, W1 displayed the lowest acid phosphatase activity in RH (Fig. 2.5.3d). 

At t2, the rhizosphere (RH) exhibited the most efficient α-glucosidase with low substrate 

affinity in both W1 and WM. Additionally, the bulk soil in WM displayed the lowest catalytic 

efficiency. Throughout both sampling times, W2 resulted in the lowest catalytic efficiency 

overall (Fig. 2.5.4a). For β-glucosidase, there was a decreasing trend in Km values from bulk 

soil to rhizosphere soil in all wheat rotational positions. At t1, WM had the lowest Km and the 

highest catalytic efficiency, with wheat monoculture displaying more efficient β-glucosidase 

enzymes compared to WM. However, at t2, the RH compartment in W1 had the highest 

catalytic efficiency, reaching 4.4 nmol MUF µmol substrate-1h-1. With plant growth, wheat 

-2

0

2

4

6

8

10

12

14

16

18

W1 W2 WM W1 W2 WM

T1 T3

T
la

g
(h

)
Rhizosphere Bulk Soil

0

0.5

1

1.5

2

2.5

3

3.5

4

W1 W2 WM W1 W2 WM

T1 T3

G
en

er
at

io
n

 t
im

e 
(T

g
, 

h
)(a) 

(b) 



Chapter II 

 

147 
 

monoculture resulted in lower enzyme efficiency, and there were no significant differences 

between W2 and WM (Fig. 2.5.4b). 

The same trend was observed for catalytic efficiency values for leucine aminopeptidase at the 

second sampling time. W1 in the RH compartment exhibited the highest catalytic efficiency, 

and continuous wheat cultivation led to a decline in enzyme efficiency. At t1, W2 had more 

efficient enzymes, and the bulk soil in WM had the highest Km and the lowest efficiency (Fig. 

2.5.4c). A different trend was observed for catalytic efficiency and Km values for acid 

phosphatase, where wheat monoculture at both sampling times led to more efficient enzymes. 

At t2, RH soil in WM had the highest catalytic efficiency values, reaching 2.9 nmol MUF µmol 

substrate-1h-1, corresponding to a 38.6% and 6.2% increase compared to W1 and W2, 

respectively (Fig. 2.5.4d). 

 

 
Figure 2.5.3. Vmax values of α-glucosidase (a), β-glucosidase (b), leucine aminopeptidase (c) and acid 

phosphatase (d) in different wheat soil compartments (BS: bulk soil, RH: rhizosphere) in the first (W1), 

second (W2) winter wheat after oilseed rape break crop and long-term wheat monoculture (WM) at two 

sampling times, T1 (BBCH 29) and T2 (BBCH 59). Error bars represent standard error of means (n = 3) 

according to ANOVA at p<0.05. 
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Based on the results in Fig. 2.5.5, enzymes exhibited higher efficiency in terms of substrate 

turnover time at t2 compared to t1. At t1, the rhizosphere (RH) soil in WM had the lowest 

substrate turnover time for α-glucosidase. However, at t2, there was no significant difference 

between W1 and WM (Fig. 2.5.5a). For β-glucosidase at t1, WM showed lower turnover time 

in both RH and bulk soil (BS) compared to W1 and W2. However, at t2, in the RH 

compartment, the lowest turnover time was observed in W1, with a 2.51-hour turnover time, 

which increased by 56% and 45.5% in W2 and WM, respectively (Fig. 2.5.5b). 

 

 
Figure 2.5.4. Km values and catalytic efficiency of α-glucosidase (a), β-glucosidase (b), leucine 

aminopeptidase (c) and acid phosphatase (d) in different wheat soil compartments (BS: bulk soil, RH: 

rhizosphere) in the first (W1), second (W2) winter wheat after oilseed rape break crop and long-term wheat 

monoculture (WM) at two sampling times, T1 (BBCH 29) and T2 (BBCH 59). Error bars represent 

standard error of means (n = 3) according to ANOVA at p<0.05. 

 

In BS at t1, the highest substrate turnover time was observed in WM for leucine 

aminopeptidase, significantly higher than W1 and W2. Also, in RH soil at t2, the turnover time 

was lower than in BS. However, there were no significant differences between wheat rotational 

positions in both BS and RH compartments (Fig. 2.5.5c). At t2, rhizosphere soil exhibited the 

highest turnover time for acid phosphatase enzyme, reaching 3.96 hours in WM, which had no 

significant difference with W2. In all sampling compartments and at both sampling times, RH 

in WM consistently had the lowest substrate turnover time (Fig. 2.5.5d). 

 

2.5.7. Discussion 

2.5.7.1. Microbial growth kinetics 

This study unravels dynamic shifts in microbial biomass, growth, and activity influenced by 

various wheat rotational positions across two sampling times (t1 and t2; Fig. 2.5.1), revealing 

the intricate interplay between crop rotation and soil microbial ecology. Previous studies, 
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including those by Venter et al. (2016) and Sun et al. (2023), support the complexity of this 

relationship. At t1, the rhizosphere significantly impacted total microbial biomass, with wheat 

monoculture (WM) exhibiting a marked decrease compared to other rotational positions (Fig. 

2.5.1a). This aligns with Mayer et al.'s (2019) findings of reduced rhizosphere microbial 

biomass in monoculture systems. Despite this, growing microbial biomass remained 

consistently higher in the rhizosphere than in bulk soil, indicating localized enrichment by root 

exudates (Wang et al., 2022). 

While wheat monoculture enhanced microbial growth in the rhizosphere at t1, a notable shift 

occurred by t2. The rhizosphere soil of W1 (first year wheat) exhibited a remarkable growth 

increase, surpassing WM by approximately 2.5 times (Fig. 2.5.1). This hints at an adaptive and 

growth-promoting effect of W1 on the rhizosphere microbiome, consistent with Liu et al.'s 

(2023) observations of enhanced microbial activity in rotational systems compared to 

monoculture. These findings underscore the temporal dynamics and intricate relationships 

between wheat rotational positions and microbial responses, emphasizing the need for a 

comprehensive understanding of soil microbial communities in sustainable agricultural 

practices. 

 

 
Figure 2.5.5. Substrate turnover time values of α-glucosidase (a), β-glucosidase (b), leucine aminopeptidase 

(c) and acid phosphatase (d) in different wheat soil compartments (BS: bulk soil, RH: rhizosphere) in the 

first (W1), second (W2) winter wheat after oilseed rape break crop and long-term wheat monoculture 

(WM) at two sampling times, T1 (BBCH 29) and T2 (BBCH 59). Error bars represent standard error of 

means (n = 3) according to ANOVA at p<0.05 

 

The GMB/TMB ratio, reflecting microbial efficiency in resource utilization, was notably 

influenced by crop rotation at t1 (Fig. 2.5.1c). Wheat monoculture showed higher ratios in both 

the rhizosphere and bulk soil, suggesting a potential trade-off between growth and efficiency 

(Fierer et al., 2007). Although W1 had the highest ratio at t2, the absence of significant 
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differences across rotations suggests a convergence in microbial efficiency over time, possibly 

due to community adjustments (Sun et al., 2023). 

Specific growth rates (μ) exhibited significant decreases in the rhizosphere of WM at t1, 

persisting at t2, hinting at a potential stress response or resource limitation in the monoculture 

system (Liu et al., 2023). Conversely, W2 (second year wheat) and WM displayed significantly 

higher μ in bulk soil at t2, indicating a shift in microbial dynamics and potential proliferation 

in bulk soil. The observed changes in lag time, with WM showing a fourfold increase in the 

rhizosphere by t2, further support the dynamic and potentially stressed response of the 

monoculture microbiome. The decline in generation time within WM at t2 suggests alterations 

in microbial metabolic activities, potentially in response to resource availability or stress 

adaptation (Wright et al., 2021). 

The significant reduction in lag time for WM rhizosphere at t1, compared to other rotations, 

suggests a rapid and efficient activation of microbial biomass, possibly reflecting a readily 

available resource pool (e.g., root exudates) at t1, as observed in studies by Yahya et al. (2021). 

However, the unexpected increase in lag time for WM rhizosphere at t2 compared to W1 

suggests a potential shift in the functional dynamics of the microbial community, attributable 

to various factors such as resource depletion, stress adaptation, and changes in community 

composition. 

The decline in generation time of actively growing microbial communities in WM at t2, 

compared to W1 (Fig. 2.5.2), implies the adaptability of the microbial community to different 

rotational positions. This rapid growth strategy might be a response to resource limitations in 

the monoculture system, allowing for faster resource acquisition and biomass accumulation in 

response to reduced soil fertility (Croft et al., 2015). The negligible difference in generation 

time between W1 and WM at t1 suggests an initial stability or similarity in the metabolic 

activities of the microbial communities. However, as the experiment progressed, the 

differences in resource availability and potential stress factors in the monoculture system likely 

led to the observed divergence in generation times. 

 

2.5.7.2. Enzyme kinetics 

Continuous wheat cultivation (WM) exhibited contrasting effects on α-glucosidase activity 

depending on the sampling time and soil compartment. At t1, WM increased activity across all 

compartments (Fig. 2.5.3), potentially reflecting readily available resources for this readily 

degradable substrate (Sinsabaugh et al., 2002). However, at t2, WM exhibited the lowest 

activity, suggesting potential resource depletion or changes in microbial community 

composition in the monoculture system (Yahya et al., 2021). Notably, the rhizosphere 

consistently displayed higher activity compared to bulk soil, highlighting the localized 

enrichment of enzymes due to root exudates (Dhungaha et al., 2023). While the rhizosphere 

displayed the most efficient enzyme (low Km) at t2 in both W1 and WM, WM bulk soil had the 

lowest efficiency throughout the study, suggesting potential spatial and temporal variability in 

enzyme efficiency within the different compartments and wheat rotations (Wang et al., 2023). 

Similar to α-glucosidase, WM showed variable effects on β-glucosidase activity. At t1, WM 

had the highest activity in the rhizosphere, displaying the highest catalytic efficiency. However, 

this advantage diminished by t2, with W1 rhizosphere exhibiting the highest efficiency, 

potentially indicating efficient utilization of complex carbohydrates by specific microbial 

groups (Sinsabaugh et al., 2002). By t2, WM displayed the lowest activity in all compartments, 

suggesting potential limitations or shifts in resource availability in the monoculture over time. 

The decline in β-glucosidase activity in WM at t2, coupled with lower efficiency compared to 

W1 rhizosphere, indicates potential limitations or shifts in resource availability for the 

monoculture system over time. 



Chapter II 

 

151 
 

Unlike other enzymes, WM consistently had lower leucine aminopeptidase activity in the 

rhizosphere, indicating limited access or utilization of protein-derived substrates. Conversely, 

WM displayed the highest acid phosphatase activity in the rhizosphere at t2, with W1 

rhizosphere displaying the highest efficiency at t2, while WM generally had lower efficiency. 

This suggests a potential adaptation towards utilizing more recalcitrant organic phosphorus 

sources (Sinsabaugh et al., 2008; Chen et al., 2021). 

 

2.5.8. Conclusion 

This study revealed intricate connections between soil microbial dynamics and crop rotation 

practices. Wheat monoculture (WM) significantly affected microbial biomass, growth, and 

enzyme activity across different compartments and sampling times, highlighting the complex 

and dynamic nature of these interactions. WM initially decreased rhizosphere biomass but 

eventually promoted microbial growth compared to other rotations, highlighting the potential 

for both suppression and adaptation within the microbiome. Also, WM displayed higher 

growth-to-maintenance ratios, potentially prioritizing growth over resource utilization. 

However, rotational differences in efficiency converged over time, suggesting community 

adjustments. These findings emphasize the importance of understanding the temporal 

dynamics and intricate relationships between crop rotation and soil microbial responses for 

sustainable agricultural practices. Further research exploring the underlying mechanisms and 

long-term impacts of different cropping systems on soil microbial communities is crucial. 
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