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Summary 

Understanding soil microbial control over carbon (C), nitrogen (N), and phosphorus (P) pathways in 

plant-soil systems is crucial for advancing our knowledge of biogeochemical feedback mechanisms 

and ecosystem responses to global change. Belowground plant-soil interactions form vital links 

between abiotic and biotic soil components and provide hotspots for microbial processes. Isotope 

labeling techniques and soil enzyme kinetics are effective in studying C and nutrient dynamics to 

unravel the complex and diverse interactions between roots, soil particles and biota. This study aims 

to further elucidate C and N turnover in the rhizosphere in maize production systems and P 

mobilization in the detritusphere of beech forests, guide sustainable soil management, and develop 

new visualization technologies for soil microorganisms and enzymes. 

To investigate the potential for resource reuse in existing root channels by cash crops, I conducted a 

field experiment using 13C and 15N to trace resource uptake by maize from root channels of cover crop 

mixtures (legume/grass, legume/brassica, brassica/grass). Results reveal that the legume/grass mixture 

allocated the most C and N to subsoil root channels, with maize taking up to 6.5% of N from these 

root channels. Legume/grass and brassica/grass mixtures enhanced C-cycling enzyme activities in 

maize rhizosphere under drought, demonstrating significant potential for enhancing C stabilization and 

N supply during maize growth, as well as maintaining microbial activity in maize rhizosphere under 

drought. 

P is an essential nutrient for microorganisms and plants. Thus, understanding the microbial P use 

strategies is of great value. I conducted an experiment using 33P as tracer to investigate whether 

microorganisms maintain high P mobilization when microbial diversity decreases. The results show 

higher acid phosphatase activity in P-poor soil compared to P-rich soil, indicating strong microbial P 

mobilization under P-deficient conditions. Additionally, higher incorporation of litter-33P in soil 

microbial biomass in P-poor soil with the decrease of microbial diversity suggests functional 

redundancy and rapid litter-P acquisition by microorganisms in P-poor soil. 

Based on these experiments, I identified limitations in existing visualization technologies for 

microorganisms and enzymes and developed new approaches to address them. These include using 

micro-zymography with fluorescent substrates to visualize peroxidase activity on root tissue and 

Fluorescence Lifetime Imaging Microscopy with phasor plot separation to differentiate stained 

microorganisms from soil particles, enhancing microorganism localization in complex soil matrices. 

The outcome of my research contributes to a better understanding of C and nutrient pathways in the 

soil, provides sustainable strategies for agricultural and forest soil management, and offers powerful 

tools for future soil biochemistry research. 
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Zusammenfassung 

Um unser Wissen über biogeochemische Rückkopplungsmechanismen und die Reaktionen von 

Ökosystemen auf den globalen Wandel voranzubringen ist das Verständnis der mikrobiellen Einflüsse 

auf Kohlenstoff- (C-), Stickstoff- (N-) und Phosphor- (P-) Flüsse in Pflanze-Boden-Systemen 

entscheidend. Unterirdische Pflanze-Boden-Interaktionen, insbesondere in der Rhizosphäre und 

Detritussphäre, stellen wesentliche Verbindungen zwischen abiotischen und biotischen 

Bodenkomponenten her und sind Hotspots für mikrobielle Prozesse. Isotopenmarkierungstechniken 

und die Kinetik von Bodenenzymen eignen sich zur Untersuchung der C- und Nährstoffdynamik, um 

die komplexen und vielfältigen Wechselwirkungen zwischen Wurzeln, Bodenpartikeln und Biota zu 

entschlüsseln. Diese Studie zielt darauf ab, den C- und N-Umsatz in der Rhizosphäre eines 

Maisproduktionssystems, sowie die P-Mobilisierung in der Detritussphäre eines Buchenwaldes zu 

entschlüsseln, Leitlinien für nachhaltiges Bodenmanagement zu definieren, und neue 

Visualisierungstechnologien für Bodenmikroorganismen und Enzyme zu entwickeln. 

Um das Potenzial der Wiederverwendung von Ressourcen in bestehenden Wurzelkanälen durch 

Hauptkulturen zu untersuchen, habe ich ein Feldexperiment mit 13C- und 15N-Markierungen 

durchgeführt, um die Nutzung von Ressourcen aus Wurzelkanälen von Zwischenfruchtmischungen 

(Leguminosen/Gras, Leguminosen/Brassica, Brassica/Gras) durch Mais nachzuverfolgen. Die 

Ergebnisse zeigen, dass die Leguminosen/Gras-Mischung am meisten C und N in die Unterboden-

Wurzelkanäle verlagerte wobei Mais bis zu 6,5 % des N aus diesen Wurzelkanälen aufnahm. Die 

Leguminosen/Gras- und Brassica/Gras-Mischungen förderten die Aktivität der C-Kreislauf-Enzyme 

in der Mais-Rhizosphäre unter Trockenstress, und zeigten signifikantes Potenzial zur Verbesserung 

der C-Stabilisierung und N-Versorgung während des Maiswachstums sowie zur Aufrechterhaltung der 

mikrobiellen Aktivität in der Mais-Rhizosphäre unter Trockenheit. 

P ist ein essentieller Nährstoff für Mikroorganismen und Pflanzen. Daher ist das Verständnis der 

mikrobielle P-Nutzungsstrategien von großer Bedeutung. Ich führte ein Experiment mit 33P als Tracer 

durch, um zu untersuchen, ob Mikroorganismen bei abnehmender mikrobieller Diversität eine hohe P-

Mobilisierung aufrechterhalten. Die Ergebnisse zeigen eine höhere Aktivität der sauren Phosphatase 

in P-armen Böden im Vergleich zu P-reichen Böden, was auf eine starke mikrobielle P-Mobilisierung 

unter P-Mangelbedingungen hinweist. Zusätzlich deutet die höhere Überführung von Streu-33P in die 

mikrobielle Biomasse in P-armen Böden bei abnehmender mikrobieller Vielfalt auf funktionale 

Redundanz und eine schnelle P-Akquisition durch Mikroorganismen in P-armen Böden hin. 

Auf Grundlage dieser Experimente habe ich Einschränkungen bestehender 

Visualisierungstechnologien für Mikroorganismen und Enzyme identifiziert und neue Ansätze 
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entwickelt, um diese zu überwinden. Dazu gehören die Anwendung der Mikro-Zymographie mit 

fluoreszierenden Substraten zur Visualisierung der Peroxidaseaktivität in Wurzelgewebe und die 

Fluoreszenz-Lebensdauer-Imaging-Mikroskopie mit Phasendiagrammtrennung, um angefärbte 

Mikroorganismen von Bodenpartikeln zu unterscheiden und so die Lokalisierung von 

Mikroorganismen in komplexen Bodenmatrizen zu verbessern. 

Die Ergebnisse meiner Forschung tragen zu einem besseren Verständnis der C- und N-Wege im Boden 

bei, bieten nachhaltige Strategien für das landwirtschaftliche und forstliche Bodenmanagement und 

stellen leistungsstarke Werkzeuge für die zukünftige Forschung zur Bodenbiochemie zur Verfügung.    
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1 Extended summary 

1.1 Introduction 

In terrestrial ecosystems, plants provide energy and nutrients for microbial metabolism through root 

exudation and litter decomposition (Zhao et al., 2021; Hobbie et al., 2015; Finzi et al., 2015). They 

significantly influence biogeochemical cycles and are crucial in regulating ecosystem biogeochemistry 

(Bardgett and Wardle, 2010; Bastida et al., 2021). Plant-derived carbon (C) and nutrients follow 

different pathways based on their properties, localization, and availability to soil microorganisms 

(Feng et al., 2022; Ladygina and Hedlund, 2010; Lange et al., 2019). Soil microbial activity plays a 

vital role in C stabilization and nutrient retention, underlining the importance of understanding key 

microbial processes in soil (Lange et al., 2015; Trivedi et al., 2013). However, quantifying plant- and 

microbial-driven reactions remains challenging due to the heterogenous distribution of 

microorganisms in soil and the high dynamic of these reactions (Smercina et al., 2021). In recent years, 

isotope technologies have been widely applied to trace organic matter transformations driven by plant 

and soil microorganisms (Dorodnikov et al., 2011; Chen et al., 2019; Kuzyakov and Schneckenberger, 

2004). Moreover, it is well-known that exoenzymes, released by plants and microorganisms in order 

to generate soluble oligomers and monomers that can be readily transported into cells, play a central 

role in the depolymerization of macromolecular organic compounds in soils (Sinsabaugh et al., 2002). 

Accordingly, the combination of enzyme quantification and tracing techniques has proven effective in 

analyzing microbially controlled transformation processes in soils (Ai et al., 2023; Dippold and 

Kuzyakov, 2013; Sun et al., 2024). Integrating isotope tracing technologies with soil enzyme analyses 

allows the determination of direct and indirect contributions of various factors to soil organic matter 

(SOM) transformation. This approach helps identifying key driving factors in SOM transformation. 

Understanding soil microbial control over C, nitrogen (N), and phosphorus (P) pathways is crucial for 

advancing our knowledge of biogeochemical feedback mechanisms and long-term ecosystem 

responses to global change. 

1.1.1 Using isotopes in tracing soil carbon and nutrient cycles 

In recent decades, radioactive isotopes, e.g., 14C, 33P, and 35S and stable isotopes, e.g., 13C, 15N and 18O 

have been widely used to trace element pathways and understand the mechanisms of SOM dynamics 

(Ai et al., 2023; Lehmann et al., 2018; Ma et al., 2021; Müller and Bünemann, 2014; Kuzyakov et al., 

2000; Sauer et al., 2006; Wang et al., 2023; Werth and Kuzyakov, 2008), especially in the rhizosphere 

(Mayer, et al., 2003; Pausch and Kuzyakov, 2011; Spohn and Kuzyakov, 2013; Stevenel et al., 2019; 

Teixeira et al., 2024; Wang et al., 2021), a hotspot for microbial activity, cycling of nutrients, and 

turnover of organic matter (Kuzyakov and Blagodatskaya, 2015). 

The application of the stable isotope 13C for tracing soil C turnover in soils was introduced by 

Kuzyakov et al. (2000). Later, applications of the radioisotope 14C in soil-plant systems were 

introduced (Sauer et al., 2006), and used to study the spatial distribution of root exudates. Based on 

tracer studies using 14C enrichment of wheat and barley, it has been shown that, after 1–4 months, 30% 

of the total assimilates were transferred into the soil: 2–4% of the C from rhizodeposition remains in 

SOM, while 0.8–3.2% is incorporated into microbial biomass (Kuzyakov and Domanski, 2000; van 

Ginkel et al., 2000), the remaining C was either used for root growth or root respiration. However, the 

use of 14C poses safety and environmental concerns, which makes the application of these methods 

rather difficult despite their high sensitivity. The use of the stable isotope 13C as tracer allows for safer, 

long-term ecological studies (Kuzyakov et al., 2002), and the method has been successfully applied, 

e.g., to (1) quantify rhizosphere C deposition in soil aggregates and pore structures (Qiao et al., 2014), 

and (2) track the pathways of plant C inputs (Bore et al., 2017; Ladygina and Hedlund, 2010; Pang et 

al., 2021; Werth and Kuzyakov, 2008).  
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13C labeling has been successfully used to determine the heterogeneous distribution of rhizodeposit-C 

from the root surface to the surrounding soil, and to detect and quantify the root-derived C in soil 

aggregates and soil pores (Qiao et al., 2014; Teixeira et al., 2023; Quigley and Kravchenko, 2022). For 

instance, Teixeira et al. (2023) reported that the majority (57 %) of recently deposited root-derived C 

was stored in macroaggregates (> 250 µm). Moreover, most of the root-derived C was found in the 

soil pores that were > 2 μm in diameter (Qiao et al., 2014). These results underline the heterogenous 

accessibility of root-derived C for soil microorganisms.    

Notably, growing plant roots can deeply penetrate the soil and leave continuous biopores coated in 

root-derived C after their decay (Petzoldt et al., 2020). These biopores are preferentially reused by the 

following plants. This is supported by the observation of Stewart et al. (1999) that 80 % of the living 

roots in soil are distributed within 1 mm distance from soil macropores. The exudates in the 

rhizosphere of the plants that reuse biopores will enhance the microbial activity and, thus, affect the 

dynamics of C cycling within these pores. A study using 13C successfully traced the distribution of rye 

root-derived C in a soil with intact pore architecture, and found that the root-derived 13C was positively 

associated with > 90 µm pores, providing evidence for preferential rye root growth into legacy root 

channels (Quigley and Kravchenko, 2022). However, the utilization of root-derived C accumulated in 

biopores by microorganisms in the rhizosphere of living roots needs further research. 

The pathways of plant-derived C in the rhizosphere (Figure 1) are (1) mineralization to CO2; (2) 

assimilation in microbial biomass; (3) storage as soil OC; and (4) release as microbial 

exudates/extracellular polymeric substances into the soil (Ge et al., 2015; Pang et al., 2021; Paterson 

et al., 2007). It has been demonstrated that the total release of assimilated photosynthetic C to the soil 

by exudation varied in different ecosystems: approximately 1–10 % is released in forests, which is 

notably lower than agricultural systems (20–30 %) and grasslands (30–50 %) (Qiao et al., 2014, 

Pausch and Kuzyakov, 2018, Zang et al., 2019). In a tree-crop-grass agroforestry system, grassland 

transferred 7.0 % of total assimilated C into the soil, which is more than the transfer generated by rape 

(9.2 %) and willow (1.6 %) (Zhou et al., 2022). About half of the assimilated C that cereal crops 

allocate to belowground is found in roots, another third is associated with rhizodeposition and root-

derived CO2, and the remaining C is transferred to SOC and soil microbial biomass (Kuzyakov and 

Domanski, 2000). Another study using 13C pulse labeling to trace C loss through soil respiration in 

grassland demonstrated that rhizodeposit decomposition accounted for 7–31 % of total below-ground 

respiration (Wang et al., 2020). Previous results have shown that 13C labeling is a successful method 

for tracking the OC cycle in soil and continues to be an effective approach to fill the existing knowledge 

gaps. 

 
Figure 1 The main 13C fluxes between the C pools within the plant-soil-microorganism system (Pang 

et al., 2021). 

Labeling techniques with the stable N isotope 15N are widely used to investigate N transformations in 

soil ecosystems, offering detailed insights into N dynamics and management practices referring to 

three aspects: (1) inorganic N as plant nutrient, and (2) organic N transformation, and (3) the coupled 
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mobilization of C and N (and/or P) in OM. In detail, a study using 15N techniques reported that 40–

50 % of N applied as fertilizer was utilized by maize (Guo et al., 2021), providing insights into N 

uptake efficiency for high-yield crops. 15N labeling through the stem was successfully applied to 

Brassica napus, Centaurea jacea and Lolium perenne, and 4–6 % of the total applied 15N was retraced 

as root exudates in the soil (Hertenberger and Wanek, 2004). Interestingly, the oxidation of labile 

organic N to NO3
− accounted for between 63 and 83% of total NO3

− production especially in a low-P 

soil, suggesting a novel nitrification pathway (O'Neill et al., 2021). The efficiency of 13C allocation 

and 15N uptake showed similar patterns between daytime and nighttime in maize and wheat, suggesting 

a close coupling between C allocation and N utilization (Liu et al., 2021). The combined use of 15N 

and 13C allowed quantification of the C: N ratio of SOM mineralization processes, e.g., C: N ratio of 

the basal (non-primed) mineralized flux from SOM was reported to be 20 for rhizosphere soil (Murphy 

et al., 2015). Combining 13C and 15N stable isotope labeling effectively clarifies the coupling patterns 

of C and N allocation, and the competition between plants and soil microorganisms for N uptake 

(Kušlienė et al., 2014; Fu et al., 2021). 

The P radioisotope (32P and 33P) technique qualitatively determines P uptake, transformation, and 

movement in soils (Di et al., 1997; Meyer et al., 2017; Müller and Bünemann, 2014; Siegenthaler et 

al., 2020; Wang et al., 2024; Zhang et al., 2021). 33P has lower radioactivity and longer half-life time 

than 32P, making it more suitable for experiments that focus on tracing P in the plant-soil system 

(Robinson et al., 1969). Many studies using 33P tracing follow the approaches of Oehl et al. (2001) and 

Bünemann et al. (2004). Recent studies have applied 33P labeling to prove that subsoil communities 

are well capable of mobilizing and using complex organic P sources (Ai et al., 2023), and that P can 

be taken up by perennial crop species from soil depths down to 4.2 m, especially under P-limited 

conditions in the topsoil (Han et al., 2021). It is worth noting that key studies have focused on 

discussing P turnover in low-P soils and on proposing sustainable suggestions to alleviate P deficiency. 

Previous researches have provided substantial insights into plant and microbial strategies for P 

acquisition. However, with the increasing trend of microbial diversity loss due to human activities, it 

remains unclear whether soil microbial communities will be able to maintain their high P-mobilization 

capacities. 

1.1.2 Imaging techniques in soil enzyme visualization 

Enzymes play a crucial role in breaking down large organic molecules that originate from plants and 

microorganisms. These processes are fundamental to the cycling of C, N, P, and other essential 

nutrients in soil (Sinsabaugh, 2010). The possibilities for the study of soil enzymes have evolved 

significantly, particularly through developing enzyme kinetics and zymography (Bilyera et al., 2021; 

Ma et al., 2018; Tian et al., 2020). Enzyme kinetics, based on the Michaelis-Menten model (Michaelis 

and Menten, 1913), has been pivotal for understanding enzyme activities by quantifying the rates of 

substrate conversion. Early research in this area, e.g., by Sinsabaugh (2010) and Nannipieri et al. 

(2012), established foundational principles for soil enzyme functions. Razavi et al. (2015, 2016) 

explored nonlinear temperature sensitivities in enzyme kinetics to improve the understanding of soil 

enzyme dynamics under different climate conditions. Alvarez et al. (2018) further expanded this work 

by showing that increasing temperature decreases enzyme catalytic power in soil C cycling. Moreover, 

the method of zymography emerged as a technique for visualizing enzyme activity distribution in the 

rhizosphere, providing a more comprehensive view of enzyme functions (Razavi et al., 2019; Spohn 

et al., 2013). Zymography addresses the limitations of enzyme kinetics by allowing for the spatial and 

temporal mapping of enzyme activities in the natural soil matrix. 
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Figure 2 Historical timeline of the soil zymography method. Only those papers with the most important 

methodological steps are presented (Bilyera and Kuzyakov, 2024). 

Zymography techniques have evolved considerably since their introduction, from initial visual 

methods to advanced quantitative approaches (Figure 2) (Bilyera and Kuzyakov, 2024). The 

development of soil zymography was based on a colorimetric gel to analyze amylase and protease 

activity on the rooted soil surface (Spohn et al., 2013). Later, Spohn and Kuzyakov (2014) advanced 

fluorescent substrate-based zymography by recording the signal by camera under ultraviolet (UV) light. 

Guber et al. (2018) made a major advancement by developing quantitative soil zymography, which 

improved measurement accuracy through detailed examinations of substrate and enzyme diffusion 

processes. Guber and Kravchenko (2021) introduced time-lapse soil zymography, addressing previous 

limitations in temporal resolution. 

Recent applications of zymography techniques have demonstrated their effectiveness in exploring soil 

enzyme functions and their implications for soil health and management. Bilyera et al. (2020) used 

advanced imaging techniques to identify hotspots in bulk soil and rhizosphere, revealing significant 

spatial variability of enzyme activities. Hoang et al. (2016) used zymography to study enzyme kinetics 

and distribution in earthworm burrows, finding that the hotspot areas were 2.4–14 times larger in the 

burrows versus soil without earthworms. Kravchenko et al. (2019) combined X-ray micro-tomography 

with 2D zymography to investigate extracellular enzyme spatial patterns, showing that extracellular 

enzymes were positively associated with 60–90 μm pores. Wang et al. (2022) applied in-situ 

zymography techniques to reveal anoxic enzyme activities in paddy soils, and documented how short-

term aeration can overestimate enzymatic hotspot area in anoxic ecosystems.  

The above-mentioned zymography technology is based on camera imaging, which can have 

insufficient magnification accuracy for studying tiny hotspots. Recently, Ghaderi et al. (2022) 

innovated a micro-zymography method to detect hydrolase activity under the microscope, allowing 

for high-resolution visualization of enzyme activities in soil aggregates and the rhizosphere. These 

advancements have significantly enhanced the sensitivity, resolution, and temporal observation 

capabilities of zymography, though challenges, such as sensitivity for fast-reacting oxidase, remain. In 

fact, soil oxidoreductase zymography was successfully developed by Khosrozadeh et al. (2022), who 
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first introduced Amplex Red as a reagent to visualize and quantify distributions of phenol oxidase and 

peroxidase activities in the rhizosphere of Zea mays L. However, this is also a membrane-based 

imaging technology and it cannot fully reflect the enzyme dynamics in plants and soil.  

1.1.3 Microscopy-based localization of microorganisms in soil 

Soil biochemical processes are mediated by microbial communities whose composition and activity 

are influenced by their habitat (Eickhorst and Tippkötter, 2008; Loeppmann et al., 2018; Wang et al., 

2020). Although various methods have been developed and refined to study the localization of 

microorganisms in soil, a large knowledge gap remains in understanding the dynamics and metabolic 

landscapes of soil microbial communities at relevant spatial scales. Early advancements in microscopic 

techniques for soil microorganisms involved traditional light and electron microscopy (Beveridge and 

Moyles, 2014). Currently, direct microscopy techniques such as confocal laser scanning fluorescence 

microscopy (CLSM) are invaluable for determining the spatial distribution of soil microorganisms in 

their microhabitats (Eickhorst and Tippkötter, 2008; Li et al., 2004; Tippkötter et al., 1986). 

CLSM has proven effective for visualizing a diverse range of soil microorganisms, including protists, 

fungi, bacteria, and rhizosphere microorganisms (Jaafar et al., 2014; Li et al., 2004; Lo Piccolo et al., 

2010). However, this technique faces various challenges for soil microorganism localization, including 

interference from the primary fluorescence of soil particles, intrinsic fluorescent proteins, and 

autofluorescent compounds, such as aromatic amino acids, siderophores, and cytochromes (Alimova 

et al., 2003), in bacteria. These challenges can obscure the accurate interpretation of microbial spatial 

distributions and interactions. 

To enhance the visualization of soil microorganisms, improved fluorescent staining methods have been 

developed. Techniques such as fluorescence in situ hybridization (FISH) are now commonly used, 

often applied with CLSM to improve resolution and specificity (Tippkötter et al., 1986; Fernández-

Suárez and Ting, 2008; Pett-Ridge and Firestone, 2018; Bokota et al., 2021). However, the technical 

limitations of the targeted detection of fluorescence in a soil matrix persist, including issues with 

autofluorescence, resolution, and photobleaching artifacts from soil minerals and organic matter that 

complicate digital image processing and analysis (Li et al., 2004; Watt et al., 2006). 

In recent years, molecular fluorescence lifetime imaging (FLIM) has emerged as a technique that 

provides both complementary and unique information about target biomarkers in cells (Balke et al., 

2018; Digman et al., 2008; Hayek et al., 2007). FLIM offers significant advantages by distinguishing 

between different fluorophores and the intrinsic fluorescence of samples. For example, Lee et al. (2022) 

reported obviously different signals of unstained fungal hypha and soil organic matter. However, the 

application of FLIM is constrained by limitations such as slow image acquisition and processing, 

complex implementation, and high instrument costs (Mannam et al., 2021). Thus, a better approach to 

simplify the analysis of FLIM images is required to provide detailed insights into the spatial 

distribution and interactions of soil microorganisms. 

1.2 Objectives 

The main purpose of this work is to utilize modern isotope and imaging technologies to quantify and 

visualize key processes in the C, N and P cycles of agricultural and forest soils, and to derive 

sustainable soil use strategies that are applicable to production practices. Additionally, it introduces 

new methods, based on existing technologies, to accurately localize and quantify key processes driven 

by plants and microorganisms in the soil. The presented studies include the following approaches to 

obtain these objectives: 

1) Using stable isotope (13C and 15N) labeling methods combined with soil zymography to assess 

the allocation of plant-derived C and N in root channels, and assess microbial C and N 

mobilization during the reuse of these root channels by following plants (Study 1 and 2). 

2) Using radioisotope (33P) labeling combined with soil enzyme kinetics to identify the functional 

redundancy of microbial P mobilization (Study 3). 
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3) Developing novel methods, based on microscopy techniques, to localize soil microorganisms 

and visualize the spatial distribution of fast-reacting oxidase enzyme activity, in order to 

contribute to a comprehensive understanding of soil C and nutrient cycling processes (Study 4 

and 5). 

1.3 Materials and Methods 

1.3.1 Experimental setup  

 

Figure 3 Experimental sites in Germany. The numbers on the figure represent the study numbers in 

this thesis. [https://de.wikipedia.org/wiki/Datei:Germany_general_map.png] 

The studies presented in this work include seven sampling sites in central and northern Germany 

(Figure 3). To achieve the first objective, field experiments with maize as the main crop after different 

winter cover crops were established. The experiment in Study 1 was conducted only at the site 

Hohenschulen (54°18'44"N, 9°59'46"E), an experimental farm of Kiel University, Germany. The soil 

is a Luvisol with sandy loam texture. The experimental plots, including three cover crop mixtures and 

control (black fallow in winter), were set up in the autumn of 2020. Maize was sown in May 2021 after 

the cover crops had been killed by herbicide, and the topsoil had been shallowly tilled to prepare the 

seedbed.  

To compare the maize reuse of cover crop root channels under different soil types, the experiments for 

Study 2 were expanded to three sites in the second year. Rain exclusion experiments were set up at 

the three experimental sites to explore whether the C and N in the root channels of cover crops help 

maintaining microbial activity in maize rhizosphere under drought stress. The three sites included two 

experimental farms of Kiel University: (1) Hohenschulen; (2) Karkendamm (KD, 53°55'38.8"N 
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9°55'51.0"E), with a gleyic Podzol and sandy texture; and one experimental farm of Göttingen 

University: (3) Reinshof (RH, 51°29'08.5"N 9°53'34.9"E), with a Phaeozem soil and silty loam texture. 

With the objective of identifying the functional redundancy of microbial P mobilization, two beech 

forest sites with contrasting soil P storage were selected for Study 3. The Bad Brückenau (BBR) site 

with a P-rich soil with 904 g m−2 of P stock (Brödlin et al., 2019) located in Northern Bavaria, Germany 

(50°21'7.26" N, 9°55'44.53" E) was chosen to take P-rich soil samples. The soil is a Dystric skeletic 

Cambisol (WRB 2015) and has developed from Basalt (Lang et al., 2017). The Lüss (LUE) site with 

164 g m−2 of P stock (Brödlin et al., 2019) located in Lower Saxony, Germany (52°50'21.77" N, 

10°16'2.37" E) was chosen to take P-poor soil samples. The soil is a Hyperdystric Folic Cambisol and 

has developed on sandy till (WRB 2015; Lang et al., 2017).  

With the objective of developing novel methods to visualize the spatial distribution of fast-reacting 

oxidase enzyme activity that occurs intensively in living root rhizosphere, a rhizotron experiment with 

apple seedlings growing in two different soils from Heidgraben (53°41'57.5"N 9°40'59.6"E) and Ruthe 

(52°14'39.8"N 9°49'08.2"E) were set up for Study 4. The soil in Heidgraben is an Luvisol with sandy 

texture. The soil in Ruthe is a Luvisol with silty texture (Rohr et al., 2020).  

To develop a novel microscopy method to localize soil microorganisms, the successfully verified 

living microbial communities extracted from BBR and LUE sites in study 3 were chosen for Study 5. 

1.3.2 Soil and plant sampling 

Both plant and soil samples were collected for Study 1: Aboveground biomass of the cover crops 

(labeled with 13C and 15N, details in 1.3.3.1 and 1.3.3.2) was sampled before sowing maize in May 

2021 to determine the assimilated 13C and 15N. Soil samples from cover crop root channels (initially 

empty at the first sampling time, with and without maize rhizosphere at the second sampling time) 

were collected from 0–30 cm and 30–60 cm depth increments from soil profiles by carefully scraping 

out the inside of the channels with a micro spatula, and bulk soil samples were collected from both the 

cover crop variations and the control (only bulk soil). Additionally, two maize plants growing within 

the sampling area were collected to determine the transfer of 15N from the cover crop root channels to 

the maize crop. 

For Study 2, soil samples from maize rhizosphere in the subsoil layer (30-60 cm) were collected. 

Soil samples for Study 3 and 5 were taken from the Ah horizon of the respective site at six randomly 

chosen positions. European beech seedlings (Fagus sylvatica L.) were also collected from the 

randomly chosen positions at the two sampling sites. 

The rhizotrons in Study 4 were filled with soil from the sites Heidgraben and Ruthe. After dried and 

sieved, the soil was filled into the rhizotron with a bulk density of 1.1 g cm-3, and the water content 

was adjusted to 60 % of water holding capacity. 

1.3.3 Isotope labeling methods 

1.3.3.1 13C pulse labeling 

The 13CO2 pulse labeling was performed in Study 1 according to Bromand et al. (2001) and Zhou et 

al. (2022) in November 2020 and April 2021 on a subplot of each plot with cover crop mixture (Figure 

4). The labeling area was covered with a cuboid chamber to allow for unhindered photosynthesis 

during the label. Every chamber had two beakers with NaH13CO3 (98 atom % 13C, Sigma-Aldrich, 

Germany). The 13CO2 was released by injecting an excess amount of H3PO4 (85 % w/w) into the 

beakers by using a syringe from outside the chamber.  



22 

 

 
Figure 4 13C pulse labeling of cover crops. (a) Preparation of the labeling area; (b) Placement of 

NaH13CO3 in the chamber; (c) Sealed chamber with temperature monitoring. 

1.3.3.2 15N leaf labeling 

In Study 1, 15N leaf labeling was used to trace the allocation of cover crop-derived N in their root 

channels and the reuse of this N by maize. The 15N was prepared in a solution containing (15NH₄) ₂SO₄ 

and Na15NO3. For labeling, three leaves from three adjacent cover crop plants were cut off from both 

sides of the midrib, leaving only the midvein. These three midveins were immersed together in a plastic 

vial containing 15N solution and sealed with parafilm (Figure 6). The midveins remained fixed in the 

vials for one week to allow for plant uptake.  

 
Figure 5 15N labeling for (a) red clover, (b) tall fescue, and (c) oil radish. 

1.3.3.3 33P labeling 

In Study 3, beech trees collected from two experimental sites were cultivated in climate chambers 

under artificial light at 20°C for four weeks, until the buds opened and leaves emerged. Each plant was 

fed with 33P as a 1 ml H₃33PO₄ solution applied to the beech stem using the wick labeling method 

(Russell and Fillery, 1996; Mayer et al., 2003). A small hole was drilled into the stem, into which a 

cotton wick was inserted and the hole sealed with plasticine to minimize harm to the plant. The other 

end of the cotton wick was submerged in the H₃33PO₄ solution to facilitate the transfer into the plant. 

After 96 hours, the solution was completely absorbed.  

1.3.4 Enzyme kinetics and zymography methods 

1.3.4.1 Enzyme kinetics 

The kinetics of enzymes that target C- and N-containing organic compounds were assayed using 

fluorogenically labeled substrates (Razavi et al., 2015). The 4-methylumbelliferone (MUF)-based 

fluorogenic substrate 4-methylumbelliferyl-β-D-glucoside was used to assess β-glucosidase activity 

(GLU), and the 7-amino-4-methylcoumarin (AMC)-based fluorogenic substrate L-Leucine-7-amido-

4-methylcoumarin hydrochloride was used to assess the activity of leucine-amino-peptidase (LAP) in 
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Study 1. Three types of 4-methylumbelliferone (MUF)-based fluorogenic substrates were used to 

assess the activity of C-cycling enzymes in Study 2: 4-methylumbelliferyl-β-D-glucoside for β-

glucosidase (BG) activity, 4-methylumbelliferyl-β-N-acetyl-D-glucosaminide for cellobiohydrolase 

(CE) activity, and 4-methylumbelliferyl-β-D-xylopyranoside for xylanase (BX) activity. The enzyme 

activities were determined at a range of substrate concentrations. Fluorescence (caused by the release 

of MUF from the substrate) was measured with the micro-plate reader CLARIOstar Plus (BMG 

LABTECH, Ortenberg, Germany). Enzyme activity was calculated according to the Michaelis-Menten 

equation (Michaelis and Menten, 1913; Nannipieri et al., 2012).  

1.3.4.2 In-situ zymography 

Zymography was conducted in the maize rhizosphere to examine the spatial patterns of C-cycling 

enzyme activity influenced by cover crop mixtures in Study 2, following the protocol established by 

Razavi et al. (2016). Membranes saturated with 4-Methylumbelliferyl-β-D-glucoside (abcr GmbH, 

Karlsruhe, Germany) were used to detect β-glucosidase activity. The calibration was performed using 

membranes soaked in MUF solutions with a range of concentrations. Membranes were photographed 

(EOS 6D, Canon, Tokyo, Japan) under UV light (365 nm wavelength). The membranes were attached 

to cover rhizosphere soil and maize roots, and photographed as described above. Image analysis was 

performed using ImageJ (Fiji 1.54f) and MATLAB R2023a (The MathWorks, Inc., USA). 

1.3.4.3 Resorufin-based Micro-zymography 

In Study 4, a novel technique to quantify and visualize the activity of peroxidase on fresh roots, based 

on the substrate Amplex Red, which forms the fluorescent product resorufin when oxidized, e.g., in 

the presence of H2O2 (Khosrozadeh et al., 2022), was developed and introduced. A microscope (Zeiss 

Axio Imager M1, setting: 540–552 nm excitation and 575–640 nm emission length) was used to detect 

the fluorescence caused by the peroxidase activity of the root tissues. A series of images recorded as a 

video of approximately 5 to 10 min was used to monitor and quantify the peroxidase activity. 

1.3.5 Florescent imaging of soils and microorganisms 

In Study 5, a novel method for localizing microorganisms in the soil was developed and introduced. 

To test the designed technique, Rhodotorula mucilaginosa and Bacillus subtilis were cultured, and 

stained with BacLight™ Green (absorption/emission ~ 480/516 nm). Imaging was conducted via 

CLSM and STED using a STELLARIS 8 confocal scanner unit (LEICA Microsystems, Wetzlar, 

Germany) to assemble a high-resolution image of the cells’ sizes and morphology. The integration of 

fluorescence lifetime imaging microscopy (FLIM) into the STELLARIS confocal platform (LEICA, 

Wetzlar, Germany) allows for comprehensive FLIM analysis during image acquisition. 

1.4 Main results and discussion 

1.4.1 Synthesis of highlights and main results of the studies 

Using stable isotope (13C and 15N) labeling methods combined with in-situ zymography successfully 

confirmed the allocation of cover crop-derived C and N to the subsoil, and the reuse of the N resources 

in the cover crop root channels in the rhizosphere of the following maize (Study 1). Furthermore, the 

positive effect of cover crop-derived C on the maintenance of enzymatic processes in the rhizosphere 

of maize under drought was confirmed by the in-situ zymography and enzyme kinetics analysis (Study 

2). In addition, the functional redundancy of microbial P mobilization was confirmed by radioisotope 

(33P) labeling combined with soil enzyme kinetics analysis. Microorganisms maintained a high P 

mobilization capacity despite reduced microbial community diversity, especially in P-deficient soil 

(Study 3). The novel methods to visualize the spatial distribution of fast-reacting oxidase enzyme 

activity (Study 4) and localize soil microorganisms (Study 5) were successfully established, providing 

more possibilities for a comprehensive understanding of redox processes in the rhizosphere via the 

combination with already established technologies.  
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Study 1: The results show that the root channels of the legume/grass cover crop mixture in the subsoil 

contained 5-fold more C at BBCH33 compared to the root channels of the brassica/grass cover crop 

mixture, whereas the N content in the root channels of all three cover crop mixtures was comparable. 

The microbial biomass in the subsoil root channels of the legume/grass mixture contained 3 times more 

cover crop-derived C at maize germination and 5 times more cover crop-derived C at BBCH33 

compared to both mixtures with brassica (Figure 6). In the rhizosphere of maize reusing brassica/grass 

root channels in the subsoil, β-glucosidase and leucine-amino-peptidase activities where considerably 

higher than in the root channels of the two mixtures containing legumes. Maize used up to 6.5 % of 

the cover crop derived N from the legume/grass mixture, which covered up to 1.1 % of the N demand 

of maize at BBCH33, indicating a high potential of legume/grass mixtures to contribute to the N supply 

of maize through the provision of nutrient-rich root channels (Figure 6). 

 
Figure 6 Graphical abstract summarizing the main results of Study 1. Deep- and shallow-rooting cover crop 

mixtures optimize C and N allocation in the subsoil and provide C and nutrient resources in their root channels 

for the following maize root.  
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Study 2: Cover crop residues induce site-specific effects on microbial C mobilization in the 

rhizosphere of maize reusing the root channels of the cover crops (Figure 7). Pre-cropping with cover 

crops significantly enhanced the activities of β-glucosidase, cellobiohydrolase, and xylanase in the 

rhizosphere of maize under drought stress in root channels in soil with a sandy loam texture (HS), 

suggesting active cellulose and hemicellulose degradation at maize growth stage BBCH50. In contrast, 

β-glucosidase and cellobiohydrolase activities were lower in the rhizosphere of maize reusing root 

channels of both cover crop mixtures containing grass in soil with sandy texture (KD), independently 

of the water supply, indicating lower decomposition rates in these root channels compared to the root 

channels in the soil with sandy loam texture. In soil with silty loam texture (RH), activities of all three 

carbon-cycling enzymes in the rhizosphere of maize reusing cover crop root channels was reduced 

under drought condition compared to the respective activities under non-drought conditions.  

 
Figure 7 Graphical abstract summarizing the main results of Study 2. The effect of cover crop mixtures on three 

C-related enzyme activities in maize rhizosphere under rainfall and drought conditions. (HS: Hohenschulen, 

KD: Karkendamm, RH: Reinshof. ‘+’ represents increase of enzyme activities by cover crop mixtures. ‘-’ 

represents reduction of enzyme activities by cover crop mixtures. The two cover crop mixtures (Legume/grass 

and legume/brassica) used in this experiment performed similarly across sites.) 
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Study 3: The acid phosphatase activity at the P-poor site was overall higher than the acid phosphatase 

activity at the P-rich site, and it was unaffected by the microbial diversity reduction (Figure 8). This 

indicates that microbial P mobilization exhibits a high functional redundancy, particularly at the site 

with low P stock. Higher recovery rates of litter-derived 33P in the soil microbial biomass and in the 

soil labile P pool were detected in the P-poor soils, suggesting a tight cycling of litter-derived P in the 

microbial biomass and the soil solution. The results suggest that the functional redundancy of microbial 

P acquisition at P-poor forest sites keeps all essential processes ongoing even under loss of biodiversity. 

 
Figure 8 Graphical abstract summarizing the main results of Study 3. The microbial P mobilization under the 

stress of microbial diversity reduction in beech forest soils at P-rich and P-poor site. The recovery of 33P in soil 

labile fractions and soil microbial biomass, as well as the acid phosphatase activity at each experimental site, 

are displayed.  



27 

 

Study 4: A visualization approach, based on micro-zymography with a fluorometric assay via Amplex 

Red, with high resolution for spatial and temporal investigation of the oxidative reactions of 

peroxidases was developed in this study (Figure 9). The linear correlation between the concentrations 

of resorufin (0–0.01 mmol) and the average gray values proves an accurate reference for quantifying 

the rate of peroxidase activity in the rhizosphere. The roots covered densely with root hair had 2-fold 

higher peroxidase activity and 11-fold larger hotspot extend than the roots with sparse root hair 

coverage. Peroxidase activity was 2-fold higher at the calyptra (root cap) than in the apical meristem 

(region of cell division). The results showed that Amplex Red-based zymography can accurately 

quantify the peroxidase activity of roots at the microscale, and visualize the spatial distribution of 

peroxidase hotspots.  

 
Figure 9 Graphical abstract summarizing the main results of Study 4. Flow chart of using the Amplex Red-

based micro-zymography method to quantify and visualize peroxidase activity in the rhizosphere of Apple 

seedlings.  
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Study 5: Steady-state fluorescence intensity imaging is a basic microscopic technique in ecological 

cell biology. However, intensity-based measurements are vulnerable to artifacts, e.g., fluorophores 

with similar excitation and emission spectra may be impossible to differentiate using steady-state 

fluorescence intensity imaging. These limitations were overcome by using fluorescence lifetime 

imaging microscopy (FLIM) in combination with the phasor approach to unravel the spatial 

distribution of microbial cells in soil and mineral microspheres (Figure 10). The phasor-based FLIM 

technique revealed that microorganisms had a fluorescence lifetime of 1.2–1.3 ns, whereas minerals 

and organo-mineral associations generally displayed shorter lifetimes. 

 
Figure 10 Graphical abstract summarizing the main results of Study 5. Phasor distributions of purely stained 

Rhodotorula mucilaginosa in combination with glucose-activated forest soil under confocal laser scanning 

microscope (a and b). c–e: The phasor plot approach allows to distinguish three populations with different 

fluorescence lifetimes from image b.  
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1.4.2 Stable isotope tracing reveals reuse of cover crop root channels by the following cash crops 

Given the importance of the organic material in root channels as resource for soil microorganisms and 

following plant roots (Banfield, 2022), I first investigated the content and composition of cover crop-

derived C and N in the root channels of different cover crop mixtures at different time points after 

maize germination to determine the potential of cover crop-derived resources to be beneficial for the 

following cash crops. Total non-particulate cover crop-derived C and N percentage in root channels of 

the topsoil increased 3- and 305-fold from maize germination to BBCH 33, respectively, indicating 

the gradual decomposition of root residues thereby releasing C and N from the particulate to the non-

particulate pool (Figure 1-1, 1-2).  

The microbial biomass in the subsoil root channels of the legume/grass mixture contained 3 times more 

cover crop-derived C at maize germination and 5 times more cover crop-derived C at BBCH33 

compared to both mixtures with brassica (Figure 1-1). This indicates that the winter-hardy 

legume/grass mixture enhances intermediate microbial C stabilization. Additionally, the incorporation 

of cover crop-derived N into microbial biomass (Nmic) was higher in the root channels of the 

legume/grass mixtures as well (Figure 1-2).  

Secondly, I determined the partitioning of C and N from the cover crop root channels to soil organic 

matter and/or nutrient supply of the maize crop by tracing the 13C and 15N remaining in the root 

channels of the labeled cover crops when reused by maize root, as well as the proportion of 15N taken 

up by maize. The root channels of the legume/grass cover crop mixture in the subsoil contained 5-fold 

more C at BBCH33 compared to the root channels of the brassica/grass cover crop mixture (Figure 1-

1), whereas the N content in the root channels of all three cover crop mixtures was comparable (Figure 

1-2). Moreover, 6.5 % of the N in the maize plants at growth stage BBCH33, after cover cropping with 

the legume/grass mixture, was cover crop-derived, and this covered up to 1.1 % of the N demand of 

maize at this growth stage (Figure 1-6), demonstrating that legume/grass mixture can significantly 

contribute to the maize N supply. 

After proving the reuse of resources in cover crop root channels by maize roots, I investigated the 

effects of cover crop mixtures on sites with different soil types under drought and non-drought 

conditions. Cover cropping with legume/grass and brassica/grass mixtures significantly enhanced the 

activities of β-glucosidase, cellobiohydrolase, and xylanase in the rhizosphere of maize under drought 

stress in root channels in soil with a sandy loam texture (HS) (Figure 2-1, 2-2). This indicates an 

intensive organic matter degradation in the maize rhizosphere at BBCH 50 (Sinsabaugh and Follstad 

Shah, 2011). In contrast, enzyme activities were lower in the rhizosphere of maize reusing root 

channels of these cover crop mixtures in soil with sandy texture (KD), independently of the water 

supply (Figure 2-2), indicating lower decomposition rates in these root channels compared to the root 

channels in the soil with sandy loam texture, indicating a generally lower microbial activity in sandy 

soils (Figure 2-3). This is in line with the study of Siebielec et al. (2020), which revealed that the 

microbial community is more sensitive to drought in sandy soils, and the input of additional OC is of 

great importance to protect microbial activity in sandy soils. In the silty loam soil, although the 

reduction of the rainfall was the same as the other sites, the soil moisture remained relatively high 

during the drought experiment due to the high-water holding capacity of this soil. The larger hotspots 

area in maize rhizosphere in this silty loam soil, compared with the other soils, represented the 

accelerated β-glucosidase activity in the maize rhizosphere due to the more beneficial soil moisture 

regime (Figure 2-1, 2-5). The observed site-specific effects of cover crop mixtures on maize 

rhizosphere enzyme activity are in line with Muhammad et al. (2021), who demonstrated that the effect 

of cover crops on microbial C:N ratio in the soil was higher in medium-textured soils (e.g., sandy loam 

soil in my study) compared to coarser or finer-textured soils. 

1.4.3 Radio isotope tracing reveals functional redundancy of microbial P mobilization  

The regulation of microbial mobilization of C and nutrients is governed by microbial C:N:P 

stoichiometry (Mooshammer et al., 2012), therefore, understanding the microbial P use strategies is of 
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great value. Moreover, P is an essential nutrient for microorganisms and plants, and the amount of 

plant available P in forest soil decreases with forest succession (Prietzel et al., 2020; Zhu et al., 2021). 

I found a higher activity of acid phosphatase in P-poor soil than in P-rich soil (Figure 3-1), this is in 

line with the high activity of acid phosphatase previously determined in low-P forest soils (Lang et al. 

2017; Müller et al. 2020). The P-poor soil showed similar acid phosphatase activity, regardless of the 

diversity of the microbial community (adjusted by dilution of the microbial inoculum in the 

experiment), demonstrating the redundancy of microbial functions with respect to P mobilization under 

P-deficient conditions. As long as C and N availability is not limited, microorganisms remain able to 

produce acid phosphatases at similar activities as in P-rich soil (Loeppmann et al. 2020). The similar 

acid phosphatase activity in all dilutions of microbial inoculum demonstrated an overall functional 

redundancy of microbial P mobilization in the P-poor soil (Figure 3-1).  

The recovery of litter-derived 33P in microbial biomass regardless of the dilution degree of the 

microbial inoculum indicates that the immobilization of litter-derived 33P was not affected by microbial 

diversity in the P-poor soil (Figure 3-3). The 2-fold higher microbial biomass P in P-poor soil (Figure 

3-3) is in accordance with the high microbial P immobilization (i.e., the tighter cycle of P among 

microbial biomass P and soil solution) in P-poor soil as demonstrated by Bünemann et al. (2016), and 

Pistocchi et al. (2018). Notably, the higher recovery of litter-33P in soil microbial biomass demonstrates 

a higher proportion of litter P contribution to the microbial P pool in the P-poor soil (Figure 3-3), 

suggesting the fast acquisition of litter-P by microorganisms under P deficiency. The small variation 

in microbial C:N:P ratios along the gradient of decreasing microbial diversity showed a clear 

functional redundancy of microorganisms at the P-poor site (Figure 3-5), with the aim to maintain 

stable microbial element ratios. This reflects a fast recovery and re-growth of the microbial guilds 

already adapted to a balanced mining of nutrients across all dilutions. Irrespective of the total soil 

nutrient pools, the microbial elemental demand influences the nutrient concentration in the soil 

solution through microbial community-specific mobilization mechanisms, which are regulated by the 

element stoichiometry in the soil solution (Chen et al., 2016). Microbial resilience is connected to 

specific population traits, such as the ability to grow rapidly and to exhibit physiological plasticity 

(Allison and Martiny, 2008). Such features allow microbial communities to recover from 

environmental perturbation (Schimel et al., 2007; Shade et al., 2012). 

1.4.4 Novel imaging techniques to visualize and localize soil microorganisms and enzymes 

In previous studies, methods for visualizing enzyme activity have primarily focused on hydrolases. 

This is partly because studying oxidative enzymes is difficult due to their fast turnover rates e.g., 

phenol oxidase can turn-over 20-fold faster than the hydrolytic enzyme β-glucosidase (Allison, 2006). 

To address this limitation, I developed a method using fluorescent substrates to quantify and visualize 

peroxidase activity and distribution based on the already existing micro-zymography technology 

(Ghaderi et al., 2022). The calibration showed a strong linear correlation (R² = 0.99) between gray 

values in the image and resorufin (fluorescent product of Amplex Red after oxidation) concentrations 

(Figure 4-1), and correlations between time (t0 = 10 seconds after application) and mean gray values 

were also proved (R2 = 0.95) (Figure 4-1). This technique successfully differentiated peroxidase 

activity at high spatial resolution, showing 2-fold higher peroxidase activity in the rhizosphere of roots 

with dense root hair coverage compared to the surface of roots with low density of root hair coverage 

(Figure 4-5). The method also revealed that peroxidase activity is twice as high on the root cap 

compared to the cell division zone (Figure 4-6). This is in line with previous findings that peroxidase 

activity is predominately localized at the root tip (Hall and Sexton, 1972). Similar observations of low 

peroxidase activity in the cell division zone were also confirmed by Dunand et al. (2007). Thus, the 

Amplex Red-based micro-zymography method provides a robust tool for distinguishing specific 

peroxidase activities at the micro-scale with high spatial resolution. 

Fluorescence-based microscopy methods not only provide advantages in enzyme activity imaging but 

can also contribute to exploring the spatial distribution of microorganisms in the complex soil matrix. 
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Current soil imaging techniques are challenged by, e.g., the autofluorescence of soil components such 

as quartz minerals and organo-mineral associations, which complicate post-processing and biases 

outcomes (Schultz et al., 2011). Combining transmitted light and reflection channels in confocal 

scanning enhances the distinction between microorganisms and mineral surfaces, supporting the direct 

visualization of aggregate formation processes at the microscale (Krause et al., 2019). To isolate 

artifacts, I determined the characteristic fluorescence lifetime profiles for Bacillus subtilis (1.3 ± 0.1 

ns) and Rhodotorula mucilaginosa (1.2 ± 0.2 ns) in phosphate-buffered saline (Figure 5-5, 5-6). The 

fluorescence lifetime imaging microscopy (FLIM) combined with the phasor approach effectively 

differentiates between soil microorganisms and soil particles by capturing dynamic quenching effects 

and providing a two-dimensional phasor space visualization (Chen et al., 2013; Becker et al., 2004). 

This method demonstrated minimal interference from mineral backgrounds and enabled a clear 

separation of microbial signals from soil components (Datta et al., 2020; Ma et al., 2016). The phasor-

based FLIM approach demonstrated that microorganisms exhibited a distinct fluorescence lifetime 

(1.2–1.3 ns) compared to minerals and organo-mineral associations, which typically showed shorter 

lifetimes (Figure 5-6, 5-7; Chen et al., 2013). Moreover, the technique is more reliable than intensity-

based methods for distinguishing microbial signals from the soil matrix, as it minimizes interference 

from autofluorescence and provides stable lifetime measurements over time (Datta et al., 2020; 

Lakowicz et al., 1992). Despite limitations like variability due to cell age or metabolic state, FLIM 

combined with the phasor approach is a promising tool for future soil microbiology research. 

1.5 Conclusions 

The results in my study underline that:  

1) Plant root-derived OM in root channels can provide easily available resources for subsequent 

growing plant roots and their microbiome, as demonstrated by 13C and 15N labeling. Specific 

cover crop mixtures, such as legume/grass combinations, can promote microbial C fixation in 

the subsoil and their root channels provide readily available N for maize nutrition. 

2) Functions involved in microbial P mobilization are highly redundant in soils, and this 

functional redundancy is highly site-specific, depending on the soil P stock of the site. 

Microbial biomass P plays an important role as intermediate P reservoir for microorganisms to 

cope with soil P-deficiency.  

3) Amplex Red-based micro-zymography method provides a robust tool for visualizing 

peroxidase activity at the micro-scale with high spatial resolution and FLIM with the phasor 

approach can effectively differentiate soil microorganisms from the organo-mineral 

background in soil, providing a reliable tool for soil microbiology research by minimizing 

autofluorescence interference and offering stable lifetime measurements. 

Overall, this study enhances the understanding of the interconnected C, N, and P cycles in soils, and 

reveals the key role of microorganisms in soil C and nutrient cycling, using advanced imaging 

techniques and isotope labeling. Future research should combine comprehensive isotope labeling 

methods (13C, 15N, 33P) with advanced imaging techniques such as FLIM to precisely track and 

visualize nutrient cycling at the soil-plant-microbial interface. 
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2.1 Study 1. Cover Crop Mixtures Enhance Resource Supply to the Maize (Zea mays L.) 

Rhizosphere through Their Root Channels 

Yijie Shi1, Iris Zimmermann1, Tobias Stürzebecher2,3, Debjyoti Ghosh4, Bahar S. Razavi5, Michaela 

A. Dippold2,3, Sandra Spielvogel1 

Status: In preparation 
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2 Geo-Biosphere Interactions, Department of Geosciences, University of Tuebingen, Germany 

3 Biogeochemistry of Agroecosystems, University of Goettingen, Germany 

4 Molecular Systems Biology, Helmholtz Centre for Environmental Research GmbH, Leipzig, 

Germany 

5 Department of Soil and Plant Microbiome, Institute of Phytopathology, Christian-Albrecht 

University of Kiel, Germany 

Abstract 

Planting cover crops is well-established as a sustainable farming strategy to improve soil fertility, 

prevent nutrient leaching and increase soil carbon (C) stocks. Including deep-rooting species in cover 

crop mixtures increases the proportion of root channels and boosts C and N allocation to the subsoil. 

However, the turnover of C and nitrogen (N) in cover crop root channels re-used by cash crops remains 

unclear. To address this gap in current knowledge, we conducted a combined 13C and 15N labeling 

study on three cover crop mixtures (legume/grass, legume/brassica, brassica/grass) with deep- and 

shallow-rooting species from different functional classes (legume: Trifolium pratense, Trifolium 

repens, grass: Festuca arundinacea, Lolium perenne, brassica: Raphanus sativus var. oleiformis, 

Brassica napus) at a Luvisol field site in Northern Germany. The kinetics of C- and N-cycling enzymes 

were determined by fluorometric microplate assays. The results show that the legume/grass mixture 

allocated 1-, respective 5-fold more C to the empty root channels in the subsoil (30 – 60 cm) compared 

to the legume/brassica and brassica/grass mixtures, with no significant difference in N allocation 

among three mixtures. The microbial biomass in the root channels of the legume/grass mixture 

incorporated 3- to 5- fold more cover crop derived C compared to the microbial biomass in the root 

channels of the mixtures with brassica, indicating enhanced microbial C stabilization in the subsoil of 

the legume/grass mixture. The β-glucosidase and leucine-amino-peptidase activity in the subsoil 

rhizosphere of maize roots reusing brassica/grass root channels was higher compared to the activities 

in the rhizosphere of maize re-using the root channels of the two cover crop mixtures containing 

legumes, highlighting the intertwining of root exudate availability, N-demand for enzyme production, 

and the enzyme requirement to release N from substrate. Maize took up to 6.5 % of the N derived from 

the legume/grass mixture up, meeting up to 1.1 % of its N demand at BBCH33 stage. We conclude 

that combining deep- and shallow-rooting species of legumes and grasses in cover crop mixtures 

promotes the microbial stabilization of C in the subsoil and the N supply of cash crops with cover-crop 

derived N.  

Keywords: deep-rooting cover crops, shallow-rooting cover crops, root channels, 13C pulse labeling, 
15N leaf labeling, enzyme kinetics, C and N mobilization, legume, grass, brassica. 
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1. Introduction 

Cover crops are widely used in crop rotations to increase the quantity of organic carbon (OC) returned 

to the soil (Jian et al., 2020; Kaye and Quemada, 2017; McClelland et al., 2021; O’Dea et al., 2013). 

Studies have demonstrated links between cover crop diversity and ecosystem services such as soil 

organic carbon (SOC) sequestration, nutrient acquisition, and weed suppression (Abdalla et al., 2019; 

Faucon et al., 2017; Finney and Kaye, 2017; Li et al., 2014). However, there is still a lack of 

information concerning the role of cover crop-derived carbon (C) and nitrogen (N) inputs by different 

cover crop mixtures and how these mixtures contribute to the growth of subsequent cash crops by 

providing and retaining root-derived N for crop nutrition and C for enhancing microbial activity in the 

cover crop root channels.  

Cover crop species predominantly belong to three plant families: legumes, grasses, and brassicas. 

Legumes can provide a good compromise between biomass production, degradability of biomass 

(Freund et al., 2021) and supply of the succeeding cash crop with N due (Tonitto et al., 2006) to their 

ability to fix N from the atmosphere. Moreover, the organic N input is beneficial to promote SOC 

formation (Kirkby et al., 2014, 2011; Zhou et al., 2019). Grasses are characterized by dense, fibrous 

root systems with high nutrient-scavenging ability. This can prevent N leaching and increase soil 

organic matter storage in soil (Blanco-Canqui and Jasa, 2019; Moore et al., 2014; Poeplau et al., 2015; 

Thapa et al., 2018). Brassica can improve the soil structure in deep soil layers through their pivoting 

roots (Chen and Weil, 2011; Hamza and Anderson, 2005), and suppress weeds due to their allelopathic 

effects (Asaduzzaman et al., 2014; Gfeller et al., 2018). Cover crop mixtures are becoming increasingly 

popular, because mixtures of cover crops can combine the beneficial effects of their individual species, 

such as N fixation and resource capture (Lavergne et al., 2021; Ranells and Wagger, 1997; Smith et al., 

2014). For example, the productivity of legumes is not as high as of grasses or brassicas (Holtham et 

al., 2007; Ramírez-García et al., 2015). However, the high plant biomass production of mixtures of 

legumes and non-legumes can maximize the provision of ecosystem services, such as reducing nitrate 

leaching and increasing the pool of organically bound N in soil as slow-supplying N source for the 

following cash crops. Legumes mixed with brassica reduce nitrate leaching by 24% compared to 

legume monocultures (Couëdel et al., 2018). Additionally, legumes mixed with grasses are more 

effective at increasing SOC content due to the higher biomass production and lower decomposition 

rate of grass residues compared to legumes alone (Sainju et al., 2006; Snapp et al., 2005; St Aime et 

al., 2023; Vann et al., 2019).  

Improving the accessibility of subsoil resources is widely recognized as an effective strategy to 

promote cash crop productivity (Feng et al., 2018; Kautz et al., 2013; Ning et al., 2022). Deep-rooting 

cover crops represent a promising and sustainable method to obtain this accessibility (Han et al., 2022; 

Kell, 2011; Thorup-Kristensen et al., 2020) by creating continuous root channels into the subsoil that 

can be reused by cash crop roots (Abdollahi et al., 2014; Banfield et al., 2017; Kautz et al., 2013; Rosa 

et al., 2021). Moreover, the OM residues in the cover crop root channels increase microbial activity 

(Blagodatskaya et al., 2014; Kuzyakov and Domanski, 2000), thereby accelerating microbial 

mobilization and incorporation of C and N (Feng et al., 2022; Jilling et al., 2018). Even two years after 

root death and decomposition, C contents in root channels can still be 2.5 times higher than in bulk 

soil, leading to up to 5.5 times higher microbial biomass content and concomitantly increased enzyme 

activities (Banfield et al., 2017; Hoang et al., 2016). Peixoto et al. (2020) have reported a distinct 

microbial stabilization of legume and grass root-derived C in subsoil layers down to 3.6 m depth by 

deep-rooting legumes. Combining shallow- and deep-rooting species in a mixture may force the deep-

rooting species to grow much deeper to explore resources from deep soil layers due to the competition 

for water and nutrient resources in the topsoil (Berendse, 1981; Oram et al., 2018). As a consequence, 

mixtures of deep-and shallow-rooting cover crops are likely advantageous for the succeeding cash crop 

compared to mixtures of shallow rooting cover crop species, with respect to N and water acquisition 

from the subsoil. It was also proven that the root length density, the total root biomass and the spatial 
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expansion of the root system of cover crop mixtures are larger than those of cover crop monocultures 

(Amsili and Kaye, 2021; Javier Ramirez-Garcia et al., 2015). This enhances the volume of the root 

channels available to the following cash crops.  

The quality of residue predominantly controls the decomposition rate of cover crops (Bradford et al., 

2016), e.g., legumes with a low C: N ratio meaning high-quality of residues decompose faster than 

grass and brassica with high C: N (Barel et al., 2019; da Silva et al., 2022). After the death of cover 

crops, C and N in the biomass can be incorporated into soil organic matter, or used as energy and 

nutrient source for soil microorganisms (Liang et al., 2017; Paul, 2016), which allocates part of the C 

and N to soil microbial biomass (Kuzyakov and Domanski, 2000; Mayer et al., 2003; Walker et al., 

2003). Due to the immobility of dead roots, the impact of cover crop residue decomposition on the 

rhizosphere of cash crops will be amplified in the root channels (Athmann et al., 2017; Banfield et al., 

2018; Hoang et al., 2017). The microorganisms in the rhizosphere of cash crops reusing cover crop 

root channels can directly benefit from nutrient supply from cover crop residues, but its investigation 

has received little attention. 

This study aims to investigate how the root channels of cover crop mixtures with deep- and shallow-

rooting species affect the microbial C and N use strategies in the rhizosphere of the following cash 

crop maize (Zea mays). We conducted a field experiment containing three kinds of cover crop mixtures 

including shallow- and deep-rooting species, followed by maize. 13C pulse labeling and 15N leaf 

labeling (Heinrich et al., 2015; Peixoto et al., 2020; Sommer et al., 2017; Werner et al., 2021) were 

used to trace the cover crop-derived C and N in different pools, and enzyme activity was determined 

to compare the C and N mobilization in the maize rhizosphere. We hypothesized that: (i) combinations 

of deep- and shallow-rooting cover crops differ in their C and N allocation to the soil, and mixtures 

containing deep-rooting legume species deliver more C and N to root channels in the subsoil; (ii) 

microbial C and N assimilation in maize rhizosphere is enhanced in cover crop root channels; (iii) N 

from cover crop root channels can make a notable contribution to the N supply of maize. 

2. Materials and Methods 

2.1 Experimental site and design 

The field experiment was conducted on the experimental farm “Hohenschulen” (54°18'44"N, 

9°59'46"E), of Kiel University, Germany. The main soil type at the experimental field site was 

classified as Luvisol with sandy loam texture. The average annual precipitation at the site is 769 mm 

and the mean temperature is 9.4 °C (Merkel, 2022). The pH of the topsoil is 6.5 (0.01 M CaCl2), the 

organic carbon content is 1.2 mg g-1, and the total nitrogen content is 0.7 mg g-1.  

The field experiment in Hohenschulen was set up in autumn 2020. Four replicate blocks (6×12 m) of 

each of the three cover crop mixtures (Table 1) and four control blocks without cover cropping (black 

fallow in winter) where established as a randomized block design to account for heterogeneities in 

terrain and soil. Cover crops were sown in September 2020 and killed by herbicides before shallow 

tilling and maize sowing in May 2021 (Table 2). 

Table 1-1 Variations of cover crop mixtures with deep- and shallow-rooting species and control. The variations 

are named according to the functional plant species groups they represent. 

Variation  Cover crop species 

Deep-rooting species Shallow-rooting species 

Control — — 

Legume/grass 
Red clover (Trifolium pratense L.)                  

Tall fescue (Festuca arundinaceae) 

White clover (Trifolium repens L.)  

German ryegrass (Lolium perenne) 

Legume/brassica 
Red clover (Trifolium pratense L.)                    

Oil radish (Raphanus sativus L. var. oleiformis) 

White clover (Trifolium repens L.)  

Winter forage rape (Brassica napus L.) 

Brassica/grass 
Oil radish (Raphanus sativus L. var. oleiformis)  

Tall fescue (Festuca arundinaceae) 

Winter forage rape (Brassica napus L.)  

German ryegrass (Lolium perenne) 
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Table 1-2 Description of cover crops and following maize cultivation, sowing dates/density, fertilization levels. 

Variation 

Cover crop growing season Mazie growing season 

Time 

Sowing density 

(kg ha-1) Fertilization 

(kg N ha-1) 
Time 

Sowing 

density 

(plants m-2) 

Fertilization (kg N 

ha-1) 

Single Sum 
20.05.20

21 
23.06.2021 

Control 
08.2020-

05.2021 
-  - 

2021.05-

2021.08 
10 90 80 

Legume/grass 
08.2020-

05.2021 

3.5 

14 30 
2021.05-

2021.08 
10 90 80 

3.5 

3.5 

3.5 

Legume/brassica 
08.2020-

05.2021 

3.5 

14 30 
2021.05-

2021.08 
10 90 80 

3.5 

3.5 

3.5 

Brassica/grass 
08.2020-

05.2021 

3.5 

14 60 
2021.05-

2021.08 
10 90 80 

3.5 

3.5 

3.5 

2.2 13CO2 pulse labeling 

The 13CO2 pulse labeling of the cover crops was performed according to Bromand et al. (2001) and 

Zhou et al. (2022) in November 2020 and April 2021 on a subplot of each of the four replicated blocks 

of the randomized block design (see above). The 13C2 pulse label was applied in chambers (1.6 × 1.0 

m area, 0.5 m height) consisting of four metal bars covered with transparent polyethylene foil with 

more than 90% transmittance of photosynthetically active radiation. To avoid gas losses, the foil was 

buried into the soil and sealed with wet soil. Electric fans were used to circulate the 13CO2 inside the 

chambers. Every chamber was equipped with two beakers containing NaH13CO3 (98 atom-% 13C, 

Sigma-Aldrich, Germany) to allow two consecutive pulses to be conducted, each of which increased 

the 13CO2 concentration inside the chamber to 2000 ppm. The 13CO2 was released by injecting an 

excess amount of H3PO4 (85 % w/w) into the beakers by using a syringe from outside the chamber. 

The second pulse was released 3 h after the first, and the chambers remained in place for another 3 h 

after the second pulse. 

2.3 15N leaf labeling of deep-rooting cover-crop species  

To trace the faith of root-derived N in the subsoil, the deep-rooting cover-crop species (red clover, tall 

fescue and oil radish) were labeled with a solution of (15NH₄)₂SO₄ and Na15NO₃ in distilled water in 

November 2020 and April 2021. The 15N solution was prepared in two different concentrations to 

account for the different biomass of red clover, tall fescue and oil radish. Red clover and tall fescue 

were leave labeled with 0.98 ml 15N solution with a concentration of 3.93 mmol 15N L-1. The oil radish 

was labeled with 27.78 ml 15N solution with a concentration of 1.48 mmol 15N L-1. Three leaves from 

three adjacent plants were cut off from both sides of the midrib, leaving only the midvein left. The 

three midveins were inserted into the vials with the tracer and fixed with elastic film. 

2.4 Plant biomass and soil sampling 

Cover crop aboveground biomass was sampled from all labeling sub-plots shortly before herbicide 

application to determine the amount of cover crop assimilated 13C and 15N.  

Soil samples from cover crop root channels in the 13C and 15N. labeling sub-plots were taken from the 

wall of a soil pit (1 m wide, 1.2 m deep) at the time of maize germination (T1, 24.05.2021) and at 

maize vegetative growth stage BBCH33 (T2, 23.07.2021) when maize roots had reached at least 60 cm 

soil depth. The soil samples from cover crop root channels (without living roots at the first sampling 

date, without living roots or re-used by maize roots at the second sampling time) as well as bulk soil 
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samples (control samples) were separately collected for the topsoil (0–30 cm soil depth) and the subsoil 

(30–60 cm soil depth). Note: Visible root remains of the cover crops (particulate cover crop root 

material) were removed from the root channel before sampling of the soil material of the root channel. 

Each soil sample was separated into two subsamples, of which one was stored at 4 °C to determine 

soil microbial biomass C within one week after sampling, and the other was stored at -20 °C.  

Two maize plants growing within the sampling area were collected at BBCH33 to determine how much 

of the N in the maize could be traced back to the cover crops.  

2.5 Enzyme kinetics 

The kinetics of β-glucosidase (GLU) and leucine aminopeptidase (LAP) were determined using 

fluorogenic labeled substrates (4-methylumbelliferyl-β-D-glucosidase and L-Leucine-7-amido-4-

methylcoumarin hydrochloride, respectively) according to Razavi et al. (2015). Fluorescence was 

measured with a micro-plate reader CLARIOstar Plus (BMG LABTECH, Ortenberg, Germany). 

2.6 Microbial biomass carbon and nitrogen 

The chloroform-fumigation-extraction method was applied to estimate microbial biomass carbon C 

(Cmic) and N (Nmic) (Brookes et al., 1985; Wu et al., 1990). One set of soil samples were extracted with 

0.5 M K2SO4 (30 mL), a second set of samples was fumigated with chloroform for 24 h and 

subsequently extracted with 0.5 M K2SO4. Both fumigated and non-fumigated extracts were filtered 

and analyzed with a TOC/TIC analyzer (Multi N/C 2100, Analytik Jena, Jena, Germany). Cmic was 

calculated as the difference between extracted C from fumigated and non-fumigated samples with a 

conversion factor (kC) of 0.45 (Wu et al., 1990). Nmic was calculated as the difference between extracted 

N from fumigated and non-fumigated samples with a conversion factor (kN) of 0.54 (Brookes et al., 

1985). 

2.7 13C and 15N analysis of plant and soil 

Plant aboveground biomass was oven-dried at 60 °C for 72 h for cover crops, and 1 week for maize 

until constant weight, mechanically shredded, and subsequently milled in a ball mill. Soil samples 

were oven-dried at 105 °C for 24 h and ground in a ball mill. The samples (5 mg for plant samples, 10 

mg soil samples) were sealed in tin capsules to measure total C and N content and 13C and 15N atom-% 

using an elemental analyzer Costech ECS 4010 (CostechAnalytical Technologies Inc. Valencia, USA) 

coupled to a Delta C isotope ratio mass spectrometer (Thermo Electron, Bremen Germany). 

2.8 Calculations 

2.8.1 Calculations of 13C and 15N in cover crop biomass and soils  

The percentage of cover crop-derived C [ 𝐶 
13

𝑥] and N [ 𝑁 
15

𝑥] incorporated into specific C respective 

N pools (Pausch et al., 2016; Zhou et al., 2022) was determined according to eq. 1 and eq. 2: 

𝐶𝑥 (%) =
[( 𝐶𝑎𝑡𝑜𝑚%) 

13
𝑥,𝐿 − ( 𝐶𝑎𝑡𝑜𝑚%) 

13
𝑥,𝑛.𝑎.]

100 
13 × 𝐶𝑥 (𝑒𝑞. 1) 

𝑁𝑥 (%) =
[( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑥,𝐿 − ( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑥,𝑛.𝑎.]

100 
15 × 𝑁𝑥 (𝑒𝑞. 2) 

where ( 𝐶𝑎𝑡𝑜𝑚%) 
13

𝑥,𝐿 and ( 𝐶𝑎𝑡𝑜𝑚%) 
13

𝑥,𝑛.𝑎. represent 𝐶𝑎𝑡𝑜𝑚% 
13  in the specific C pool in labeled and 

unlabeled samples, respectively; 𝐶𝑥 represents the total C content (%) in the specific C pool in the 

labeled samples. ( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝑥,𝐿  and ( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝑥,𝑛.𝑎.  represent 𝑁𝑎𝑡𝑜𝑚% 
15   in the specific N pool in 

labeled and unlabeled samples, respectively; 𝑁𝑥 represents the total N content (%) in the specific N 

pool in the labeled samples. The total C and N content of the soil samples from root channels was 

considered the total C and N pools of these channels. Note: our definition of the total C and N pool of 

the cover crop channels does not include visible particulate organic material, as visible root remains 

of the cover crops (particulate cover crop root material) were removed from the root channel before 
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sampling of the soil material of the respective root channel (see above). The K2SO4-extractable C and 

N represents the labile C and N pool of these channels, and the Cmic and Nmic content represents the 

soil microbial C and N pool in the root channels. 

The maize uptake of cover crop-derived N (%) was calculated according to eq. 3: 

𝑚𝑎𝑖𝑧𝑒 𝑢𝑝𝑡𝑎𝑘𝑒 𝑜𝑓 𝑐𝑜𝑣𝑒𝑟 𝑐𝑟𝑜𝑝 𝑑𝑒𝑟𝑖𝑣𝑒𝑑 𝑁(%)  =
[( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑚𝑎𝑖𝑧𝑒,𝐿 − ( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑚𝑎𝑖𝑧𝑒,𝑛.𝑎.]

[( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝐶𝐶,𝐿 − ( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝐶𝐶,𝑛.𝑎.]
 
 × 100 (𝑒𝑞. 3) 

The cover crop-derived N in maize N (%) was calculated according to eq. 4: 

𝐶𝑜𝑣𝑒𝑟 𝑐𝑟𝑜𝑝 𝑑𝑒𝑟𝑖𝑣𝑒𝑑 𝑁 𝑖𝑛 𝑚𝑎𝑖𝑧𝑒 𝑁 (%)  =
[( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑚𝑎𝑖𝑧𝑒,𝐿 − ( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝑚𝑎𝑖𝑧𝑒,𝑛.𝑎.]

𝑁𝑚𝑎𝑖𝑧𝑒  (%) 
 × 100 (𝑒𝑞. 4) 

Where ( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝑚𝑎𝑖𝑧𝑒,𝐿  represents 𝑁𝑎𝑡𝑜𝑚% 
15   in the maize from the labeled plots, 

( 𝑁𝑎𝑡𝑜𝑚%) 
15

𝑚𝑎𝑖𝑧𝑒,𝑛.𝑎. represents 𝑁𝑎𝑡𝑜𝑚% 
15  in the maize from the control, ( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝐶𝐶,𝐿 represents 

𝑁𝑎𝑡𝑜𝑚% 
15  in the labeled cover crop biomass, ( 𝑁𝑎𝑡𝑜𝑚%) 

15
𝐶𝐶,𝑛.𝑎. represents the nature abundance value 

of 𝑁𝑎𝑡𝑜𝑚% 
15  of cover crops, 𝑁𝑚𝑎𝑖𝑧𝑒 (%) represents the N content (%) in maize biomass. 

2.8.2 Calculation of enzyme kinetics 

Enzyme activities were determined by fitting non-linear saturation curves of the Michaelis-Menten 

equation (eq. 4) in GraphPad Version 8 (Prism, USA): 

𝑉 =  
𝑉𝑚𝑎𝑥 [𝑆]

(𝐾𝑚  + [𝑆])
(𝑒𝑞. 4) 

Where 𝑉 is the reaction velocity (nmol g-1 h-1), 𝑉𝑚𝑎𝑥  is the maximal rate of enzyme activity at saturated 

substrate concentration, 𝐾𝑚 is the substrate concentration at half of the 𝑉𝑚𝑎𝑥  and S is the substrate 

concentration (Michaelis and Menten, 1913; Nannipieri et al., 2012). 

2.8.3 Statistical analysis 

All statistical analyses were performed using R studio (Version 2023.06.1+524). Prior to the analysis 

of variance (ANOVA), all data were tested for normal distribution (Shapiro-Wilk test) and 

homogeneity of variance (Bartlett's test). Two-way ANOVA was performed to test for the main effects 

of cover crop mixtures and sampling time points on 13C in the total C pool of the cover crop root 

channels, 13C in Cmic of the cover crop root channels, and 13C in the labile C pool of the cover crop 

root channels, 15N in the total N pool of the cover crop root channels, 15N in Nmic of the cover crop root 

channels, and 15N in the labile N pool of the cover crop root channels. When the main effects were 

significant (p < 0.05), the means were compared with Tukey's HSD test at the significance level p < 

0.05. Kruskal-Wallis test followed by Dunn's test as post-hoc test was used for testing 13C and 15N 

values in the maize rhizosphere reusing cove crop root channels, Vmax of GLU and LAP, and cover 

crop-derived 15N in maize N.  

3. Results 

3.1 Allocation of C and N in empty cover crop root channels  

The cover crop-derived C incorporated in the total C pool of empty cover crop root channels increased 

3-fold from T1 to T2 in the topsoil (0–30 cm) after in the legume/grass and brassica/grass mixtures 

(Figure 1-1 a), and the cover crop-derived C incorporated in the labile C pool in cover crop root 

channels increased 4-fold from T1 to T2 (Figure 1-1 c). In contrast, the cover crop derived C in Cmic 

did not change from T1 to T2. 
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Figure 1-1 Cover crop-derived C incorporated in (a) total C pool of empty cover crop root channels, (b) Cmic, 

and (c) labile C pool in empty cover crop root channels in the topsoil and the (d-e) subsoil at two time points 

(T1: maize germination; T2: maize growth stage BBCH 33). The effects of cover crop mixtures and time points 

and their interaction were tested using two-way ANOVA. Lowercase letters indicate significant differences 

between cover crop mixture variations within one time point in each soil layer (p < 0.05). Capital letters indicate 

significant differences between the main factor of cover crop mixtures within a soil layer (p < 0.05, without 

interaction effects of time points). Asterisks represent significant differences between the main factor of time 

points within each soil layers (‘**’ represents p < 0.01; ‘***’ represents p < 0.001). Asterisks were noted under 

the time point with a significantly higher result than the other. 

 

Figure 1-2 Cover crop-derived N incorporated in (a) total N pool of empty cover crop root channels, (b) Nmic, 

and (c) labile N pool in empty cover crop root channels in the topsoil and the (d-e) subsoil at two time points 

(T1: maize germination; T2: maize growth stage BBCH 33). The effects of cover crop mixtures and time points 

and their interaction were tested using two-way ANOVA. Asterisks represent significant differences between the 

main factor of time points within each soil layers (‘**’ represents p < 0.01; ‘***’ represents p < 0.001). Asterisks 

were noted under the time point with a significantly higher result than the other.  
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Interestingly, in the subsoil (30–60 cm), the percentage of cover crop-derived C incorporated in the 

total C pool of the legume/grass root channels was 1- and 5-fold higher compared to the cover crop-

derived C incorporated in the total C pool of the legume/brassica and brassica/grass root channels, 

respectively (Figure 1-1 d). Especially at T2, the percentage of cover crop-derived C incorporated in 

the total C pool of the legume/grass root channels was 6- and 22-fold higher compared to the cover 

crop-derived C incorporated in the total C pool of the legume/brassica and brassica/grass root channels. 

The root channels of the legume/grass mixture showed 3- and 5-fold higher percentage of cover crop-

derived C incorporated in Cmic than the root channels of the legume/brassica and the brassica/grass 

mixtures at both time points (Figure 1-1 e). The highest percentage of cover crop-derived C 

incorporated in Cmic was found at T2 in legume/grass mixture. The percentage of cover crop-derived 

C incorporated in the labile C pool of the root channels of all cover crop mixtures in the subsoil 

increased 4-fold from T1 to T2 (Figure 1-1 f).  

In the topsoil, there was only little cover crop-derived N incorporated in the total N pool of the root 

channels of all three cover crop mixtures at T1 (Figure 1-2 a). However, the cover crop-derived N 

incorporated into the total N pool of the root channels of all cover crop mixtures increased 305-fold 

from T1 to T2. Likewise, the percentage of cover crop-derived N incorporated in the labile N pool in 

the root channels of all cover crop mixture was 5-fold higher at T2 than T1 (Figure 1-2 c). It is worth 

noting that the microorganisms in the root channels of the legume/brassica had incorporated 0.07 % of 

cover crop-derived N in Nmic even at T1 when the total percentage of cover crop-derived N was quite 

low in the root channels (Figure 1-2 b). Despite higher amounts of crop-derived N in the total N pool 

and the labile N pool of the topsoil root channels of the legume/grass mixture and the legume/brassica 

mixture at T2 compared to T1, the microorganisms in did not incorporate more cover crop-derived N 

into their biomass (Figure 1-2 b). A similar trend was also evident in the subsoil, where the cover crop-

derived N incorporated in the total N pool and the labile N pool of the root channels of all three cover 

crop mixtures were significantly higher at T2 than T1 (Figure 1-2 d, f), but the cover crop-derived N 

incorporated in Nmic showed no difference between T1 and T2 (Figure 1-2 e).   

3.2 Incorporation of cover crop-derived C and N in cover crop root channels reused by maize 

roots 

The amount of cover crop-derived C incorporated in the total C pool and in the labile C pool of cover 

crop root channels reused by maize roots in the topsoil at T2 was similar for all three cover crop 

mixtures (Figure 1-3 a, c), however, we observed remarkable differences with respect to the 

incorporation of cover-crop derived C in the microbial biomass. Microorganisms in the topsoil 

incorporated 15-fold more cover crop-derived C into Cmic in the reused root channels of the 

legume/grass mixture compared to the reused root channels of the legume/brassica mixture (Figure 1-

3 b). In contrast to the topsoil, incorporation of cover-crop derived C in the total C pool differed 

substantially among the reused root channels of the different cover crop mixtures. The reused root 

channels of the legume/grass mixture contained 731-fold more cover crop-derived C in their total C 

pool compared to the reused root channels of the legume/brassica mixture (Figure 1-3 d). 

The composition of the cover crop mixtures did not significantly affect the incorporation of cover crop-

derived N into the different N pools of the root channels reused by maize in the topsoil (Figure 1-4 a-

c). However, the contribution of cover crop-derived N to the total N pool in reused root channels in 

the subsoil was 20-fold higher at the legume/grass plots compared to the legume/brassica and the 

brassica/grass plots (Figure 1-4 d). The percentage of cover crop-derived N in the labile N pool of the 

reused legume/grass root channels in the subsoil was 4-fold higher than the cover crop-derived N in 

the labile N pool of the reused root channels of the other two cover crop mixtures (Figure 1-4 f).  

3.3 Enzyme activities in maize rhizosphere and N uptake of maize plant 

In the mixtures containing legumes, both GLU and LAP activities are higher in the topsoil than in the 

subsoil (Figure 1-5). The brassica/grass mixture shows an opposite trend with overall higher activities 
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in the subsoil.  

In the topsoil, Vmax of GLU was 2-fold higher in the legume/grass root channels reused by maize 

compared to the brassica/grass root channels reused by maize (Figure 1-5 a) and Vmax of LAP in the 

legume/brassica root channels reused by maize was 3- and 4-fold higher compared to Vmax of LAP in 

the legume/grass root channels and the legume/brassica root channels reused by maize, respectively 

(Figure 1-5 b).  

 

Figure 1-3 Cover crop-derived C incorporated in (a) total C pool of maize rhizosphere reusing cover crop root 

channels, (b) Cmic, and (c) labile C pool in maize rhizosphere reusing cover crop root channels in the topsoil 

and the (d-e) subsoil at T2 (maize growth stage BBCH 33). The effects of cover crop mixtures and soil layers 

and their interaction were tested using Kruskal-Wallis-Test followed by Dunn's test as post-hoc test. Lowercase 

letters indicate significant differences between cover crop mixtures in each soil layer (p < 0.05). 

 
Figure 1-4 Cover crop-derived N incorporated in (a) total N pool of maize rhizosphere reusing cover crop root 

channels, (b) Nmic, and (c) labile N pool in maize rhizosphere reusing cover crop root channels in the topsoil 

and the (d-e) subsoil at T2 (maize growth stage BBCH 33). The effects of cover crop mixtures and soil layers 

and their interaction were tested using Kruskal-Wallis-Test followed by Dunn's test as post-hoc test. Lowercase 

letters indicate significant differences between cover crop mixtures in each soil layer (p < 0.05).  
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In the subsoil, Vmax of LAP was 44-fold higher in the brassica/grass root channels reused by maize 

compared to Vmax of LAP in the legume/grass root channels reused by maize (Figure 1-5 d), and Vmax 

of GLU showed a similar, although not significant trend (Figure 1-5 c). 

 

 

Figure 1-5 β-glucosidase activity in the (a) topsoil and (c) subsoil, and leucine aminopeptidase activity in the 

(b) topsoil and (d) subsoil activities in maize rhizosphere reusing cover crop root channels in the topsoil and 

the subsoil at T2 (maize growth stage BBCH 33). The effects of cover crop mixtures and soil layers and their 

interaction were tested using Kruskal-Wallis-Test followed by Dunn's test as post-hoc test. Lowercase letters 

indicate significant differences between cover crop mixtures in each soil layer (p < 0.05). 

 

Figure 1-6 Percentage of (a) maize uptake of cover crop-derived N (%) and (b) cover crop-derived N in maize 

N (%). The difference of cover crop mixtures was test by Kruskal-Wallis-Test followed by Dunn's test as post-

hoc test (p < 0.05). Capital letters indicate significant differences between cover crop mixtures. 
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The composition of the cover crop mixture significantly affected the uptake of cover crop-derived N 

by maize (Figure 1-6). Maize took up most cover crop-derived N (6.5 %) when reusing the root 

channels of the legume/grass mixture, followed by brassica/grass (3.9 %) and legume/brassica (1.0 %). 

Cover crop-derived N contributed most to maize N when the maize was growing after the legume/grass 

mixture (1.1 %), followed by legume/brassica (0.5 %) and brassica/grass (0.5 %).   

4. Discussion 

4.1 Dynamic of cover crop-derived C and N allocation in cover crop root channels 

In the topsoil, the increase of cover crop-derived C and N in the walls of the root channels from T1 to 

T2 documents the continuous decomposition of cover crop root residues in all mixtures from maize 

germination (T1) to maize growth stage BBCH33 (T2). Cover crops have been demonstrated to 

increase Cmic by 40 % and Nmic by 51 % in a global meta-analysis, especially in medium-textured soils 

(Muhammad et al., 2021). Comparing cover crop mixtures with different composition in our study, we 

found that the incorporation of cover crop-derived C and N into microbial biomass was most distinct 

in the legume/grass and the brassica/grass mixtures in our study. However, with the progressing 

decomposition of cover crop residues from T1 to T2, the transfer of N from Nmic to the labile pool 

gradually increased the availability of cover crop-derived N in the topsoil. 

In the subsoil, the total amount of cover crop-derived C in the root channels increased during the maize 

growth period only after the legume/grass mixture, while the root channels of both mixtures containing 

brassica lost cover crop-derived total C from T1 to T2. This can be explained by the early death of the 

winter-killed oil radish and consequently already more advanced mineralization of the root residues in 

these root channels. Accordingly, the results show a greater transfer of cover crop derived C into the 

labile C pool from T1 to T2 in the root channels of both mixtures containing brassica, suggesting an 

already more advanced channeling of C through the microbial biomass compared to the completely 

winter-hardy legume/grass mixture. The primary chemical factors determining the kinetics of cover 

crop residue decomposition and nutrient release are the C:N ratio, and concentrations of lignin in the 

plant tissues (Adhikari et al., 2024; Johnson et al., 2007; Parton et al., 2007). Residues of grass with 

high lignin content and wider C:N ratios generally degrade slower and release nutrients to the soil over 

longer time periods (Chaves et al., 2021; Kühling et al., 2023; J. Ramirez-Garcia et al., 2015). However, 

in our study, the higher proportion of cover crop-derived C in subsoil root channels of the legume/grass 

mixture compared to the legume/brassica mixture at T2 is most likely mainly due to the less advanced 

decomposition of the winter hardy legumes and grasses compared to the winter-killed brassica. The 

microorganisms incorporated more cover crop-derived C into their biomass in the subsoil root channels 

of the legume/grass mixture compared to the other mixtures. This Cmic will subsequently be converted 

to necromass, one of the primary C-containing constituents contributing to the stable soil organic 

matter pool (Liang et al., 2017). Different from C, the mineralized N released from the decaying oil 

radish roots in winter can be used by the winter-hardy partners in the mixtures, which can help to 

reduce losses via leaching (Hirsh et al., 2021; Sedghi and Weil, 2022).  

4.2 Partitioning of cover crop-derived C and N in maize rhizosphere 

The total content of cover crop-derived C in cover crop root channels reused by maize was in a similar 

range as in the empty cover crop root channels at maize growth stage BBCH33 (T2). However, when 

the root channels were reused by maize, the microorganisms incorporated more cover crop-derived C 

into their biomass in legume/grass and brassica/grass root channels than in legume/brassica root 

channels. In the well-fertilized topsoil, microorganisms in maize rhizosphere did not preferentially use 

cover crop-derived N from the root channels, because the already high N availability rendered 

microbial N mineralization less crucial (Geisseler et al., 2010; Schimel and Bennett, 2004). However, 

amongst the mixtures, the assimilation of N by microorganisms showed a similar trend as C, with 

higher cover crop-derived Nmic in the mixtures with grass than in the legume/brassica mixture. 

In agroecosystems, root channel reuse is usually considered to be essential in the subsoil, as it is the 
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zone where root channels can persist for decades (Hagedorn and Bundt, 2002), and where the 

penetration resistance is high, making it more difficult for plant roots to grow directly through the soil 

matrix (Chen and Weil, 2010; Wahlström et al., 2021). Our findings reveal that the subsoil root 

channels of the legume/grass mixture contained more cover crop-derived C and N than the 

legume/brassica and brassica/grass root channels at maize growth stage BBCH33 (T2). This is because 

the root residues in the completely winter hardy legume/grass mixture’s root channels are least 

decomposed. However, they will consequently still hold large amounts of attractive substrates for 

microbial metabolism, which will be increasingly stimulated by the exudates of the active maize roots 

that just reached the subsoil at BBCH33 (Kuzyakov and Blagodatskaya, 2015; Liu et al., 2022; Ma et 

al., 2023). Accordingly, the cover crop-derived C and N were highly partitioned to microbial biomass 

in the subsoil root channels of the legume/grass mixture that were already reused by maize roots. This 

high C and N assimilation capacity of microorganisms is linked to an overall high total amount of 

microbial biomass in these root channels (Fig. S3c). 

4.3 Nitrogen uptake related to enzyme activity in maize rhizosphere  

The contrasting distribution of enzyme activities in the root channels reused by maize in the topsoil 

and subsoil suggests that the decomposition processes and stages of the residues in the root channels 

differ in these two zones, most likely caused by the different temperature, air and water regimes in 

topsoil and subsoil (Gill and Burke, 2002; Sanaullah et al., 2011). The contrary trend of enzyme 

activities in topsoil and subsoil between the mixtures containing legumes and the brassica/grass 

mixture are a result of the intertwining of N-demand for enzyme production, and the enzyme 

requirement to release N from substrate. In the subsoil, just reached by the maize roots at BBCH33, 

the proportion of root tips, with intensive release of N-containing root exudates (Baudoin et al., 2003), 

is high. Thus, the N-supply from root exudates for the formation of microbial exoenzymes (GLU and 

LAP) is most likely higher in the rhizosphere of maize roots in the subsoil than in the topsoil at 

BBCH33. However, the actually developing enzyme activity is also a function of the requirements for 

substrate decomposition for energy and N release, and the decomposition of the residues in the 

brassica/grass root channels will require more enzyme activity than the more easily degradable 

residues in the root channels of mixtures containing legumes. In the topsoil, however, the lower 

abundancy of maize root tips reduces the supply with fresh root exudates, so both N-supply for enzyme 

production and enzyme requirement for substrate decomposition are steered mainly by the substrate 

provided by the cover crop root residues. This leads to high enzyme activity in the legume/brassica 

mixture, which provides both easily available N from the legume components and easily available C 

form the already extensively decomposed remains of the winter-killed brassica. 

An important function of cover crops is to catch nutrients that were not used by or are released from 

the residues of the latest cash crops, and carry them over to the next cash crop (Heuermann et al., 2022; 

Rouge et al., 2023). We were able to prove that maize assimilates up to 6.5 % of the cover crop derived 

N already at maize growth stage BBCH33, which is powerful evidence that the legume/grass mixture 

can significantly contribute to the N supply of the maize. The legume/grass mixture covered up to 1.1 % 

of the N demand of maize at BBCH33. Our results show that N transfer to maize through the reuse of 

legume/grass root channels is an effective sustainable farming approach for maize cultivation. The 

mixture with the lowest capacity of N supply from the root channel to maize was legume/brassica, 

composed of legumes and a winter-killed brassica. According to the results of Gentsch et al. (2022), 

cover crops with high N contents, such as clover and the brassica mustard, can cause high leaching 

losses from litter mineralization over the winter. Additionally, especially winter-killed brassica species 

have been proven to have no positive effect on maize N uptake and yield (Tadiello et al., 2022). 

However, winter-killed crops can form a protective mulch layer over winter and spring, and thereby 

reduce evaporation and preserve water resources for the following maize plants better that black fallow 

(Gentsch et al., 2022), so when considering the combination of cover crops, winter-killed crops can be 

included to improve soil moisture, and deep-rooting winter-hardy crops should be used to ensure 
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maximum N utilization. 

Conclusion 

This study compared the C and N allocation in root channels formed by mixtures of deep- and shallow-

rooting cover crops, and the effect of cover crop-derived C and N on microbial activity in cover crop 

root channels reused by maize. Our experiment is original in studying the reuse of cover crop root 

channels by maize roots in the field. Our results prove that mixtures of deep- and shallow-rooting cover 

crops can not only allocate newly assimilated C and N to the subsoil, but also, to varying degrees, 

retain this C and N in the root channels during the subsequent cash crop season. Among the different 

cover crop mixtures, legume/grass showed the highest potential for providing plant-derived C to the 

microbial community of the soil and thereby enhancing the microbial stabilization of C in subsoil root 

channels. The legume/grass mixture also showed a high potential of N supply from the root residues 

in their root channels to the following maize crop. However, the exact role each species plays in the 

mixture remains unclear. To support the integration of cover crop mixtures into crop rotation in 

agroecosystems, long-term experiments should be conducted to investigate approaches that will more 

accurately utilize cover crop-derived nutrients to enhance the growth of cash crops. 
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Supplementary 

 
Figure S1-1 Contents of soil organic C and N in (a, b) soil, in (c, d) microbial biomass, and in (e, f) extractable 

pool in the rhizosphere of cover crops in the topsoil and the subsoil at two time points. The effects of cover crop 

mixtures and time points and their interaction were tested using two-way ANOVA (add supplementary table of 

the statistical result). Lowercase letters indicate significant differences between cover crop mixture variations 

at all time points, within a soil layer (p < 0.05, with interaction effects of cover crop mixture variations and 

time points). Asterisks represent significant differences between the main factor of time points within a soil layer 

(‘*’ represents p < 0.05; ‘**’ represents p < 0.01; ‘***’ represents p < 0.001). Asterisks were noted under the 

time point with a significantly higher result than the other. 
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Figure S1-2 C:N ratios in (a) soil, (b) microbial biomass, and (c) extractable pool in the rhizosphere of cover 

crops in the topsoil and the subsoil at two time points. Lowercase letters indicate significant differences between 

cover crop mixture variations at all time points, within a soil layer (p < 0.05, with interaction effects of cover 

crop mixture variations and time points). Capital letters indicate significant differences between the main factor 

of cover crop mixture variations within a soil layer (p < 0.05, without interaction effects of time points). 

Asterisks represent significant differences between the main factor of time points within a soil layer (‘**’ 

represents p < 0.01). Asterisks were noted under the time point with a significantly higher result than the other. 
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Figure S1-3 Contents of soil organic C and N in (a, b) soil, in (c, d) microbial biomass, and in (e, f) extractable 

pool in the rhizosphere of maize in cover crop root channels in the topsoil and the subsoil at T2 (maize growth 

stage BBCH 33). The effects of cover crop mixtures and soil layers and their interaction were tested using two-

way ANOVA (add supplementary table of the statistical result). Lowercase letters indicate significant 

differences between cover crop mixtures in both soil layers (p < 0.05, with interaction effects of cover crop 

mixtures and soil layers). Capital letters indicate significant differences between the main factor of cover crop 

mixtures (p < 0.05, without interaction effects of soil layers). Asterisks represent significant differences between 

the main factor of soil layers (‘*’ represents p < 0.05; ‘**’ represents p < 0.01; ‘***’ represents p < 0.001). 

Asterisks were noted in the soil layer with a significantly higher result than the other. 
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Figure S1-4 C:N ratios in (a) soil, (b) microbial biomass, and (c) extractable pool in maize rhizosphere in 

cover crop root channels in the topsoil and the subsoil at T2 (maize growth stage BBCH 33). The effects of 

cover crop mixtures and soil layers and their interaction were tested using two-way ANOVA (add supplementary 

table of the statistical result). Lowercase letters indicate significant differences between cover crop mixtures in 

both soil layers (p < 0.05, with interaction effects of cover crop mixtures and soil layers). Capital letters indicate 

significant differences between the main factor of cover crop mixtures (p < 0.05, without interaction effects of 

soil layers). Asterisks represent significant differences between the main factor of soil layers (‘*’ represents p 

< 0.05). Asterisks were noted in the soil layer with a significantly higher result than the other. 
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Abstract 

Deep-rooting cover crops increase C input in agricultural soils, and thus have the potential to help cash 

crops to cope with climate change, e. g., drought, by providing soil organic carbon (SOC) in the deep 

soil to support rhizosphere activity. However, few studies have investigated the C mineralization in the 

rhizosphere of cash crops growing after deep-rooting cover crops. To fill this knowledge gap, we 

designed a field experiment to compare the effects of two cover crop mixtures with deep- and shallow-

rooting species (clover/grass; brassica/grass) on C-cycling enzyme activities in following maize (Zea 

mays L.) rhizosphere at three experimental sites with different soil texture (sandy sand, sandy loam, 

and silty loam) in Germany. A drought stress treatment was established during maize cultivation to 

determine the effects of cover crops on enzyme activities in the subsoil rhizosphere of the cash crop 

under drought. We determined the hotspots area of maize rhizosphere by zymography and measured 

C-cycling enzyme activities in maize rhizosphere by fluorometric microplate assays. The results 

showed that, under drought, cover crop mixtures positively affected C-cycling enzyme activities in 

maize rhizosphere in sandy loamy soil, and negatively affected C-cycling enzyme activities in maize 

rhizosphere in sandy soil and silty loamy soil. The effect sizes of cover crops on enzyme activities in 

maize rhizosphere were negatively correlated with microbial functional diversity under drought. We 

conclude that the effect of cover crops on the increase of subsoil enzyme activities in the rhizosphere 

of maize exposed to drought stress is highly site-specific.  

Keywords: winter cover crops; deep-rooting species; subsoil C mobilization; drought stress; β-

glucosidase activity; cellobiohydrolase activity; xylanase activity. 
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1. Introduction 

Cover crop mixtures increase belowground carbon (C) amount, accelerate C cycling due to fresh C 

input, and change the associated belowground microbial communities and activities, and abiotic 

properties in farming systems (Finney and Kaye, 2017; Smith et al., 2014; St Aime et al., 2023; Stavi 

et al., 2012; Tamburini et al., 2020; Topps, 2021). Increasing plant diversity in agricultural ecosystem 

can also reduce C loss, improve soil water retention and ensure plant primary productivity under 

climate change, e.g., under drought stress (Eisenhauer et al., 2013; St Aime et al., 2023, 2020). 

However, knowledge gaps remain in terms of if and how cover crop mixtures help the following cash 

crops to cope with drought, and how microbial activity in cash crop rhizosphere in the subsoil is 

affected by cover crop residues under drought. 

Deep-rooting cover crops have been broadly discussed due to their potential to enhance subsoil C 

storage and access nutrients and water from the subsoil with their deep-reaching roots (Hoekstra et al., 

2015; Peixoto et al., 2022; Pierret et al., 2016; Rasmussen et al., 2020). Considering the slow C 

decomposition rate in subsoil (Button et al., 2022; Hobley et al., 2017; Salomé et al., 2010), the input 

of fresh C by the cover crop roots can be a vast energy source for microorganisms living in the 

following cash crop rhizosphere. Subsoil microorganisms have also been shown to benefit from cover 

crop carbon inputs, as they assimilated a large proportion of cover crop-derived C into their biomass, 

and their activity and diversity also increased (Fontaine et al., 2007; Liang et al., 2018; Peixoto et al., 

2020). Moreover, cover crop mixtures that combine deep- and shallow-rooting species have been 

proven to be more efficient in utilizing resources in deep soil depths (Berendse, 1981; Han et al., 2022; 

Oram et al., 2018). However, this positive effect may also origin from the combination of different 

functional classes, e.g., legumes and nonlegumes, in the mixtures, and not only from combining 

shallow and deep-rooting species (Hoekstra et al., 2015).    

Recent studies in diverse agricultural systems have demonstrated a link between plant biodiversity and 

functional traits, e.g., increasing rhizodeposition, and improving litter quality (Cortez et al., 2007; 

Finney and Kaye, 2017; Li et al., 2014; Redin et al., 2014; Tribouillois et al., 2015). For example, a 

higher plant diversity in cover cropping would increase the chemical diversity of rhizodeposits, 

including carbohydrates, organic and amino acids, phenolics, fatty acids, sterols, enzymes, vitamins, 

hormones, and nucleosides (Dignac et al., 2017; Jones et al., 2009; Steinauer et al., 2016). Functional 

classes of cover crops with high root exudation rates or large C inputs (e.g., grasses) have distinct 

functional traits that would favor a beneficial microbial community (Faucon et al., 2017; Pausch and 

Kuzyakov, 2018), thus, affect microbial C mobilization process.  

The different biochemical, physiological, and morphological traits of cover crop species lead to various 

organic C (OC) compositions as different substrates for the microbes living in the next cash crops' 

rhizosphere. This carry-over effect is critical in shaping soil biodiversity and agroecosystem functions 

(Crotty et al., 2016; Faucon et al., 2017; Lange et al., 2015; Tiemann et al., 2015). Cover crop roots 

may trigger microbial activity in the subsoil by releasing a large proportion of glucose, cellulose, and 

organic acids (Fontaine et al., 2007; Heitkötter et al., 2017; Karhu et al., 2016). Cover crop diversity 

and the chemical composition of their residues may affect soil microbial activity and diversity on 

different levels. For example, legume species have been proven to strongly accelerate soil enzyme 

activity compared to nonlegume species (Lupwayi et al., 2021; Lupwayi and Soon, 2016). Cover crop 

mixtures increase microbial functional diversity more than monocultures during the decomposition of 

residues (Drost et al., 2020).  

The reduced soil moisture under drought conditions affects the plant-soil interactions by reducing plant 

root activity, soil microbial activity, and plant primary productivity (Ciais et al., 2005; Fu et al., 2020; 

Ge et al., 2022; Jones et al., 2022; Qu et al., 2023; Wang et al., 2021; Zhang et al., 2023). Organic 

matter input helps the soil to retain moisture under drought, and improves the diversity and activity of 

soil microbes (Bastida et al., 2008; Hueso et al., 2012). Facing water deficiency, soil microbes tend to 

adjust their substrate use strategies to retain cellular motility (Schimel, 2018). The functional response 

of soil microbes to drought is altered by substrate quality (Malik et al., 2020). Selection of cover crop 
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mixtures based on the chemical quality of cover crop litter could affect microbial community related 

to resource acquisition and will affect drought tolerance of soil microorganisms, which may in turn 

retain the following cash crop root activity.  

Enzymes, excreted by both plants and microbes, are the main mediators of organic matter 

decomposition (Nannipieri et al., 2018; Sinsabaugh et al., 2008). Even a small shift in the activity of 

one or two enzymes can significantly alter the decomposition rates of organic matter (Caldwell, 2005; 

Sinsabaugh et al., 2002). The higher chemical diversity of litter residues of cover crop mixtures 

compared with monocultures leads to a higher diversity of the extracellular enzymes and increases the 

probability of priming effects occurring (Fontaine et al., 2003; Wu et al., 1993). Soil enzyme activity 

also has been widely used for assessing soil quality changes by agricultural management (García-Ruiz 

et al., 2008; Ghosh et al., 2020; Xu et al., 2020). It is of great value to evaluate soil enzyme activity in 

the cash crop rhizosphere after cover cropping to be able to select the best group of cover crops to help 

the subsoil microorganisms, as well as the cash crop, to overcome drought stress.          

In this study, field experiments with winter cover crop mixtures and a control variation were conducted 

on three experimental sites with different soil types. All plots were subsequently planted with maize 

(Zea mays L.), and rain shelters were used to simulate summer drought during the maize growing 

season. We determined the activities of cellulose, cellobiose, and Xylooligosaccharide hydrolysis 

enzymes as affected by the interaction between cover crop residues and living maize roots in the 

subsoil. We assessed the effects of cover crop mixtures on enzyme activity in the following maize crop 

rhizosphere in the subsoil under drought and under normal rainfall conditions. We hypothesize that: 

(1) cover crop mixtures promote microbial hydrolyzation of OC in maize rhizosphere in the subsoil, 

with higher C-cycling enzyme activities in legume/grass due to the low C:N ratio of legume residues 

compared to brassica; (2) the legacy effects of cover crop mixtures on OC hydrolyzation in maize 

rhizosphere under drought are site-specific and highly related to soil water content and texture; (3) 

cover crop mixtures show larger effects on enzyme activities in the following maize rhizosphere under 

drought than under rainfall condition, as microorganisms require more energy resources to maintain 

microbial activity to overcome water deficiency.   

2. Materials and methods 

2.1 Experimental sites and design 

The experiment was conducted in three sites in Germany, differing in soil types. Two experimental 

farms of Kiel University (1) Hohenschulen (HS, 54°18'46.5"N 9°59'55.0"E), with a Luvisol soil (IUSS 

Working Group WRB, 2022). The average (1991–2020) annual precipitation at this site is 769 mm 

and the mean temperature is 9.4 °C. (2) Karkendamm (KD, 53°55'38.8"N 9°55'51.0"E), with a gleyic 

Podzol soil. The 30-year average annual temperature is 8.6 °C and mean annual precipitation is 865 

mm. One experimental farm of Goettingen Uiniversity (3) Reinshof (RH, 51°29'08.5"N 9°53'34.9"E), 

with a Phaeozem soil. The long-term average annual precipitation at this site is 645 mm and the mean 

temperature is 8.7 °C. Soil properties in the subsoil of the three experimental sites shows in Table 2-1. 

Table 2-1 Soil properties in the subsoil of three experimental sites. Soil water content was measured at rainfall 

side and simulated drought side at sampling time. (OC: organic carbon; Nt: total nitrogen) 

Sites Soil texture pH  

(0.01M 

CaCl2) 

OC content 

(%) 

Nt content 

 (%) 

Soil water content (%) 

Rainfall Drought 

HS Sandy loam 6.5 0.67 0.07 13.37 11.33 

KD Sandy sand 5.2 0.65 0.04 7.86 3.09 

RH Silty loam 7.2 0.56 0.05 29.41 27.84 

Two cover crop mixtures (legume/grass; brassica/grass) and a control (black fallow in winter) were 

set up at the three sites in autumn 2022. The legumes were Trifolium pratense L. (red clover, deep-

rooting) and Trifolium repens L. (white clover shallow-rooting); grasses were Festuca arundinaceae 
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(tall fescue, deep-rooting) and Lolium perenne (German ryegrass, shallow-rooting); and the brassica 

group contained Raphanus sativus L. var. oleiformis (oil radish, deep-rooting) and Brassica napus L. 

(winter forage rape, shallow-rooting). Each variation had 4 plots with a size of 6 × 12 m as replicates. 

Plot replicates were randomly distributed in a block design at each site. The cover crops were grown 

until May 2023. After cover crop termination with an herbicide and shallow (15 cm) tillage of the 

topsoil, maize was sown. One month after sowing maize, subplots with rainfall reduction were created 

by covering the spaces between the maize rows with inclined greenhouse foil lanes to exclude ≥ 50 % 

of rainfall in every plot. Water content sensors (Teros 10, Meter Group, München, Germany) were 

installed in the control plots (in 30‒60 cm depth, with two replicates per depth under rainout shelter 

and rainfall side) at each experimental site. At maize germination, plastic root windows (30 x 55 cm) 

were vertically inserted into the soil for conducting zymography at each drought side and rainfall side. 

Each root window was placed 2 m from the plot borders to avoid boundary effects.       

2.2 Soil sampling 

Soil sampling was conducted at maize growth stage BBCH 50 in July 2023. Soil profiles (60 cm deep, 

1 m distance from the plot borders) were dug out in all plots at three sites. Soil samples from maize 

rhizosphere in the subsoil layer (30-60 cm) were collected from the profile walls by carefully scraping 

out the immediate vicinity of the roots with a micro spatula. The soil samples were stored at 4 °C for 

transport to the lab. Subsamples for enzyme activity measurement were immediately separated into 

sterile centrifuge tubes, and short-term stored at 4 °C in the fridge for subsequent analysis.   

2.3 Soil in-situ zymography 

Zymography was performed at maize growth stage of BBCH 50 as an in situ non-invasive technique 

to study the spatial patterns of C-cycling enzyme activity in maize rhizosphere as affected by cover 

crop mixtures as pre-cropping strategies. We followed the protocol of Razavi et al. (2016). Membranes 

saturated with 4-methylumbelliferone (MUF) substrates were used for visualization of enzyme 

activities. 4-Methylumbelliferyl-β-D-glucoside (abcr GmbH, Karlsruhe, Germany) was used as 

substrate to detect β-glucosidase activity. Polyamide membrane filters (Tao Yuan, China) with a 

diameter of 20 cm and a pore size of 0.45 mm were cut into 10 × 10 cm pieces and saturated with the 

4-Methylumbelliferyl-β-D-glucoside. In the field, the root windows were opened just before 

conducting zymography, and the membranes saturated with substrate were attached to the soil to where 

maize roots were. In each plot, two pieces of membrane was put in 45 cm depth, respectively. After 

incubation for one hour, the membranes were carefully lifted off the soil surface and soil particles on 

the membranes were gently removed by brush. One hour of incubation time was selected based on 

preliminary experiments. 

The calibration was based on zymography of 2 × 2 cm membranes soaked in a solution of MUF with 

concentrations of 0.1, 0.2, 0.3, 0.4, 0.5, 0.6, 0.7, 0.8, 0.9, 1.0 mM. The amount of MUF on an area 

basis was calculated from the solution volume taken up by the membrane and its size. The membranes 

used for calibration were photographed (EOS 6D, Canon, Tokyo, Japan) under UV light (365 nm 

wavelength) and analyzed in the same way as membranes applied in the field (Razavi et al., 2016). 

2.4 Image processing 

The fluorescent images were processed in MATLAB R2023a (The MathWorks, Inc., USA), according 

to Razavi et al. (2016). All images were first transformed to 16-bit grayscale images as matrices and 

corrected for light variations and camera noise. The scaled black flat field identical in all images was 

considered as a background (reference object) during the whole image processing, and this gray value 

was used as the referencing point. Thereafter we calculated an average background gray value through 

the zymograms of calibration lines at MUF concentration of zero, and subtracted this value from all 

the zymograms (Liu et al., 2017). The gray value of each zymography pixel was converted to enzyme 

activity using the calibration regression line obtained from a series of MUF concentrations. Hotspots 
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were considered to be areas in which the gray values of five adjacent pixels (each equals 0.1 × 0.1 mm) 

all exceeded the average gray value of the whole image (i.e., > 0.7) (Hoang et al., 2016). 

2.5 Enzyme kinetics  

The kinetics of three enzymes that target organic C compounds were assayed using fluorogenically 

labelled substrates (Razavi et al., 2015). One gram of fresh soil was added to 50 mL sterile water in 

autoclaved jars and shaken on a horizontal shaker with 180 rpm for 30 minutes. Three types of 4-

methylumbelliferone (MUF)-based fluorogenic substrates were used to assess the activity of enzymes: 

4-methylumbelliferyl-β-D-glucosidase for β-glucosidase (BG) activity, 4-methylumbelliferyl-β-N-

acetyl-D-glucosaminide for cellobiohydrolase (CE) activity, and 4-methylumbelliferyl-β-D-

xylopyranoside for xylanase (BX) activity. Substrates and chemicals were purchased from abcr GmbH 

(Karlsruhe, Germany). The enzyme activities were determined at a range of substrate concentrations 

(0, 5, 10, 15, 20, 25, 50, 100 μmol g-1 soil). The saturation concentrations of the fluorogenic substrates 

were determined in preliminary experiments. Fluorescence (caused by the release of MUF from the 

substrate) was immediately measured with a micro-plate reader CLARIOstar Plus (BMG LABTECH, 

Ortenberg, Germany).  

2.6 Calculations 

Enzyme activities were determined by fitting non-linear saturation curves of the Michaelis-Menten 

equation 1 in GraphPad Version 8 (Prism, Boston, USA): 

𝑉 =  
𝑉𝑚𝑎𝑥 [𝑆]

(𝐾𝑚  + [𝑆])
(1) 

Where V is the reaction velocity (nmol g-1 h-1), 𝑉𝑚𝑎𝑥 is the maximal rate of enzyme activity at saturated 

substrate concentration, 𝐾𝑚 is the substrate concentration at half of the 𝑉𝑚𝑎𝑥 and S is the substrate 

concentration (Michaelis and Menten, 1913; Nannipieri et al., 2012). 

The geometric mean of the assayed enzyme activities (GMea) was calculated by equation 2 (Hinojosa 

et al., 2004; Paz-Ferreiro et al., 2012): 

GMea (nm MUF 𝑔−1soil ℎ−1)=√𝐵𝐺 × 𝐶𝐸 × 𝐵𝑋
3

 (2) 

Where BG, CE, and BX represent soil β-glucosidase activity, cellobiohydrolase activity and xylosidase 

activity, respectively. 

Soil functional diversity was calculated as Shannon’s diversity index following equation 3 (Ghosh et 

al., 2020; Lagomarsino et al., 2011; Raiesi and Beheshti, 2014): 

Shannon’s diversity index = − ∑ 𝑃𝑖  × 𝐿𝑛 (𝑃𝑖)  

3

𝑖=1

 (3) 

Where, 𝑃𝑖 is the ratio of each of the three enzymes activity to the sum of all enzyme activities. 

To compare the effect of cover crop mixtures on maize rhizosphere C cycling mechanisms under 

drought and under normal rainfall condition, the C-cycling enzyme activities were converted into 

effect size following equation 4 (Wang et al., 2023):  

𝐸𝑓𝑓𝑒𝑐𝑡 𝑠𝑖𝑧𝑒 (%) =
𝐸𝐴𝑐𝑐 − 𝐸𝐴𝑐𝑜𝑛𝑡𝑟𝑜𝑙

𝐸𝐴𝑐𝑜𝑛𝑡𝑟𝑜𝑙
× 100 (4) 

Where 𝐸𝐴𝑐𝑐 and 𝐸𝐴𝑐𝑜𝑛𝑡𝑟𝑜𝑙 represent the enzyme activity in maize rhizosphere in cover crop mixtures 

and in control, respectively. 

2.7 Statistical analysis 

Statistical analyses were performed in R studio (Version 2023.06.1+524). All data were tested for 

normal distribution (Shapiro-Wilk test) and homogeneity of variance (Bartlett's test). Outliers were 

tested by Nalimov’s test and removed (≤ 1 within one variation). Two-way ANOVA was performed 

to test the main effects of cover crop mixtures and drought/rainfall conditions on hotspots area, 
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geometric mean of enzyme activity, Shannon’s diversity index and effect size of cover crop mixtures 

on enzyme activities. After getting significance of main effects and interactions (p < 0.05), the means 

were compared with Tukey's HSD test. Correlations analysis between Shannon’s diversity index, 

GMea, hotspots area, β-glucosidase activity, and soil water content in control plots were done 

respectively by Spearman correlation coefficient (p < 0.05) to test whether the enzyme indicators in 

soils are highly correlated with the initial soil moisture. Correlations analysis between Shannon’s 

diversity index with geometric mean of enzyme activity and effect size on enzyme activities in cover 

crop mixtures were tested by Spearman correlation coefficient (p < 0.05). 

3. Results 

3.1 Hotspots area in maize rhizosphere 

The hotspots area from small to large at HS was: brassica/grass < legume/grass < control (Figure 2-1 

a). The hotspot area was 4-fold higher in control than in brassica/grass mixtures at HS, disregarding 

drought and rainfall conditions.   

Zymograms showed less abundant roots and lower β-glucosidase activities at KD site than at HS 

(Figure 2-1 b). Compared with control, using cover crop mixtures did not change β-glucosidase 

activities and hotspots area at KD. The effect of using cover crops on β-glucosidase activities and 

hotspots in maize rhizosphere were similar under rainfall and drought conditions.      

Zymograms showed higher β-glucosidase activity and larger hotspots area from RH than HS and KD 

(Fig. 1c). The median of hotspots area of β-glucosidase under drought was higher in legume/grass and 

brassica/grass than in control, while the median of hotspots area was highest under rainfall in control.     

3.2 Effect size of cover crop mixtures on C-cycling enzyme activities 

 Using cover crop mixtures showed positive effects on β-glucosidase, cellobiohydrolase, and xylanase 

activity in maize rhizosphere at HS under drought, and the effect sizes of cover crops were significantly 

higher under drought than under rainfall condition (Figure 2-2 a-c). Within drought condition, the 

positive effect size on β-glucosidase activity was 1-fold higher of brassica/grass than legume/grass 

mixture. The effect size on cellobiohydrolase activity was 1-fold larger under drought than under 

rainfall conditions, and the effects from brassica/grass and legume/grass were similar. The effect size 

of cover crops was lower on xylanase activity than on β-glucosidase, cellobiohydrolase. 

Use of cover crops negatively affected β-glucosidase and cellobiohydrolase activites in maize 

rhizosphere under rainfall and drought conditions at KD (Figure 2-2 d-e). Legume/grass affected 

xylanase activity positively under drought but negatively under rainfall (Figure 2-2 f). Brassica/grass 

negatively affected xylanase activity under both rainfall and drought conditions.   

Contrary to HS, using cover crop mixtures showed higher effect sizes on β-glucosidase, 

cellobiohydrolase, and xylanase activity in maize rhizosphere under rainfall than drought at RH, and 

the effect sizes of cover crops under drought were all negative (Figure 2-2 g-i). Noticeably, 

legume/grass showed positive effect size on cellobiohydrolase and xylanase activity. Brassica/grass 

had positive effect size on cellobiohydrolase activity but negative effect sizes on β-glucosidase and 

xylanase activities.  
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Figure 2-1 Zymograms of β-glucosidase activity and hotspots distribution of maize rhizosphere in the subsoil 

(30-60 cm) under drought and rainfall condition at three sites. Maize was growing after cover crop mixtures or 

control. The color bar on the bottom side represents the activity of β-glucosidase. Hotspots area (%) of β-

glucosidase activity determined from Zymograms from maize rhizosphere in control and cover crop variations 

at three sites: (a) HS, (b) KD, and (c) RH. Capital letters represent significant difference between three 

variations (n=4, p<0.05). 
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Figure 2-2 Effects of using cover crop mixtures on C-cycling enzyme activities in maize rhizosphere under 

drought and rainfall conditions. (a) β -glucosidase activity at HS; (b) cellobiohydrolase activity at HS; (c) 

xylanase activity at HS; (d) β -glucosidase activity at KD; (e) cellobiohydrolase activity at KD; (f) xylanase 

activity at KD; (g) β -glucosidase activity at RH; (h) cellobiohydrolase activity at RH; (i) xylanase activity at 

RH. The red dashed line in the figure is the threshold at which the effect size is zero. Capital letters represent 

significant difference between drought and rainfall conditions. Lowercase letters represent significant 

difference between variations under drought and under rainfall conditions (n=4, p<0.05). 

3.3 Geometric mean of enzyme activity and Shannon’s diversity index 

The GMea in maize rhizosphere was significantly higher under drought than rainfall at HS (Figure 2-

3 a). Under drought condition, the GMea was 3-fold higher in brassica/grass than control. Using cover 

crops did not change the GMea under rainfall condition at HS. KD had a similar range of GMea as HS, 

but using cover crop variations did not significantly affect GMea compared with the control at KD 
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(Figure 2-3 b). GMea was lowest at RH among the three sites, and there was no difference between 

variations and conditions (Figure 2-3 c).       

 

                   

Figure 2-3 Geometric mean enzyme activity (GMea) in the rhizosphere of maize in control and after cover 

cropping at three sites. Capital letters represent significant differences between drought and rainfall conditions. 

Lowercase letters represent significant difference between variations under drought and under rainfall 

conditions (n=4, p<0.05). 

 

                

Figure 2-4 Shannon’s diversity index based on enzyme activities at (a) HS, (b) KD and (c) RH. Capital letters 

represent significant differences between drought and rainfall conditions. Lowercase letters represent 

significant difference between variations under drought and under rainfall conditions (n=4, p<0.05).  
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Shannon’s diversity index in maize rhizosphere was 0.46‒1.07 at HS, and was not affected by cover 

crop mixtures and conditions (Figure 2-4 a). Shannon’s diversity index was 0.50–1.09 at KD, and it 

was significantly higher under drought than under rainfall condition (Figure 2-4 b). At RH, Shannon’s 

diversity index was 0.72–1.10 (Figure 2-5 c), without impact from variations and conditions. 

 
Figure 2-5 Linear relationship of soil water content (%) with (a) Shannon’s diversity index with (b) geometric 

mean of enzyme activity, (c) hotspots area (d) β-glucosidase activity in the rhizosphere of maize in control plots 

(Spearman correlation coefficient, p<0.05). 

 
Figure 2-6 Linear relationship of Shannon’s diversity index with (a) geometric mean of enzyme activity and 

effect size of cover crop mixtures on (b) β-glucosidase activity, (c) cellobiohydrolase activity and (d) xylosidase 

activity (Spearman correlation coefficient, p<0.05). 
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3.4 Effects of cover crops on enzyme activities under drought and rainfall conditions 

The Shannon’s diversity index in initial soils was independent of soil water content (Figure 2-5 a). 

GMea in maize rhizosphere was negatively correlated with soil water content in the control at the three 

sites (Figure 2-5 b). The hotspots area and β-glucosidase activity were positively correlated with soil 

water content in the control (Figure 2-5 c-d), proving that the initial enzyme activities of the three soils 

were closely related to their respective soil water contents.   

Cove crop mixtures not only changed Shannon’s diversity index but also affected the enzyme activities, 

and the patterns of the effects from cover crops differed between drought and rainfall conditions 

(Figure 2-6). Shannon’s diversity index was negatively correlated with GMea in cover crop mixtures 

under both drought and rainfall conditions (Figure 2-7 a). The effect size of cover crop mixtures on β-

glucosidase activity only showed a negative correlation with Shannon’s diversity index under drought 

condition (Figure 2-7 b). There were significantly positive correlations between Shannon’s diversity 

index and effect size of cellobiohydrolase and xylanase activities under drought condition (Figure 2-7 

c, d), suggesting that a decrease of microbial functional diversity in maize rhizosphere by cover crop 

mixtures may increase the effect on enzyme activities under drought.      

4. Discussion 

Cover crop roots and their residues can enhance the activity of enzymes in the soil (Chavarría et al., 

2016; Niewiadomska et al., 2020; Piotrowska-Długosz and Wilczewski, 2020; Thapa et al., 2021). 

Using cover crops did not affect enzyme activities in maize rhizosphere at maize growth stage BBCH 

50 at HS under rainfall condition, possibly because cover crop root residues have completed early 

decomposition with a suitable soil water content when the samples were taken in July 2023. Cover 

crops as pre-cropping had great positive effect sizes on β-glucosidase, cellobiohydrolase, and xylanase 

activities in maize rhizosphere under drought at HS, indicating intensive cellulose and hemicellulose 

degradation in maize rhizosphere at BBCH 50 (Sinsabaugh and Follstad Shah, 2011). High cellulolytic 

activities usually occur during early stages of plant litter decomposition (Moorhead and Sinsabaugh, 

2006), the decomposition of cover crop residues in the subsoil at HS may be slowed down under 

drought compared with rainfall condition. Considering only drought condition, the decomposition of 

brassica/grass residues was in an earlier stage than that of legume/grass. Since there is not much 

difference in cellulose content in the two mixtures (Garba et al., 2022; Pittman et al., 2020), the 

extended cellulose decomposition in brassica/grass mixture is probably caused by the large C/N ratio 

(Clark et al., 1997; Kuo et al., 1996; Kuo and Sainju, 1998; Wagger, 1989). Cover crops increased 

GMea in maize rhizosphere and tended to reduce its microbial functional diversity under drought, 

indicating that the microbial community at HS maintained its dominant species and was mainly 

dedicated to decomposing plant-derived OC. Our first finding partially confirms the hypothesis that 

cover crop mixtures promote microbial hydrolyzation of OC in maize rhizosphere in the subsoil, but 

grass mixed with brassica increases C-cycling enzyme activities in maize rhizosphere more than 

legumes due to slower decomposition of the residues.  

Despite cover crop residues can provide more cellulose than control as a substrate for 

cellobiohydrolase, both legume/grass and brassica/grass mixtures showed negative effects on β-

glucosidase and cellobiohydrolase activities in maize rhizosphere disregarding rainfall and drought 

conditions at KD site, suggesting low microbial activity in the rhizosphere of maize after cover crops. 

Additionally, the use of brassica/grass increased microbial functional diversity in the maize 

rhizosphere under drought. Previous studies have reported a significant increase of microbial 

functional diversity by legumes in a wheat system (Nivelle et al., 2016) and by rye in a vegetable 

system (Nair and Ngouajio, 2012). Our result suggests that the effect of cover crops on microbial 

functional diversity in maize rhizosphere is site-specific, likely related to the composition of microbial 

community in the initial soil, and the effect is stronger under drought than under rainfall at KD. This 

is in line with the study of Siebielec et al. (2020) which revealed that microbial community is more 
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sensitive to drought in sandy soils, and the input of additional OC is of great importance to protect 

microbial activity in sandy soils. 

At RH, we observed neither changes in GMea nor changes in microbial functional diversity, but the 

use of cover crops negatively affected C-cycling enzymes in maize rhizosphere under drought, 

indicating that cover crops were unable to alleviate drought-induced decrease in enzyme activity. 

Under rainfall condition, cover crop mixtures, especially legume/grass, had a significantly positive 

effect on C-cycling enzymes, possibly due to the high N demand of microorganisms, because of 

sufficient available carbon mobilized by β-glucosidase enzyme secreted by maize roots (Esen, 1993). 

The distribution of hotspots in our results better represented the extracellular β-glucosidase activity of 

maize because highly active areas are only distributed on the root surface and the rhizosphere extension 

of maize roots is typically very narrow (Ma et al., 2018). The larger hotspots area concentrated on the 

maize root surfaces at RH, especially under rainfall conditions, suggests that maize roots at this site 

contributed much to decomposing easily available carbon.  

Studies have reported that using cover crops can significantly increase the total amount of 

microorganisms, promote microbial activity, and increase the abundance of bacterial community 

during the growth of cover crops and even a long time after cover cropping (Balota et al., 2014; Feng 

et al., 2021; Finney et al., 2017), our results suggest that the functional diversity of the microbial 

community in the following maize rhizosphere may not be influenced by cover crop mixtures, probably 

because the dominate microbial phylae in maize rhizosphere has already adjusted to the soil with the 

different cover crop as organic substrate.  

Cover crop mixtures had site-specific effects on C mobilization functions of soil microbial 

communities in maize rhizosphere. This is in agreement with Rutan et al. (2023) who suggested that 

using cover crops may have differing impacts to bacterial diversity, evenness, and richness in maize 

rhizosphere on different sites. However, Gregorutti and Caviglia (2019) have demonstrated that white 

sweet clover and wheat did not affect the activity and abundance of cellulolytic microorganisms. The 

different results as ours may come from (1) the cover crops being monocultures, greater biomass 

production of cover crop mixtures than monocultures may cause a larger legacy effect on enzyme 

activities in soils (Couëdel et al., 2018; Drost et al., 2020; Gentsch et al., 2020); (2) difference in soil 

types, Muhammad et al. (2021) demonstrated that the effect of cover crops on microbial C/N ratio in 

the soil was higher in medium-textured soils compared to coarser or fine-textured soils. This is in line 

with our findings that HS site, with sandy loam texture, showed the greatest effect size of cover crop 

mixtures on C-cycling enzyme activities; (3) and lack of influence of living cash crop roots. Enzyme 

activity from newly colonized maize roots was shown to be site-specific and highly correlated with 

soil water conditions, which would affect microbial C mobilizing functions. In addition, β-glucosidase 

and cellobiohydrolase exudation are proven to be more related to abiotic factors (e.g., pH, nutrient 

availability, and clay minerals) than xylanase (Burns and Dick, 2002; Tischer et al., 2014), that 

explained the greater site-specific effects of cover crops on cellulolytic enzyme activities than 

xylanase. 

The effects of cover crops on corn rhizosphere enzyme activities show distinct patterns under drought 

conditions and rainfall conditions, possibly due to changes in plant root activity, microbial activity, 

community composition, and soil water-soluble properties under drought (Gao et al., 2021; Preece et 

al., 2019; Wu et al., 2011). In cover crop treatments, high GMea tended to have low microbial 

functional diversity disregarding drought and rainfall conditions, indicating that cover crops selected 

specific microbial species with rapid C mobilizing functions. However, under rainfall conditions, the 

Shannon diversity index was not related to the effect size of enzyme activity, indicating that microbial 

functional decomposition under rainfall conditions did not fully rely on microbial enzymes to obtain 

resources, plant and soil fauna-derived C-cycling enzymes may also be huge driving forces of C 

acquisition. Under drought, plant root deposition was affected, microorganisms had to rely on their 

own C mobilizing functions to survive. Drought stress mainly causes a reduction in the diversity of 

the bacterial community (Gao et al., 2021). Consequently, the fungal community, the main producer 
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of extracellular hydrolytic enzymes (Schneider et al., 2012), became the dominant species due to its 

high resistance to drought. This explained the decrease of functional diversity accompanied by positive 

effects on C-cycling enzymes under drought conditions. 3.4 times increase in fungal biomass after 

cover crop mixtures compared with fallow has been reported by (Gentsch et al., 2020), supporting our 

explanation that cover crop mixtures can enhance microbial community carbon mobilization by 

strengthening the fungal community.   

5. Conclusion 

We evaluated the effect of using deep- and shallow-rooting cover crop mixtures on C-cycling enzyme 

activities and functional diversity of soil microorganisms in the following maize rhizosphere in the 

subsoil under drought and rainfall conditions. The effect of cover crops on subsoil enzyme activity in 

the rhizosphere of maize under drought stress is highly site-specific, depending on the soil texture and 

the corresponding water retention capacity. Cover crop mixtures promoted enzyme activities in maize 

rhizosphere only in sandy loamy soil under drought at HS. Grass mixed with brassica increases C-

cycling enzyme activities in maize rhizosphere more than legumes due to slow decomposition of the 

residues. Cover crop mixtures did not positively affect C-cycling enzyme activities in maize 

rhizosphere under drought at KD with sandy soil and RH with silty soil. Considering the balance 

between subsoil enzyme activity and economic input of using cover crop mixtures, combining deep- 

and shallow-rooting mixtures to support cash crops to overcome drought stress may be the best choice 

in medium-textured soils. This discovery holds significant implications for sustainable farming 

practices, as subsoil resources have been proposed to have huge potential for cash crops to overcome 

drought stress. Specially designed cover crop mixtures based on different soil properties could be 

applied as tools for the targeted subsoil management of microbial communities to deliver specific 

functions as legacy effects and enhance overall ecosystem service to following cash crops. 
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Abstract 

Soil microorganisms drive the phosphorus (P) cycle in forest soils. To assess key mechanisms of 

microbial P mobilization and uptake in forest soils, we produced 33P labeled root- and leaf-litter of 

Fagus Sylvatica. P-poor and P-rich soils with different microbial diversities were established by re-

inoculating gamma-irradiated soil with serially diluted soil suspensions from the original soil. The re-

inoculated soil was incubated in microcosms with the 33P labeled litter for four weeks. The kinetics of 

P cycling enzyme and the flux of 33P into different soil pools were determined. Carbon (C), nitrogen 

(N), and phosphorus (P), in soil microbial biomass and in extractable pools (e.g., Presin) were measured 

and calculated as stoichiometry ratios. The results showed that acid phosphatase activity differed 

significantly among dilutions at P-rich site, indicating a disturbance of P mobilization by microbial 

diversity loss. The acid phosphatase activity at P-poor site was overall higher than P-rich site and it 

was unaffected by the microbial diversity reduction, indicating a high functional redundancy of P 

mobilization. Higher recovery of litter-derived 33P in soil microbial biomass and in Presin were detected 

in all microbial dilution variants of the P-poor soil, suggesting a tight cycling of litter-derived P in 

microbial biomass and the soil solution. Our study confirms that the high functional redundancy of 

microbial P acquisition at P-poor forest site aims to keep all essential processes ongoing even under 

loss of biodiversity. In contrast, at P-rich sites, individual processes such as litter-P mobilization are 

less redundant than in P-poor soils. 

Keywords: P mineralization, P cycling, serial microbial dilution, litter addition, 33P wick labeling 
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1. Introduction 

European beech (Fagus sylvatica L.) is the most common broad-leaf tree species in Central Europe, 

occupying nearly 12 million hectares of forest area (Schraml and Rennenberg, 2002; Geßler et al., 

2007; Netzer et al., 2017), but the future growth trend declines from −20% to more than −50% by 2090 

(Martinez del Castillo et al., 2022). According to the Second National Forest Soil Inventory in 

Germany (NFSI II), 60 % of all Fagus sylvatica L. trees showed insufficient P nutrition (Niederberger 

et al., 2019). Considering the highlighted decline of foliar phosphorus (P) concentration of beech 

forests in recent decades (Jonard et al., 2015; Talkner et al., 2015; Lang et al., 2017), a better 

understanding of P cycling strategies is of great importance for improving sustainable forest strategies.  

Different from farmland ecosystems, where P deficiency can be compensated by fertilization (Valkama 

et al., 2009; Weeks and Hettiarachchi, 2019), forest soils mainly rely on weathering of P-bearing 

minerals (Buendía et al., 2010), atmospheric deposition (Ben-Ami et al., 2010; Das and Lawrence, 

2013), and mineralization of litter-P (Estiarte and Peñuelas, 2015; Sohrt et al., 2018; Peng et al., 2023) 

and microbial necromass-P (Schmitt et al., 2022), to cope with P deficiency. Soil microorganisms not 

only decompose organic P via the production of extracellular enzymes but also, they are able to take 

it up directly (Wasner et al., 2023) and immobilize the organic P in their biomass (Richardson, 2001; 

Oberson and Joner, 2005). The absence of litter decreases the available P and the microbial functions 

of nutrient mobilization in beech forest soil (Maillard et al., 2019). The importance of leaf litter-derived 

P as an essential energy and nutrient source for the soil microbial community has been well discussed 

(Richardson and Simpson, 2011), and the amount of leaf litter has been determined approximately 48% 

of annual litter inputs, and the decomposition rate of leaf litter is 1.5- and 2.8-fold faster than fine 

stems and fine roots in forests (Freschet et al., 2013). However, seeing as a whole litter composition, 

information based on the effect of combined leaf and root litter on forest P cycling is still missing.  

The concept of ecological stoichiometry reflects a powerful indicator to explore the functioning of 

terrestrial ecosystems (Sterner and Elser, 2017) and soil microorganisms can be linked to various 

ecosystem functions and services that follow the concept of ecological stoichiometry (Sinsabaugh and 

Follstad Shah, 2012; Loeppmann et al., 2016; Bai et al., 2021) enabling the identification of key 

ecological processes for carbon (C) and nutrient cycles of ecosystems. The regulation of microbial P 

mobilization under various soil nutritional levels is governed by microbial C: nitrogen (N):P 

stoichiometry (Mooshammer et al., 2012). Microorganisms cope with the imbalance of stoichiometry 

between their biomass and the added organic substrate by (i) adjusting microbial community 

composition; (ii) releasing extracellular enzymes to mobilize additional nutrients; and (iii) regulating 

their element use efficiencies by e.g., increasing the cellular respiration (Manzoni et al., 2008; 

Mooshammer et al., 2014; Spohn and Widdig, 2017). An imbalanced element input to soil lead to non-

homeostatic properties and C: N: P variation of soil microorganisms (Bai et al., 2021). This leads to a 

microbial diversity loss which has been demonstrated especially for forest soils in recent decades 

(Kennedy and Smith, 1995; Holden and Treseder, 2013; Singh and Gupta, 2018; Preece et al., 2019). 

There are studies indicating that the microbial resistance and resilience to changing environmental 

conditions have positive relations with microbial diversity (Griffiths et al., 2004; Girvan et al., 2005; 

Philippot et al., 2013), while others showed that highly redundant functional processes such as 

respiration and C mineralization (Wertz et al., 2006; Baumann et al., 2013). A recent study has revealed 

that microbial biomass storage synthesis is a key mechanism for resistance and resilience of microbial 

communities facing environmental change (Mason-Jones et al., 2023), and the re-use of soil microbial 

biomass has been determined as the main P acquisition strategy in P deficient beech forests (Lang et 

al., 2017). Given the importance of the microorganisms as an initial driver and intermediate pool of 

soil P cycling, researching how microbial diversity loss affects microbial P mobilization and uptake 

remains an urgent issue.  

The dilution/extinction approach has been used a number of times for manipulating original microbial 

diversity in a certain ecosystem (Garland and Lehman, 1999; Franklin et al., 2001; Griffiths et al., 
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2001). The experimental simulation of microbial diversity reduction by serially diluting soil microbial 

suspensions from the respective soils has been proven efficient to induce a remarkable decrease of 

microbial diversity with ongoing dilution (Wertz et al., 2006; Tardy et al., 2014; Yan et al., 2015). To 

assess the key mechanisms of microbial P mobilization in forest soils of contrasting P stock (P-poor 

vs. P-rich soil), we produced 33P labeled leaf- and root-litter via radioisotope wick labeling, and 

conducted six serial microbial dilutions of soils suspensions at P-rich site (Skeletic Cambisol) and P-

poor site (Hyperdystric Folic Cambisol). By re-inoculating the soil with its diluted native microbial 

community and covering with labeled leaf- and root-litter, we investigated the allocation of P during 

the microbial decomposition of root and leaf litter. We hypothesized that: (1) acid phosphatase activity 

is higher in P-poor than in P-rich soil because microbes under the pressure of P deficiency tend to 

invest in the further production of phosphatases in order to mine additional P; (2) MBP as an 

intermediate P reservoir is higher in P-rich soil since sufficient P is available and any resource 

limitation is lacking (3) Microbial P mobilization is a function of low redundancy, which slows P 

mineralization as a result of microbial diversity loss, and such a functional loss is accompanied by 

non-homeostatic microbial C:N:P ratios.  

2. Material and Methods 

2.1. Site description 

Soil samples were taken from the Ah horizons of two European beech (Fagus sylvatica L.) forest sites 

with contrasting levels of total soil P. The Bad Brückenau (BBR) site with P-rich soil (Table 3-1, P 

stock is 904 g m−2 in BBR) is located in Northern Bavaria, Germany (50°21’7.26” N, 9°55’44.53” E). 

The mean annual temperature is 5.8 °C and the mean annual precipitation is 1031 mm. The soil at 

BBR is classified as Dystric skeletic Cambisol and has developed from Basalt (Lang et al., 2017). The 

Lüss (LUE) site with P-poor soil (Table 1, P stock is 164 g m−2 in LUE) is located in Lower Saxony, 

Germany (52°50’21.77” N, 10°16’2.37” E). The mean annual temperature is 8.0 °C and the mean 

annual precipitation is 779 mm. The soil is classified as Hyperdystric Folic Cambisol and has 

developed on sandy till (WRB 2015; Lang et al., 2017). 

Table 3-1 Soil properties of the study sites.  
Bad Brückenau (BBR)  Lüss (LUE)  

Humus Layer1 Mull-like moder Mor-like moder 

pH (H2O) of A horizon1 3.8 3.5 

Texture (topsoil) (WRB 2015) 1 Silty clay loam Loamy sand 

P stock (mg g−1) 2 1.02 0.08 

N stock (mg g-1) 2 7.8 1.5 

C stock (mg g-1) 2 117 34 

Clay in A horizon (%)3 37 6 

Fe oxalate in A horizon (mg g-1) 3 29.3 0.9 

Al oxalate in A horizon (mg g-1) 3 8.4 0.3 
1(Lang et al.,, 2017); 2(Brödlin et al.,, 2019b); 3(Brödlin et al.,, 2019a) 

2.2 Sampling of plants and soil 

European beech seedlings (Fagus sylvatica L.) were collected at the beginning of March 2019. We 

collected seedlings of beech trees from randomly chosen positions at both sampling sites. Soil samples 

were taken from the Ah horizon of the respective site at six randomly chosen positions. The soil 

samples were pooled, homogenized and cooled at 4 °C during transport. 

2.2.1 Pre-incubation of soil and inoculation of microbial suspension 

Soil samples were sieved (< 2 mm), divided into 800 g portions and gamma irradiated for sterilization. 

Fifty grams of sieved and air-dried, gamma-irradiated soil was preincubated in autoclaved microcosms 
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for four weeks under laminar flow conditions. Gravimetric water content of the soil samples was 

determined by weighing and the water contents were monitored gravimetrically throughout the entire 

experiment (Brödlin et al., 2019). To ensure soil aeration, microcosms were uncovered during 

preincubation leading to a partial loss of soil water content.  

The resident microbial community stock solution (100) was prepared by adding 1 g fresh soil to 10 ml 

demineralized water (Gowsalya et al. 2014). Subsequently, six levels of dilution (10-1, 10-2, 10-3, 10-4, 

10-5, 10-6) were prepared from the stock solution. From each dilution level, 1 ml of soil suspension was 

added to the respective microcosm, containing the sterile soil (Griffiths et al. 2004), before the 

preincubation started.  

2.2.2 33P labeling of beech seedlings and litter collection 

The beech trees that were collected from BBR and LUE were grown in climate chambers under 

artificial light (11 h d-1; 400W; KIND LED, USA) at 20 °C for four weeks, until the buds opened, and 

the leaves emerged. Each plant was fed with 33P as 1 ml H3PO4 solution to the beech stem using the 

wick labeling method (Russell and Fillery, 1996; Mayer et al., 2003). We drilled a small hole into the 

stem, inserted the cotton string and sealed the hole with plasticine to avoid harm to the plant. After 96 

hours the radiolabeled solution was taken up. To avoid solute residue in the tube, 1 ml tap-water was 

added and the complete uptake of this volume of water was awaited before harvest. After 7 days of 

labeling, we separately harvested and freeze-dried (Beta1-8, LSC plus, Martin Christ GmbH, Osterode, 

Germany) the roots and leaves from all trees. Before adding to microcosms, we homogenously mixed 

the freeze-dried roots and leaves with a dry mass ratio of 2:1. All root and leaf litter were cut into 1 

cm2 pieces for easier decomposition. To quantify the total P content and the 33P activity of the mixed 

litter debris, 1 g of the litter mixture was ball milled and pressure digested with 65% HNO3 at 160°C 

for 12 h (Heinrichs et al. 1986). Thereafter, the 33P activity of the leaves and roots was measured by 

ICP-OES (ICAP 7400 ICP-OES Duo, Thermo Fisher Scientific, Dreieich, Germany) and via 

scintillation counter (Hidex 300SL, Turku, Finland). The 33P activity of each plant biomass unit was 

determined as follows (equation 1): 

𝑃 
33  𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦 (𝐵𝑞 (𝑔 𝑏𝑖𝑜𝑚𝑎𝑠𝑠)−1) =

𝑇𝑜𝑡𝑎𝑙 𝑃 
33  (𝐵𝑞)

𝑃𝑙𝑎𝑛𝑡 𝑏𝑖𝑜𝑚𝑎𝑠𝑠 (𝑔)
(1) 

2.2.3 Incubation of microbial inoculated soil with 33P labeled litter 

To trace litter-derived P mobilization, 1.44 g of homogeneously mixed litter debris, representing half 

of the annual litter fall and containing 2265 kBq of 33P, was put on the soil surface in each microcosm 

and incubated for four weeks at room temperature. The microcosms were aerated by opening the lids 

every two days. The water content was adjusted gravimetrically every week to compensate the water 

loss by evaporation. After four weeks of incubation, the microcosms were harvested, and the litter 

debris was removed from the microcosms to maintain the homogenous isotopic activity in the soil. 

The soil samples in the microcosms were collected and stored at + 4 °C until analysis (< 7 days). Five 

grams of moist soil were dried at 105 °C for 24 h to measure the gravimetric soil water content. 

2.3 Microbial biomass phosphorus (MBP), extractable phosphorus (Presin) and microbial uptake 

of litter-derived 33P  

MBP was determined by the fumigation extraction method using anion exchange resin membranes 

(Kouno et al., 1995). Two grams of soil were horizontally shaken in 30 ml autoclaved water along 

with a resin membrane (6 cm × 2 cm, #55164, BDH company) for 20 hours. Three subsamples were 

prepared from each sample, namely, (1) a fumigated subsample with 1 ml of 1-hexanol (Pfum), (2) a 

non-fumigated subsample with sterile water (Presin), (3) a non-fumigated subsample containing a P 

spike of 1 ml solution (35 mg and 6 mg P kg-1 for BBR and LUE samples, respectively) (Pspike). 

According to (Bünemann et al., 2004; Bünemann et al., 2016) we did not account for the conversion 

factor for cell lyses. To determine total P concentration, the eluates were dissolved in ammonium 

molybdate reagent and the reducing agent ascorbic acid, and thereafter heated in a water bath (90 °C) 
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for five minutes. P concentrations were determined photometrically (820 nm, Tecan i-control, infinite 

200, Switzerland) (Bünemann et al., 2016). 33P activity in all three subsamples was determined by 

mixing eluent and scintillation cocktail in a ratio of 3:4 and measuring them at a scintillation counter 

(Hidex 300SL, Turku, Finland) (Wang et al., 2022).  

2.4 Microbial biomass (MBC) and microbial biomass nitrogen (MBN) 

MBC and MBN were determined using the chloroform fumigation extraction method (Brookes et al., 

1982; Vance et al., 1987). Briefly, 7.5 g of moist soil was fumigated for 24 h using chloroform. To 

measure the extractable C and N pool, the fumigated and the same amount of unfumigated soil was 

extracted with 30 ml of 0.05 M K2SO4 in an overhead shaker for 1 h with 40 rpm (Bruulsema and 

Duxbury, 1996). After 10 min of centrifugation at 2500 g, the supernatant of the soil suspension was 

filtered through Rotilabo-rondfilters (type 15A, Carl Roth GmbH & Co.KG). The fumigated and 

unfumigated extracts were analysed using a TOC/TN Element analyzer (Analytik Jena, multi-N/C 

21005, Jena, Germany). The conversion factor of 0.45 and 0.54 was used to correct the content of 

MBC and MBN for extraction efficiency, respectively (Jenkinson and Ladd, 1981). 

2.5 Enzyme kinetics assay 

We used 4-methylumbelliferone-phosphate (MUF-P) to determine the kinetics of soil extracellular 

acid phosphatases. Half a gram of moist soil was weighed into sterilized 100 ml glass bottles with 

polypropylene lids, and 50 ml of autoclaved water was added. The soil solutions were shaken at 200 

rpm for 30 minutes at 22 °C on a horizontal shaker. Thereafter, the soil solutions were sonicated 

(UW2200, Bandelin) at 40 J s-1 pulsed energy output for two minutes. Fifty µl of soil suspension were 

pipetted into 96-well microplates (polystyrol black, Grainer bio-one, Germany). Then 50 µl of 0.1 M 

MES buffer (C6H13NO4SNa0.5, pH = 6.1) was added into each well (Marx et al., 2005; Loeppmann et 

al., 2016). The same pH of the buffer was chosen for better site comparability as done by (Loeppmann 

et al., 2020) and (Fetzer et al., 2021). Standard working solutions in each well were mixed with 100 µl 

MUF-P substrate solutions with seven concentrations of 5 µM, 20 µM, 50 µM, 100 µM, 200 µM, 300 

µM, 400 µM. The microplates were incubated for three hours at 22 °C. Fluorescence (excitation: 355 

nm; emission: 460 nm) was measured after 30, 60, 120, and 180 minutes of incubation using a Victor 

1420-050 Multi label Counter (Perkin Elmer, UK). Enzyme kinetics was determined via Michaelis–

Menten equation (equation 2): 

𝑉 =  
𝑉𝑚𝑎𝑥 [𝑆]

(𝐾𝑚  + [𝑆])
(2) 

Where V is the reaction velocity (nmol g-1 h-1), 𝑉𝑚𝑎𝑥 is the maximal rate of enzyme activity at saturated 

substrate concentration, 𝐾𝑚 is the substrate concentration at half of the 𝑉𝑚𝑎𝑥 and S is the substrate 

concentration (Michaelis and Menten, 1913; Nannipieri et al., 2012). 

2.6 Oxalate-extractable P (Poxal) and dithionite-citrate-extractable P (Pdith) 

The content of P bound to pedogenic Fe- and Al-oxides / -hydroxides was determined according to the 

dithionate citrate method according to Prietzel et al. (2016). The extraction with dithionite-citrate-

bicarbonate solution was prepared using the method of Mehra and Jackson (2013), and Holmgren 

(1967). The extraction with acidic ammonium oxalate following the method by Schwertmann (1964) 

was used to quantify the P contents precipitated with Fe-bound in poorly crystalline pedogenic 

minerals and Al-bound in Al(OH)3, interlayer Al hydroxy polymers, imogolite, and allophane (Prietzel 

et al., 2016; Werner et al., 2017). The amounts of extracted P in both extractions were finally measured 

by ICP-OES (ICAP 7400 ICP-OES Duo, Thermo Fisher Scientific, Dreieich, Germany). 
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2.7 Calculations 

The measured P concentrations were converted to contents by dividing through the extracted amount 

of soil. The soil MBP content was calculated as follows (equation 3): 

𝑀𝐵𝑃 (𝑚𝑔 𝑘𝑔−1) =
𝑃 

 
𝑓𝑢𝑚(𝑚𝑔 𝑘𝑔−1) − 𝑃 

 
𝑟𝑒𝑠𝑖𝑛(𝑚𝑔 𝑘𝑔−1)

𝑃  𝑟𝑒𝑐

(3) 

Where 𝑃 
 

𝑓𝑢𝑚  and 𝑃 
 

𝑟𝑒𝑠𝑖𝑛  are P contents of fumigated and non-fumigated subsamples, and 𝑃 
 

𝑟𝑒𝑐 

(equation 4) is the recovered fraction of 𝑃 
 

𝑠𝑝𝑖𝑘𝑒. 

𝑃 
 

𝑟𝑒𝑐(%) =
𝑃𝑠𝑝𝑖𝑘𝑒 − 𝑃𝑟𝑒𝑠𝑖𝑛

𝑃 𝑠𝑝𝑖𝑘𝑒
(4) 

Where 𝑃 
 

𝑠𝑝𝑖𝑘𝑒 is the concentration of P measured in the P-spike subsample 3 and P spike is the amount 

of P added with the 1 ml spike solution. 

The 33P activity in soil microbial biomass (SMB) was calculated according equation 5:  

 𝑃𝑆𝑀𝐵 
33  (𝐵𝑞 𝑔−1) =

( 𝑃 
33

𝑓𝑢𝑚(𝐵𝑞 𝑔−1) − 𝑃 
33

𝑟𝑒𝑠𝑖𝑛(𝐵𝑞 𝑔−1))

𝑃𝑟𝑒𝑐

(5) 

Where 𝑃𝑆𝑀𝐵   
33  is the activity of 33P in the microbial biomass, 𝑃 

33
𝑓𝑢𝑚  and 𝑃 

33
𝑟𝑒𝑠𝑖𝑛 are the 33P activity 

of fumigated and non-fumigated subsamples.  

The 𝑃𝑡𝑜𝑡𝑎𝑙−𝑆𝑀𝐵  
33  was the total activity of 33P in the soil microbial biomass per microcosm, and it was 

calculated as (equation 6): 

𝑃𝑡𝑜𝑡𝑎𝑙−𝑆𝑀𝐵  
33 (𝐵𝑞) = 𝑃𝑆𝑀𝐵 

33  (𝐵𝑞 𝑔−1) × soil dry mass (g) (6) 

Where soil dry mass is the dry weight of soil per microcosm. 

The recovery of litter-derived 33P in a given P pool was calculated according to equation 7: 

 𝑃𝑟𝑒𝑐𝑜𝑣𝑒𝑟𝑒𝑑 
33  (‰) =

𝑃𝑡𝑜𝑡𝑎𝑙   
33  (𝐵𝑞)

 𝑃𝑎𝑝𝑝𝑙𝑖𝑒𝑑 𝑙𝑖𝑡𝑡𝑒𝑟 
33  (𝐵𝑞)

 × 1000‰ (7) 

Where the 𝑃𝑟𝑒𝑐𝑜𝑣𝑒𝑟𝑒𝑑 
33 was the recovery of litter-derived 33P in a certain P pool, e.g. total soil P pool, 

Presin, and microbial P. 𝑃𝑡𝑜𝑡𝑎𝑙   
33 was the total 33P in the given P pool. 𝑃𝑎𝑝𝑝𝑙𝑖𝑒𝑑 𝑙𝑖𝑡𝑡𝑒𝑟 

33  was the total 33P 

of applied litter. 

The specific 33P activity of a given P pool was calculated as follows: 

Specific P 
33  activity (Bq µg−1𝑃) =

𝑃 (𝐵𝑞 𝑔−1
 

33 )

𝑃 (𝑚𝑔 𝑘𝑔−1)
(8) 

Where the 𝑃 
33  is the activity of 33P in the given P pool, and 𝑃 is the P concentration in the given P 

pool. 

The microbial P immobilization was calculated as follows: 

P𝑖𝑚𝑚𝑜𝑏𝑖𝑙𝑖𝑧𝑎𝑡𝑖𝑜𝑛 (mg P kg−1 soil) =
specific P𝑆𝑀𝐵 

33  activity (Bq µg−1𝑃)  

specific P𝑟𝑒𝑠𝑖𝑛 
33  activity (Bq µg−1𝑃)

× 𝑀𝐵𝑃(𝑚𝑔 𝑘𝑔−1) (9) 

2.8 Statistical analysis 

All the statistical analyses and figures were performed and made in GraphPad Version 8 (Prism, USA). 

Kinetic parameters were fitted to the model equation (Michaelis–Menten equation) and the statistical 

analyses. All data were tested for normal distribution (Shapiro-Wilk test) and homogeneity of variance 

(Bartlett's test). Two-way ANOVA was performed to analyze the significant differences of the main 

factors of ‘site’, ‘microbial dilution’ and their interactions, followed by Tukey’s HSD test as post-hoc 

test (p < 0.05). 
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3. Results 

3.1 Soil acid phosphatase activity  

On average, Vmax of acid phosphatase in P-poor soil was 105% higher compared to Vmax in P-rich soil 

indicating a stronger need to acquire P. Two-way ANOVA determined that the variable “site” had a 

statistically significant effect on Vmax of acid phosphatase (Figure 3-1 a). The Vmax of acid 

phosphatases gradually increased by 252% from 10-1 to 10-4 dilution and with further dilution 

decreased by 75−92% from the level of 10-4 to 10-5 and 10-6 dilution in P-rich soil. 

The catalytic efficiency (Vmax/Km) was significantly higher in P-poor soil inoculated with diluted 

microbial community than P-rich soil (Figure 3-1 b). The variable ‘dilution’ had a significant effect on 

the catalytic efficiency of acid phosphatase (Figure 3-1 b), with a decrease of catalytic efficiency by 

the increase of dilution of microbial communities at both sites. The catalytic efficiency gradually 

decreased 94% in P-rich soil, but increased 70% in P-poor soil, by the decrease of microbial diversity. 

3.2 Oxalate- and dithionite-/citrate-extractable P 

A significant effect of the variable “site” on Pdith confirmed the expectations on P-rich soil and P-poor 

soil (Figure 3-2 a). Likewise, the content of Poxal confirmed the contrasting amounts of different P 

forms, fluctuating from 496 to 452 mg kg-1 and from 39 to 48 mg kg-1 in P-rich soil and P-poor soil, 

respectively (Figure 3-2 b). Pdith and Poxal accounted to 10- to 11-fold higher mean value in P-rich soil 

than in P-poor soil, respectively, a factor that agrees with the ratio in P stocks of these two sites (Table 

3-1).  

3.3 Specific 33P activity and recovery of litter-derived 33P in different soil P pools 

After 4 weeks of incubation, the specific 33P activity of total soil P pool was insignificantly changed 

by the increased dilution levels within P-rich and P-poor soil (Figure 3-3 a, Table 3-2). Both P-poor 

and P-rich soil, demonstrated a detectable recovered 33P from the litter into the total soil P pool (Figure 

3-3 b). The recovery of litter-derived 33P in total P pool of P-rich soil was significantly lower than that 

of P-poor soil (Figure 3-3b, Table 3-2)  

The specific 33P activity of SMB was higher in higher level of microbial dilutions (Table 3-2). The 

specific 33P activity of SMB was 4-fold higher in P-poor soil inoculated by 10-6 microbial dilution than 

10-2 and 10-4 microbial dilution (Figure 3-3 c). The recovery of litter-derived 33P in SMB was overall 

5-fold higher in P-poor soil than in P-rich soil (Figure 3-3 d, Table 3-2). The specific 33P activity of 

Presin showed insignificant different among dilutions and sites (Figure 3-3 e, Table 3-2). The recovery 

of 33P in Presin was 1-fold greater in P-poor soil than in P-rich soil (Figure 3-3 f, Table 3-2). The 

interaction of site and dilution lead to a significant difference among dilutions in P-poor soil, where 

the soil inoculated with 10-6 microbial dilution showed significantly lower recovery of 33P in Presin than 

10-1 to 10-3 dilutions.    

The microbial P immobilization during the incubation time was 6-fold higher in P-poor soil than in P-

rich soil (Figure 3-4). Within each site, the microbial P immobilization was insignificant between soils 

inoculated with different dilutions, indicating an unaltered function of P immobilization.  
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Figure 3-1 (a) Potential extracellular activity (Vmax) and (b) catalytic efficiency of acid phosphatase across 

dilutions of microbial inoculum after mixed litter addition in P-rich (BBR) and P-poor (LUE) soil. Error bars 

show standard deviation (n = 4). Lower-case letters indicate significant differences among all dilutions within 

one site (p < 0.05). 

 

 
Figure 3-2 Content of (a) dithionite-citrate extractable P and (b) oxalate-extractable P in P-rich (BBR) and P-

poor (LUE) soils. Error bars represent standard deviation. Lower-case letters indicate significant differences 

among all dilutions within one site (n=4, p < 0.05). 
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Figure 3-3 (a) Specific 33P activity of total soil P pool, (b) Recovery of applied litter-derived 33P in total soil P 

pool, (c) specific 33P activity of SMB, (d) Recovery of applied litter-derived 33Pin SMB, (e) specific 33P activeity 

of Presin, and (f) Recovery of applied litter-derived 33P in Presin. Whiskers represent the minimal and maximal 

values. Lower-case letters indicate significant differences among dilutions within each site. (n = 4, p < 0.05). 
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 Table 3-2 Analysis of variance for the recovery of 33P and specific 33P activity in soil P pools. 

Compartments of litter-derived 33P 

recovery and specific activity 

Source of variance 

 
Site Dilution Site x Dilution 

Recovery of 33P total soil P pool < 0.0001 **** ns < 0.05 * 

Specific 33P activity of total soil P pool ns ns ns 

Recovery of 33P in Presin < 0.0001 **** ns < 0.01 ** 

Specific 33P activity of Presin ns ns ns 

The recovery of 33P in SMB < 0.01 ** ns ns 

Specific 33P activity of SMB ns < 0.05 *  ns 

The bold numbers indicate significant differences based on two-way ANOVA. (Significant codes: ‘****’ p < 

0.0001, ‘***’ p < 0.001, ‘**’ p < 0.01, ‘*’ p <0.05) 

 
Figure 3-4 P immobilization of P-rich and P-poor soil. Bars represent the minimal and maximal values. 

Whiskers represent the minimal and maximal values. (n = 4). 
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Figure 3-5 The C: N: P ratios of microbial biomass (MBC, MBN, and MBP) and the correspondent extractable 

C, N, and P pools (EOC, EN, and EP) in P-rich (BBR) and P-poor (LUE) soil. Error bars show standard 

deviations. Lower-case letters indicate significant differences among dilutions within each site (n=4, p < 0.05). 
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3.4 C: N: P ratios of microbial biomass and of salt-extractable pools 

The mean MBC: MBN ratio in the P-poor soil was higher than in the P-rich soil (Figure 3-5 a). In 

contrast, in P-rich soil, both MBC: MBP and MBN: MBP ratios were higher than in P-poor soil (Figure 

3-5 c, e). Overall, the C: N: P ratios of the salt-extractable pools differ between the two sites at a 

significance level of p < 0.0001 (Figure 3-5 b, d, f). The extractable pools of P-rich soil showed higher 

C: P and N: P ratios compared to P-poor soil, indicating improved substrate availability of the latter.  

4. Discussion 

4.1. Acid phosphatase kinetics and microbial P mobilization 

Higher activity of acid phosphatase in P-poor soil than in P-rich soil demonstrated the strong microbial 

P mobilization which is in line with the high activity of this enzyme in the forests with low P stock 

(Lang et al., 2017; Müller et al., 2020). Similarly, the higher catalytic efficiency is consistent with the 

conclusion of high organic P mineralization under P-limited condition (Peng et al., 2023). The overall 

higher acid phosphatase activity among all P-poor soil with decreased microbial diversity confirmed 

the potential of efficient P cycling with a high functional redundancy exhibited for P-poor soil. One 

explanation might be that as long as C and N are not the limiting elements microorganisms are able 

produce acid phosphatases immediately at similar activities as in P-rich soil (Loeppmann et al., 2020). 

Another explanation could be a higher inhibition of acid phosphatase in P-rich compared to P-poor 

soil because of higher aluminum oxides concentration in the mineral topsoil (Lang et al., 2017). The 

quantity and quality of soil organic P influence enzyme- and substrate-dependent catalysis of these 

compounds such as phosphatases and proteases (Quiquampoix and Mousain, 2005; Noll et al., 2019). 

The constant acid phosphatase activity across dilutions demonstrated an overall functional redundancy 

of microbial P mobilization in P-poor soil. However, in P-rich soil, the activity of acid phosphatase 

tended to increase first, thereafter, it declined at a given degree of microbial diversity loss, i.e., 10-5 

and 10-6 dilutions of the microbial inoculum. At low microbial diversity, the catalytic efficiency of 

acid phosphatase to the substrate strongly decreased in P-rich soil. Subsequently, the P-acquiring 

microbes prove a comparatively lower functional redundancy of P mobilization in P-rich compared to 

P-poor soil. A recent study has confirmed a steady phophomonoesterase activity with the shift of 

fungal community composition in beech forest soil with contrasting P stocks, and came up with a 

functional redundancy in fungal-derived P cycling enzymes (Müller et al., 2020). We proved that the 

microbial community in P-poor soil to be more stable in producing P cycling enzymes, as the Vmax and 

catalytic efficiency were stabilized during the reconstitution of reduced community diversity in P-poor 

soil. 

Philippot et al. (2013) demonstrated that a dilution of five orders of magnitude resulted in a 75% 

decrease in estimated richness and the addition of wheat residues significantly increased the 

differences in potential denitrification between diversity levels, suggesting that the resource level may 

influence the shape of the microbial diversity–functioning relationship. Here, the microbial community 

could compensate the microbial diversity–functioning relationship in P-poor soil solely. The existence 

of microbial groups (named compartmentalization) that have a higher probability of interacting with 

each another than with other groups, significantly increases both resistance and resilience against any 

perturbation because such compartments act to buffer the propagation of extinctions (May, 1972; 

Stouffer and Bascompte, 2011). Therefore, a highly connected and nested architecture promotes 

community stability in mutualistic networks, whereas stability is increased in compartmented and 

weakly connected architectures in trophic networks (Thébault and Fontaine, 2010; Griffiths and 

Philippot, 2013). Overall, our results are in line with that of (Griffiths et al., 2008) demonstrating that 

soil biological stability is governed by the physico-chemical structure of the soil through its effect on 

microbial community composition and microbial physiology. 
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4.2 Microbial P immobilization 

The recovery of litter-derived 33P in SMB regardless of the dilution degree of the microbial inoculum 

indicates that the immobilization of litter-derived 33P was not affected by microbial diversity in P-poor 

soil. The 2-fold higher MBP in P-poor soil (Figure S3-1 e) is in accordance with the high microbial P 

immobilization (i.e the tighter cycle of P among MBP and soil solution) in P-poor soil as demonstrated 

by Bünemann et al. (2016), and Pistocchi et al. (2018). Notably, the higher recovery of litter-33P in 

SMB demonstrates a higher proportion of litter P contribution to the microbial P pool in the P-poor 

soil. And the similar specific 33P activity of both P-rich and P-poor soil suggests that the microbes also 

took comparable amount of soil organic and/or inorganic P into their biomass. It implies the fast 

acquisition of P by microorganisms under P deficiency comes from litter and soil organic pools. 

The largely varied P immobilization of microorganisms with the decrease of microbial diversity in P-

poor soil indicates that litter 33P immobilization is not a linear loss along with microbial diversity loss. 

This can be explained by the experimental time frame for the progress on litter decomposition by the 

microbial community. There is plenty of time for a new establishment of a microbial community in 

the detritusphere and/or the interlayer between the litter and the soil that is more efficient in growth 

and life strategy in order to mine more P even with a lower initial microbial biomass caused by dilution. 

4.3 Biological controls of soil inorganic P processes 

The constant Pdith and Poxal in P-rich soil and P-poor soil indicate that the biological release of P through 

desorption and dissolution was unaffected by microbial diversity loss. Although the portion of 

dissolved P readily available to plants and microorganisms is usually less than 0.1% of total P (Zhu et 

al., 2011), the microbial function of solubilization of Fe/Al oxyhydroxides is easily altered by 

microbial diversity loss and leads to an imbalance of P acquisition (Sims and Pierzynski, 2005; 

Marschner et al., 2011). While they may still have a contrasting pattern (site-effect) of inorganic P 

desorption and dissolution: P-poor soil tends to desorb more inorganic P into its salt-extractable P pool 

than P-rich soil, although P-rich soil has way more Pdith and Poxal. This explanation can be supported 

by the higher recovery of litter 33P in Presin in P-poor soil but the similar specific 33P activity of Presin as 

P-rich soil, which implies that P-poor soil intensively acquired P not only from litter but also from 

another pool, e.g., soil organic P and/or desorb and dissolute adsorbed P. The gross inorganic P 

sorption was positively related to soil total P content (Wanek et al., 2019), and P-rich soil has higher 

content of clay minerals (Table 1) which increase the formation of P fixing (Violante and Pigna, 2002). 

Although P supply from the mineral phase is the main source of available P in P-rich soils but not in 

P-poor soil (Prietzel et al., 2016), but the startup of biological desorption and dissolution can be fast 

in P-poor soil, as P-poor soil has much higher P solubilization parental materials and higher abundance 

of P-solubilizing bacteria (Pastore et al., 2022). Therefore, the biologically driven inorganic P release 

from P-poor soils seems to have great potential and possibly due to its functionally redundancy of the 

microbial community. 

4.4 Effect on microbial C: N: P ratios 

The small variation in microbial C: N: P ratios along the gradient of decreasing microbial diversity 

showed a clear functional redundancy of microorganisms at P-poor site, aiming to maintain stable 

microbial element ratios, especially MBC: MBP and MBN: MBP (Figure 3-5 c, e). This reflects a fast 

recovery and re-growth of the microbial guilds already adapted to a balanced mining of nutrients across 

all dilutions. The greatly varied MBC: MBP and MBN: MBP in P-rich soil suggest an altered function 

of microbial P uptake. Microbial C: N: P ratios were consistent with the respective element ratios in 

the soil extractable pool, indicating that irrespective of the total soil nutrient pools the microbial 

element demand triggers the nutrient concentration in soil solution via microbial community specific 

mobilization mechanisms the element stoichiometry in the soil solution (Chen et al., 2016). Microbial 

resilience is connected to specific population traits, such as the ability to grow rapidly and to exhibit 

physiological plasticity (Allison and Martiny, 2008). Such features allow microbial communities to 
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recover from environmental perturbation (Schimel et al., 2007; Shade et al., 2012). Numerous factors 

influence soil stability (resistance and resilience) organic matter, such as aggregation, the quantity and 

quality of carbon inputs and, to a lesser extent, clay content and soil pH (Griffiths and Philippot, 2013). 

The litter stoichiometry directly affects the nutrient stoichiometry of the soil which determines the 

resource availability of the microorganisms. For example, litter C: N and C: P ratios have been shown 

negatively related to cellulase, peroxidase and phenoloxidase activities three and six months after 

incubation (Leitner et al., 2012). 

The high EOC content in both P-rich and P-poor soil stimulates not only microbial activity as readily 

available energy source, but also shifts the stoichiometric balance between C, N, and P (Sinsabaugh 

and Moorhead, 1994; Cheng and Kuzyakov, 2005; Stock et al., 2019). This induces compensating 

effects such as an upregulation of enzyme synthesis and a degradation of nutrient-rich compounds to 

maintain stoichiometric homeostasis when labile C is available (Cheng and Kuzyakov, 2005; Phillips 

et al., 2011; Sinsabaugh and Follstad Shah, 2012; Stock et al., 2019). 

Conclusions 

Our study expanded the understanding of the mobilization and recycling of litter-derived P in beech 

forest soils with contrasting P stock. As a P-deficient soil that highly relies on litter P recycling to fast 

compensate for available P, its communities in P-poor soil maintained high acid phosphatase release 

with the microbial diversity loss. P-rich soil that does not highly rely on fast litter P recycling driven 

by microorganisms does not show the functional redundancy of microbial P mobilization. P-poor soil 

tends to greatly immobilize litter-derived P into microbial biomass even under the pressure of 

microbial diversity loss. Microbial P mobilization shows a high functional redundancy, without 

decelerating P mineralization and microbial P uptake as a result of microbial diversity loss and only at 

sites with high mineral P stocks and availabilities, where this function is much less essential, microbial 

dilution results in a loss in P mineralization functions. However, we confirm that P-deficient 

ecosystems strongly rely on soil microbial P recycling and are often resistant to microbial diversity 

loss due to its functional redundancy. 
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Supplementary 

 

Figure S3-1 Microbial biomass C, N, and P and the correspondent extractable C, N, and P pools (EOC, EN, 

and EP) in P-rich (BBR) and P-poor (LUE) soil. Error bars represent the standard deviations. Lower-case 

letters indicate significant differences among dilutions within each site (n=4, p < 0.05). 



105 

 

2.4 Study 4. Peroxidase Activity of Fresh Apple Root: A Novel Approach of Resorufin-based 

Micro-zymography 

Yijie Shi1, Sebastian Loeppmann1, Jiem Krüger2, Jens Boy2, Georg Guggenberger2, Sandra 

Spielvogel1, Evgenia Blagodatskaya3 

Status: In preparation 

1 Institute of Plant Nutrition and Soil Science, Christian-Albrechts-University Kiel, Germany 

2 Institute of Soil Science, Leibniz University Hannover, Germany 

3 Department of Soil Ecology, Helmholtz Centre for Environmental Research – UFZ, Halle, 

Germany 

Abstract 

The oxidative enzymes responsible for complex redox reactions in the rhizosphere are noted for their 

rapid activity and specific distribution. To investigate these oxidative reactions spatially and 

temporally, a high-resolution visualization approach is essential. We examined a micro-zymography 

method combining a fluorometric assay of Amplex Red with the presence of H2O2 to detect the activity 

and distribution of peroxidase in apple (Malus domestica) seedlings' rhizosphere grown in rhizotrons. 

Fresh root tissues of the apple seedlings were categorized into root tips, roots with dense vs. sparse 

root hair, based on root morphology and image analysis. We found strong linear correlation between 

the concentration of resorufin (0-0.01 mmol) and the average fluorescence intensity of the micro-

zymograph, which provides an accurate reference for the spatial quantification of the peroxidation rate 

at the rhizoplane and rhizosphere soil. Our results demonstrate two times higher activity for roots with 

dense than roots with sparse root hair. Furthermore, the hotspot area of peroxidase activity was 11 

times higher in roots with dense than with sparse root hair. Additionally, the mean peroxidase activity 

at calyptra (root cap) was twice as high as in apical meristem (zone of cell division). The findings from 

our resorufin-based micro-zymography assay were consistent with the observed distribution of 

peroxidase in different root zones. This approach enables the visualization of peroxidase activity 

without using any membrane or gel at the rhizoplane and the rhizosphere soil in time and space. 

Keywords: Amplex Red, peroxidase activity, apple root, microscope, micro-zymography, enzyme 

visualization 
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1. Introduction 

Enzymes are crucial biocatalysts that facilitate many biologically significant transformations within 

plant-soil systems, thereby regulating various physiological processes. The decomposition of complex 

organic compounds begins with oxidation processes catalyzed by multiple oxidoreductases, such as 

phenol oxidases and peroxidases (Burns et al., 2013; Sinsabaugh, 2010). Current methods for studying 

oxidative enzymes are limited by their highly variable spatial distribution. For instance, peroxidase 

activity can vary significantly between the L and H horizons (just 1 cm apart) of oak (Quercus petraea) 

forest soils (Sinsabaugh, 2010). Additionally, the rapid turnover rates of these enzymes pose 

challenges for the determination approaches; phenol oxidase, for example, can perform 20 times faster 

than the hydrolytic enzyme β-glucosidase (Allison, 2006). Therefore, to accurately study oxidative 

enzymes, it is essential to refine methodologies for real-time spatial-temporal visualization, taking into 

account root type and morphology in complex plant-soil systems.  

The term "peroxidase" encompasses a group of specific enzymes, such as NADH peroxidase (Enzyme 

Commission number (EC) 1.11.1.1), glutathione peroxidase (EC 1.11.1.9), and iodide peroxidase (EC 

1.11.1.8), as well as a broader group of nonspecific enzymes referred to simply as peroxidases. 

Peroxidase activity has been identified in both plants and microorganisms (Hamid and Khalil-ur-

Rehman, 2009). In plants, these enzymes are involved in the lignification process (Wakamatsu and 

Takahama, 1993) and play a role in defense mechanisms against physical damage or infection (Biles 

and Martyn, 1993). In soils, microbial peroxidase activity is influenced by various factors, including 

the concentration of soluble phenolic compounds, the lignin content of plant litter, soil pH, and 

nitrogen availability (Sinsabaugh, 2010; Sinsabaugh et al., 2002). At the plant-soil system scale, 

peroxidase activity varies with plant species and is affected by the combined effects of microbial 

community composition and soil properties (References are missing). 

Current methods to determine enzyme activity in plant-soil systems are either colorimetric, using p-

nitrophenol (pNP)-linked substrates (Burns et al., 2013; German et al., 2011), or fluorometric, using 

fluorescent dye-conjugated substrates e.g., 4-methylumbelliferone (MUF) and 7-amino-4-methyl 

coumarin (AMC), the latter are used for a wide range of soil hydrolases (Loeppmann et al., 2016; Marx 

et al., 2001; Nannipieri et al., 2012). Although kinetic parameters (Vmax and Km) of peroxidases have 

been successfully estimated using 3,3′,5,5′-tetramethylbenzidine (TMB) as a substrate (Triebwasser-

Freese et al., 2015). However, this method is limited by a narrow pH range and a specific redox 

potential of the substrate (Bach et al., 2013). Zymography is the most common method for visualizing 

the spatio-temporal distribution of enzyme activities (Bilyera and Kuzyakov, 2024; Tegtmeier et al., 

2021). Thus, the determination of peroxidase and phenol oxidase activities using the aforementioned 

methods is complicated by the free-radical, non-specific nature of the oxidation reaction under variable 

redox conditions, as well as complex interactions between enzymes, substrates, and the soil matrix 

(Bach et al., 2013; German et al., 2011; Sinsabaugh, 2010).  

Recent medical studies have reported using an Amplex Red (10-acetyl-10H-Phenoxazine-3,7-diol; 

ADHP)-based fluorometric assay (Tian et al., 2021) for the estimation of peroxidase activity and H2O2 

concentration in human and animal cells and tissues (Mishin et al., 2010; Zhao et al., 2012), Similarly, 

plant scientists have used Amplex Red to quantify hydrogen peroxide in plant tissues (Chakraborty et 

al., 2016). Recently, the application of Amplex Red to soil has enabled the i) determination of 

peroxidase kinetic parameters via the Michaelis-Menten equation (Khosrozadeh et al., 2022a), and the 

ii) visualization of the spatial distribution of peroxidase and phenol oxidase activity using soil 

oxidoreductase zymography (Khosrozadeh et al., 2022b). Additionally, Ghaderi et al. (2022) 

developed a new technology to visualize the spatial distribution of hydrolases on the root surface using 

a microscope. The authors revealed the heterogeneous distribution of acid phosphatase at scales 

between 50 to 500 µm. Although this imaging method used membranes for the activity determination 

which may alter substrate diffusion processes, it demonstrated the potential of microscopy as an 

imaging tool for extracellular enzyme activity at the microscale. We stepped forward enabling the 
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visualization of peroxidase activity without using any membrane or gel at the rhizoplane and the 

rhizosphere soil in time and space. 

Here we tested to i) pinpoint the peroxidation process in localized areas of tiny root segments and to 

ii) capture its transient reactions via micro-zymography in combination with fluorescence microscopy. 

Our objective was to evaluate whether peroxidase activity can be visualized onto rhizoplane and the 

rhizosphere in-situ without the use of any membrane or gel at the microscale. In more detail we were 

interested whether micro-zymography by using Amplex Red as a substrate exhibit contrasting 

peroxidase activity at specific root compartments such as the calyptra (root cap) versus apical meristem 

(zone of cell division) as well as roots with sparse root hair versus roots with dense root hair.   

2. Materials and Methods 

2.1 Root sample preparation 

The soil samples were taken from sites in Germany named Heidgraben and Ruthe; these soils are 

classified as Luvisol, with 93% sand, 3% silt, and 3% clay and with 9% sand, 77% silt, and 11% clay, 

respectively. The respective soils were filled in rhizotrons with the size of 21×12×3 cm and planted 

with three apple seeds (Malus domestica) and thinned to one plant per rhizotron after germination of 

the seeds. The soil bulk density accounted approximately 1.1 g cm-3 and the water content was adjusted 

to 60% of water holding capacity in the rhizotrons and was kept constant throughout tree growth by 

calculating their daily weight loss. All rhizotrons were placed in climate chambers at 20 in day- and 

18°C nighttime, 12 h artificial light (LEDs) per day was supplied to the plants, and position of 

rhizotrons were regularly changed within the chamber during tree growth to ensure equal conditions. 

We sampled root segments and rhizosphere soil at two time points (after 4 and 6 weeks) during tree 

growth, and selected roots at different growth stages. 1 cm long of root segments were randomly 

selected as replicates from each rhizotron, respectively.   

2.2 Preparation of substrate solution, calibration standards, and images acquisition 

An Amplex Red (Invitrogen, Paisley, UK) stock solution was prepared according to the manual of 

Thermo Fisher Scientific Inc. (Waltham, USA). Amplex® Red is a non-fluorescent and colorless 

compound that upon enzymatic oxidation is transformed into fluorescent resorufin. For calibration, A 

1 mM resorufin (7-hydroxy-3H-phenoxazin-3-one sodium salt, C12H6NNaO3) stock solution was 

prepared by dissolving resorufin in 50 mM Trizma buffer (50 mM, pH 7.4) (Khosrozadeh et al., 2022). 

Thereafter, a concentration series from 0.001 to 0.01 mM of resorufin working solution was made by 

diluting the stock solution with Trizma buffer. For the stock solution of Amplex Red, 2.5 mg of 

Amplex Red power were weighed, and 100 µl DMSO and 100 µl autoclaved water were added. For 

the working solution, 100 µl of the stock solution was diluted in 2.5 ml Trizma buffer (50 mM, pH 

7.4) in a Eppendorf vial and 10 µl of 0.3% H2O2 was added. The working solution was bubbled with 

inert gas (N2) in the dark for 5 min to prevent oxidation. To protect the resorufin solution from 

degradation by light, all solutions of Amplex Red were prepared in a dark room and all previously 

autoclaved flasks were wrapped in aluminum foil.  

In a darkroom the settings of the microscope (Zeiss Axio Imager M1, Oberkochen, Germany) were 

pre-tested to set image and video acquisition for fluorescence signal detection for the calibration 

solutions at constant distance in relation to the imaged micro-zymographs. The pre-defined optimal 

microscope settings remained unchanged for all images. Based on the properties of resorufin, the 

standard solutions were excited ~671 nm and detected between 585–640 nm emission wavelength with 

an exposure time of 1000 ms for each field of view with an objective magnification of 5x. For the 

establishment of a calibration line, we pipetted 5 µl of each concentration of calibration solution 

directly on a sterile glass slide and imaged it immediately via fluorescence microscopy.  

Each segment of apple-root tissue was put on a sterile glass slide without cover glass. Root samples 

were additionally imaged under bright field (BF) condition for image registration. To document the 

rapid oxidation process, we used the function of video recording which started shortly before adding 
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5 µl Amplex Red working solution onto the root tissue to capture the complete reaction including the 

auto-fluorescence signals. Each video lasted at least 5 min, depending on the real-time reaction rate 

observed under the eyepiece. The resulting image file reflects a sequence of images taken every 

second. 

2.3 Images Acquisition 

The files were edited in Zeiss Zen 3.0 (2019), with appropriate time intervals and regions of interest 

selected, exported as image sequences in 8-bit.tiff format, and further analyzed in FIJI (FIJI is just 

ImageJ, Version: 2.14.0/1.54f) and MATLAB R2023a (The MathWorks, Inc., USA). Image analysis 

of the exported (8-bit) calibration images (tiff format) revealed good regression between gray values 

and resorufin concentrations (R2 = 0.99) which corresponded well to the calibration of Khosrozadeh 

et al., (2022b) (Figure 4-1 a).  

To correct for the autofluorescence signal emitted from root and rhizosphere soil particles, the gray 

value of auto-fluorescent image of the respective channel (image before the application of Amplex 

Red) was subtracted from the resulting image sequence after application of the Amplex Red. In 

addition, the mean gray value of micro-zymographs was determined each second and subsequently 

and linearly regressed with time, to calibrate the accumulation of resorufin rate. To avoid the 

disturbance of pipetting the starting time of 10s after application was set for the calculation below. 

Micro-zymographs were color-coded using MATLAB and aligned with the respective BF image.  

To test the effect of dense vs. sparse root hair on peroxidase activity, we separated roots with 

contrasting density of root hair using the method of Vincent et al. (2017). We selected the area of 

interest using the polygon selection tool. The area of interest should include a complete area of root 

hair zone. The root hair zone (from the root border to the longest root hair) were chosen and the gray 

value was determined for each segment of root tissue. The lower the mean gray value of cropped root 

zone, the higher the root hair density. Thereafter, the obtained gray value was tested against an 

empirically derived threshold gray value of 200 to distinguish dense from sparse root hair by one-way 

ANOVA. The peroxidase activity of each root sample was calculated as below:  

𝑉𝑖+10 =  
𝑎 × (𝐺𝑖+10 − 𝐺10)

𝑡𝑖+10 − 𝑡10

(1) 

Where 𝑉𝑖+10 is the activity of peroxidase from 𝑡10 to 𝑡𝑖+10, 𝑎 is the slope of calibration equation, 𝐺𝑖+10 

is the mean gray value in the micro-zymograph at 𝑡𝑖+10, 𝐺10 is the mean gray value of the fluorescence 

signal in the micro-zymograph at 𝑡10 (10 s after application of Amplex Red).  

The root segments with rhizosphere soil were selected for analyzing the difference of gray value from 

organic soil particles, quartz, and rhizoplane. The dark soil particles were identified as organic soil 

particles. The gray value was analyzed for organic soil particles, minerals (e.g., quartz), and the 

rhizoplane at every minute after adding Amplex Red.  

The peroxidase activity along the root tip from the calyptra (root cap) to the apical meristem (zone of 

cell division) was also determined. We have drawn a straight line from the top of the calyptra to the 

apical meristem was marked using the line tool in ImageJ to test the gray value change along the root 

tips. The mean peroxidase activity of the calyptra to the apical meristem was calculated according to 

the equation (1). The micro-zymographs reflected the spatial distribution of peroxidase activity along 

the root tips after 1 and 5 min after adding Amplex Red. 

2.4 Statistical analysis 

The presumptions of the calibration data were continuous and with homogeneity of variance, and T-

test was used to check if the slope in a linear regression was significantly different from zero before 

using the regression equation for further calculation. The data for the samples was first checked for 

normality (Shapiro–Wilk, p > 0.05). The Welch’s t test was applied to differentiate the normally 

distributed values of root hair density and peroxidase activity of roots with dense and sparse root hair.  

Further, Kruskal-Wallis test was used to test the not normally distributed values, followed by 



109 

 

Bonferroni Post Hoc Test. The Mann-Whitney test was used to examine the significant differences in 

peroxidases activity at calyptra and on apical meristem. All statistical analyses were carried out in 

GraphPad Prism 8.4.0 (2020). 

3. Results 

3.1 Intensity-based analysis of peroxidases via fluorescence microscopy 

For low signal images (gray value < 5) we found a weak regression between fluorescence intensity 

expressed a gray value with time across all analyzed root segments of both the soils, Heidgraben and 

Ruthe (Figure 4-1 b). In contrast, micro-zymographs with a higher fluorescence intensity (gray value > 

5) showed strong linear regression with reaction time across all the roots analyzed (Figure 4-1 c). The 

fluorescence intensity and distribution in the micro-zymograph increased over observation time (1–

500s) (Figure 4-2). The image in the first frame (1s) of Figure 2 showed a hampered fluorescent signal, 

with very low autofluorescence of the root tissue. After adding substrate, the area of interest was fully 

covered by a fluorescent signal within 1–2 s. However, no clear peak established the first 10 s of the 

reaction which may be attributed to the disturbance by pipetting or the lagged establishment of the 

peroxidase reaction. Subsequently, strong fluorescent signal appeared in localized areas of the root 

segments and increased with time. Comparing the intensity of fluorescence at 500 s (Figure 4-2 d) with 

autofluorescence image (Figure 4-2 c), almost all the signal derived from the peroxidase reaction itself.  

3.2 Spatiotemporal distribution of peroxidase activity in rhizosphere soil at the microscale 

The fluorescence signal increased onto the rhizoplane and the soil particles after the addition of the 

substrate. Noticeably, the highest fluorescence intensity appeared at the boundary of the root surface 

and the soil particles which might be due to reflection and/or autofluorescence (Loeppmann et al., 

2023). Fluorescence lifetime imaging reflects an excellent technique to overcome such a bias in 

fluorescence intensity signaling. Here, after one minute the signal at the rhizoplane increased by 57% 

up to 7 minutes after application whereas the fluorescence signal at soil particles´ surfaces increased 

by 178%. The organic components of the rhizosphere soil, however showed a much lower fluorescence 

signal (reduction of 70%) than the quartz (Figure 4-4). The fluorescence partially appeared on the 

organic particles close to the root surface (Figure 4-4 a). The gray value of the quartz and root area 

increased by 89% and 85% compared to the organic soil particles 1 min after applying Amplex Red 

(Figure 4-4 c). Across time mineral components and root did not show significant differences of 

peroxidase activity (Figure 4-4). 

 
Figure 4-1 Calibration of micro-zymography images based on (a) resorufin concentration (mM pixel-1) and the 

mean gray value across each image. Error bars represent standard deviation. Regressions between gray values 

and time after adding Amplex Red onto root tissue with (b) low activity and (c) high activity. Gray area 

represents standard deviation, and yellow dashed lines represent regression lines (n = 4, p < 0.001) 
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Figure 4-2 (a) An example of 2.5D surface topography of fluorescent intensity at the root surface after adding 

Amplex Red; (b) root tissue imaged in bright field; (c) autofluorescence of root tissue in C1 red channel 

wavelength; (d) the fluorescence on the root tissue 500s after adding Amplex Red. 

 
Figure 4-3 Overlay of bright field image and fluorescent images of root tissue with soil particles at every minute 

after application of Amplex Red. 0 min: before application of Amplex Red (autofluorescence). The zoom-in 

image shows the high fluorescence intensity from the boundary within the root and soil particles. White triangles 

mark the points with high fluorescence and are distributed linearly. 

 

Figure 4-4 Overlay of bright field image and fluorescent image of root with (a) organic soil particles and (b) 

quartz 5 minutes after adding Amplex Red. (c) The mean gray value of organic soil particles, quartz, and root. 

Lowercase letters represent significant differences between organic particles, quartz, and roots within the same 

reaction time (n = 6, p < 0.01). White triangles mark the points with high fluorescence potentially from fine 

roots associated with soil particles or reflection from quartz. 
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3.3 Effect of root hair density on the spatio-temporal distribution of peroxidase activity at the 

microscale 

The mean activity of peroxidases was about 2-fold higher for the calyptra than for the apical meristem 

between 1 and 5 minutes (e.g., Figure 4-5). A statistical analysis (n=4) on root tips for the peroxidase 

activity of the calyptra and the apical meristem demonstrated a significant difference in peroxidase 

activity 5 minutes after application of Amplex Red (Figure 4-5). Peroxidase activity with time shifted 

slower between 5 and 9 minutes suggesting a stabilization enzymatic reaction.  

Since we have been interested whether micro-zymography by using Amplex Red as a substrate exhibit 

contrasting peroxidase activity along the root tip, we determined the peroxidase activity of baldy roots 

(sparse root hair) versus roots with dense root hair (Figure 4-6) via image separation. The peroxidase 

activity was 2-fold higher in roots with dense than with sparse root hair (Figure 4-6).  

 
Figure 4- 5 Spatial and temporal distribution of peroxidase activity at the root tips. (a) Variation of gray value 

over time from the root cap to the region of cell division. (0 represents the start of the root cap.) (b) Peroxidase 

activity of the root cap and the region of cell division (n = 4, p < 0.05). Spatial distribution of peroxidase activity 

of (c, e) two root tips after 1 minute of reaction and (d, f) two root tips after 5 minutes of reaction time. 

 
Figure 4- 6 Spatial distribution of peroxidase activity on roots with dense root hair (a-b, two pieces of root 

tissues with dense root hair), and roots with sparse root hair (c-d, two pieces of root tissues with sparse root 

hair) at the same reaction time of 5 minutes after application of Amplex Red. (Ellipses on the images mark the 

points of high peroxidase activity from the root hair, which can be easily seen in the area.) (e) The peroxidase 

activity of the root with dense root hair and the root with sparse root hair. (f) Hotspot area on the root with 

dense root hair and the root with sparse root hair (n = 7, *** represents p < 0.001 and **** represents p < 

0.0001). 

3.4 Spatio-temporal variation of peroxidase activity along root tips 

The gray value of the root tips over the distance from the calyptra to the apical meristem (0.4 to 0.9 

mm distance) showed a stable low intensity fluorescent signal before applying Amplex Red (Figure 4-

5 a), implying low autofluorescence of the root tip. After adding substrate, the calyptra showed 
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increased peroxidase activity up to 0.20 (µmol L-1 pixel-1 s-1) within the first minute of reaction. 

Afterwards the mean peroxidase activity was 0.13 (µmol L-1 pixel-1 s-1) within 2 minutes. Between 2 

and 9 minutes, the gray values of the root tips varied within a small range and remained stable across 

experimental duration. Slightly lower intensity was detected for the apical meristem within the first 

minute after the application of the substrate. Thereafter the peroxidase activity varied between 40–60 

for the apical meristem across experimental duration. The mean activity of peroxidase was 2-fold 

higher at the calyptra than at the apical meristem between 1 and 5 minutes.  

4 Discussion 

4.1 Advances in micro-zymography using fluorescence microscopy 

The linear calibration of resorufin enabled the usage of using Amplex Red as substrate to quantify 

peroxidase activity at the microscale using fluorescence microscope to expand the spatio-temporal 

resolution on oxidases In contrast to MUF-based micro-zymography (Ghaderi et al., 2022) and basic 

soil zymography (Spohn et al., 2016), and spatio-temporal soil zymography (Tegtmeier et al., 2021), 

we did not incubate the resorufin before imaging by means without the use of membrane or gel which 

may alter diffusion processes within the reaction volume. The restriction resulting from a fixed reaction 

time is the lack of information on the instantaneous response of enzyme activity, which may be 

acceptable for hydrolases but not for fast reacting oxidases. The advantage of temporally highly 

resolved micro-zymographs: it allows deeper insights into the spatial distribution of e.g., peroxidases 

at the microscale. 

Filter-, membrane-, or gel-, based (micro-) zymography techniques may not be sensitive enough in 

order to detect autofluorescence intensity signals inferring the wavelength interval for detection. For 

example, Khosrozadeh et al. (2022b), who used Amplex Red via traditional soil zymography, could 

not detect any autofluorescence. The detection of autofluorescence is not always something bad it may 

give additional information without any interference at a different wavelength interval for detection. 

As we detected a low fluorescent signal already before application of Amplex Red at the rhizoplane 

we were able to correct for it. Therefore, even autofluorescent substances in the plant cells can be 

detected via fluorescence microscopy (Kurihara et al., 2015; Müller et al., 2013) and should be 

considered when working at the microscale. For example, some proteins, e.g., anthocyanins and 

azulenes in the vacuole, show red fluorescence in the range of 600–630 nm of emission wavelength 

(Roshchina, 2012). Moreover, the degree of autofluorescence of plant tissue under a microscope 

depends largely on the imaging parameters (e.g., excitation wavelength, and emission filters) (DeVree 

et al., 2021).  

Khosrozadeh et al. (2022b) used the soil zymography method and found that the highest peroxidase 

activity occurred within 15 minutes after the application of Amplex Red. Here, we confirmed that a 

stable and intensive reaction of peroxidase activity at the rhizoplane occurred already earlier – within 

5–10 minutes. In addition, in line with Zhao et al. (2012) we detected an increase in fluorescence 

intensity over time. 

4.2 How to overcome the problems of autofluorescence in micro-zymography of rhizosphere soil 

The detected mineral soil particles (e.g., quartz) that were attached as so-called rhizosphere soil to the 

root surface showed high peroxidase activity, however no signal was observed from organic matter 

that was attached to the root. This suggested that in this special case the autofluorescence of the organic 

material was very low at our detection wave length interval. Although the existence of peroxidases in 

soils has been proven (Bach et al., 2013; Sinsabaugh et al., 2002) and quantified by resorufin-based 

Michaelis–Menten kinetics (Khosrozadeh et al., 2022a), peroxidase production of soil microorganisms 

on a single soil particle is much lower than in fresh plant tissue (Gramss et al., 1999). The major 

contribution of root-released oxidoreductases to oxidative degradation processes in soils has been 

confirmed by Gramss et al. (1999). Thus, the fluorescence of the soil mineral particles on the images 

may come from three sources: 1) excess of resorufin produced by peroxidase activity of roots diffuses 
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into the free space between root surface and soil particles; 2) fine roots covered by soil particles 

produced resorufin after applying Amplex Red; 3) fluorescence from the reflection of quartz (Lee et 

al., 2022). Filter-, membrane-, or gel-, based (micro-) zymography techniques may not be sensitive 

enough in order to detect autofluorescence intensity signals inferring the wavelength interval for 

detection. Mineral particles like quartz may diminish our results caused by autofluorescence and/or 

reflection. To overcome this problem, we will combine micro-zymography with fluorescence lifetime 

imaging (Loeppmann et al., 2023).  

4.3 Peroxidase activity of root tissues 

The mineral soil particles (quartz) that were attached to the root showed high peroxidase activity via 

high fluorescence signals, but no signal was observed in the dark organic soil particles that were 

attached to the root. Although the existence of peroxidases in soils has been proved (Bach et al., 2013; 

Sinsabaugh et al., 2002) and quantified by resorufin-based Michaelis–Menten kinetics (Khosrozadeh 

et al., 2022a), peroxidase production of soil microorganisms on a single soil particle is much lower 

than in fresh plant tissue. The major contribution of root-released oxidoreductases to oxidative 

degradation processes in soils has been confirmed by Gramss et al. (1999). Thus, the fluorescence of 

the soil particles on the images may come from three sources: 1) excess of resorufin produced by 

peroxidation of roots flows into the space within soil particles; 2) soil particles wrapped by resorufin 

as the products of peroxidation after applying Amplex Red; 3) fluorescence from the reflection of 

quartz. Therefore, it is advisable to exclude the interference of soil particles when applying this micro-

zymography approach for the determination of resorufin-based peroxidase activity of root. 

4.4 Peroxidase activity of root tissues 

Peroxidases have been suggested to play an active role in cell wall lignification in many plant species 

(Laitinen et al., 2017; Shigeto and Tsutsumi, 2016). Root hair is a typical zone of fast cell wall 

expansion, as the root hair is initiated by the formation of a cell wall bulge at the basal end of the cell. 

The subsequent rapid elongation of the root hair is accompanied by a fast cell wall expansion as well. 

This explains the higher peroxidase activity of roots with dense vs roots with sparse root hair. The 

visibly higher peroxidase activity at the area covered with root hair compared to rhizoplane (Figure 4-

6 a, c) further confirmed this assumption. In addition, the fluorescence signal covered the entire 

epidermis while its presence around the cell wall was clearly intense which is related to the cross-

linking of cell wall compounds by radicals produced in the peroxidative cycle, including the formation 

of lignin and suberin within the cell wall (Dufil et al., 2020). For example, the “peroxidase 64” was 

detected in the endodermis during root growth and it was localized to the Casparian strip (Lee et al., 

2013). Overall, precise localization of oxidases in specific cell wall domains may be a key determinant 

of spatial patterns of lignin deposition (Yi Chou et al., 2018). Therefore, the determination of hotspots 

at the current scale is necessary. 

Another relevant root compartment is the root tip, which has a variety of different growth 

characteristics within a small area. The highest activity of peroxidases has been derived from the 

calyptra which was in line with Hall and Sexton (1972), who found that peroxidase activity is 

predominately localized at the root cap, while the low peroxidase activity has been detected at the 

region of cell division. This is due to the combination of a thin cell wall and a large nucleus. Similar 

investigation of low peroxidase activity at the apical meristem was also confirmed by Dunand et al. 

(2007). Thus, the resorufin-based micro-zymography method is able to differentiate the spatio-

temporal variation of peroxidase activities along the root tips. 

Peroxidases are also known as mediators of oxidative cross-linking during plant defense reactions. 

Plant cells can quickly produce apoplastic peroxidases that are regulated by stressful conditions 

(Farvardin et al., 2020). The peroxidase activity of the apple root tissues in this study may be higher 

than the normal intact roots, because cutting the root into small pieces may have caused an oxidative 

burst generated by the defense mechanism under wounding condition (Bolwell and Wojtaszek, 1997). 



114 

 

A promising future improvement we are working on is an imaging peroxidase activity of an intact root 

based on the present method. 

5 Conclusion  

Compared with the membrane-based zymography using Amplex Red as substrate, we improved 

temporal and spatial resolution by capturing the micro-zymographs of peroxidase activity within each 

second at the microscale. The linear calibration of resorufin enabled to quantify peroxidase activity 

using fluorescence microscope to expand the spatio-temporal resolution of oxidases. Overall, this 

study holds great promise for the spatio-temporal visualization of the peroxidase activity of fresh root 

tissue and rhizosphere soil. In contrast to MUF-based micro-zymography, basic soil zymography, and 

spatio-temporal soil zymography, we did not incubate the resorufin before imaging by means without 

the use of membrane or gel which may alter diffusion processes within the reaction volume. Mineral 

particles like quartz may diminish our results caused by autofluorescence and/or reflection. To 

overcome this problem, we will combine micro-zymography with fluorescence lifetime imaging. 
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Abstract 

Soil microbial communities are involved in most biogeochemical processes creating hotspots for 

nutrient cycling. The spatial visualization of such soil hotspots via microscopic techniques is still 

challenging caused by the intrinsic fluorescence and opacity of the soil. One way to differentiate 

microbial cells from the heterogeneous soil matrix is a fluorescence lifetime-based technique (FLIM) 

with subsequent phasor plot separation; it separates and visualizes the distinctly different photon 

arrival times of all photons per pixel. FLIM delivers additional independent information behind 

intensity-based image processing and image analysis which is often hampered by, e.g., 

autofluorescence, resolution issues, and photobleaching artifacts caused by the prevailing minerals and 

organic substances. We determined characteristic fluorescence lifetime profiles of BacLight™ Green 

for Rhodotorula mucilaginosa and Bacillus subtilits in phosphate-buffered saline (PBS) solution and 

water as well as in natural, autoclaved, glucose-activated, and soil mineral particles by FLIM 

measurements via confocal laser scanning fluorescence microscopy. Rhodotorula mucilaginosa and 

Bacillus subtilits from pure cultures measured in water and PBS accounted for 1.20 (± 0.2) ns and 1.3 

(± 0.1) ns respectively. The lifetime profile within the cells was rather homogeneous for both microbial 

species tested. This suggests stable photon arrival times for microbial strains with minor effects of 

matrix components as tested in PBS and water. We identified a clear difference in fluorescence lifetime 

profiles between microorganisms (around 1 ns) and the surrounding soil matrix (0.2 to 0.7 ns, > 3.6 

ns) via phasor plot separation. The results presented raise the feasibility to extend the applicability of 

FLIM to other soils and their accompanying microbiota. 

Keywords: Photon arrival times, Confocal laser scanning microscopy, Soil staining, Microbial 

separation, Phasor plot, FLIM 
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1. Introduction 

Soil biochemical processes are carried out by microbes and are affected by composition and activity 

of soil microbial communities which may depend on the microbial habitat (Eickhorst and Tippkötter 

2008; Neu and Lawrence 2015; Loeppmann et al. 2018; Wang et al. 2020). Spatial visualization of soil 

microbes and microbial habitats is important for comprehensive understanding of soil biochemical 

cycling processes. Nowadays, direct microscopy techniques, e.g., confocal laser scanning fluorescence 

microscopy (CLSM), are valuable tools to determine the spatial distribution of soil microorganisms in 

their microhabitats (Eickhorst and Tippkötter 2008; Li et al. 2004; Tippkötter et al. 1986). CLSM 

observations have been reported for protists, fungi, inoculated bacteria, and rhizosphere 

microorganisms (Jaafar et al. 2014; Li et al. 2004; Lo Piccolo et al. 2010). Without soil, the small size 

of bacteria (e.g., Gram-negative cell ∼1 × 3 μm) can be even visualized in a three-dimensional 

reconstruction of a single cell from confocal images as the optical resolution of a confocal image 

recorded with a single- photon excitation is at best 200 nm in lateral direction (Lipson et al. 2010; 

Zhang et al. 2021). However, one disadvantage of intensity-based imaging on soil microbes and 

microbial habitats via CLSM application is that the primary fluorescence of soil particles, intrinsic 

fluorescent proteins, and even autofluorescence present in bacteria such as aromatic amino acids 

(tryptophan, tyrosine, and phenylalanine) as well as several siderophores and cytochromes (Alimova 

et al. 2003) cannot be eliminated. Therefore, many kinds of tag staining techniques (e.g., fluorescence 

in situ hybridization FISH) are widely used and combined with CLSM (Tippkötter et al. 1986; 

Fernández-Suárez and Ting 2008; Pett-Ridge and Firestone 2018; Bokota et al. 2021). Although 

various imaging techniques have been applied to capture and visualize information about microbial 

distribution pattern (Moter and Göbel 2000; Musat et al. 2016; Oburger and Schmidt 2016; Sharma et 

al. 2020; Waters 2009), the technical limitations in applying fluorescence microscopy for soil 

ecological studies are still present. The application of digital image processing and analysis techniques 

to visualize soil microorganisms are complicated by autofluorescence, resolution problems, and 

photobleaching artifacts caused by the predominant minerals and organic matter (Li et al. 2004; Watt 

et al. 2006). For example, granitic rock contains a lot of microcracks and microporous minerals, while 

the porosity of sedimentary rocks arises mainly from nanoscale pores (Hellmuth et al. 2021), causing 

a more contrasting signal. 

Many of the fluorescence intensity-based studies have been re-visited using fluorescence lifetime 

measurements, demonstrating that molecular fluorescence lifetime imaging could provide both 

complementary and additional unique information about the status of a target biomarker in cells (Balke 

et al. 2018; Digman et al. 2008; Hayek et al. 2007; Lee et al. 2021). This information helps to 

distinguish between different fluorophores and the intrinsic fluorescence of the samples. This concept 

of fluorescence lifetime imaging microscopy (FLIM) is an optical analog of magnetic resonance 

imaging, where the proton relaxation times at each location can be measured, and the numerical value 

of the relaxation time is used to create contrast in the calculated image. FLIM contrasts by using similar 

principles: the local environment determines the fluorescence lifetime, which is then used to calculate 

an image that is independent of probe concentration, signal intensity, photobleaching, and depth of 

probe. Despite the biologically relevant information provided by fluorescence lifetime, the widespread 

use of FLIM in imaging is still limited due to its slow image acquisition and processing speed, difficult 

implementation, and high instrument costs (Mannam et al. 2021). 

To disentangle microorganisms from the heterogeneous soil matrix at the microscale, we performed 

fluorescence lifetime related CLSM along with a physical readout of lifetime-based information of the 

soil matrix. Although the confocal spatial resolution compared with other super-resolution imaging 

methods like structured illumination microscopy (SIM) (Gustafsson 2005), photoactivated localization 

microscopy (PALM) (Betzig et al. 2006), and stochastic optical reconstruction microscopy (STORM) 

(Rust et al. 2006) is lower, CLSM is a pure-optical measurement that can be applied with a variety of 

dyes in parallel, while being free from complex post-imaging calculation, similar to stimulated 
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emission depletion nanoscopy (STED). 

On the one hand, we expected shorter fluorescence lifetimes in a region reflecting the mineral particles 

and longer lifetimes due to the presence of microorganisms as deduced from the study of Hellmuth et 

al. (2021), who measured minerals via FLIM-STED. On the other hand, we expected comparatively 

longer lifetimes for microorganisms as indicated by our results on fluorescence lifetime profiles of 

microorganisms grown in pure cultures. The FLIM technique provides image contrast to be based on 

the local decay times (Figure 5-1). The longer lifetime could be due to the presence of a chemical 

species, binding of the probe to a macromolecule or other environmental factors while their intensities 

could 

be equally due to dye exclusion or other mechanisms. Therefore, the intensity image (Figure 5-1 b) 

will not reveal the different environments in regions 1 and 2. However, the FLIM technique allows 

image contrast to be based on the local decay times, which can be presented on a gray or color scale 

(Figure 5-1 c); or as a 3D surface in which the height represents the local lifetime contours (Figure 5-

1 d). 

The phasor approach presented simplifies the analysis of FLIM images providing a graphical global 

view of the processes affecting the fluorescence decay occurring at each pixel (Digman et al. 2008; 

Ma et al. 2016; Wang et al. 2021). The major advantages of phasor plot analysis to process frequency-

domain FLIM data compared with conventional time-domain FLIM data analysis techniques are that 

the phasor plot analysis is instantaneous without complex fitting procedures and its visual 

representation of the fluorescence decay addresses even untrained user (Chen et al. 2013). The polar 

plot as a two-dimensional histogram (phasor plot) presents the values of the sine–cosine transforms, 

where each pixel of the image represents a dot in the phasor plot. The phasor plot is also used in a 

reciprocal mode in which each (occupied) point of the phasor plot can be mapped to a pixel of the 

image (Digman et al. 2008). Since every molecular species has a specific phasor, we can identify 

molecules by their position in the phasor plot (Alvarez et al. 2019). 

In this study, we examine the differentiation of microorganisms from the heterogeneous soil matrix via 

FLIM and subsequent phasor plots separation technique. The gained additional information of the 

fluorescence lifetime profiles might be unique to the microbial biomass or at least to the microbial 

species used in dependence to the utilized fluorophore. We hypothesized that FLIM in combination 

with the phasor approach allows to disentangle the fluorescence lifetime of soil microorganisms from 

the organo-mineral phase, because the fluorescence lifetime is similar between cells in controls and 

within the soil environment in presence of the same dye. The reason for this study was to overcome 

the disturbing signals of autofluorescence and unwanted intrinsic fluorescence when trying to visualize 

microorganisms in soils. In a laboratory experiment, we established different soil environments 

reflecting natural forest soil, mineral substrate-induced (glucose-activated) soil (high nutrient 

availability and microbial biomass), autoclaved soil (high nutrient availability from lysed cells, low/no 

microbial biomass), and size-classed mineral particles spiked with stained Rhodotorula mucilaginosa 

or Bacillus subtilis (no interference of organics). We have chosen these treatments to exhibit (i) 

differences in lifetime profiles after microbial and/or soil staining, (ii) inconsistencies in the 

fluorescence lifetime profiles of the soil components as, e.g., the direct staining of soil with activated 

microbial biomass with Rhodotorula mucilaginosa or Bacillus subtilis might differ from neutral soil 

environment, and (iii) the lifetime profiles of cultured Rhodotorula mucilaginosa or Bacillus subtilis 

vs. stained soils and size-classed mineral particles. 

2. Materials and Methods 

2.1 Soil sampling, experimental design, and preparation of soil treatments 
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We sampled the Ah-horizon from two forest sites planted with Fagus sylvatica in soils of silicate parent 

material in Germany (Lüss, LUE and Bad Brückenau, BBR) (Fetzer et al. 2021; Lang et al. 2017). One 

hundred grams of fresh soil was sieved to < 2 mm and processed as follows to prepare four treatments 

of soil samples for each site. (i) Natural and field moist soil was weighed to 25 g and stored in plastic 

boxes; (ii) another 25 g was three-fold autoclaved (lysis of microbial cells); and (iii) another 25 g of 

natural soil, 10 mg·g−1 glucose, 1.9 mg·g−1 (NH4)2SO4, 2.25 mg·g−1 K2HPO4, and 3.8 mg·g−1 

MgSO4·7H2O were added to stimulate microbial activity and growth in soil during 36 h of incubation 

at 25 °C (Loeppmann et al. 2016, 2018); and (iv) to the last quarter of soil was subjected to destruct 

the organic matter by hydrogen peroxide (H2O2). Thereafter, the H2O2 treated soil was wet sieved < 

200 μm and < 63 μm with distilled water and oven-dried at 105 °C to obtain dry 

200 − 63 and < 63 μm sized soil mineral particles. 

2.2 Staining of soil and microorganisms 

We cultured bacteria in standard nutrient broth (Roth, Germany) comprising peptone 15 g l−1, yeast 

extract 3 g l−1, sodium chloride 6 g l−1, dextrose 1 g l−1 at pH 7.5, and the yeast on agar (yeast extract 

4 g l−1, malt extract 10 g l−1, dextrose 4 g l−1, agar 20 g l−1, pH 7.2). The microorganisms comprised a 

Gram-positive bacterium, i.e., Bacillus subtilis (DSM10), which was purchased from the German 

Collection of Microorganisms and Cell Cultures (DSMZ). Additionally, the yeast, Rhodotorula 

mucilaginosa (DSM70404) (Supplementary Fig. 1), inoculated on agar, which we received from Dr. 

M. Gube, Georg-August-University Göttingen. Cell cultivation and growth monitoring followed the 

techniques reported by Schmitt et al. (2022), as we aimed to avoid substrate limitation for consistent 

microbial growth and vital cells for sampling. 

For staining soil and microorganisms (yeast and bacteria), we used BacLight™ Green (ThermoFischer, 

Germany). This dye is a non-nucleic acid labeling reagents for detecting and monitoring microbes via 

exhibiting bright green (absorption/emission ~ 480/516 nm). The preparation of the reagent and the 

staining processes followed the manufacturer’s protocol without optional washing and fixing steps. To 

maintain cell viability and exclude the influence of solutes on the image, we prepared the bacteria not 

only in PBS buffer (1:10) as the manufacturer’s guidelines but also in pure water (1:10). Staining was 

performed on (i) natural soil, (ii) autoclaved soil, (iii) glucose-activated soil + Bacillus subtilis or 

Rhodotorula mucilaginosa, (iv) controls, i.e., Bacillus subtilis or Rhodotorula mucilaginosa (in PBS 

buffer/water), and (v) stained Bacillus subtilis or Rhodotorula mucilaginosa + particle size fractions 

(200 − 63 and < 63 μm) from the respective soil. Direct staining of the treatment i, ii, and iii was 

performed in 2 ml Eppendorf tubes by mixing 20 mg soil, 1 ml PBS, and 1 μl working solution of 

BacLight™ Green without washing and centrifuging the samples. For the glucoseactivated soil, we 

added unstained Bacillus subtilis or Rhodotorula mucilaginosa to determine any differences of 

fluorescence lifetime profiles in presence of a microbial biomass-rich soil. The mineral particle-sized 

fractions (200 − 63 and < 63 μm) were spiked with stained Bacillus subtilis or Rhodotorula 

mucilaginosa as mentioned above for pure cultures. Each sample was pipetted 5 μl from the culture 

Eppendorf tube into a μ-slide (Ibidi GmbH, Germany). In parallel, we have tested the effect of washing 

procedure by using 20 mg of soil stained as mentioned above and subsequently transferred to SPIN 

filters and centrifuged for 5 min at 9000 rpm finally, repeated washing after the addition of 1 ml PBS. 

The washing did not improve the optical performance. 

In addition, we measured the autofluorescence of the four treatments of each site by using a ZEISS 

LSM 900 Airyscan (Zeiss, Jena, Germany) for fast scanning of the samples (Fig. 2). Settings for image 

acquisition are as follows: z-stack, plan-apochromat 40 × /1.4 Oil DIC (UV) VIS-IR M27 objective, 

transmitted light excitation: 561 and 488 nm detection: 500 − 700 nm, Airyscan, Scan zoom 4, image 

size (scaled) 38.91 × 38.91 μm, 914 × 914 pixels. 

Cultured and stained bacteria and yeast were imaged via CLSM and STED using STELLARIS 8 

confocal scanner unit (LEICA Microsystems, Wetzlar, Germany) to assemble a high-resolution image 

of the cells’ sizes and morphology (Supplementary Fig. 1). All samples were mounted with one drop 
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of Prolong Gold Antifade Mountant (ThermoFischer Scientific, Germany) for subsequent CLSM and 

STED without the necessity of any fixation of samples or resin embedding. Optical performance 

requires an environment with a homogeneous index of refraction to enable a high penetration depth 

and to minimize aberrations. Hence, the mounting medium should have a refractive index (here 1.46) 

that matches the immersion medium of the objective lens. Moreover, autofluorescence derived from 

the mounting medium should be negligible upon application of the laser. All samples were measured 

24 h after preparation, meanwhile stored in the dark. 

2.3 Fluorescence lifetime‑based microscopy (FLIM) and image processing 

Single photon counting detecting devices in combination with CLSM systems afford time-correlated, 

single-photon counting (TCSPC) which is the core principle behind fluorescence lifetime imaging 

microscopy (FLIM) using CLSM (Alvarez et al. 2021). For imaging, the samples were point-scanned 

with a DMi8 microscope stand equipped with a STELLARIS 8 confocal scanner unit (LEICA 

Microsystems, Wetzlar, Germany). The integration of FLIM into the recent STELLARIS confocal 

platform (LEICA, Wetzlar, Germany) provides access to full FLIM analysis for image acquisition 

(Alvarez et al. 2021). The time difference between the arrival times of an excitation pulse and a pulse 

resulting from a photon detected from fluorescence emission is recorded via TCSPC (Becker et al. 

2004). These time-tagged data are collected for many cycles of a periodic excitation source to establish 

a frequency distribution of photons (Bückers et al. 2011; Santra et al. 2018). To analyze the recorded 

FLIM data, we used the single molecule detection FLIM analysis software of LASX 3.5.5 and LASX 

4.4.0 (LEICA Microsystems, Wetzlar, Germany). CLSM setting for image acquisition: 93 × / 1.3 

glycerol lens, z-stack reflection, confocal, transmitted light 43 × 43 × 8.6 μm, 576 × 576 × 29 pixel; 

excitation: 482 nm detection: 467 − 482 nm (reflection). The counts of both detectors (Including HydS 

1; detection range 461–477 nm) were used to fit the final lifetime curve (counts) of the fluorophore. 

The overall image and analysis processing steps are as follows: (i) CLSM scan was performed for 

identification of area of interest; (ii) overlay of registered images enabled the visualization of 

fluorescence lifetime via FLIM. This allows (i) better image quality by an improved discrimination 

between signal and background, and (ii) the elimination of photons from the background using physical 

principles. To post-process and analyze the highly heterogenous fluorescence lifetime distribution of 

the organic and mineral components of an organic-rich Ah horizon, we applied the phasor approach 

based on a Fourier transformation to combine a fit-free lifetime estimation and to extract the different 

lifetime components (Datta et al. 2020; Digman et al. 2008). The phasor method transforms the 

histogram of the time delays at each pixel in a phasor, i.e., a vector (Alvarez et al. 2021; Digman et al. 

2008). For interpretation of the phaser plot, see Supplementary Fig. 2. 

3. Results and discussion 

3.1 Fluorescence intensity‑based imaging 

Already more than a decade ago, the visualization of calcite surface topography with bacteria has been 

achieved by overlaying a series of images taken in confocal reflection contrast mode with a series of 

fluorescent CLSM images (Schultz et al. 2011). Nowadays, we still hamper the same problems in 

image processing of soils namely the autofluorescence of soil components. For example, a forest soil, 

comprised of, e.g., quartz mineral, organo-mineral associated material, and a plant megaspore (Figure 

5-2), showed strong autofluorescence, e.g., in the green channel which reflects the wavelength spectra 

of the dye we have been working with, therefore biases the outcome of the steady-state intensity 

imaging for proper post-processing. In the absence of organic matter, we visualized microbial cells 

within the mineral environment, e.g., the visualization of < 63 μm mineral particles inoculated with 

bacteria at different modes via CLSM (Figure 5-3) following Schultz et al. (2011). However, in the 

presence of organic matter, the autofluorescence in the images increased strongly in all soils. The 

autofluorescence of organo-mineral associated material exhibited a different wavelength spectrum 
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(orange) compared to the plant spore in the overlay image (Figure 5-2 d). Moreover, autofluorescent 

clusters of the plant spore are tightly packed lacking any alignment across or along the surface. In 

contrast, the quartz mineral below the plant spore, its autofluorescence was neither detectable in the 

red (Figure 5-2 b) nor in the green (Figure 5-2 c) channel. 

 

 
Figure 5-1 Fluorescence lifetime adds information which is not available in steady-state imaging (modified 

after Lakowicz et al. 1992). The object is assumed to have two regions that display the same fluorescence 

intensity (I1 = I2) but different decay times τ2 > τ1 (a); object; b steady-state image; c grayscale or color lifetime 

image; and d lifetime surface. For further explanation, see the main text. 

 
Figure 5-2 CLSM image of soil collected from the Ah horizon at BBR site showed strong autofluorescence. 

Images were taken by using a ZEISS LSM 900 Airyscan, plan-apochromat 40 × /1.4 Oil DIC (UV) VIS-IR M27 

objective, transmitted light excitation: 561 and 488 nm Detection: 500 − 700 nm, Airyscan, Scan zoom 4, image 

size (scaled) 38.91 × 38.91 µm, 914 × 914 pixels. a Brightfield image, b autofluorescence image spectral range 

red channel, c autofluorescence image spectral range green channel, and d overlay image: yellow color intrinsic 

autofluorescence of a plant spore, below the quartz mineral particle lower fluorescence intensity in the green 

and the channel, appear in orange color indicating organo-mineral association. 
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Figure 5-3 Visualization by steady-state intensity imaging of treatment (iv) mineral particles (sized < 63 µm) 

from LUE site spiked with BacLight™ Green stained Rhodotorula mucilaginosa. Image left shows the overly 

(of transmission, fluorescence, and reflection channels), the intermediate image shows the overlay of 

fluorescence channel and transmitted, both in maximal projection and on the right, a single section overlay of 

the channel combinations. CLSM setting for image acquisition of DMi8 microscope stand equipped with a 

STELLARIS 8 confocal scanner unit (LEICA Microsystems, Wetzlar, Germany): 93 × / 1.3 glycerol lens, z-stack 

reflection, confocal, transmitted light 43 × 43 × 8.6 μm, 576 × 576 × 29 pixel; excitation: 482 nm detection: 

467 − 482 nm (reflection). 

 
Figure 5-4 Visualization by steady-state intensity of Rhodotorula mucilaginosa. a Reflection signal of the 

surfaces of soil mineral particles < 63 µm spiked with Rhodotorula mucilaginosa, b Confocal fluorescence 

signal of BacLight™ Green stained Rhodotorula mucilaginosa, and c transmitted light image; d an overlay of 

a, b, and c; blue area identified oversaturation of the signal. The reflection channel shows the surface with 

confocal z-resolution. CLSM setting for image acquisition of 93 × / 1.3 glycerol lens, z-stack reflection, confocal, 

transmitted light 43 × 43 × 8.6 μm, 576 × 576 × 29 pixel; excitation: 482 nm, detection: 467 − 482 nm, 

reflection 500 − 620 nm BacLight™ Green.  
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By combining the channels for transmitted light and reflection, the confocal scan of the signal provided 

an enhanced distinctiveness between microorganisms and the mineral surfaces (Figure 5-3 and S5-4). 

The green signal from the stained Rhodotorula mucilaginosa easily differentiates with the reflection 

signal from the mineral surface, which gives a strong support for applying the confocal scan on direct 

visualization of the aggregate formation process in a certain time scale. For specific systems, Krause 

et al. (2019) hint at an aggregate formation process characterized by a rapid occlusion of mineral 

compounds, and, after the addition of microorganisms (Pseudomonas protegens, Gordonia 

alkanivorans) where the bacterial colonization of small microaggregates leads to an increase in 

aggregate size. For soil, it has been shown that substrate enhancement promotes soil microstructural 

stability compared to sterilizedand untreated soil, whereby all soils reacted dynamically and 

irreversibly to the adjusted moisture conditions (Vu et al. 2022). Vu and colleagues (2022) showed 

significant positive correlations between microbial activity, wettability, and soil microstructural 

stability, indicating the presence of interparticulate microbial structures induced by soil moisture 

dynamics. This plays an important role for proper soil sample preparation to reproduce reliable 

imaging of soils. Beside the sample preparation, there are disadvantages in imaging for intensity-based 

images which may rely on the (i) variation in excitation source intensity, (ii) detector gain setting, (iii) 

optical loss in the optical path and/or sample, and (iv) variation in sample fluorophore concentration. 

3.2 FLIM and phasor approach 

To seclude several of the artifacts, we determined a characteristic phasor distribution or lifetime profile 

for the cultured for Bacillus subtilis (1.3 ± 0.1 ns in PBS) (Figure 5-5 c) and for Rhodotorula 

mucilaginosa accounting 1.2 (± 0.2) ns in PBS (Figure 5-6 a). FLIM in combination with phasor 

approach is sensitive to dynamic (or collisional) quenching that happens during the fluorescence decay 

process, when some excitedstate fluorophores are de-excited upon contact with the quenchers and 

follow a nonradiative decay process whereas static quenching, as other unbound (hence still 

fluorescent) fluorophores retain their fluorescent properties (Chen et al. 2013). This leads to a faster 

decay of excited-state fluorophore population. 

The phasor approach data (Figure 5-6 a, b) shows the modulation in phase and amplitude for the 

detected fluorescent signal allowing to differentiate lifetime properties of soil materials’ phasor 

components and that of soil microorganisms at the microscale (Figure 5-6 b). This provides additional 

information to the intensity-based approaches, where steady-state fluorescence often hampers a clear 

differentiation, especially in soils with high carbon contents or specific minerals (Smith 2009). Overall, 

stable fluorescence lifetimes of the dye were measured for Rhodotorula mucilaginosa and Bacillus 

subtilis when comparing the controls (i) in PBS solution and (ii) in water (not shown). This indicates 

minor effects of matrix components as demonstrated by this fit-free (no iterative fit procedure) 

technique in which the fluorescence decay from each pixel is transformed into a point in two-

dimensional phasor space providing a visual distribution of the molecular species in an image by 

clustering pixels with similar lifetimes (Becker et al. 2004; Datta et al. 2020). The phasor distributions 

correspond to similar lifetimes (decays) which can be chosen to locate the corresponding pixels in the 

image with similar lifetimes, even if they are spatially separated (Datta et al. 2020). By applying the 

phasor approach, a clear discrimination and separation of lifetime components from the background 

and the mineral soil particles was possible (Figure 5-5 b). Neglecting any assumption on the number 

of fluorescence species present in the biological sample, the phasor approach technique allows a 

straight-forward quantification of concentration and interaction of the involved fluorophore.  
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Figure 5-5 Visualization of B. subtilis. a Steady-state intensity image of cultured B. subtilis imaged in PBS via 

CLSM. b Overview steady-state intensity image of B. subtilis imaged in PBS (CLSM image). c Fluorescence 

lifetime image of B. subtilis. d Fluorescence lifetime distribution of B. subtilis in the phasor plot. d Phasor plot 

of B. subtilis in PBS imaged via CLSM (red). CLSM setting for image acquisition DMi8 microscope stand 

equipped with a STELLARIS 8 confocal scanner unit (LEICA Microsystems, Wetzlar, Germany): 93 × / 1.3 

glycerol lens, z-stack reflection, confocal, excitation: 482 nm detection: 467 − 482 nm (reflection). 

 
Figure 5-6 a Phasor distribution of purely stained Rhodotorula mucilaginosa and b in combination with 

glucose-activated forest soil (BBR, Ah horizon). Shorter lifetime phasor distributions are indicated in blue 

reflecting the organo-mineral material. Comparing a with b, a comparable lifetime was found in PBS solution 

and in soil. The longer lifetime phasor distributions of the fluorophore are given in yellow–red color indicating 

the presence of microorganisms. The microorganisms with a fluorescence lifetime of 1 to 1.2 ns (visualized in 

orange-red) and with ~ 0.2 ns a much shorter lifetime for the mineral (visualized in blue). CLSM setting for 

image acquisition DMi8 microscope stand equipped with a STELLARIS 8 confocal scanner unit (LEICA 

Microsystems, Wetzlar, Germany): 93 × / 1.3 glycerol lens. c–e by phasor plot approach from b, we could 

separate three population with different fluorescence lifetime. 
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This method makes no assumptions on the number of fluorescence species present in the sample, 

permits fast processing speed, and allows to quantify the concentration and interactions of the involved 

fluorophores and intrinsic fluorescence signals (Ma et al. 2016). The location of bacteria around and 

within Symbiodiniaceae has been recently quantified along with their identity and spatial distribution 

via FLIM by Deore and colleagues (2022), since the broad spectrum hinders the use of FISH emission. 

The authors concluded for batch cultures that the fluorescence lifetime of the host and associated 

microbe cellular autofluorescence could be analyzed in terms of endogenous fluorophore composition 

(e.g., metabolic co-factors, aromatic amino acids) and serves as information for symbiotic versus 

parasitic host-microbe association. In this study, we did not measure the autofluorescence lifetime for 

the treatments since the dye would anyhow overrule the signal of the photon arrival time. Anionic 

fluorophores are excluded from the membrane interior in proportion to the membrane voltage and 

therefore have a lower risk for toxicity than their cationic counterparts (Dunkers et al. 2021). Anionic 

fluorophores are free to diffuse into the depolarized cells when bacteria are no longer viable and bind 

with cationic compounds and lipids. This consequently results in enhanced fluorescence intensity in 

viable cell compared cells alive. 

 
Figure 5-7 a Zoomed view to the steady-state intensity image of natural soil (LUE); the overview image of the 

scene is shown in Supplementary Fig. 3. Both channels have been combined for FLIM analysis. b In the phasor 

plot, five different populations can be discriminated. All separated channels are shown in a maximum intensity 

projection of the stack in all five channels; additionally, all 5 channels represented in an overlay c 5 separated 

phasor population channels of the natural soil (LUE) directly stained with BacLight™ Green, based on specific 

phasor plot analysis. Average fluorescence lifetime after phasor plot separation in nanoseconds: mineral 

surface light-blue 0.18, different mineral surface (attached with microbes in red color in the upper middle part 

of the image) yellow 0.36, mineral material in green 0.67, microorganisms in red 0.99, possibly mineral coatings 

violet 3.61. d FLIM image of this sample is presented as a 3D movie in the Supplementary and as a screenshot 

in d (red color depicts the fluorescence lifetime of the microorganisms. FLIM image settings DMi8 microscope 

stand equipped with a STELLARIS 8 confocal scanner unit (LEICA Microsystems, Wetzlar, Germany): HC PL 

APO CS2 40 × /1.25 GLYC;146 × 146 × 15 µm; 512 × 512 × 43 voxel; voxel size: 287 × 287 × 360 nm, 

excitation: 470 nm, detection: reflection glow): 461–477 nm Green (cyan): 480–540 nm, red (magenta): 600–

700 nm. 
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After amendment of stained microbes to mineral particles, irrespective the size of the fraction, the 

fluorescence lifetime profile was in line with that of the cultured microorganisms indicating low 

interference of silicate minerals from BBR and LUE site (Figure 5-3 LUE site). However, precise 

fluorophore lifetime mapping is crucial to measure the biological microenvironment. For example, 

low-light and fast measurements will maintain cell viability but may not produce images with high 

signal-to-noise ratio. 

Indeed, even within the cell, the phasor plot showed a rather homogeneous pattern after phasor-based 

channel separation (Figure 5-5 c and 5-6 a). For most of the fluorescence lifetimes, a shorter lifetime 

profile was detected for mineral and organo-mineral material than for microorganisms (Figure 5-6 b 

and 5-7) except some mineral possibly mineral coatings with 3.6 ns of fluorescence lifetime (Figure 

5-7). All replicates for the autoclaved soil failed for proper visualization after staining BacLight™ 

Green implying that the stained lysed cell fragments indicated from low unspecific to no fluorescence 

signal and microorganisms could not be detected via CLSM in this study. In addition, when the 

fluorescent dyes are conjugated to larger molecular structures such as lignin, organic acid, and protein 

randomly distributed on soil particles, the soil matrix may be constrained to produce fluorescence with 

specific properties (Coble et al. 2014). Therefore, the fluorescence signal from the stained soil matrix 

may include signals from soil organic matter, living cells, and membrane compromised cells. The 

intensity of the staining appears to depend on several factors, including gram character, outer 

membrane composition, and overall membrane integrity (Dunkers et al. 2021). Zhang and Fang (2004) 

used Saccharomyces cerevisiae (yeast strain) as a model and quantified the viabilities by CLSM 

deviated an average of 1.7% and those determined by flow cytometry by 1.4%. 

A repeated measurement of several samples demonstrated a stable performance of the fluorescence 

lifetime even after 3 days (not shown). This indicates no significant microenvironmental effect on 

relative phasor distribution within measurements and infers a suitable differentiation from the soil 

matrix measured in this study. The phasor distribution or phasor lifetime of microorganisms was not 

prone to change in different types of the matrix and as in PBS solution or water in this experiment. 

However, it needs to be tested if the lifetime would differ in a completely different type of matrix. 

Organic materials and their autofluorescence biased intensity- based image processing of the soils 

(Figure 5-2) affecting the signal to noise ratio, whereas FLIM in combination with the phasor plot 

approach remains unaffected (Datta et al. 2020; Lakowicz et al. 1992). By contrast, during intensity-

based image processing, the microscope optics convert each spot into a complex diffraction pattern 

(Airy disk). A pinhole spatially confines the airy disk to prevent out-of-focus light from reaching the 

detector. Closing the pinhole results in higher resolution, but fewer photons are captured in the process, 

which cannot be brought back even by deconvolution. 

The fluorescence lifetime imaged via CLSM remained stable and similar to the lifetime of microbes 

in PBS solution and water in LUE soil (0.99 ns) for microorganisms visualized in the scene of natural 

soil (Figure 5-7) where we directly stained the soil with the dye. Therefore, measuring fluorescence 

lifetime provides a means of probing the local fluorophore environment (Figure 5-7) indicated in 

fluorescence lifetime-based phasor distribution for microorganisms ranging between 1 and 1.2 ns 

within the matrix of an Ah horizon of an organic-rich forest soil. Recently, Lee et al. (2021) showed 

multimodal multiphoton microscope images of Serendipita bescii fungal structures including lipid 

droplets stained with Nile Red (ThermoFischer Scientific, Germany) with similar range in photon 

arrival times as compared to the phasor-based lifetime distribution of the yeast stained with BacLight™ 

Green in our study. 

3.3 Future direction of FLIM in soil science 

Since Lee et al. (2021) have imaged an artificial soil made of two components (kaolinite and organic 

matter), we step forward on the investigation of natural soil; its microenvironmental architecture could 

be separated from phasor distribution of microorganisms using multi-level threshold algorithms (Liao 

et al. 2001; Wang et al. 2010) and phasorbased separation (Digman et al. 2008). The presented imaging 
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technique implies importance on the visualization of soil microorganisms. However, yet, it cannot give 

insights into the functions. Moreover, there are several factors which may affect the FLIM signals such 

as cell age, metabolic activity, cell size, and localization as individual cell or in a biofilm. Current 

progress is on multiphoton FLIM enabling 3D optical sectioning and deeper imaging depth into soils’ 

microenvironment. As the algorithms for FLIM analysis are under rapid development to (i) improve 

image segmentation, (ii) quantify multidimensional heterogeneity, and (iii) perform multiparametric 

analysis, we can expect that these computational tools are going to unravel spatial features of cellular 

abundance and physiology in soils. Overall, the technique might be valuable not only for the 

segmentation of soil components but also for soil containing enrichment cultures, stable isotope 

labeling incubation experiments, and microbial biofilm studies in soil and sediments. Further potential 

of applicability of the FLIM approach to visualize microbial cells stained by using other dyes, e.g., 

nucleic-acid fluorescent dyes or other labeling techniques providing unambiguous phylogenetic 

identification of microorganisms. 

4 Conclusion  

Steady-state fluorescence intensity is routinely employed as basic microscopic technique in ecological 

cell biology. However, intensity-based measurements are vulnerable to artifacts. Moreover, 

fluorophores with similar excitation and emission spectra may be impossible to disentangle using 

steady-state fluorescence intensity imaging. Here, we overcome these effects by using fluorescence 

lifetime imaging microscopy (FLIM) in combination with phasor approach technique to unravel the 

spatial microbial distribution in soil and mineral microsphere. We measured shorter fluorescence 

lifetimes in a region reflecting the organo-mineral environment and longer phasor lifetimes due to the 

presence of microorganisms. Overall, stable fluorescence lifetime-based phasor distributions of the 

dye were measured for both Rhodotorula mucilaginosa and Bacillus subtilis when comparing the two 

controls in PBS solution and in water suggesting minor effects of matrix components. Moreover, we 

identified a clear difference in fluorescence lifetime profiles between microorganisms (around 1 ns) 

and the surrounding soil matrix (0.2 to 0.7 ns, > 3.6 ns), via phasor plot separation. The lifetime profile 

within the cells was rather homogeneous for both microbial species tested. The results presented raise 

the feasibility to extend the applicability of this method to other soils and their accompanying 

microbiota. The subsequent determination and separation via phasor plots to visualize the component-

specific lifetimes to establish training data for machine learning algorithms might pave the way for an 

automated detection and separation of microorganisms in soil via FLIM. 
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