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Zusammenfassung 

 

Mobile genetische Elemente (MGEs) wie Insertionssequenzen (IS) und Miniatur-Transposons 

mit invertierten Wiederholungen (MITEs) kºnnen einen starken Einfluss auf bakterielle 

Genome aus¿ben, ihre Evolution bestimmen und die bakterielle Fitness beeinflussen. 

Allerdings verbleiben die meisten MGEs nicht f¿r lange Zeit in bakteriellen Genomen und 

degenerieren entweder ¿ber die Zeit oder werden in manchen Fªllen vom Wirt domestiziert. 

Nichtsdestotrotz kºnnen sie in anderen Linien durch horizontalen Gentransfer (HGT) 

weiterexistieren. Das REPIN-RAYT-System ist weitverbreitet in bakteriellen Genomen und 

unterscheidet sich von anderen MGEs in verschiedenen Punkten. Es besteht aus repetitiven, 

extragenischen palindromischen Doppelstrukturen, die Haarnadelschleifen bilden (REPINs), 

und REP-assoziierten Tyrosin-Transposasen (RAYTs). REPINs bestehen typischerweise aus 

zwei invertierten, repetitiven Sequenzen, die durch eine Zwischensequenz getrennt sind und 

charakteristische Haarnadelstrukturen in einzelstrªngiger DNA oder RNA bilden. F¿r die 

REPINs wurden schon vielfªltige Funktionen beschrieben, besonders in Escherichia coli. 

RAYTs auf der anderen Seite verbreiten selten REPINs im Genom und ªhneln mehr 

Haushaltsgenen als typischen Transposasen. Im Kontrast zu den meisten MGEs verbleibt das 

REPIN-RAYT-System ¿ber lange evolutionªre Zeitrªume in Linien, und es wird angenommen, 

dass HGT nur sehr selten auftritt. Es wird hypothetisiert, dass das REPIN-RAYT-System einen 

Fitnessvorteil f¿r den Wirt bereitstellt; die zugrunde liegenden Mechanismen sind aber kaum 

verstanden. 

In Kapitel 3 untersuche ich die evolutionªren Dynamiken des REPIN-RAYT-Systems unter 

Benutzung von Computeranalysen der RAYT-Phylogenie in Pseudomonas fluorescens 

SBW25 und 24 weiteren Pseudomonas-Stªmmen. Zudem habe ich den Histidinverwertungs-

(hut)-Locus in diesen Genomen untersucht, um REPINs zu identifizieren und zu gruppieren. 

Diese Analysen enth¿llten, dass HGT von RAYTs hªufiger vorkommt als angenommen. 

AuÇerdem konnte ich zeigen, dass RAYTs mit mehr als einer REPIN-Gruppe assoziiert sein 

kºnnen. In einigen Fªllen waren RAYTs, die in derselben genomischen Region lokalisiert sind, 

mit unterschiedlichen REPIN-Gruppen assoziiert, wªhrend RAYTs mit unterschiedlicher 

Lokalisation dieselbe REPIN-Gruppe teilten. Interessanterweise waren sechs REPIN-Stellen 

innerhalb des hut-Locus in den verschiedenen Stªmmen sehr konserviert, obwohl die 

spezifischen REPIN-Sequenzen variierten und abhªngig von der vorhandenen RAYT waren. 

In Kapitel 4 habe ich die funktionelle Bedeutung dieser REPINs im hut-Locus von P. 

fluorescens SBW25 untersucht. Zu diesem Zweck habe ich mehrere Deletionsmutanten 

konstruiert und ihr Wachstum und ihre relative Fitness analysiert. Zudem wurden Stªmme in 
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diesen Assays getestet, die keine RAYT mehr hatten. Insbesondere die Deletion des REPINs 

RH ï welches zwischen hutH2 und hutTh liegt ï resultierte in einem interessanten Phªnotyp: 

ȹRH zeigte eine verringerte relative Fitness verglichen mit dem Wildtyp zu Beginn der 

Konkurrenz, aber eine gesteigerte Fitness in spªteren Phasen. RT-qPCR-Analysen zeigten, 

dass das REPIN RH wahrscheinlich die Expression von hutH2 und hutTh herunterregelt, was 

wahrscheinlich die beobachteten Fitness-Dynamiken erklªrt. ¦berraschenderweise hatte die 

Deletion der RAYTs unter den getesteten Bedingungen keinen messbaren Effekt auf das 

Wachstum oder die Fitness. 

In Kapitel 5 f¿hrte ich ein Evolutionsexperiment durch, um die potenzielle regulatorische Rolle 

von hutD zu untersuchen, dessen Funktion innerhalb des hut-Locus unklar ist. Zwanzig ȹhutD-

Populationen wurden f¿r ~200 Generationen in Medium evolviert, in welchem die Deletion von 

hutD zu einem Fitnessnachteil f¿hrt. ¦ber die Zeit zeigten diese Populationen eine Steigerung 

der relativen Fitness. Die Sequenzierung des gesamten Genoms ergab, dass die meisten 

adaptiven Verªnderungen mit dem Verlust der Motilitªt oder der Biofilmbildung 

zusammenhingen, was eher auf eine Anpassung an die Wachstumsbedingungen als auf einen 

Ausgleich f¿r den Verlust von hutD hindeutet. Dies impliziert, dass die Funktion von hutD nicht 

einfach durch eine einzelne n¿tzliche Mutation ausgeglichen werden kann und dass mehrere 

komplexe Interaktionen involviert sein kºnnten. 

Zusammengenommen liefern diese Studien neue Erkenntnisse zu den evolutionªren 

Dynamiken und der funktionellen Bedeutung des REPIN-RAYT-Systems. Meine Ergebnisse 

demonstrieren, dass individuelle REPINs die Genexpression und die bakterielle Fitness 

modulieren kºnnen. Weitere Forschungsarbeiten sollten darauf abzielen, die evolutionªren 

Dynamiken des REPIN-RAYT-Systems auf breiterer Ebene zu klªren, die genauen 

molekularen Mechanismen aufzudecken, die der REPIN-vermittelten Regulierung zugrunde 

liegen, und die umfassendere funktionelle Rolle des hut-Locus und seiner regulatorischen 

Komponenten zu untersuchen. 
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Abstract 

 

Mobile genetic elements (MGEs) such as insertion sequences (IS) and miniature inverted-

repeat transposable elements (MITEs) can profoundly impact bacterial genomes, shaping their 

evolution and influencing bacterial fitness. However, most MGEs do not persist long-term in 

bacterial genomes and either degenerate over time or, in some cases, become domesticated 

by the host. Nonetheless, they may persist in different lineages through horizontal gene 

transfer (HGT). The REPIN-RAYT system is widespread in bacterial genomes and differs from 

other MGEs in several ways. It comprises repetitive extragenic palindromic doublets forming 

hairpins (REPINs) and REP-associated tyrosine transposases (RAYTs). REPINs typically 

consist of two inverted repeat sequences separated by a spacer and form characteristic hairpin 

structures in single-stranded DNA or RNA. For the REPINs, various functions have already 

been described, particularly in Escherichia coli. RAYTs, in turn, rarely disseminate REPINs 

throughout the genome and resemble housekeeping genes more than typical transposases. 

In contrast to most MGEs, the REPIN-RAYT system persists within lineages over long 

evolutionary timescales, and HGT is considered very rare. It is hypothesized that the REPIN-

RAYT system provides a fitness benefit to the host, but the mechanisms underlying this remain 

poorly understood. 

In Chapter 3, I investigate the evolutionary dynamics of the REPIN-RAYT system using 

computational analyses of the RAYT phylogeny in Pseudomonas fluorescens SBW25 and 24 

additional Pseudomonas strains. Additionally, I examined the histidine utilization (hut) locus in 

these genomes to identify and group REPINs. These analyses revealed that HGT of RAYTs is 

more frequent than previously assumed. Moreover, I found that RAYTs can be associated with 

more than one REPIN group. In some cases, RAYTs located in the same genomic region were 

associated with different REPIN groups, while RAYTs from distinct loci shared the same REPIN 

group. Interestingly, six REPIN sites were highly conserved across strains inside the hut locus, 

although the specific REPIN sequences varied depending on the RAYT present. 

In Chapter 4, I investigated the functional significance of these REPINs in the hut locus of P. 

fluorescens SBW25. To this end, I constructed several deletion mutants and analyzed their 

growth and relative fitness. Additionally, strains missing the RAYTs were tested in these assays 

as well. Notably, deletion of REPIN RH, located between hutH2 and hutTh, resulted in a 

complex phenotype: ȹRH displayed decreased relative fitness compared to the wild type early 

in competition, but increased fitness at later stages. RT-qPCR (quantitative reverse 

transcription polymerase chain reaction) analysis showed that REPIN RH likely downregulates 

the expression of hutH2 and hutTh, likely explaining the observed fitness dynamics. 
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Surprisingly, deletion of the RAYTs had no detectable effect on growth or fitness under the 

tested conditions. 

In chapter 5, I conducted an evolution experiment to explore the potential regulatory role of 

hutD, a gene of unclear function within the hut locus. Twenty ȹhutD populations were evolved 

for ~200 generations in medium where hutD deletion causes a fitness disadvantage. Over 

time, these populations showed an increase in relative fitness. Whole-genome sequencing 

revealed that most adaptive changes were related to loss of motility or biofilm formation, 

suggesting adaptation to growth conditions rather than compensation for the loss of hutD. This 

implies that hutDôs function cannot easily be bypassed by single beneficial mutations and may 

involve more complex interactions. 

Together, these studies provide new insights into the evolutionary dynamics and functional 

relevance of the REPIN-RAYT system. My findings demonstrate that individual REPINs can 

modulate gene expression and bacterial fitness. Further research should aim to elucidate the 

evolutionary dynamics of the REPIN-RAYT system on a broader scale, uncover the precise 

molecular mechanisms underlying REPIN-mediated regulation, and explore the wider 

functional role of the hut locus and its regulatory components. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



ΝΟ 
 

Chapter 1: Introduction 

 

1.1 Mobile genetic elements 

Bacterial mobile genetic elements (MGEs) are a very broad term for different types of 

sequences that can jump within bacterial genomes but also horizontally between genomes [1]. 

These include, for example, prophages, plasmids, transposons, and insertion sequence (IS) 

elements [1]. MGEs are part of almost every bacterium and can make up a considerable part 

of the entire genome [2]. Prophages alone can make up 13.5 % of the genome of E. coli [3]. 

The MGEs can be divided into many different categories and subcategories, depending on the 

properties of the MGEs. Properties that characterize MGEs can be, for example, the size of 

the sequences that are mobilized. So-called megaplasmids, for example, can be several 

hundred thousand base pairs in size [4]. Integrative and conjugative elements (ICEs) can also 

be larger than 500 kilobase pairs (kbp) [5]. In contrast, miniature inverted-repeat transposable 

elements (MITEs) are often only a few hundred base pairs in size [6, 7].  

A further distinction between MGEs can be made with regard to their ability to move 

independently. The term "autonomous MGEs" refers to the subset of MGEs that carry the 

genes necessary for mobilization, whereas "non-autonomous MGEs" are those that do not 

carry these genes [2]. Non-autonomous MGEs are moved by autonomous MGEs [2]. Non-

autonomous MGEs mainly include the MITEs [2]. MITEs have many structural similarities with 

the autonomous IS elements, but they lack a transposase gene [8]. MITEs or other non-

autonomous MGEs can therefore only be mobilized intracellularly by other functional 

transposases [8]. In the following, the autonomous IS elements and the non-autonomous 

MITEs are discussed in more detail. 

1.1.1 IS elements  

IS elements are the most frequent transposable elements (TEs) in prokaryotes and are found 

in most bacterial genomes [9, 10]. This may be due to their size, as they are the smallest 

autonomous TEs [9]. They usually only have a size of ~0.7 to ~2.5 kbp (kilobase pairs) [10]. 

Their size also has to do with the fact that IS elements in many cases only encode for the 

information for their mobility [11]. Often, only one gene, e.g. tnpA, is required for mobility, but 

in some cases, there are also other genes that are important for mobility whose exact function 

is often unclear [12]. Nonetheless, numerous exceptions have been documented. In these 

cases, the IS element carries additional genes or non-coding DNA in addition to the 

transposase and genes that are critical for mobility [12]. The exact function of these passenger 

genes is not always clear, but they may contain transcription regulators or antibiotic resistance 

genes [12].  
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The IS elements often consist of only one transposase and, in most cases, of short terminal 

inverted repeat sequences (IR) [11]. The IRs on both sides of the transposase are important 

for recognizing and cutting the element [11]. The transposases can be very different and are 

very diverse within the IS elements [12]. The transposase differences, therefore, also represent 

a way of categorizing the IS elements into groups [12]. For example, the transposition 

mechanism can be different between the IS elements [12]. In most cases, a distinction is then 

made between IS elements that have a copy-paste or a cut-and-paste mechanism [12]. As the 

name suggests, the copy-and-paste mechanism copies the IS element and then inserts it at a 

different location. In contrast, the cut-and-paste mechanism cuts out the IS element and then 

inserts it at a new position. When inserting, most IS elements generate direct target repeats 

(DRs) that flank the IS element [11]. These DRs are created by the transposase cutting the 

target DNA and making offset cuts, which are then filled by repair mechanisms [11]. The length 

of the DRs is between 2-14 bp (base pairs) and is characteristic of the respective IS element 

[11].  

The transposition of IS elements requires DNA cleavage at the ends of the IS elements and a 

strand transfer, whereby the IS element is inserted into a target piece of DNA [12]. In general, 

many transposases of the IS elements (Tpases) generate multimeric forms in order to be active 

[11]. Also, the DNA-sequence-specific binding activity is generally located in the N-terminal 

region of the transposase while the catalytic center of the protein is located near the C-terminal 

end [11]. The IS elements can be divided into different types, depending on the chemistry 

according to which their transposases catalyze [12]. Prominent among these are the DDE, 

DEDD, HUH and Ser transposases [12].  

1.1.1.1 DDE, DEDD, Serine, and HUH transposases 

The DDE transposases are named after the conserved active site amino acid triad Asp, Asp, 

and Glu [12]. The DDE transposases are similar to RNaseH enzymes (possess RNaseH fold) 

and the conserved amino acid triad coordinates Mg2+ ions required to activate DNA cleavage 

[12]. The transposases of this group use H2O for initial cleavage and 3'OH for strand transfer 

[12]. The DDE group is very large, and there are also many IS elements that differ in their 

motifs and transposition mechanisms within this group [12].  

DEDD transposases are also named according to the scheme, based on the conserved amino 

acids Asp, Glu, Asp, and Asp [12]. They bear the DEDD motif, which is known from the Holliday 

Junction resolvase enzyme RuvC [12]. Like the DDE transposase, they also have an RNaseH 

fold [12]. The transposition mechanism could occur via Holliday junction intermediates, but the 

exact mechanism is not known because, among other things, in vitro characterization is difficult 

[12].  
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Serine transposases are similar to serine site-specific recombinases that utilize serines as 

nucleophiles for cleaving DNA strands [12]. Little is known about the transposition mechanism, 

but these transposases may utilize circular intermediates [12].  

The HUH transposases are named after their HUH motif [12]. This consists of two histidine 

residues that are separated by a hydrophobic residue [12]. Together with a third residue, the 

two histidine residues coordinate a divalent metal ion factor that is required for catalysis [12]. 

The transposases also possess one or two tyrosine residues, which act as nucleophiles and 

form an enzyme-DNA transposition intermediate [12]. The IS element families that possess a 

HUH transposase include two large groups, the IS91/ISCR family and the IS200/IS605 family 

[12].  

1.1.1.2 IS200/IS605 elements 

The family of IS200/IS605 elements is widespread, with many members of this family in dozens 

of bacterial and archaeal species [13]. The IS200/IS605 elements have a transposase with a 

tyrosine residue and are among the smallest identified transposases with approximately 150 

amino acids [12]. The IS200/IS605 family also differs from other classic IS elements in terms 

of its organization [13]. For example, the IS200/IS605 elements carry subterminal palindromic 

sequences instead of the inverted repeats found in other IS elements [13]. In contrast to the 

DDE transposases, the IS200/IS605 transposases catalyze a single-strand transposition [12]. 

These transposases work as dimers, with one of the enzymes providing the HUH motif, while 

the other monomer provides the tyrosine residue [12]. The transposase recognizes a hairpin 

structure present in ssDNA in IS200/605 elements and cuts in the vicinity of these elements. 

[12]. Only one strand of DNA is cut, which is why it is also referred to as the peel-and-paste 

mechanism [12]. The transposases cut the target DNA in the vicinity of recognized hairpins, 

and the circular ssDNA intermediate can be inserted [12].  

The family of IS200/IS605 elements can, in turn, be divided into subgroups. The subgroup of 

IS200 elements occurs in gram-positive, gram-negative, and in some archaea [13]. These 

elements are particularly small (approx. 700 bp), as they also only code for one protein, TnpA 

[13, 14]. These IS elements are represented in relatively large copy numbers (e.g. > 50 copies 

of IS1541 in Yersinia pestis) and, interestingly, transposition occurs only very rarely [13, 14]. 

Through a series of mechanisms, these IS elements ensure self-limitation of their transposition 

[14].  

1.1.2 MITEs  

As previously described, MITEs have structural similarities to IS elements but no transposase 

gene [8]. Like IS elements, MITEs also have two defined ends, left end (LE) and right end (RE) 

[12]. These ends can resemble different IS families, such as the IS200/IS605 elements [12]. 
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The sequence length between the two defined ends can vary, but overall, the MITEs are 

usually very small (< 300 bp) [12]. It is very likely that MITEs have emerged or have often 

emerged from the deletion of a transposase from an IS element [12]. Due to the absence of 

transposase, MITEs are non-autonomous MGE [12]. This means that they are dependent for 

a transposition on the function of a transposase that originates from an IS element that is 

related to the particular MITE [2, 12].  

1.2 Horizontal gene transfer 

A classification of MGEs can be to distinguish whether the MGEs move intercellularly or 

intracellularly. However, even this distinction is not entirely clear-cut, as many MGEs have the 

capacity to move both intercellularly and intracellularly [5]. TEs, which also include IS elements 

and MITEs, for example, can jump back and forth within a genome or duplicate themselves [5] 

[15]. However, they can also be located on plasmids, phages, or ICEs, which are then passed 

on intercellularly by HGT [15, 16]. HGT between bacteria can be realized via different 

mechanisms [16]. These include transformation, transduction, conjugation, and non-canonical 

ways [16] [5, 17].  

1.2.1 Transformation  

During transformation, foreign DNA is taken up and incorporated into the bacterial 

chromosomal DNA by homologous recombination [18]. Only a few dozen species prove to be 

naturally competent in the laboratory, but natural competence could be more widespread in 

the natural environment of bacteria [17]. The regulation of competence is also regulated very 

differently in the various bacteria [18].  

1.2.2 Transduction  

In transduction, DNA from one bacterium is transferred to another bacterium by phages [19]. 

Phages infect bacterial cells and replicate within the cells [19]. In most cases, the viral genome 

is packed into the phage envelope [19]. However, in about 1 % of cases, the DNA of the host 

bacterium may be packaged in the phage envelope [19]. If this is the case, such a particle can 

pass on the DNA of the host to other bacterial cells after release [19]. It is also interesting to 

note that the range of bacterial cells to which the DNA can be passed on is larger than the 

original host range of the phage particle [19].  

1.2.3 Conjugation  

While transformation and transduction are processes in which the transfer of genetic material 

occurs rather randomly, conjugation is a targeted process for the transfer of DNA [20]. In 

conjugation, genetic material is passed from a donor cell to a recipient cell through a complex 

process [21]. One of the most complex conjugation processes is the transfer of self-
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transmissible plasmids in gram-negative bacteria [20]. The donor cell of the type IV secretion 

system builds a pilus that can attach to other cells [21]. Both cells come into close contact with 

each other and DNA can be transferred with the help of various proteins [16]. In many 

conjugative systems, the DNA is transferred in single-stranded form and completed again to 

form double-stranded DNA after transfer has taken place [16, 22]. The genes for the 

conjugation process are located on the plasmids themselves, which are conjugated or also on 

ICEs [21, 22]. During conjugation, however, DNA can not only be passed on between bacteria, 

but bacteria can also pass on DNA to eukaryotic cells such as fungi or plants [22]. However, 

not only can the relevant plasmids or ICEs be passed on via conjugation, but also other DNA 

and even some proteins of the donor cell [20].  

1.2.4 Non-canonical HGT  

A relatively newly discovered pathway of HGT is described as non-canonical, as it cannot be 

classified in the other three previously described mechanisms [17]. Strictly speaking, this fourth 

mechanism is not one mechanism or process but several different ones that are summarized 

under this term as non-canonical ways [17]. DNA is transferred by membrane vesicles, 

nanotubes or phage-like gene transfer agents (GTAs) [17]. The following is a brief closer look 

at some of these non-canonical ways of HGT.  

1.2.4.1 Tubular conduits 

Tubular conduits are known to transmit information in many eukaryotic cells [23]. However, 

there is also an analogous transfer of intracellular content in bacteria [23]. Nanotubular 

channels are formed between neighboring cells through which material, including DNA, can 

be transferred [23].  

1.2.4.2 Membrane vesicles 

Another non-canonical mechanism to transfer DNA is via membrane vesicles [24]. In this 

mechanism, gram-negative bacteria produce extracellular outer membrane vesicles which, like 

the membrane itself, also contain lipopolysaccharides, outer membrane proteins, and 

phospholipids [24]. The vesicles contain a wide variety of cellular products, such as signaling 

molecules and toxins against other bacteria, but also DNA [24, 25]. The vesicles fuse with the 

membrane of other cells, and the DNA is then released into the other cell [25]. Another 

interesting aspect of this form of DNA transfer is that the DNA in the vesicles is well protected 

against environmental factors [24].  

1.2.4.3 Gene transfer agents 

Not entirely dissimilar to transfer via membrane vesicles is the transfer of DNA via gene transfer 

agents (GTAs). In this type of HGT, bacteria produce phage-like particles that contain host cell 

DNA and can transfer it to other cells [26]. The structure in which the DNA is packaged and 
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transferred, as well as some of the genes responsible for this process, are very similar to the 

structures and genes of phages [26, 27]. However, there are also differences to phages and 

transduction. DNA of the host is randomly packed into the phage-like particles [26]. However, 

a maximum of up to 14 kbp of DNA is packaged, which in most cases is even less than the 

genes responsible for GTA structure production would need [26]. It has been shown that in at 

least one case, the donation of DNA via this specific pathway, as well as its subsequent 

preservation, is subject to regulation [26]. Overall, HGT via GTAs probably plays a subordinate 

role compared to transformation, conjugation, and transduction, since HGT via GTAs has been 

detected in comparatively few bacteria [26].  

1.2.5 Consequences of transposition and HGT  

As already discussed, there are various MGEs that can move autonomously or non-

autonomously within the genome or between genomes. The consequences of this mobility can 

be just as diverse for the host. In the following, some of these consequences of the mobility of 

MGEs for the host or the environment will be discussed in more detail.  

Bacteria must adapt to their environment in order not to go extinct. Adaptations can occur 

through natural selection of genotypes that deviate from their ancestors through random 

mutations. The mutations can be deleterious, neutral or beneficial for the bacterium. The 

mutations can therefore have a negative, neutral or positive effect on the fitness of the bacteria.  

1.2.5.1 Effects of IS elements and MITE transposition 

As already described, IS elements move within a genome. It is believed that many or most of 

the transpositions have a negative effect on fitness [10]. However, such a reduction in fitness 

through transposition not only has negative effects on the host, i.e., on the bacterium, but also 

on the IS elements themselves, because a reduced fitness of the host makes the transmission 

of the IS element less likely [10]. For this reason, transposition is often strongly regulated by 

the IS elements as well as by the host [10]. IS elements can also cause beneficial mutations 

[10]. Through transposition, an IS element can, for example, destroy or alter a gene or its 

regulation [28]. Under certain circumstances, this can be advantageous for the bacterium. On 

the other hand, IS elements can also activate genes if they are inserted upstream of them [12]. 

This can be achieved by the fact that the IS elements can contain parts of promoters at their 

end, which can then be used to activate genes [12]. These described mutations triggered by 

IS elements occur by transposition. However, IS elements can also influence genome evolution 

and thus bacterial fitness through other mechanisms. This is mainly due to the fact that the IS 

elements can be parts of other MGEs, for example, of plasmids, and can then also be 

transferred to other genomes [9]. The transferred IS elements can also contain accessory 

genes, which can have a wide variety of functions [9]. Thus, the IS elements together with 
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other elements can have a considerable influence on virulence, antibiotic resistance or new 

metabolic capabilities through HGT but also through transpositions [9]. Because of their effects 

on genomes, IS elements are also considered key determinants of genome plasticity [9].  

The MITEs that are distributed non-autonomously can also have a major impact on the 

genomes of bacteria despite the lack of transposase [7]. These sequences can represent 

binding sites for proteins or regulate the mRNA of neighboring genes through their secondary 

structure at the RNA level [7]. The MITEs can even contribute to the creation of new proteins 

with other fused peptide components [7].  

1.3 Domestication of MGEs 

The IS elements, the MITEs but also all the other MGEs contribute massively to the genome 

plasticity of bacteria and their influence on the evolution of these can hardly be overestimated. 

According to Laura S. Frost, they are the "agents of open source evolution" [16]. An interesting 

aspect of the influence of MGEs on the evolution of genomes is their domestication [12]. 

Domestication happens if the host makes use of a specific function of an element [12]. It occurs 

much less frequently in prokaryotes than in eukaryotes [12]. As already described, a very 

frequent transposition of IS elements, but also of other MGEs in general, can have detrimental 

consequences for the host due to the potential destruction of genomic structures. The selection 

counteracts this by, for example, lowering the transposition frequency or also by expanding the 

functions of the MGEs that are beneficial for the host [10, 29]. This can lead to the host 

bacterium domesticating the MGE, resulting in co-evolution between the host and the MGE 

[29]. One example in which the host can benefit from functions possessed by the MGE is part 

of the conjugation process [29]. The conjugative pili possessed by ICEs or plasmids can 

support the formation of biofilms or can also be used to secrete virulence factors [29].  

Such domestications are mainly described for large MGEs such as plasmids, ICEs or 

prophages, but much less so for small elements [29]. However, there are also examples of the 

domestication of elements that are very small and also show great similarities to the 

IS200/IS605 elements already described [12]. These are, for example, the group I introns or 

IStrons that are found in some bacteria but will not be discussed further here [12]. Another 

system that is at least in parts considered as domesticated is the widely distributed REPIN-

RAYT system [12]. The following section describes in more detail how the REPIN-RAYT 

system is structured, how it potentially works, how it differs from other MGEs, and open 

questions about it.  
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1.4 The REPIN-RAYT system 

1.4.1 REPINs  

The REPIN-RAYT system consists of the small non-autonomous repetitive extragenic 

palindromic doublets forming hairpins (REPINs) and a transposase, the REP-associated 

tyrosine transposase (RAYT) [30]. First, the REPINs will be discussed in more detail: The 

REPINs consist of two repetitive extragenic palindromic (REP) sequences in inverted 

orientation (Fig. 1) [30]. A REP is approximately 20 bp in size and both REPs in a REPIN are 

separated by a variable spacer sequence [30]. The REPs are characterized by a short (~ 14 

bp) palindromic core [31]. The REPs are reminiscent of the sequences at the ends of 

IS200/IS605 elements [12]. A REPIN with both REPs and the spacer sequence is about 100 

bp in total [30]. However, the REPs can also occur on their own, i.e., outside a REPIN, but are 

then regarded as remnants of these [30]. It is interesting to note that the REPs within the 

REPINs are highly conserved, while the spacers are not or only weakly conserved [30]. 

REPINs are widely distributed in bacterial genomes and are present in about 10 % of bacteria, 

whereas they have not yet been identified in archaea [32]. Hundreds of REPINs can occur in 

the genome [31, 33]. The REPINs are distributed in the genome, but also occur in a structure 

called the REPtron around the transposase, the RAYT (more information in chapter 3) [34]. 

These structures are, in many regards, similar to IS elements from the IS200/IS605 family, 

which is one of the reasons why it is assumed that the REPIN-RAYT system and the 

IS200/IS605 elements have a common evolutionary origin [32].  

Historically, REPINs have not been considered as a unit for a long time, but REPs have been 

considered individually or in structures consisting of several REPs called bacterial interspersed 

mosaic elements (BIMEs) [35]. REPs were first described in 1982 as gene expression 

regulatory elements in E. coli and S. typhimurium [33]. Since then, more and more functions 

of REPINs have been described that mainly concern the expression of neighboring genes 

through transcription and translation regulation [36-41]. However, it has also been described 

that REPs can bind to various enzymes related to DNA architecture, such as gyrase (DNA 

topoisomerase), DNA polymerase I, and integration host factor (IHF) [42-44]. REPINs are also 

a preferred target site for IS elements [45]. However, they can also influence the organization 

of the genome by serving as recombination hot spots [46]. Many of their described functions 

are mainly related to the hairpin structures that the REPs can form individually, but also 

REPINs in larger forms, in ssDNA or RNA [31-33].  
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Figure 1: Structure of REPINs. A: REPINs consist of two conserved REPs and a less conserved 

spacer sequence between them. B: The alignment of some REPINs from the same population of P. 

fluorescens SBW25 shows the sequence of the REPs that consists of the core of its imperfect 

palindromic sequence, and both REPs are in inverted orientation to each other. The top sequence is the 

consensus sequence. The bar below shows how closely the REPINs match at the individual positions 

(green means 100 %). The REP sequences are conserved. The spacer sequence in the middle is not 

strongly preserved (created with Geneious Prime). C: The REPIN sequence shown forms a stable 

hairpin structure in ssDNA but also in RNA. The color of the individual bases indicates the base pair 

probability. The higher the base pairing probability, the closer the value is to 1, and the closer to the color 

red the base in question appears (RNAfold WebServer) [47].  

1.4.2 RAYTs  

The REPINs are one part of the REPIN-RAYT system. The other part is the RAYTs. RAYTs are 

transposases with a conserved HUH motif and a tyrosine in the catalytic center as in IS200 

elements [48, 49]. RAYTs are also very similar to IS elements in their other enzymatic 

functionalities.  This is discussed in more detail in chapter 3 of this thesis. RAYTs duplicate the 

REPINs but cannot transpose themselves [32, 34, 50]. This is a fundamental difference from 

the transposases in IS elements. RAYTs differ significantly from IS elements in other respects 

as well [51]. It has been described that RAYTs are present as single-copy genes, and if several 

RAYTs occur per genome, they differ clearly from each other in their sequence [51]. Another 

aspect is that RAYTs, in contrast to IS elements, almost never occur on plasmids, and it is 

therefore currently assumed that RAYTs are mainly inherited vertically [51]. Overall, the RAYTs 

have much more in common with other housekeeping genes than with other IS elements [51]. 

Therefore, RAYTs are considered domesticated transposons [34, 51, 52].  

As already mentioned, RAYTs are responsible for the duplication of REPINs [32, 34, 50]. This 

is also shown by the fact that the number of REPINs in genomes decreases when the RAYT 
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has disappeared from them [32]. However, not every RAYT is associated with REPINs [51]. 

There are a total of five RAYT groups and actually a sixth group, but this belongs more to the 

IS200 elements than to the other five RAYT groups (Fig. 2) [51]. It should also be noted that 

only group 2 and group 3 RAYTs are associated with REPINs [51]. Group 1 RAYTs are the 

most widespread and occur in 21 different bacterial classes and 150 different species, also in 

Pseudomonas and Clostridia [51]. Groups 4 and 5 are significantly less common compared to 

group 1 [51]. Group 4 is frequently found in Cyanobacteria, Chlorobia and Caldilineae [51]. 

Group 5 occurs in Pseudomonas [51]. Groups 2 and 3 are of particular interest as they are 

associated with REPINs, as already mentioned  [51]. Group 2 is particularly well studied and 

is found in Enterobacteriaceae, including E. coli [51]. Group 3 RAYTs are found in 

Pseudomonas species, such as P. fluorescens [51]. Group 2 and 3 RAYTs are similar to each 

other in many properties, and also in their sequence, they show the most significant similarities 

to each other among the RAYT groups [51]. This indicates a common evolutionary origin and, 

since the RAYTs are mainly found in Pseudomonas and Enterobacteria, a possible spread 

from these bacteria to other bacteria and the associated emergence of the other RAYT groups 

[51].  

 

Figure 2: RAYT and IS200 groups in comparison. A: Phylogenetic tree of the proteins of three random 

representatives of each IS200 and RAYT group (for technical reasons, without IS200 group 6). The 

representatives of the RAYTs are found in one clade and the representatives of the IS200 elements in 

another clade. Exceptions are the representatives of the RAYT group 6, which is within the clade of 

other IS200 elements. Green bars indicate low duplication rates (<5 %), and red bars indicate high 

duplication rates and high presence on plasmids (>17 %). RAYT group 1 has a red and a green bar 

because these RAYTs have the highest duplication rate (6.2 %) within the RAYT family. B: Protein 

similarity network for 30 random representatives from the six RAYT and six IS200 groups. Here, too, 

group 6 of the RAYTs lies within the IS200 elements. This figure (A and B) is from Bertels et al. 2017 

[51].  
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1.4.3 Persistence of the REPIN-RAYT system 

However, the evolution of the REPIN-RAYT system still presents scientists with major puzzles 

that also fundamentally distinguish the REPIN-RAYT system from other MGEs.  It is assumed 

that the REPINs are only very rarely disseminated by the RAYTs [53]. Thus, the duplication 

rate of REPINs is a thousand times lower than that of other MGEs [32]. For example, MITEs 

are duplicated every 100,000 host cell generations, but REPINs only every 100,000,000 host 

cell generations [32, 53]. However, there are further differences between the REPIN-RAYT 

system and structurally similar MGEs. MITEs evolved many times, whereas all REPINs 

probably have a common evolutionary origin  [32, 51]. This also has to do with the fact that the 

REPIN-RAYT system remains in single lineages for millions of years, while other MGEs in 

single lineages always die out [32]. This has to do with the fact that prokaryotic genomes are 

very densely packed with genes and other regulatory elements [54, 55]. The transposition of 

MGEs is therefore associated with costs that ultimately lead to the extinction of the element 

because the lineage no longer exists or because the MGE is domesticated to such an extent 

that, strictly speaking, it can no longer be considered as an MGE [32]. MITEs, for example, die 

out because they parasitize a transposase, which eventually disappears as a result [32]. When 

the parasitized transposase has disappeared, the MITEs also gradually disappear [32]. 

REPINs, however, cannot parasitize RAYTs, for the very reason that RAYTs do not carry out 

their own transposition [32].  

There are only two options for MGEs to escape extinction. These are either that they offer the 

host an advantage and are domesticated or HGT events, so that the elements can jump into 

other genomes before they die out [32]. The REPIN-RAYT system is thought to remain in single 

lineages for millions of years and there is further evidence to suggest that there is no relevant 

frequency of HGT events [51]. These include the fact that RAYTs are not found on plasmids, 

in contrast to, for example, IS elements [51]. The phylogeny of the RAYTs also corresponds to 

that of the genomes in previous studies, which indicates vertical inheritance [51].  

So if the REPIN-RAYT system does not propagate through HGT events and remains in single 

lineages for very long periods of time, the REPIN-RAYT system must offer advantages for the 

host [56]. To explain this possible advantage, theoretical studies were carried out which 

showed that a discounting benefit could be responsible for the retention of a stable population 

of REPINs in the genome [56]. This means that REPINs offer an advantage for the host, which 

decreases by 1 % - 5 % with each additional REPIN [56].  Many different functions have already 

been found for the REPINs that could offer potential advantages for the host [31-33, 42-46].  

However, RAYTs must also offer a benefit in order to explain the persistence in bacterial 

genomes [32]. The only known function of RAYTs is that they can bind and cut REPINs [48, 

50]. To explain the persistence of RAYTs, the current state of knowledge is that it is not enough 
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for them to spread the REPINs [32]. This happens far too rarely for the RAYTs to offer an 

advantage that would explain their existence [32]. The advantage offered by the RAYTs should 

even result from the interaction of REPINs and RAYTs [32]. The RAYTs would otherwise lose 

the ability to spread REPINs, and REPINs would then disappear from the genome as a 

consequence [32]. However, it is not known what the advantage of the REPIN-RAYT system 

is.  

1.5 P. fluorescens SBW25 and the hut locus as model systems 

P. fluorescens SBW25 was used in this thesis to investigate the REPIN-RAYT system. P. 

fluorescens SBW25 is a gram-negative bacterium that was first isolated from a leaf of a sugar 

beet plant in Oxfordshire, UK, in 1989 [57]. Since then, P. fluorescens SBW25 has been 

established as a model organism. The strain has been used for important studies of adaptive 

radiation, plant-bacteria interactions, and evolutionary biology [54, 58-64]. P. fluorescens 

SBW25 was also used to study the REPIN-RAYT system [30-32, 51, 53]. We therefore know 

from previous studies that there are three RAYTs from group 3 in P. fluorescens SBW25 that 

are associated with REPINs [30, 31, 34, 51]. The hut locus in P. fluorescens SBW25 and 

related strains is also specifically investigated in this work. This locus is particularly suitable for 

the investigation of REPINs, as REPINs are present in the hut operons, which is not very 

common for other operons. In addition, phenotypic changes can be triggered relatively easily 

by changes in the hut locus and the medium in which P. fluorescens SBW25 grows [65, 66]. In 

addition, the hut locus in P. fluorescens has already been studied and much is known about 

the regulation and genes of the hut locus, although by no means everything [65-71]. In addition, 

the hut locus is very widespread and highly conserved [72]. This makes it easier to carry out 

evolutionary studies. 

1.6 Aim of this work 

The REPIN-RAYT system is widespread in bacteria and REPINs are among the most common 

MGEs of all [31-33]. However, much is still unclear. The overall aim of this thesis is to better 

understand the REPIN-RAYT system and its persistence in bacterial genomes, as well as to 

investigate the hut locus, where REPINs frequently occur. 

To address this, the thesis is divided into three subprojects, each with a specific aim. 

The aim of Chapter 3 is to investigate the evolutionary dynamics of the REPIN-RAYT system 

in P. fluorescens SBW25 and 24 additional Pseudomonas strains. This includes the aim of 

critically revisiting previous assumptions about the systemôs evolution. 

The aim of Chapter 4 is to determine whether the REPIN-RAYT system exerts regulatory 

functions at the hut locus. To achieve this, one aim was to construct REPIN deletion mutants 
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successfully. Furthermore, the aim was to investigate the effects of REPIN and RAYT deletions 

on gene expression, and to understand the basis for the observed phenotypic changes. 

The aim of Chapter 5 is to clarify the function of the hutD gene. This was approached by 

performing an evolution experiment with ȹhutD populations, with the aim of identifying 

compensatory mutations and inferring the role of hutD based on adaptive changes. 
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Chapter 2: Material and Methods 

2.1 General Methods 

2.1.1 Bacterial strains   

P. fluorescens SBW25 wild type was used as the parental strain to generate all mutants. 

Furthermore, E. coli strains TOP10, S17-1 lambda pir, and DH5Ŭ were used for the 

construction of mutants. Table 1 contains the bacterial strains used in this study. Not listed 

separately are the strains that contained GFP or mScarlet and were produced for the wild type 

of P. fluorescens SBW25, as well as for all deletion mutants. 

Tab. 1: All bacterial strains used in this work 

Bacterial strain  Information Reference  

P. fluorescens SBW25:   

wild type  wild type, isolated from a 

sugar beet plant in the 

UK 

[73] 

ȹhutD  deletion of hutD  constructed in this study 

with  information from 

strain PBR806 [65]  

ȹRD deletion of the REPIN 

downstream of hutD  

constructed in this study 

ȹRH deletion of the REPIN 

downstream of hutH  

constructed in this study 

 

ȹRF deletion of the REPIN 

downstream of hutF 

constructed in this study 

ȹRG deletion of the REPIN 

downstream of hutG  

constructed in this study 

ȹRU deletion of the REPIN 

downstream of hutU  

constructed in this study 

ȹRV deletion of the REPIN 

downstream of hutV  

constructed in this study 

ȹRhut deletion of all REPINs 

inside the hut locus   

constructed in this study 

ȹRAYT3939 deletion of the RAYT 

PFLU_3939 

constructed by Frederic 

Bertels (unpublished)  
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ȹRAYT deletion of the three 

RAYTs: PFLU_3939, 

PFLU_4255, and 

PFLU_2165 

constructed by Frederic 

Bertels (unpublished)  

Escherichia coli strains:    

TOP10  chemically competent  Invitrogen 

S17-1 lambda pir  Contains GFP and 

mScarlet  

Addgene, [74] 

DH5Ŭ contains helper plasmid 

pRK2013 

[75] 

 

2.1.2 Plasmids  

The plasmid pUIsacB was used for the construction of the different bacterial deletion strains in 

P. fluorescens SBW25 (see Material and Methods chapter 4 and 5). 

The plasmids pMRE-Tn7-145 (mScarlet-I) and pMRE-Tn7-152 (sGFP2) were gifts from Mitja 

Remus-Emsermann [76] and were purchased from Addgene. The kanamycin resistance gene 

was swapped with a gentamycin resistance gene in plasmid pMRE-Tn7-152 by David Rogers. 

The plasmids pMRE-Tn7-145 (mScarlet-I) and modified pMRE-Tn7-152 (sGFP2) were used 

to introduce the genes encoding for mScarlet-I and sGFP2 in various P. fluorescens SBW25 

strains.  

Tab. 2: Plasmids used in this work  

Plasmid  Information Reference  

pUIsacB plasmid pBR322, msfGFP, tetA, sacB, 

oriT  

Rainey lab, 

unpublished 

pRK2013 Helper plasmid for tri-parental 

conjugation; tra, mob, KanR  

[77] 

pMRE-Tn7-145 (mScarlet) plasmid pMRE-pSC101ori-oriT- 

Tn7-AraC-Pbad-tnsABCD-PntpII- 

mScarlet-I, GmR 

gift from Mitja 

Remus-

Emsermann [76] 

and purchased 

from Addgene 

pMRE-Tn7-152 (GFP) plasmid pMRE-pSC101ori-oriT- 

Tn7-AraC-Pbad-tnsABCD-PntpII- 

sGFP2, KanR 

gift from Mitja 

Remus-

Emsermann [76] 
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and purchased 

from Addgene 

 

2.1.3 Media and growth conditions  

If not differently stated all P. fluorescens strains were grown at 28 ÁC and all Escherichia coli 

strains were grown at 37 ÁC. Pseudomonas and Escherichia strains were cultivated in 6 mL 

Lysogeny Broth (LB) medium [78] (Sigma-Aldrich) inside glass vials (30 mL volume) 

(Macherey-Nagel) with a loosened lid for 24 hours. To prepare the LB medium, 25 g of the 

powder (composition: 10 g tryptone, 5 g yeast extract, and 10 g NaCl) was dissolved in 1 L 

MilliQ water (Merck) and then autoclaved (autoclave Zirbus technology). MilliQ water was used 

for various media and buffers. This is ultrapure water that has been run through a MilliQ filter 

system (Merck). Pseudomonas cultures were shaken at 220 rpm and Escherichia cultures 

were shaken at 230 rpm inside the shaking incubator (New Brunswick Innova 44) for 24 h. 1.5 

% agar (VWR chemicals) was added to the LB medium when Pseudomonas and Escherichia 

strains were grown on solid medium. Super Optimal broth with Catabolite repression (SOC) 

[79] was used after transformation of E. coli TOP10 for incubation for 1 h.  

Tab. 3: Components for 1 L SOC 

Component Amount  

Tryptone (Fisher Scientific)  20 g 

Yeast extract (Fisher Scientific)  5 g  

NaCl (Sigma-Aldrich) (10 mM) 58 g  

KCl (2.5 mM) (Roth)  0.19 g  

MilliQ water  Until the final volume  

 

Two-thirds of 24h-cultures of bacterial strains were mixed with one-third of glycerol saline 

inside a cryotube and stored at -80 ÁC for long-term storage of bacterial strains.  

Tab. 4: Components for 1 L glycerol saline  

Component Amount  

NaCl (Sigma-Aldrich) 8.5 g 

Glycerol (Sigma-Aldrich) 700 mL  

MilliQ water  Until the final volume  

 

Antibiotics were filter-sterilized (cytiva Whatman sterile filter 0.4 ÕM and syringe Terumo 50 

mL) and dissolved in MilliQ water with the exception of nitrofurantoin, which was dissolved in 
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DMSO (Roth), and Tetracycline (Sigma-Aldrich which was dissolved in 50 % ethanol. Table 5 

lists all used antibiotics and their concentrations. 

 

Tab. 5: Antibiotics and their concentrations used in this thesis 

Antibiotic Concentration 

Gentamycin (TRC) 20 Õg/mL 

Kanamycin (TRC) 50 Õg/mL  

Nitrofurantoin (TCI) 100 Õg/mL 

Tetracycline (Sigma-Aldrich) 12.5 Õg/mL 

 

2.1.4 Sterile working conditions  

In order to work under sterile conditions, work was carried out either under a Bunsen burner 

or under the SAFE 2020 sterile workbench (Thermo Scientific).  

2.1.5 Primers  

2.1.5.1 Primer design  

All primers were planned in Geneious Prime (Versions 2021.1 - 2024.0.5) with the integrated 

software Primer3. Primer extensions for ligations were planned with NEBbuilder. Primer 

annealing temperatures for PCRs were calculated by the NEB Tm calculator according to 

primer concentration and DNA polymerase. The primers were ordered from IDT. 

Tab. 6: Primers used in this work 

Primer 

ID 

Name  
Sequence (5ô -> 3ô) 

CB036 REP(hutD)up_f gtacagctatcttggttcagCCTATTTGAACCAGGTGGCGC 

CB038 REP(hutD)dn_f ggttaaaaaaTTTGTTTTTGCGCTGTTTACATAATC 

CB039 REP(hutD)dn_r tagtcagttgatgtagtgctCGACGAAGGTTTCATAGGTGC 

CB040 REP(hutD)flank_f GCTTCGTCAACGCCCTGGTC 

CB041 REP(hutD)flank_r AGACCGGCGGTGAGGACC 

CB042 REPIN(hutD)up_r2 TTTTTTAACCGCGCTGGGTC 

CB043 REPIN(hutD)dn_f2 gacccagcgcggttaaaaaaTTTGTTTTTGCGCTGTTTAC 

CB044 hutDup_f gtacagctatcttggttcagCACTGGCTGCCCACATGGAC 

CB045 hutDup_r tcgatcaggcGACGGCGCGCCAGACGCTTA 

CB046 hutDdn_f gcgcgccgtcGCCTGATCGAACTGACCCAG 

CB047 hutDdn_r tagtcagttgatgtagtgctCAGGTTGGAGTTGGCGATCAG 

CB048 hutDflank_f TATACAGACGTTTGCCTGCTCG 

CB049 hutDflank_r GATGTAGATCCAGCTGCCGG 

CB056 RH_flank_f AACGCGGCCAGATCGATTC 
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CB057 RH_up_f gtacagctatcttggttcagGCACCAGAACTGCGACAAG 

CB058 RH_flank_f2 GTTCTACGACAAGGACCGCT 

CB059 RH_up_r gcctgacaacGGGTGTTGCGGTTACAGG 

CB060 RH_down_f cgcaacacccGTTGTCAGGCGCCAGGTTTG 

CB061 RH_flank_r2 CCCGCGTTTCAAACCCTTTT 

CB062 RH_down_r tagtcagttgatgtagtgctACCGATGATTTCAATGCCGC 

CB063 RH_flank_r CGTTGATCGCCTTGGGGAT 

CB064 RF_flank_f GCTTGCAGCAAGGTCAACCA 

CB065 RF_up_f GTACAGCTATCTTGGTTCAGCTGATTGTTCCGGCGCAC
TG 

CB066 RF_flank_f2 CGATTACTGGGTGCTGTACGT 

CB067 RF_up_r CCATAACCCATGGATTGGCGCTGGTCCA 

CB068 RF_down_f CGCCAATCCATGGGTTATGGGTTGCCGGTT 

CB069 RF_flank_r2 GCAATCGCTTGTATCGCAGC 

CB070 RF_down_r TAGTCAGTTGATGTAGTGCTCTGTGCTTCCACTCGTTG
CG 

CB071 RF_flank_r GCCAGCGCCGGTTTATCAAC 

CB072 RG_flank_f TGAACTTCACACAAGGCCG 

CB073 RG_up_f GTACAGCTATCTTGGTTCAGCTGTATGACTTCGCCGAA
GCC 

CB074 RG_flank_f2 CTTGGCACCTTCAACGGC 

CB075 RG_up_r TGAGACCGTCAGCTATTTCAGCAACACCACCACT 

CB076 RG_down_f TGAAATAGCTGACGGTCTCACTGTCGCTC 

CB077 RG_flank_r2 TGGATGAATACGACGGGCA 

CB078 RG_down_r TAGTCAGTTGATGTAGTGCTATCATGTCGTGGCGCTCT
TC 

CB079 RG_flank_r AGTAGTGACATTCGATACGC 

CB080 RU_flank_f TGATCAAGGCCGCCAAGCAA 

CB081 RU_up_f GTACAGCTATCTTGGTTCAGCGACTACGGCAACAACAT
CC 

CB082 RU_flank_f2 AACGCCTTGCTCAACACCG 

CB083 RU_up_r GCAGATCAAACCCTGGGTTACTTGATCATCG 

CB084 RU_down_f TAACCCAGGGTTTGATCTGCAGTGAACCAG 

CB085 RU_flank_r2 ATGCAGCGCCATGACACCG 

CB086 RU_down_r TAGTCAGTTGATGTAGTGCTTAACGTGAATAGTCCGCC
AC 

CB087 RU_flank_r AAACACGCCGAGGACCATC 

CB088 RV_flank_f ATGGTCGGGCAGGGCAAGA 

CB089 RV_up_f GTACAGCTATCTTGGTTCAGGTGAACGACCTGTCCCTG
AGC 

CB090 RV_flank_f2 CCGAGATGCAGGACCAGC 

CB091 RV_up_r GCCTTACCGGCCGCCGCACCCGATCTTT 

CB092 RV_down_f GGTGCGGCGGCCGGTAAGGCTGCACAAGAAT 

CB093 RV_flank_r2 CCGGTGTTCACGCCATAGG 

CB094 RV_down_r TAGTCAGTTGATGTAGTGCTGCTGGGCTTCGAAACTCA
TG 

CB095 RV_flank_r GATCACTTCGCTGCCATCGA 

CB096 GspL_seq_f TCACGTAACTGTTCGGCCTG 
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CB097 GspL_seq_r GCCTCGACCAGATCCTCAATG 

CB106 GspL_f GTACAGCTATCTTGGTTCAGATCGACAAACAGAAACGG
CC 

CB107 GspL_r TAGTCAGTTGATGTAGTGCTGCAAGCCACCGTGTTATT
GA 

CB108 GspL_flank_f CCATTCCAGGGGACGCAATG 

CB109 GspL_flank_r AATTGGTGCCCGAGATCAGC 

CB122 hutH2_qpcr_f CCGCACATCCCGTTGAAAGGT 

CB123 hutH2_qpcr_r AACGCTTCGGTCGCTTCCAG 

CB124 hutTh_qpcr_f TGCTCAACTACCTGATCCCGGAA 

CB125 hutTh_qpcr_r TTGTTCCTGGGTCATCGAGCG 

CB126 recA_qpcr_f CGGTGAGCAAGCCCTGGAAAT 

CB127 recA_qpcr_r ATGCATGTCACCCATTTCGCCT 

2.1.5.1 Primer purpose 

Table 7 shows the purpose of the primers used.   

Tab. 7: Purpose of primers  

Purpose Primers  

Construction ȹhutD  CB044, CB045, CB046, CB047 

Sequencing ȹhutD  CB048, CB049 

Construction ȹRD  CB036, CB038, CB039, CB042, CB043 

Sequencing ȹRD CB040, CB041 

Construction ȹRH CB057, CB059, CB060, CB062 

Sequencing ȹRH  CB056, CB058, CB061, CB063 

Construction ȹRF  CB065, CB067, CB068, CB070 

Sequencing ȹRF CB064, CB066, CB069, CB071 

Construction ȹRG CB073, CB075, CB076, CB078 

Sequencing ȹRG CB072, CB074, CB077, CB079 

Construction ȹRU CB081, CB083, CB084, CB086,  

Sequencing ȹRU CB080, CB082, CB085, CB087 

Construction ȹRV CB089, CB091, CB092, CB094 

Sequencing ȹRV CB088, CB090, CB093, CB095 

Construction gspL mutation deletion CB106, CB107 

Sequencing gspL mutation deletion CB096, CB097, CB108, CB109 

RT-qPCR  CB122, CB123, CB124, CB125, CB126, 
CB127 

 

2.1.6 Polymerase-Chain-Reaction (PCR) 

Q5È High-Fidelity 2X Master Mix (New England Biolabs) or Taq 2X Master Mix (New England 

Biolabs) was used to amplify DNA products, depending on the purpose of the PCR. The Q5È 

High-Fidelity 2X Master Mix (New England Biolabs) approach was used when it was 

particularly important that no incorrect base pairs were incorporated into the PCR fragments, 

e.g., to produce the fragments used for homologous recombination to produce the REPIN 
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deletion mutants. The approach with Taq 2X Master Mix (New England Biolabs) was used, for 

example, when the length of a fragment was to be checked by PCR. The PCRs were carried 

out in the thermocycler (SensoQuest labcycler) according to the manufacturer's protocols.  

Tab. 8: Example of typical PCR with Q5È High-Fidelity 2X Master Mix (New England Biolabs) 

Component Volume (ÕL)  

2X Q5 Master Mix 25 

FR primermix* 2.5 

Template  1 

Ultra-pure water 21.5 

*: The two required primers (F = forward, R = reverse) with a concentration of 100 ÕM in the 

stock were diluted together to a concentration of 10 ÕM and 2.5 ÕL of this was added to the 

PCR mix.  

Tab. 9: PCR procedure in the PCR cycler Q5È High-Fidelity 2X Master Mix (New England 
Biolabs) 

Temperature Time  Repeats 

98 ÁC 30 s  

98 ÁC 10 s X35 

* 30 s X35 

72 ÁC ** X35 

72 ÁC 2 min  

4 ÁC 00  

*: depending on primer sequence  

**: depending on the length of the PCR product   

Tab. 10: Example typical PCR with preparation with Taq 2X Master Mix (New England Biolabs) 

Component Volume (ÕL)  

2X Taq Master Mix 12.5 

FR primermix* 1.25 

Template  0.5 

Ultra-pure water 10.75 

*: The two required primers (F = forward, R = reverse) with a concentration of 100 ÕM in the 

stock were diluted together to a concentration of 10 ÕM and 2.5 ÕL of this was added to the 

PCR mix.  

Tab. 11: PCR procedure in the PCR cycler with preparation with Taq 2X Master Mix (New 
England Biolabs) 

Temperature Time  Repeats 

95 ÁC 5 min   

95 ÁC 10 s X30 

* 30 s X30 

68 ÁC ** X30 

68 ÁC 5 min  

4 ÁC 00  

*: depending on primer sequence 
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**: depending on the length of the PCR product   

2.1.7 Gel electrophoresis 

DNA samples were controlled for their size by electrophoresis through an agarose gel 

(SeaKemÈ LE Agarose). Agarose gels were stained with 0.01% SYBRÊ Safe DNA Gel-Stain 

(Invitrogen) to make DNA bands visible under UV-light emitted by the gel documentation 

imager UVP GelStudio PLUS (Analytik Jena). DNA samples were loaded on the gel with the 

loading dye TriTrackÊ (Thermo Fisher Scientific). The concentration of agarose used 

(between 0.4% and 1.5%), the voltage applied (between 50V and 100V), and the duration of 

electrophoresis (between 30 min and 2 h) were all dependent on the expected size of the DNA 

samples. The gel electrophoreses were carried out in gel chambers (Biometra, Analytik Jena) 

filled with 1X ROTIPHORESEÈ TAE buffer connected to the power supply unit PS 300TP 

(Biometra, Analytik Jena).  

2.1.8 Genome isolation, concentration measurements, and sequencing 

Genomic DNA isolation was conducted with ñDNeasyÈ Blood & Tissue Kitò from QIAGEN. The 

genomic DNA samples were sequenced at EUROFINs via Next Generation Sequencing with 

a maximum coverage of 100X. Plasmids were isolated with ñQIAprepÈ Spin Miniprep Kitò and 

PCR products were purified with ñQIAquickÈ PCR Purification Kitò from QIAGEN.  

DNA- and RNA-concentration measurements were performed either with NanoDropÈ ND-

1000 Spectrophotometer or with QubitTM 3 Fluorometer. PCR products were treated with 

ExoSAP-ITÊ PCR Product Cleanup Reagent (Applied BiosystemsÊ) to get rid of 

unnecessary primers and nucleotides before they were Sanger-sequenced at the Max Planck 

Institute for Evolutionary Biology, Plºn, Germany, with the BigDye XTerminatorTM Purification 

Kit (Thermo Fisher Scientific).  

DNA samples were short-term stored at 4 ÁC and long-term stored at -21 ÁC.  

2.1.9 DNA mutation identification  

Sequenced DNA was aligned to the P. fluorescens SBW25 reference genome (GenBank: 

AM181176.4) [80]. Mutations were identified with the software Geneious Prime and breseq 

[81].  

2.1.10 Data visualisation 

Growth curve assay measurements and relative fitness assays calculations were visualized in 

R Studio (version 2023.03.2) with the package ggplot2 [82]. Graphical representation of 

experimental setups was realized with biorender (www.biorender.com) and in Microsoft 

PowerPoint. Genome trees were visualized and processed with iTOL (version 7.1) 

(itol.embl.de).  
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2.1.11 Calculations and statistics 

All statistical analyses were calculated in R Studio (version 2023.03.2). Data analysis and 

calculations were performed in either Microsoft Excel or R Studio (version 2023.03.2) or both. 

The primary data from the MACSQuantÈ VYB Flow Cytometer were generated using the 

associated MACSQuantifyÊ software (Miltenyi Biotec).  

2.2 Methods Chapter 3  

2.2.1 Genomes 

All 9794 complete and draft Pseudomonas genomes were downloaded from 

Pseudomonas.com [57]. Based on the later shortlist, the 24 genomes analyzed in addition to 

P. fluorescens SBW25 were also taken from this download. The download took place on 

25.11.2022. The 24 genomes that were analyzed in addition to P. fluorescens SBW25 

(GenBank: AM181176.4) are listed in the table below with names and the assembly accession.  

Tab. 12: Genomes used in this study 

Name  Assembly Accession   

P. synxantha 30B GCF_003851465.1 

P. sp. S10E GCF_002798465.1 

P. sp. CHM02 GCF_000612585.1 

P. fluorescens PS663 GCF_902497705.1 

P. lurida LMG 21995 GCF_002563895.1 

P. lurida MYb11 GCF_002966835.1 

P. fluorescens PS683 GCF_902497685.1 

P. sp. p4F8 GCF_900591125.1 

P. simiae 73148 GCF_003001535.1 

P. fluorescens LMG 5329 GCF_000411675.1 

P. sp. FH1 GCF_000510895.2 

P. fluorescens NZ052 GCF_000275925.1 

P. sp. NS1 GCF_002269425.1 

P. sp. p8D11 GCF_900601595.1 

P. canadensis 36C8 GCF_003732005.1 

P. sp. 52 E6 GCF_900004655.1 

P. marginalis ICMP 3553 GCF_001645105.1 

P. marginalis PA-2-2B  GCF_021609365.1 

P. fluorescens U140  * 

P. fluorescens U114  * 

P. sp. QC2  GCF_002859085.1 

P. viridiflava p2E10 GCF_900589445.1 

P. sp. OV546 GCF_900116845.1 

P. fluorescens H21 GCF_000967935.1 

*: These genomes are from our isolates of the MPB department (Paul B. Rainey), whose DNA 

was isolated by me and analyzed/sequenced by David Rogers. They were first described in 

1996 [83].  



ΟΡ 
 

2.2.2 Construction of genome trees 

The genome trees for the 9794 complete and draft Pseudomonas genomes and for the 25 

Pseudomonas genomes that were analyzed in more detail were created by Frederic Bertels 

using the UBCG pipeline [84].  

2.2.3 Identification and analysis of REPINs and RAYTs 

The RAYTs and REPINs were identified and analyzed in RAREFAN (RAyt/REpin Finder and 

ANalyzer) [85]. This was done according to the instructions for using RAREFAN. Each genome 

was analyzed individually. P. fluorescens SBW25 (Group 3 RAYT (1)) was always selected as 

the query RAYT.  

In addition, the hut locus sequences were analyzed manually in Geneious Prime for the 

existence and location of REPINs. The REPtrons were also analyzed in a combination of the 

results of RAREFAN and manual analysis in Geneious Prime. The pairwise identity of different 

sequences and REPINs was also calculated in Geneious Prime.  

To obtain the REPIN master sequence for a RAYT group, the corresponding file was taken 

from the RAREFAN results. Sometimes several sequences were specified by RAREFAN. 

Therefore, I manually analysed in Geneious Prime which of the specified sequences was 

present in the REPtron of the corresponding RAYT and then selected this sequence. Next, an 

alignment for all REPIN master sequences in a RAYT group was created in Geneious Prime. 

The consensus sequence was then the REPIN master sequence of the corresponding RAYT 

group.  

To group the hut locus REPINs, it was checked whether the REPIN master sequences of the 

RAYT groups had a 100 % match to the imperfect palindromic core of the REPINs. If this were 

the case, the corresponding REPIN was assigned to this RAYT group. Thus, REPINs were 

also assigned to group E1 or E2, even if the corresponding genomes had a RAYT from the 

other E RAYT group. If this was not the case, then the REPIN master sequence with which the 

corresponding REPIN imperfect palindromic core sequence had the greatest similarity was 

examined, and whether a corresponding RAYT from this group was present in the genome of 

the REPIN to be grouped. If no RAYT was present in the genome, then I looked at which RAYTs 

were present in the next relative of the genome and then sorted the REPINs into this RAYT 

group if the sequences were very similar to the REPIN master sequence of this group. This 

was the case for the REPINs RF, RD, RU, RV, and RG from the P. sp. p8D11 genome. These 

were assigned to the RAYT group D.  
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2.3 Methods Chapter 4 and 5  

2.3.1 Media and buffer 

Different growth media were prepared for the growth curve assays, the relative fitness assays, 

the RT-qPCR, and the evolution experiment. The deletion strains and controls, as well as the 

wild type, grew very often in M9 (-NH4Cl) with histidine as the sole carbon and nitrogen source. 

M9 with glucose and NH4Cl as carbon and nitrogen sources always served as a control. These 

were prepared from a 5 Ĭ M9 (-NH4Cl) or 5 Ĭ M9 (+NH4Cl) stock solution, the composition of 

which is listed below. These stock solutions were autoclaved.  

Tab. 13: M9 (-NH4Cl) and (+NH4Cl) (200 mL)  

Component Amount  

Na2HPO4 (Sigma-Aldrich) 6.78 g  

KH2PO4 (Sigma-Aldrich) 3 g 

NaCl (sigma-Aldrich) 0.5 g   

NH4Cl (Sigma) (only in +NH4Cl)    1 g   

MilliQ water  Until final volume  

 

(L)- Histidine (Roth) was first dissolved in warm MilliQ water (~ 30 ÁC) for the medium, and a 

stock solution with a concentration of 200 mM was prepared by sterile filtration (cytiva whatman 

sterile filter 0.4 ÕM and syringe Terumo 50 mL). Similarly, MgSO4 (Sigma-Aldrich), CaCl2 

(Fisher Bioreagents) were dissolved in MilliQ water and then sterile filtered (cytiva whatman 

sterile filter 0.4 ÕM and syringe Terumo 50 mL) to prepare a 1 M stock solution. Glucose (Roth) 

was also sterile filtered (cytiva Whatman sterile filter 0.4 ÕM and syringe Terumo 50 mL) to 

prepare a 1 M stock solution. Also, to prepare the medium with urocanate (urocanic acid, 98 

%, Thermo Scientific), urocanate was first dissolved in warm MilliQ water (~ 50 ÁC) to prepare 

a 75 mM stock solution by sterile filtration (cytiva Whatman sterile filter 0.4 ÕM and syringe 

Terumo 50 mL).  
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Tab. 14: M9 (-NH4Cl) with histidine (15 mM) (500 mL)  

Component Amount  

Histidine (200 mM)   37.5 mL  

MgSO4 (1 M) 1 mL   

CaCl2 (1 M)  50 ÕL   

5 X M9 (-NH4Cl)   100 mL  

MilliQ water (autoclaved) 361.5 mL   

 

Tab. 15: M9 (+NH4Cl) with glucose (20 mM) (100 mL)  

Component Amount  

Glucose (1 M)   2 mL  

MgSO4 (1 M) 200 ÕL   

CaCl2 (1 M)  10 ÕL   

5 X M9 (+NH4Cl)   20 mL  

MilliQ water (autoclaved) 78 mL   

 

Tab. 16: M9 (-NH4Cl) with urocanate (15 mM) (200 mL)  

Component Amount  

Urocanate (75 mM)   40 mL  

MgSO4 (1 M) 400 ÕL   

CaCl2 (1 M)  20 ÕL   

5 X M9 (-NH4Cl)   40 mL  

MilliQ water (autoclaved) 120 mL   

 

To remove LB residues from the bacterial cultures, they were washed in M9 (-NH4Cl). For a 

final volume of 200 mL, 40 mL M9 (-NH4Cl) was mixed with 160 mL MilliQ water (autoclaved).  

Phosphate-buffered saline (PBS) (Gibco) was used as diluent for the flow cytometer. To 

prepare PBS, one tablet was dissolved in 500 mL MilliQ water and autoclaved.  

2.3.2 Construction of mutants 

To create the deletion strains, PCR fragments were introduced into the chromosomal DNA of 

P. fluorescens SBW25 wild type through a two-step allelic exchange via homologous 

recombination [86]. For this purpose, the plasmid pUIsacB was utilized to assemble the ~700 

bp upstream and downstream regions of each designated deletion. The backbone pUIsacB 
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was extracted and then linearized with the restriction enzyme SpeI and CutSmartÈ buffer (New 

England BioLabs). After linearization, the backbone was amplified via PCR and purified. The 

primers used for PCR product amplification were designed to have 20 bp-long overhangs. The 

NEBuilderÈ HiFi DNA Assembly Master Mix (New England BioLabs) was used to conduct the 

assembly of the PCR products and the backbone (pUIsacB). The concentrations of PCR 

fragments and backbone for the assembly mixtures were carried out according to the 

information from the manufacturer's protocol.    

The assembled constructs (pUIsacB and PCR fragments) were transformed into chemically 

competent E. coli TOP10 cells and selected for the presence of the constructs via antibiotic 

resistance, PCR, and Sanger sequencing. E. coli TOP10 transformed with pUIsacB and the 

PCR fragments were always incubated for 48 h instead of the usual incubation time of 24 h.  

Through tri-parental conjugation, the first crossover between the chromosomal DNA and the 

allele on the plasmid is conducted. Therefore, E. coli TOP10 with the plasmid (pUIsacB and 

PCR construct), P. fluorescens SBW25 wild type, and  E. coli pKR2013 (helper plasmid) [87] 

[77] were incubated together to allow conjugation of the plasmid in P. fluorescens SBW25 wild 

type. Transconjugants with the plasmid (pUIsacB and PCR construct) integrated into the 

chromosomal DNA were selected on LB medium with added tetracycline (acts bacteriostatic 

on bacteria without plasmid), and nitrofurantoin (acts bacteriostatic on E. coli).  

In the next step several green fluorescent colonies from the LB plate (with added antibiotics) 

were streaked out and incubated on TYS10 medium plates (10 g tryptone, 15 g agar, 5 g yeast 

extract, and 100 g sucrose per 1000 mL) for selection of cells that underwent a second 

crossover event (sucrose induces cell death in those cells with the plasmid pUIsacB) [88].   

The appearing colonies were selected for those that are not green-fluorescent but white. 

Colony PCR and Sanger sequencing were used to confirm if the colony candidates had the 

wild type or mutant sequence in the specific region of the chromosomal DNA. Long-term 

storages were made from the positive candidates (mutated DNA). 

2.3.3 Conjugation of fluorescent pMRE-Tn7 plasmids into P. fluorescens SBW25 

Fluorescent strains were used to distinguish between different strains in the same culture 

during relative fitness measurements. Therefore, the genes encoding for GFP (sGFP2) [89] 

and mScarlet (mScarlet-I) [90] were introduced through conjugation inside the genomes of P. 

fluorescens SBW25 mutants and wildtype.  

Briefly, the P. fluorescens SBW25 strains and E. coli S17-1 lambda pir strain with either the 

plasmid encoding for GFP (sGFP2) or mScarlet (mScarlet-I) were incubated on LB together to 

allow conjugation of the plasmid from E. coli S17-1 lambda pir in P. fluorescens SBW25. In the 
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next step, it was selected for the P. fluorescens SBW25 strains in which the fluorescent plasmid 

was successfully introduced into the chromosomal genome. Therefore, P. fluorescens SBW25 

grew on LB with added nitrofurantoin, gentamycin, and 0.1% arabinose. Nitrofurantoin acts 

bacteriostatically on E. coli, gentamycin selects for bacteria with the fluorescent plasmid, and 

arabinose is needed for transposition of the plasmid to the attTn7 site of the Pseudomonas 

chromosomal genome [76]. A PCR was conducted to confirm the presence of the plasmid at 

the correct position. 

2.3.4 Relative fitness assays 

To assess the relative fitness of each REPIN deletion strain, I conducted replicates (comprising 

GFP and mScarlet samples) for both the deletion mutant and the wild type strain SBW25. 

These replicates were incubated separately in LB medium for a duration of 24 hours. 100 ÕL 

of the wild type and mutant strains, tagged with GFP and mScarlet, respectively, were mixed 

in equal amounts. This only did not apply to the frequency dependency tests, as here the 

proportion of the deletion strains and the wildtype was 90 % or 10 %. The mix of the strains 

was then washed once in M9 (-NH4Cl).  60 ÕL of the washed mix was then added to 6 mL 

medium, which consisted of M9 (-NH4Cl) and histidine (15 mM) (or the control, which was M9 

with ammonium chloride and glucose (20 mM)). The remaining mix from the strains was used 

to determine the starting concentrations of the strains on the MACSQuantÈ VYB Flow 

Cytometer (T0). The dilution for the measurement was made in PBS. The cultures were 

incubated for 48 h at 28 ÁC and 220 rpm in a New Brunswick Innova 44 shaker incubator. After 

incubation, the cultures were vortexed for 20 seconds, and 60 ÕL of the culture was transferred 

to a fresh medium and incubated again for 48 h. The remaining culture was used to measure 

the concentrations of the strains on the flow cytometer as before (T1). After the next incubation 

time, the concentrations of the strains were measured on the flow cytometer as before (T2). 

The relative fitness for the strains was then calculated using the following formula:  

 

2.3.5 Growth curve assays  

The strains that were tested in the growth curve assay grew for 24 h at 28 ÁC and 220 rpm in 

a New Brunswick Innova 44 shaker incubator in LB before they were diluted to 10-3 in M9 (-

NH4Cl). 1.5 ÕL of each replicate of each strain was then added to 148.5 ÕL of the medium 

inside a well on a 96-well plate (Sarstedt, flat bottom). The settings for the plate reader (BioTek 

Epoch 2 microplate reader) are adjusted to orbital shaking at a slow speed of 205 cpm, with 

10 s of shaking before each measurement. Measurements are taken at a wavelength of 450 

nm, every 5 minutes, for 48 hours, at a temperature of 28 ÁC. 
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2.3.6 RT-qPCR  

For RT-qPCR, recA served as the reference gene and was compared with products of the 

hutH2 and hutTh genes. Eight replicates each of SBW25 wild type and ȹRH were grown for the 

most part and treated as in the relative fitness assays: The respective strains were streaked 

from glycerol stock onto LB plates and incubated for 24 h at 28 ÁC. Then, a total of 8 colonies 

of SBW25 wild type and ȹRH were incubated individually in LB for 24 h at 28 ÁC. The cultures 

were then washed in M9 (-NH4Cl) and transferred 1/100 in M9 (-NH4Cl) with histidine (15 mM) 

as the sole carbon and nitrogen source and incubated for 48 h at 28 ÁC and 220 rpm. From 

this point onwards, Inga Schmidt carried out all further steps. Pellets from 1 mL of the cultures 

were frozen at -80 ÁC and then the RNA was isolated. The pellets were centrifuged and 

resuspended in TRIS-1 mM EDTA + 0.4 mg/ml lysozyme. The SV Total RNA Isolation system 

(Promega) kit was used and the instructions were followed to isolate the RNA. The RNA 

concentration was then determined and reverse transcription to cDNA was performed for each 

sample. The High-Capacity cDNA Reverse Transcription Kit (Thermo Fisher Scientific) was 

used for this, and its instructions were followed. The qPCR was then performed. Three 

technical replicates were used for each sample. The qPCR was carried out with the PowerUp 

SYBR Green Master Mix (Thermo Fisher Scientific) and the efficiency-corrected ȹȹCT method 

was used to analyze the RT-qPCR results [91].  
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Chapter 3: Evolutionary Dynamics of the REPIN-RAYT 

system 

3.1 Introduction  

Our current understanding of the REPIN-RAYT system has been extensively detailed in 

chapter 1. However, due to the significance of certain aspects for this chapter, they will be 

summarized here in a concise manner. 

REPINs consist of two inverted REP sequences separated by a spacer sequence [31]. The 

spacer sequence is highly variable, while the conserved REP sequences are characterized by 

a short (~14 bp) palindromic core [31]. REPINs are non-autonomous mobile genetic elements 

that depend on RAYTs for their dissemination within bacterial genomes [30, 34]. 

RAYTs typically occur as single-copy genes in a genome, similar to housekeeping genes [51]. 

However, genomes may contain multiple different RAYTs [30, 51]. A study of various 

Pseudomonas genomes revealed the presence of typically two to three RAYTs per genome, 

with some genomes exhibiting up to four RAYTs [92]. However, these RAYTs have distinct 

sequences and are not copies of each other [51]. Previous studies established that P. 

fluorescens SBW25 harbors three RAYTs [30]. However, the RAYTs in a genome, such as in 

SBW25, differ not only in their sequence but also in the REPIN populations associated with 

them [30]. Each RAYT is associated with a different REPIN population [30].  

Studies to date conducted at phylogenetic resolutions above the species level have shown that 

RAYTs are predominantly inherited vertically, with HGT occurring only very rarely [51, 53]. It is 

also assumed that RAYTs and REPINs persist in the genome for a very long time [32, 51, 53]. 

Accordingly, RAYTs that occur in different genomes but are at the same genomic location are 

also associated with the same REPIN population. Nonetheless, the loss of RAYTs can occur 

within bacterial genomes [32]. Consistently, analyses have shown that genomes lacking a 

RAYT contain fewer REPINs [32, 34, 92]. REPIN extinction in certain genomes may result from 

mutational decay following the loss of RAYTs [32, 92].  

However, not all RAYTs are associated with REPINs [51]. Among the five RAYT groups, only 

groups 2 and 3 are associated with REPINs as described in chapter 1 [51]. Group 2 is found 

in E. coli and group 3 in Pseudomonas [51]. 

The majority of REPINs are dispersed throughout the genome [34]. However, they also flank 

RAYTs in their immediate vicinity [34]. These flanking REPINs, together with the RAYT, form a 

structure known as a REPtron (Fig. 3) [50]. Typically, a REPtron consists of one REPIN located 

upstream and another downstream of the RAYT [48, 50]. REPtrons are well conserved and 

their occurrence probably predates the radiation of E. coli and Shigella [34]. The closest 
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relatives to REPtrons are IS elements, especially to the family of IS200/IS605 elements, as 

described in Chapter 1. Briefly summarized, IS200 elements are very small, autonomous 

mobile genetic elements [13]. They consist of their transposase, tnpA, which belongs to the 

family of HuH enzymes, as do the RAYTs [13, 93]. These proteins cut ssDNA [93]. IS200 

elements have palindromic sequences at the so-called left end (LE) and right end (RE) that 

form hairpin structures in ssDNA and serve as binding sites for the transposase [13]. Due to 

the structural and functional similarities, it is plausible that RAYTs similarly bind and cleave 

REPINs within the REPtron [34, 92].  

 

Figure 3: Structure of a typical REPtron. A REPtron consists typically of one REPIN downstream and 

one REPIN upstream of the RAYT. Each REPIN consists of two inverted REP sequences (red arrows) 

with a spacer sequence in the middle. Each REPIN forms a hairpin structure in single-stranded DNA or 

RNA.  

For Group 2 RAYTs, which occur in E. coli, interactions within the REPIN-RAYT system have 

been detected in vitro [49-51]. In E. coli, a RAYT binds to the REP sequences as a monomer 

at two sites [49, 50]. These binding sites are located at the 3' end of the imperfect palindromic 

sequence and within a conserved region on the 5' side, directly in front of the hairpin structure, 

which consists of the bases ñGTAGò [49, 50]. However, the functional significance of the 

conserved tetranucleotide and the imperfect palindromic sequence may differ between 

different REPIN-RAYT systems [48]. The RAYT does not interact with the tip of the hairpin [49]. 

However, the hairpin structure itself plays a crucial role in the binding of the RAYT to the REPIN 

[49, 50].  
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In contrast to REPINs and RAYTs in E. coli, no direct interaction between RAYTs and their 

associated REPINs has been observed in Pseudomonas. Due to the similarities between 

Group 2 (in E. coli) and Group 3 (in Pseudomonas) RAYTs, it is reasonable to assume that the 

binding and cleavage mechanisms in Group 3 RAYTs, and thus in Pseudomonas, are at least 

related [51]. 

Despite their functional relationship, RAYTs display a wide diversity [30, 48]. A comparison 

revealed that although RAYTs can differ significantly, certain regions remain highly conserved 

[48]. Notably, the catalytic center of RAYTs, which includes the metal coordination module 

consisting of the HuH motif and other residues, as well as the catalytic tyrosine, is strongly 

conserved [48, 49]. Nevertheless, variations occur at the N- and C-terminal regions of RAYTs 

across different species, which impact their DNA-binding and cleavage activities [48]. 

At least one distinguishing feature of REPIN-RAYT interactions in Pseudomonas involves the 

specific binding site. As mentioned above, the RAYTs in E. coli bind to the conserved sequence 

ñGTAGò in front of the hairpin structure at the beginning of the REPIN [49, 50]. Since this 

sequence is conserved in REPINs in E. coli and many other bacteria, this tetranucleotide also 

provides an opportunity to identify REPINs and their start [94]. However, at least in 

Pseudomonas, the tetranucleotide sequence may look different [94]. In Pseudomonas, and 

potentially in other bacteria, RAYTs may also bind to alternative sequences within REPINs. 

Consequently, identifying REPINs solely based on the ñGTAGò sequence is not a suitable 

approach for Pseudomonas genomes. Therefore, we identify REPINs differently in order not 

to miss any REPINs. For this purpose, the program RAREFAN (RAyt/REpin Finder and 

Analyzer) first isolates all 21 bp long sequences that occur more than 55 times [85]. All of these 

sequences that occur at least once within 15 bp of each other are sorted together into a REP 

group [85]. Then, all point mutations of the most frequent sequences in each REP group are 

sorted into the respective groups [85]. Also from these sequences, all point mutants can be 

isolated and grouped again until no more sequences can be identified [85]. If two of these 21 

bp long sequences occur within 130 bp in inverted orientation, they are considered as a REPIN 

[85]. The most frequent 21 bp sequence of each group is the master sequence of this REPIN 

population [85].  

Individual REP sequences within a given REPIN group exhibit high conservation whereas the 

spacer sequence between the REPs within a REPIN remains highly variable [30, 31, 92]. 

However, REP sequences can undergo modifications, even within REPtrons [92]. How these 

modifications occur, how quickly these can happen and where they occur is unknown.  

For our study of RAYTs and REPINs, we analyzed 25 Pseudomonas genomes. This allowed 

us to learn more about the variation in the number of RAYTs in the genomes, their evolutionary 
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relationships, and associated REPIN populations. We also analyzed the REPINs in the hut 

locus of the 25 genomes. This allowed us to review and re-evaluate our current knowledge of 

the REPIN-RAYT system in Pseudomonas. As already described above and in chapter 1, we 

have so far assumed that RAYTs exist as single-copy genes, but that if several RAYTs occur 

in the genome, they are fundamentally different from each other [30, 51, 92]. Furthermore, we 

assume that RAYTs are generally transmitted vertically and only rarely horizontally [51, 53]. In 

addition, we assume that RAYTs that are similar and occur in the same genomic location are 

associated with the same and only one REPIN population. Accordingly, RAYTs that occur at 

different locations in the genome and are different by sequence should also be associated with 

different REPIN populations.  

3.2 Results 

3.2.1 Number of RAYTs in Pseudomonas genomes 

We constructed a phylogenetic tree using all available Pseudomonas genomes from 

Pseudomonas.com via the fast phylonium pipeline [95]. To ensure a representative selection, 

we randomly chose Pseudomonas genomes from the phylogenetic neighborhood of P. 

fluorescens SBW25. The selection criteria aimed to capture a diverse range of genomes while 

maintaining a balance between phylogenetic proximity and divergence. A phylogenetic tree of 

the selected 25 genomes (including SBW25) was constructed using the UBCG pipeline [84]. 

In RAREFAN by +BLAST (Basic Local Alignment Search Tool), all RAYTs of group 3 (REPIN-

associated RAYTs in Pseudomonas) were identified [85, 96]. This allowed us to test our 

previously stated assumptions about the number of RAYTs in Pseudomonas genomes.  

The analysis revealed that nearly all chosen genomes contain RAYTs (Fig. 4). The only 

exceptions were P. lurida LMG 21995 and P. fluorescens LMG 5329, which lack a RAYT. The 

remaining genomes contain between one and three RAYTs, with the exception of P. sp. QC2 

and P. viridiflava p2E10, which harbor four RAYTs each. The average number of RAYTs per 

genome is 2.16, with a median of 2. In total, 54 RAYTs were identified across the analyzed 

genomes. 
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Figure 4: Phylogenetic tree (UBCG) of 25 Pseudomonas genomes and presence of RAYTs in their 

genomes. Almost all selected Pseudomonas strains contain RAYTs. Only two genomes do not contain 

any RAYT. P. sp. QC2 and P. viridiflava p2E10 contain four RAYTs.  

3.2.2 RAYT phylogeny and associated REPIN master sequences 

A phylogenetic tree of all 54 identified RAYTs was generated by RAREFAN through nucleotide 

alignment (Fig. 6) [85]. In addition, all RAYTs were divided into groups. For this purpose, 

nucleotide alignments of the RAYTs of an upstream and a downstream gene and of the 

intergenic space were made in Geneious Prime. RAYTs whose genomic neighborhood 

matched, for the most part, were grouped together. This classification resulted in the 

designation of RAYT groups AïJ. However, the genomic neighborhood of RAYT P.sp. CHM02 

0 could not be analyzed because this RAYT was located on a contig that was too short to 

contain enough sequence outside of the RAYT. This RAYT was nevertheless grouped based 

on the genomic location of the two most closely related RAYTs. In addition, the classification 
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of RAYT P. sp. 52 E6 0 was ambiguous, as only parts of the genomic location matched that of 

the closely related and grouped RAYTs, while others did not. 

Additionally, each RAYT was associated with a REPIN master sequence, identified both by 

RAREFAN and through manual refinement. The REPIN master sequence corresponds to the 

most abundant REPIN sequence (21 bp long) within a given REPIN population. And according 

to our current knowledge of the REPIN-RAYT system, each RAYT can only associate with one 

REPIN group. The REPIN master sequences that the RAYTs are associated with in one group 

(i.e., in the same genomic location) can differ slightly from each other. To assign a REPIN 

master sequence to the entire group of RAYTs, nucleotide alignments of the individual REPIN 

master sequences in this group were made and a REPIN master sequence for the entire group 

of RAYTs was created. However, there are groups of RAYTs that have one genomic location 

but form two phylogenetic clades in the tree of RAYTs. These phylogenetic clades in the RAYT 

group were recognized as subgroups. In this case, a REPIN master sequence, not for the 

whole group but for each subgroup, was determined as described.  

We expected that RAYTs that are related to each other share a genomic location and are likely 

to be associated with the same REPIN master sequence. However, our findings did not always 

align with this expectation. Below, we describe the results for each RAYT group. 

3.2.2.1 Group A 

RAYT P. sp. 52 E6 2 is the most divergent among all identified RAYTs. Its sequence identity 

differs significantly from all other RAYTs, and it does not share its genomic location with any 

other RAYT in the dataset. Consequently, it forms a unique RAYT group (Group A). 

Furthermore, no associated REPINs or REPIN master sequence could be identified for this 

RAYT. 

3.2.2.2 Groups B and C 

Both Groups B and C conform to our initial expectations, as a distinct sequence identity, 

genomic location, and REPIN master sequence characterize each group. 

3.2.2.3 Group D 

Group D presents an exception to our predictions for multiple reasons. Phylogenetic analysis 

placed the RAYTs of this group into two distinct clades, leading to their subdivision into D1 and 

D2. Despite this divergence, RAYTs from both subgroups share the same genomic location 

and REPIN master sequence. Interestingly, Group D2 RAYTs exhibit greater sequence 

similarity to Group E RAYTs than to Group D1 RAYTs. This finding also contradicts our initial 

hypothesis that RAYTs with analogous sequences are located within the same genomic 

location and are associated with one REPIN master sequence. Following this assumption, the 
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D2 RAYTs would have to share a genomic location and REPIN master sequence together with 

E RAYTs, which they do not.  

3.2.2.4 Group E 

A similarly unexpected pattern was observed in Group E. The RAYTs of this group also 

segregated into two distinct clades (E1 and E2), despite occupying the same genomic location. 

Unlike Group D, however, these subgroups are associated with different REPIN master 

sequences. This finding contradicts our initial hypothesis, as the RAYTs have not undergone 

significant sequence diversification and occupy the same genomic location, yet have different 

associated REPIN master sequences. However, the REPIN master sequences of E1 and E2 

differ minimally, even if it does not directly appear so. Due to the definition and identification of 

REPINs and REPIN master sequences described above, they may not start at the same 

position. However, the REPIN master sequences of E1 and E2 overlap and only differ by one 

nucleotide in the overlap; E2 contains a cytosine instead of the thymine in E1 (Fig. 5).    

 

Figure 5: REPIN master sequences of RAYT subgroups E1 and E2 overlap. The REPIN master 

sequences of E1 and E2 differ by three nucleotides at the end or beginning of the sequence. The 

identification of the REPINs and the REPIN master sequence can lead to very similar REPINs or master 

sequences having different starts or ends. The REPIN master sequences show the same sequence 

within 18 nucleotides with one exception. In one position, there is a cytosine in E2 instead of a thymine 

in E1 (black rectangles).  

3.2.2.5 Group F 

Group F aligns with our expectations, as its RAYTs share sequence identity, a single genomic 

location, and a unique associated REPIN master sequence. 

3.2.2.6 Group G - J 

The RAYTs in Groups G - J present particularly intriguing results. Although these RAYTs share 

the same REPIN master sequence, they are distributed across four different genomic 

locations. Their sequence identity reflects this distribution, with RAYTs that are more similar in 

sequence identity tending to share the same genomic location. Notably, Group G RAYTs exhibit 

greater sequence similarity to Group F RAYTs than to those in Groups H - J, despite the latter 

sharing the same REPIN master sequence as Group G. Thus, the results for groups G - J do 

not meet our expectations that only very similar RAYTs that also share a genomic location have 

the same REPIN master sequence. This is because in the case of RAYTs from groups G - J, 



ΠΥ 
 

RAYTs also share a REPIN master sequence and thus a REPIN population that differ from 

each other in their sequence and are also found at several different genomic locations. 

 
Figure 6: Phylogenetic tree, groups, and REPIN master sequences of RAYTs from 25 

Pseudomonas genomes. The phylogeny of the 52 RAYTs is based on nucleotide alignments 

(RAREFAN). RAYTs were put into groups A - J based on their genomic neighborhood. RAYTs were 

highlighted in different colors depending on the associated REPIN master sequence. RAYTs of group 

D1 and D2 share their genomic location and associated REPIN master sequence, although their 

phylogeny puts them in two distinct clades. The RAYTs of group E1 and E2 share a genomic location 

but their associated REPIN master sequences differ slightly. RAYTs from groups G - J have different 

genomic locations but share an associated REPIN master sequence. 

3.2.3 Evidence of HGT of RAYTs in Pseudomonas genomes 

According to our current knowledge, HGT is very rare in RAYTs. To verify this, we analyzed the 

phylogenetic relationships of RAYTs in the Pseudomonas genomes studied and related them 

to the relationships of the genomes. It turned out that there were very likely HGT events for 
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RAYTs from groups C, D, E, F, H, and I as I will describe in the following sections. This indicates 

that HGT occurs much more frequently than previously assumed. 

3.2.3.1 HGT among group D RAYTs 

As described earlier, the RAYTs in group D can be subdivided into D1 and D2. Although D1 

and D2 RAYTs share the same REPIN master sequence and genomic location, they differ in 

sequence identity (Fig. 6). To further investigate their evolutionary dynamics, we analyzed the 

distribution of D1 and D2 RAYTs across Pseudomonas genomes (Fig. 7). Given the assumed 

vertical inheritance of RAYTs, we hypothesized that genomes containing a group D RAYT 

would cluster phylogenetically apart from those lacking one. Furthermore, we expected 

genomes to segregate into two distinct phylogenetic groups based on whether they contain a 

D1 or D2 RAYT. 

However, our expectations were only partially met. While genomes containing a group D RAYT 

could be phylogenetically distinguished from those without, the observed pattern deviated from 

a strictly vertical inheritance. The phylogeny of RAYTs is not congruent with that of the genome-

based phylogenies (Fig. 7). Since RAYTs in groups D1 and D2 occupy the same genomic 

locus, each genome can harbor a maximum of one RAYT from this group. In our dataset, 12 

of the 25 Pseudomonas genomes contained either a D1 or D2 RAYT. However, the broader 

phylogenetic group containing genomes with a D RAYT included 16 genomes, four lacking a 

RAYT from this group. 

Furthermore, the presence of a D1 or D2 RAYT within a given genome did not correlate with 

phylogenetic clustering. The phylogenetic group harboring D RAYTs could not be subdivided 

into two discrete clades corresponding to D1 and D2. Instead, the distribution of D1, D2, or the 

absence of a group D RAYT appeared random. This finding contradicts a scenario of purely 

vertical inheritance and suggests that HGT has played a role in disseminating group D RAYTs. 

Multiple independent HGT events and subsequent lineage-specific RAYT loss are required to 

explain the observed distribution of group D RAYTs among Pseudomonas genomes. 
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Figure 7: Phylogeny of Group D RAYTs and of the Pseudomonas genomes carrying them. The 

left phylogenetic tree shows RAYTs of group D1 (yellow) and D2 (blue). Other RAYTs were collapsed 

(grey triangle). The phylogeny of RAYTs is based on nucleotide alignments. The right phylogenetic tree 

(UBCG) shows the Pseudomonas genomes carrying a RAYT from group D1 (yellow), D2 (blue), or no 

RAYT from group D (white). Other Pseudomonas genomes were collapsed (grey triangle). The RAYT 

phylogeny shows a clear distinction between group D1 and D2 RAYTs. In contrast, the genome 

phylogeny shows a disordered distribution of RAYT carriers of groups D1 and D2. This indicates that 

HGT of RAYTs from group D happened multiple times.  

3.2.3.2 HGT of group E RAYTs 

Group E presents a unique feature in the analysis of RAYT groups and their associated REPIN 

master sequences. As previously described, Group E consists of two subgroups, E1 and E2. 

While RAYTs from both subgroups occupy the same genomic locus, they form distinct 

phylogenetic clades (Fig. 6). This does not meet our expectations, as the group E RAYTs, 

although forming two phylogenetic groups, have the same genomic location with two different 

REPIN master sequences. Among the 25 analyzed genomes, 10 contain either an E1 or an 

E2 RAYT.  

The REPIN master sequences associated with E1 and E2 were computationally and manually 

determined. To refine the computational results, we manually verified which sequences were 

more prevalent within the REPtron of the corresponding RAYT (Fig. 6). The REPtron refers to 

the RAYT and its neighboring REPINs. This allowed us to test whether each RAYT in E1 and 

E2 is associated only with the corresponding REPIN master sequence. We expected this 

according to our current knowledge about RAYTs, since RAYTs should only be associated with 

one REPIN population and thus the REPIN master sequence.  

Interestingly, in nearly all REPtrons of Group E RAYTs (except for P. synxantha 30B), two 

REPIN master sequences were identified. One sequence consistently appeared three times 
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within the REPtron, while the second appeared only once. This pattern was observed in 

REPtrons of both E1 and E2, although the dominant sequence varied between subgroups. 

Depending on which sequence was more frequently represented in the REPtron, it was 

designated as the REPIN master sequence for that subgroup. These REPIN master 

sequences differ slightly (Fig. 5).  Notably, while E1 RAYTs are primarily associated with the 

E1 REPIN master sequence, they also exhibit connections to the E2 REPIN master sequence, 

and vice versa. 

Interestingly, with the exception of P. synxantha 30B, the E2 REPIN master sequence is more 

prevalent than E1, even in genomes containing only an E1 RAYT. However, E1 REPIN master 

sequences are significantly more frequent in genomes harboring an E1 RAYT. In these cases, 

the E1 REPIN master sequences constitute an average of 42.30 % of all E REPIN master 

sequences in the genome. In contrast, when an E2 RAYT was present, the proportion of E1 

REPIN master sequences is reduced to 24.64 %. 

 

Figure 8: Ratio of E1 and E2 REPIN master sequences in Pseudomonas genomes. The top 5 

genomes listed have a RAYT in subgroup E1, and the bottom 5 genomes have a RAYT from subgroup 

E2. To the right, the REPtron of the RAYT (white arrow) shows the identity of the 4 REP sequences (in 

the closest upstream and downstream REPINs). There were two different REP identities, which are also 

the REPIN master sequences of the corresponding groups. Those that occurred more frequently in the 

REPtron of group E1 (E1 REPIN master sequences) were marked in blue, and those that occurred more 

frequently in the REPtron of group E2 (E2 REPIN master sequences) were marked in red. If the identity 

of the REP sequence could not be clarified, this REP was marked in white. The right part of the figure 

shows the percentage of E1 and E2 REPIN master sequences in the corresponding genome (out of the 

total number of E REPIN master sequences). The solid black line shows the mean percentage of E1 
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REPIN master sequences (blue) in the genome group with an E1 RAYT. The dashed line shows the 

mean percentage of E1 REPIN master sequences (blue) in the genome group with an E2 RAYT.   

A possible reason for the association of E RAYTs with two REPIN sequences, one of which 

occurs more frequently in the REPtron of one subgroup than in the other, could be HGT. A 

closer look at the REPtrons from the E1 and E2 groups could provide an indication of this (Fig. 

9). For this purpose, a nucleotide alignment of the E1 REPtron of P. fluorescens U140 and the 

E2 REPtron of P. fluorescens SBW25 in Geneious Prime was created. The segments at the 

beginning of the two REPtrons are very similar and have a pairwise identity of 94.2%. In 

contrast, the posterior parts of the REPtrons differ much more strongly from each other and 

only have a pairwise identity of 76.8%. This discrepancy could offer insights into the 

evolutionary trajectory of the E REPtrons. One hypothesis posits that HGT and homologous 

recombination may have facilitated the transfer of a component of the REPtron within an 

existing REPtron.  

 

Figure 9: Pairwise identity of parts of E1 and E2 REPtrons differs significantly. A nucleotide 

alignment in Geneious Prime shows that the REPtrons of E1 (P. fluorescens U140) and E2 (P. 

fluorescens SBW25) are very similar in one section, whereas they differ significantly in the other section. 

The REPtrons consist of the RAYT and the neighboring REPINS, each consisting of two REP sequences 

and one spacer sequence. E1 REP sequences and RAYT are marked blue and E2 REP sequences and 

RAYT are marked red.  

More evidence for HGT is shown by looking at the pairwise identity of some E group RAYTs 

and their neighboring genes (Fig. 10). If E RAYTs are transferred vertically and not horizontally, 

then we expect the pairwise identity of the RAYTs and the adjacent genes to be approximately 

the same. The pairwise identity of the E RAYTs of the very closely related strains P. fluorescens 

U140 and P. fluorescens SBW25 is 83.0 %. However, the two surrounding genes, PFLU3938 

and PFLU3940, have a pairwise identity of 98.1 % and 92.3 %. This means that the genes are 

very similar to each other compared to the RAYTs. Theoretically, this could also be due to the 

fact that the RAYTs have changed much faster than other genes in the genome. However, a 

look at other comparisons shows that this is not the case.  

The genomes of P. marginalis PA-2-2B and P. synxantha 30B differ relatively strongly from 

each other and so the two genes surrounding the RAYT also have a pairwise identity of 84.4 

% and 88.1 %. However, as in the previous example, the E RAYTs of these two genomes have 

a pairwise identity of 83.0 %. If E RAYTs changed much faster than other genes, we would 
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have expected a much lower value here, too. The pairwise identity of the E RAYTs of P. sp. 

OV546 and P. fluorescens SBW25 are 99.1 %, so they differ only minimally. The same applies 

to the surrounding genes of the RAYTs in these two genomes. These have a pairwise identity 

of 98.4 % and 99.2 %. These results therefore indicate that the E RAYTs change neither faster 

nor slower than other genes, but that HGT events occurred.   

 

Figure 10: Pairwise identity comparison of E RAYTs and neighboring genes. The comparison of 

the pairwise identity between the E RAYTs and the neighboring genes of different genomes shows that 

the E RAYTs can differ significantly from each other, although the neighboring genes are very similar 

(comparison of P. fluorescens U140 and P. fluorescens SBW25). However, there is also the case that 

surrounding genes and RAYTs differ to the same extent (P. marginalis PA-2-2B and P. synxantha 30B) 

or are similar to each other (P. sp. OV546 and P. fluorescens SBW25). This indicates that HGT events 

occurred within the E RAYTs and that the RAYTs are not solely transmitted vertically.  

3.2.3.3 Evidence of HGT among RAYT groups C, F, H, and I 

The distribution of RAYTs from the different groups in the Pseudomonas genomes suggests 

that HGT also plays a role in these groups (Fig. 11).  

The genomes of P. sp. FH1, P. fluorescens NZ052, and P. canadensis 36C8 have a RAYT in 

group C. These RAYTs are very similar and differ only minimally. However, the three genomes 

are not as closely related as one would expect due to the RAYTs in group C being almost 

identical. The relationships of the three strains show that the RAYTs could theoretically also 

have occurred in the common ancestor of these three strains and could then have been lost in 

at least 3 events in other strains of the clade. However, it is also possible that the RAYTs were 

transferred by HGT.  
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The same applies to the RAYTs from group F. A group of 9 genomes, including SBW25, has a 

RAYT from group F. However, the P. sp. FH1 genome also has a RAYT in group F. It is possible 

that the RAYT from group F was lost at least 5 times in different lines. However, it is likely that 

at least one HGT event occurred. For example, P. sp. FH1 or an ancestor could have 

transmitted the RAYT to a common ancestor of the 9 other carriers of group F RAYTs.   

Also, in group H of the RAYTs, the corresponding RAYT must have been lost at least 6 times 

in the different lines or, what seems more likely, an HGT event occurred. The genomes of P. 

sp. S10E, P. sp. CHM02 and P. sp. p8D11 have a RAYT from group H. However, there is a 

certain phylogenetic distance between these strains with many more closely related strains, all 

of which do not have a RAYT from group H.  

Interestingly, RAYT groups I and J each contain one RAYT from the genomes P. sp. QC2 and 

P. viridiflava p2E10. One possibility is that a duplication occurred in a common ancestor of P. 

sp. QC2 and P. viridiflava p2E10, which was not shared with other strains from the 25 selected 

Pseudomonas genomes. However, the fact that the RAYTs in group I differ relatively clearly 

from RAYTs in group J, but the genomes of P. sp. QC2 and P. viridiflava p2E10 differ only 

minimally from some other genomes that have a RAYT in group J, such as SBW25, which 

speaks against this. This means that the RAYTs should have changed much faster after 

duplication than the rest of the genome. Another point that speaks against duplication is that 

the genome P. sp. 52 E6 also has a RAYT in group I. This genome is clearly different from P. 

sp. QC2, P. viridiflava p2E10 and SBW25, but the RAYTs of P. sp. 52 E6, P. sp. QC2, P. 

viridiflava p2E10 in group I were not very different from each other. One or more duplications 

as the reason for P. sp. QC2 and P. viridiflava p2E10 carrying two RAYTs in groups G - J with 

the same associated REPIN master sequence is therefore very unlikely. However, the 

possibility of HGT is much more likely. It is possible that P. sp. 52 E6 or a related strain with a 

RAYT in group I transferred it to the common ancestor of P. sp. QC2 and P. viridiflava p2E10 

by HGT. It is also possible that both P. sp. 52 E6 as well as P. sp. QC2 and P. viridiflava p2E10 

(or their common ancestor) independently gained the RAYT in group I by HGT.  
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Figure 11: Presence of RAYT groups in 25 Pseudomonas genomes. All RAYTs present in the 25 

Pseudomonas genomes are listed and marked by color according to the REPIN master sequence they 

are associated with. The distribution of RAYT groups C (green), D (pink) (1:D1 and 2:D2), E1 (blue), E2 

(red), F (yellow), H (brown), and I (brown) in the Pseudomonas genomes (UBCG phylogenetic tree) 

indicates HGT. In addition, the presence of RAYTs from groups A (white) and B (orange) is also shown. 

However, these only occur once, which is why no statement can be made about possible HGT events 

in these groups. 

3.2.4 REPINs of the hut locus  

3.2.4.1 REPIN sites in the hut locus are conserved 

We analyzed the hut loci of all 25 Pseudomonas genomes both manually and using RAREFAN 

to identify and group REPINs. As previously described, each RAYT is associated with a distinct 

REPIN population and each REPIN population has a REPIN master sequence. To explore the 

relationships of RAYTs and REPINs, REPINs were analyzed for sequence similarity to the 

REPIN master sequences the RAYTs are associated with. In a first step, all REPINs that could 

be clearly assigned to a RAYT group based on the REPIN master sequence in the palindromic 
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sequence were grouped (Fig. 12 A). In a second step, all remaining REPINs were then 

assigned to a RAYT group according to probability (Fig. 12 B). This was based on the sequence 

similarities to the REPIN master sequence and the presence of RAYTs in the genome and 

closely related genomes. Our primary aim was to determine the number of REPINs present in 

the hut locus, their specific locations, and their association with RAYTs. This also allowed us 

to analyze whether the REPINs are randomly distributed in the hut loci of the different 

Pseudomonas genomes.  

A total of 109 REPINs and 23 REPs were identified within the hut loci of the 25 Pseudomonas 

genomes (Fig. 12). P. sp. FH1 was the only genome that lacked a REPIN or its remnant (REP) 

in the hut locus. Notably, nearly all genomes contain six REPINs or REPs in this region. The 

REPIN sites are highly conserved across genomes. Whenever REPINs or REPs are present 

in the hut locus, they consistently appear at the same six locations among the 25 genomes. 

However, while the sites are conserved, the REPIN sequences and groups are not.  

3.2.4.2 Association of REPINs with Group D and E RAYTs 

Most REPINs and their remnants in the hut loci of the 25 Pseudomonas genomes are 

associated with group D and E RAYTs considering the REPIN grouping based on probability. 

This pattern is consistently observed for REPINs RF, RD, RU, RV, and RG. Depending on 

whether the corresponding genome contains a RAYT from group D or E, the REPINs are also 

predominantly associated with this RAYT. With one exception, each genome harbors either a 

group D or E RAYT, or lacks both. Only four genomes contain no RAYT from these groups 

and P. synxantha 30B is the only strain with both a group D and E RAYT. In this strain, four 

REPINs or their remnants are associated with the group D RAYT, while two are associated 

with the group E RAYT. 

P. fluorescens SBW25 and its eight closest relatives all contain a RAYT from subgroup E1 or 

E2. Four of these genomes have a group E1 RAYT, while five have a group E2 RAYT. However, 

whether a genome harbors an E1 or E2 RAYT does not influence the associations of its 

REPINs in the hut locus. In all nine genomes, RF is associated with group E1 RAYTs, while 

RD, RU, RV, and RG are associated with group E2 RAYTs. 

Interestingly, these nine genomes, along with five additional Pseudomonas genomes, contain 

a RAYT from groups G, H, I, or J. These four RAYT groups share associations with the same 

REPIN population. In 12 of the 14 genomes that harbor a RAYT from one of these groups, the 

REPIN RH is associated with these RAYTs. Additionally, RH from P. fluorescens LMG 5329 is 

also associated with a RAYT from groups G, H, I, or J, despite the genome lacking a RAYT 
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from these groups. This suggests that P. fluorescens LMG 5329 may have once harbored a 

corresponding RAYT that was subsequently lost. 

Interestingly, SBW25 and the eight phylogenetically closest strains and P. sp. FH1 contain all 

a RAYT from group F, but no REPIN in the hut locus from these genomes is associated with a 

group F RAYT. Additionally, P. sp. FH1 lacks REPINs in the hut locus altogether, despite 

possessing two RAYTs. Moreover, P. sp. p8D11 has REPINs or REP remnants at five of the 

six conserved REPIN sites, all associated with a group D RAYT, despite this genome lacking 

a corresponding RAYT. This suggests that P. sp. p8D11 may have previously contained a group 

D RAYT that was subsequently lost. 

Beyond the positions and associations of REPINs, their occurrence as intact REPINs or as 

remnants (REPs) appears non-random. RF, RD, and RH always appear as REPINs, while RG 

is occasionally found as a REP. More notably, RV predominantly appears as a REP in 

genomes where it is associated with a group E RAYT. However, it more frequently remains 

intact when associated with a group D RAYT. 

The dominance of REPINs associated with group D and E RAYTs, the frequent association of 

RH with RAYTs from groups G, H, I, or J, and the correlation between REPIN remnants and 

specific RAYT associations suggest that REPIN persistence and identity are not random. 

Instead, they appear to be strongly shaped by RAYT dynamics.  
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Figure 12: Grouped REPINs of hut loci of 25 Pseudomonas genomes and presence of grouped 

RAYTs. REPIN sites are conserved in six locations in the hut loci of 25 Pseudomonas genomes. The 

REPINs or their remnants are almost always present in these positions. However, the groups of the 

REPINs differ from genome to genome depending on the group of the present RAYT in the particular 

genome. In A, the REPINs were sorted into groups if they contained the REPIN master sequence of the 

respective group and could thus be clearly categorized. In B, the REPINs were also assigned to a group 

if they did not correspond to a REPIN master sequence. The classification was then based on probability. 

REPINs in hut loci are dominated by associations to RAYTs from groups D and E. However, the REPIN 

RH is often associated with a RAYT from groups G - J. 
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3.2.4.3 REPIN switches 

As described above, we were able to show that the REPIN sites are conserved in the hut loci 

of the 25 Pseudomonas genomes, but that the REPINs can differ between the genomes. To 

investigate how exactly this change in REPINs is effected, we performed nucleotide alignments 

of different REPINs and surrounding sequence regions in Geneious Prime (Fig. 13). In 

addition, the pairwise identity of the individual components of the REPIN and the intergenic 

spaces was calculated. This approach could also provide clues to answer the question of 

whether the REPINs that are in the same position but differ from each other have been 

exchanged or have changed over time through coevolution.  

We first examined the REPIN RF of the P. fluorescens U140 and P. sp. 52 E6 genomes to do 

this. P. fluorescens U140 has a REPIN RF, which is assigned to group E1. P. sp. 52 E6, on the 

other hand, has a REPIN at this position, which could not be classified without any doubt but 

probably belongs to group D. The alignment of these two REPINs and the neighboring 

sequence shows that the two REP sequences belong to the most conserved regions. However, 

some nucleotides differ and are responsible for the different grouping of the REPINs. 

Interestingly, the intergenic spaces, with 59.1 % and 55.6 %, have a higher pairwise identity 

than the spacer sequence between the two REP sequences, with 41.0 %.  

A similar picture emerges when looking at the results for the REPIN RD of the same genomes 

as previously considered, P. fluorescens U140 and P. sp. 52 E6. The two REP sequences have 

high pairwise identity values of 72.0 % and 80.0 %. However, they differ in some nucleotides, 

which is why the REPIN of P. fluorescens U140 is assigned to group E2 and that of P. sp. 52 

E6 to group D. Again, the spacer sequence with 56.4 % pairwise identity has a much lower 

similarity than the intergenic space sequence with 79.2 %.  

Next, we analyzed the REPINs RH of P. canadensis 36C8 and P. sp. p8D11. These two 

genomes are the closest relatives that have a REPIN at the same location but which are 

grouped differently. The REPIN of P. canadensis 36C8 was placed in group C and that of P. 

sp. p8D11 in group G - J. Here, the REP sequences have a pairwise identity of 65.4 % and 

54.5 %, respectively. The spacer sequences have one of 35.7 % and the intergenic spaces 

one of 32.0 % and 58.3 %. Taken together the intergenic space upstream and downstream of 

the REPIN, the pairwise identity of the intergenic sequence in total is nevertheless higher than 

that of the spacer sequence. Interestingly, the sequence of P. canadensis 36C8 between the 

upstream gene and the downstream gene (including the REPIN) is shorter than that of P. sp. 

p8D11. This shortening is located approximately equally in the intergenic space upstream of 

the REPIN, in the spacer region of the REPIN, and in the intergenic region downstream of the 

REPIN.  
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These results could indicate that these REPINs have been exchanged in the past and that they 

have not changed slowly through coevolution. If the REPINs had changed slowly by 

coevolution, then we would have expected the pairwise identity of the spacer sequences to be 

similar to that of the intergenic regions. This is because (as previously described) spacer 

sequences are not conserved even within REPIN groups, so they can differ significantly from 

each other. Accordingly, a strong selection pressure that would make rapid adaptation of the 

spacer sequences through coevolution possible is unlikely.  

Furthermore, we compared the REPIN RG of P. marginalis ICMP 3553 with the same position 

in the hut locus where no REPIN was identified for P. sp. 52 E6. The alignment of the two 

sequences shows that where the REPIN is present (in P. marginalis ICMP 3553), the pairwise 

identity is relatively high. This is particularly evident in the spacer sequence (47.1%) and the 

second REP sequence (36.0%). It seems that P. sp. 52 E6 once had a REPIN at this position, 

which has disappeared due to mutational decay. The intergenic space upstream of the REPIN 

is with 69.6 % pairwise identity relatively similar between the genomes, especially with regard 

to the pairwise identity of the extragenic space downstream of the REPIN with only 8.8 %. 

However, this low value can be explained by the fact that this intergenic space is much shorter 

in P. sp. 52 E6. The neighboring genes (outside the hut locus) are also very different.  

Furthermore, we examined the site where P. canadensis 36C8 has the REPIN RU and 

compared it with the same site in P. sp. FH1, which does not have REPIN at this site. In P. sp. 

FH1 the intergenic space is much shorter. The truncation extends over almost the entire REPIN 

sequence (REPIN in P. canadensis 36C8), which is why there is no overlap between the two 

genomes within the REP sequences. However, there is a small similarity of 29.7% within the 

spacer sequence and 43.4% in the intergenic region downstream of the REPIN, despite the 

truncation of the sequence in this region as well. Here, it appears as if there was never a 

REPIN in this position in P. sp. FH1, or if it has completely disappeared due to deletion, or if a 

REPIN was inserted at this position in P. canadensis 36C8. This would fit the fact that this 

REPIN belongs to group D and P. canadensis 36C8 has a RAYT of this group, but not P. sp. 

FH1.  
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Figure 13: Nucleotide alignments of REPIN positions in different Pseudomonas genomes. A-E 

shows the nucleotide alignments of different REPINs and genomes and the intergenic regions up to the 

nearest upstream and downstream gene (gray rectangle). The green bar above the two sequences 

indicates whether the sequences match at this position. The sequences and the nucleotide alignment 

were created in Geneious Prime. The black outlined areas show the individual components of the 

REPINs and the numbers indicate the pairwise identity for the respective region of the sequences. The 

compared REPINs (if present) belong to different groups). A: REPIN RF in P. fluorescens U140 (group 

E1) (upper sequence) and P. sp. 52 E6 (group D) (lower sequence). B: REPIN RD in P. sp. 52 E6 (group 

D) (upper sequence) and P. fluorescens U140 (group E2) (lower sequence). The black arrow on the 

right indicates that the intergenic space is larger than shown here. C: REPIN RH in P. canadensis 36C8 

(group C) (upper sequence) and P. sp. p8D11 (group G - J) (lower sequence). D: REPIN RG is not 

present in P. sp. 52 E6 (upper sequence), but is present in P. marginalis ICMP 3553 (group E2) (lower 

sequence). The black arrow and dash indicate for which sequence region the pairwise identity was 

calculated. E: REPIN RU in P. sp. FH1 (upper sequence) has no REPIN, but P. canadensis 36C8 (group 

E2) (lower sequence) does.  
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3.3 Discussion  

3.3.1 RAYT numbers 

Our analysis of RAYTs in 25 Pseudomonas genomes showed that nearly all genomes contain 

multiple RAYTs (Fig. 4). The average number per genome is 2.16, with most genomes having 

two or three RAYTs. Some genomes had fewer, and a few lacked RAYTs entirely. The 

maximum number observed was four RAYTs per genome. These findings align with previous 

studies on Pseudomonas genomes [92].  

When multiple RAYTs are present, they typically differ in sequence and are not identical copies, 

as seen with typical transposons [30, 51]. In addition, the existence of RAYTs in the genome 

can only be explained by an advantage for the host [56]. If each genome can accommodate 

up to four RAYTs along with their associated REPINs, these elements may serve distinct 

functions. In line with that, group 3 RAYTs, which are found in Pseudomonas, tend to be more 

abundant than other RAYT groups, suggesting greater functional diversity [51]. Our results 

could support this hypothesis with exceptions.   

One exception is that P. sp. QC2 and P. viridiflava p2E10 each have four RAYTs, two of which 

are in an aspect similar to each other. These two RAYTs in the same genome are associated 

with the same REPIN population. Even if these RAYTs differ in location and form different 

clades by nucleotide alignment, this contradicts our previous understanding that if several 

RAYTs occur in the genome, they differ significantly [51]. At least in their REPIN association 

and partly also in their sequence, these RAYTs are similar.   

Interestingly, some genomes (P. lurida LMG 21995 and P. fluorescens LMG 5329) do not 

contain any RAYTs. These genomes likely had RAYTs in the past but subsequently lost them. 

This conclusion is supported by phylogenetic evidence, as closely related genomes often still 

contain these RAYTs. Additionally, these genomes retain REPINs that are typically associated 

with RAYTs found in related strains. However, it is interesting that these strains persist without 

RAYTs. This may be due to the ecological niches in which these strains occur, where the 

unknown benefits of RAYTs (and REPINs) may not be necessary.  

3.3.2 RAYT phylogeny and HGT 

To investigate the evolutionary relationships among the 54 RAYTs, we used RAREFAN to 

construct a phylogenetic tree based on nucleotide alignments. Based on genome location, we 

categorized the RAYTs into groups AïJ and determined their respective REPIN master 

sequences (the most frequent sequence in the associated REPIN population) (Fig. 6). We 

expected RAYTs to form distinct phylogenetic clades corresponding to their genomic position 

and associated REPIN master sequence. However, our results revealed multiple exceptions. 
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Thus, RAYTs of group D form two clades (D1 and D2), although all D RAYTs are located at the 

same genomic position and are associated with the same REPIN population. In addition, D2 

RAYTs have even more sequence similarities with E RAYTs than with D1 RAYTs. Analyzing 

the phylogeny of group D RAYTs revealed another interesting result. These RAYTs can be 

subdivided into D1 and D2 based on phylogeny. Since it is assumed that RAYTs are primarily 

vertically transmitted, we expected Pseudomonas strains containing D1 or D2 RAYTs to mirror 

the phylogeny of D RAYTs, forming distinct clades harboring either D1 or D2 RAYTs [32]. 

However, this was not the case. Instead, the distribution of D1 and D2 RAYTs appears random 

across Pseudomonas strains, suggesting that these RAYTs have undergone multiple HGT 

events (Fig. 7). These findings provide evidence of multiple HGT events in RAYTs. Previous 

studies did not investigate HGT at the strain level and therefore assumed that HGT of RAYTs 

is rare and of minor importance [32, 51, 53, 92].  

The results for group E also do not meet our expectations in multiple ways. E RAYTs also form 

two clades (E1 and E2), although all E RAYTs are at the same location in the genome. In 

addition, 9 out of 10 group E RAYTs are associated with both REPIN populations because both 

REP sequences occur in their REPtron (Fig. 8). In nearly all cases, one REP sequence is found 

three times, while the other appears once (Fig. 8). This ratio remains consistent across E1 and 

E2 REPtrons, with E1 REPtrons favoring one REP sequence and E2 REPtrons favoring the 

other. Additionally, genomes containing E1 RAYTs have a higher prevalence of their associated 

REPINs than genomes with E2 RAYTs. However, in nearly all genomes, except P. synxantha 

30B, REPINs associated with E2 RAYTs were more abundant overall. The fact that the E 

RAYTs are associated with two REPIN populations may be related to an HGT event in which 

only part of the REPtron was transferred.  

In addition, the pairwise identity values of E RAYTs and neighboring genes in different 

genomes do not fit with our expectation that these RAYTs are inherited exclusively vertically 

(Fig. 10). This is because these results show that even very similar genomes, such as P. 

fluorescens SBW25 and P. fluorescens U140, can have very different E RAYTs, even if 

neighboring genes are very similar in both genomes. If we had only vertical inheritance, then 

we would expect these RAYTs in the genomes to have similar pairwise identity values to each 

other as neighboring genes. However, the fact that this is not the case could be explained not 

only by HGT but also by the fact that RAYTs evolve faster than other genes. The fact that 

RAYTs change faster than surrounding genes is explained by Nunvar et al. (2010) precisely 

because the RAYTs in their study also differed more from each other than neighboring genes 

[34]. However, our analyses showed that this is not always the case. For example, we also 

show results in which distantly related Pseudomonas strains such as P. marginalis PA-2-2B 

and P. synxantha 30B have quite different E RAYTs, which show a similarly low similarity to 
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each other as surrounding genes (Fig. 10). If the RAYTs evolved faster, as described by Nunvar 

et al. 2010, we would have expected a much lower pairwise identity of the RAYTs compared 

to the surrounding genes. In addition, another example illustrates that very similar genomes, 

such as those of P. sp. OV546 and P. fluorescens SBW25 can also have very similar E RAYTs, 

in contrast to the first case described, where genomes with very similar sequences have very 

different E RAYTs. These results are an important indication that HGT events also took place 

in E RAYTs. It is also possible that in the RAYTs studied by Nunvar et al. 2010, HGT is the 

reason for the lower similarity of RAYTs compared to the neighboring genes.  

Also contrary to our expectations are the results of the analysis of the RAYTs from groups G - 

J. RAYTs in groups G, H, I, and J all associate with the same REPINs despite being at different 

loci and showing sequence diversification (Fig. 6). Our expectation would have been that these 

RAYTs would also be associated with different REPIN populations due to their altered 

sequences and different locations. This is not the case. It is possible that while the nucleotide 

sequences of these RAYTs have diverged, their functional domains, particularly those 

interacting with REPINs, have remained largely conserved. Previous studies have shown that 

certain regions of RAYTs proteins are highly conserved, while others are more variable [48, 

49]. In addition, HGT events are also likely for RAYTs in groups H and I. Alternative hypotheses 

that could explain the distribution of RAYTs in these groups, such as loss of RAYTs in multiple 

events, seem possible but less likely. This also applies to the RAYTs in groups C and F where 

HGT events also provide a likely explanation for the distribution across the genomes.  

3.3.3 REPINs inside the hut locus 

We analyzed the occurrence of REPINs in the hut locus of 25 Pseudomonas genomes, their 

association with RAYTs, and their positions. The hut locus is highly conserved and essential 

when histidine is the primary carbon and nitrogen source [66]. Previous observations identified 

a REPIN downstream of the coupled hutC and hutD genes in P. fluorescens SBW25. HutC is 

a key regulator of the hut locus and influences many other genes in SBW25 [65, 68, 97]. HutD 

plays a crucial role in histidine metabolism, but its exact function remains unknown [65]. Since 

REPINs can affect protein synthesis through various mechanisms, the hut locus serves as a 

relevant starting point for our analysis [36-40, 65, 68, 97, 98].  

We found that nearly all Pseudomonas genomes contain exactly six REPINs or their remnants 

within the hut locus (Fig. 12). These six REPIN positions were highly conserved, but their 

sequences and associated RAYT groups varied depending on the RAYT present in the 

genome. This suggests that REPIN positioning plays a functional role in the hut locus, while 

sequence variations, particularly in the imperfect palindromic region, primarily affect 

interactions with RAYTs rather than function per se.  



ΣΡ 
 

Most REPINs in the hut locus were associated with group D RAYTs when present in the 

genome. However, in genomes lacking a D RAYT but containing an E RAYT, most REPINs 

were associated with E RAYTs. This pattern suggests that RAYTs from groups D and E perform 

similar, if not identical, functions with their associated REPINs. Supporting this, D and E RAYTs 

are phylogenetically related, and their associated REPINs share similarities.  

The possibility that REPINs are exchanged by RAYTs when the RAYT in the genome changes, 

and the REPINs do not change through coevolution, seems likely. In our analysis of the 

alignments of REPINs from different groups at the same location, we demonstrated that, for 

example, the spacer sequences were more distinct from each other than the intergenic regions 

(without REPIN) (Fig. 13). If we expected the REPINs to change through coevolution, we would 

have expected the spacer sequences to change at a rate slower than that of the intergenic 

regions. The spacer sequences are not conserved but variable even within a REPIN population 

[30]. Overall, our results suggest that REPINs are exchanged by RAYTs as soon as a new 

RAYT appears in the genome through HGT. This exchange of REPINs may occur very rapidly. 

However, our analyses can only be understood as an indication in this direction of explanation, 

due to the small scope, and larger analyses of this kind would be more informative.  

The predominance of REPINs associated with D and E RAYTs in the hut locus suggests that 

these specific REPINs and their associated RAYTs may be functionally required in this region. 

Alternatively, the frequent occurrence of D and E REPINs may reflect their higher abundance 

within the genome compared to REPINs from other groups. 

Interestingly, REPIN RH is typically associated with RAYTs from groups G, H, I, or J. This 

suggests that REPINs and their RAYTs may have distinct functions, particularly in genomes 

containing multiple RAYTs. However, in genomes lacking a RAYT from groups G, H, I, or J, 

REPIN H is often associated with a group D RAYT, suggesting that D RAYTs may fulfill a similar 

role in these genomes. 
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3.4 Future directions 

To further explore the evolutionary relationships between RAYTs and REPINs, future studies 

should incorporate additional Pseudomonas and E. coli genomes. Therefore, we could utilize 

additional genomes and RAYTs to support our findings, which suggest that, for example, HGT 

is much more common in RAYTs than previously thought. Furthermore, much of what we 

thought we knew about RAYTs proves to be more complex than initially assumed and cannot 

be generalized. 

While our analysis provides a solid overview of REPINs in the hut locus, examining REPINs in 

other genomic loci and comparing them to our findings could offer valuable insights. A more 

comprehensive analysis could determine whether specific REPIN groups preferentially occur 

at specific loci or near particular genes. This could also help clarify whether the 

overrepresentation of D and E REPINs in the hut locus is a localized phenomenon or reflects 

a broader genomic pattern. In addition, a larger sample size would better explain how exactly 

REPINs are exchanged when the corresponding RAYT in the genome changes or is replaced 

by HGT.  

3.5 Conclusion 

Through phylogenetic analysis of RAYTs from 25 Pseudomonas genomes, we gained new 

insights into their evolutionary dynamics. Much of what we previously thought we knew about 

RAYTs needs to be rethought. For example, we previously assumed that RAYTs exist as single 

copy genes and that if there are multiple RAYTs in the genome, they are very different from 

each other in all respects. Furthermore, we assumed that RAYTs that are similar and found at 

the same location are also associated with the same and only with one REPIN population. 

Accordingly, we also assumed that RAYTs that differ in sequence and/or genome location are 

also associated with different REPIN populations. Furthermore, we assumed that HGT plays 

only a minor role in the distribution of RAYTs and occurs only very rarely.  

With our analyses, we were able to show that RAYTs behave differently than previously 

thought. Even very similar RAYTs and those found at the same genome location can be 

associated with different REPIN populations. Conversely, RAYTs that differ in sequence and 

have distinct genomic locations may also be associated with the same REPIN population. 

Furthermore, RAYTs can be associated with two REPIN populations. In addition, HGT is much 

more common than previously thought.  

Within the REPINs in the hut locus, we demonstrated that they are not randomly distributed 

but likely serve a function. However, the exact sequence and grouping of REPINs do not 

appear to be crucial for this purpose. Furthermore, REPINs are likely to be completely replaced 

by RAYTs and do not undergo slow adaptation through coevolution.  
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Chapter 4: Impact of the REPIN-RAYT system on the hut 

locus functionality 

4.1 Introduction  

In the previous chapter, we demonstrated that six REPINs or their remnants are located within 

the histidine utilization (hut) locus of P. fluorescens SBW25 (Fig. 14). Their positions are well-

conserved among 24 other Pseudomonas genomes. This finding raises the question of their 

functionality in the tightly regulated hut locus. It is possible that the REPINs play a regulatory 

role in affecting gene expression, possibly in conjunction with the RAYTs. To explore this 

possibility, it is necessary to first summarize the current understanding of the hut locus's 

functionality and regulation. 

 

Figure 14: Composition of the histidine utilization (hut) locus in P. fluorescens SBW25. The 

REPINs (rectangles) and their remnants (triangles) are highlighted in yellow. REPINs were named with 

an ñRò for REPIN, followed by the letter of the next upstream hut locus gene (white, lying triangles). 

Arrows indicate the transcriptional start sites of the hut locus [65].  

4.1.1 Functionality and regulation of hut genes 

4.1.1.1 Degrading enzymes 

The hut locus of P. fluorescens SBW25 comprises 13 genes in three transcriptional units [65]. 

These three transcriptional units are hutF, hutCD, and hutTuUXWVH1H2ThIG [65]. Five of these 

genes, hutF, hutU, hutH2, hutI, and hutG, encode for enzymes that degrade histidine in the 5-

step pathway (Fig. 15) [72].  

hutH2 in P. fluorescens SBW25 encodes for the histidase, responsible for the first step of the 

degradation of histidine [65, 99]. The histidase catalyzes the liberation of one amino group, 

yielding urocanate as the first intermediate of the pathway [72, 99, 100]. Interestingly, there is 

another gene directly upstream of hutH2 in SBW25 (and other Pseudomonas genomes), whose 

protein shares 36% sequence identity to HutH of P. putida (HutH1 shares 84%) [65]. HutH1 

seems not to have the same functionality as HutH2, but whatever its function is, it is unknown 

[65].  

The next enzyme in the hut pathway is urocanase, encoded by hutU [65, 72, 101]. Urocanase 

catalyzes the formation of imidazolone propionate (IP) from urocanate [72, 101]. It follows 

Imidazolone propionate hydrolase (IPase), which is encoded by hutI and cleaves IP to yield 

formimino glutamate (FIG) [65, 72, 102]. If the upstream enzymes are active but IPase is not, 
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the bacteria may be poisoned, possibly due to the spontaneous decomposition of IP [72, 102-

104]. FIG is metabolized to formyl glutamate (FG) in the next step of the hut pathway [72]. 

Formimino-glutamata iminohydrolase, which is encoded by hutF, cleaves an amino group from 

FIG for this purpose [65, 72, 105]. The resulting formyl glutamate is then hydrolyzed to 

glutamate and formate by the formyl-glutamate amidohydrolase encoded by hutG [65, 72, 

106].  

 

Figure 15: Histidine degradation pathway in P. fluorescens SBW25 (adapted from Bender 2012 and 

Zhang et al. 2007). HutTh is the high-affinity histidine transporter. Degradation occurs in 5 steps, 

catalyzed by HutH2, HutU, HutI, HutF, and HutG. Ultimately, glutamate and formate are produced.  

4.1.1.2 Transporters  

The hut locus encodes for two histidine transporters and one urocanate transporter [65, 70, 

107]. HutTh is probably a proton-symporter with a high affinity to histidine [107]. Experiments 

have shown that SBW25 is slow in growth without hutTh in medium with histidine as the sole 

carbon and nitrogen source [70]. hutXWV encodes for an ABC-type transporter and is, together 

with HutTh, involved in histidine uptake but only has a minor role [65, 70]. The protein HutTu is 

the high-affinity transporter of urocanate [70].  

4.1.1.3 Regulators  

Regulating the hut locus is complex. One of the main regulators is HutC. HutC negatively 

regulates the three operons hutF, hutCD, and hutTuUXWVH1H2ThIG [65, 68, 97]. It binds to the 

hut locus's operator sites, including the one regulating hutCD [65, 68, 97]. By this, the repressor 

regulates its own synthesis [97]. However, HutC also binds to multiple other sites in the 

genome of SBW25 and is associated with the up-and-downregulation of hundreds of genes 
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[68]. Experiments have shown that hutC deletion strains grow faster and are fitter than the wild 

type of SBW25 in a medium with histidine as the sole carbon and nitrogen source [65]. The 

faster induction of the hut locus without its repressor is probably the reason for this effect [65].  

Urocanate physically induces the hut locus genes in Pseudomonas [101, 106, 108, 109]. The 

presence of urocanate leads to the dissociation of HutC from the operator sites of the hut locus 

[108]. 

In Pseudomonas, the gene hutD is transcriptionally coupled to hutC, the first gene in the 

operon [65]. This coupling implies that HutD also has a regulatory function [65]. However, the 

specific function of HutD remains unclear. One possibility is that HutD takes on a governor role 

to prevent the hut locus genes from being over-expressed [65]. This hypothesis states that 

HutD possibly binds to urocanate for this purpose [65]. According to the hypothesis, urocanate 

is then less likely to ensure the dissociation of HutC from the operator sites of the hut locus 

[65]. hut expression is restricted as a result. Excessive expression could otherwise lead to 

potentially toxic concentrations of intracellular ammonia [65]. In line with that, experiments 

have shown that deleting hutD leads to poorer growth and lower fitness in media in which the 

hut locus is active [65]. However, even though high ammonia concentrations can be toxic to 

bacterial cells, it is unclear at what concentrations these cells are harmed [110-112]. A further 

problem with this hypothesis is that there is no evidence for the binding of HutD to urocanate. 

Structure analysis showed that HutD is much more likely to bind to N-formyl-L-glutamates (a 

hut pathway intermediate) than to urocanate [113].  

As previously mentioned, high concentrations of intermediates or products of histidine 

degradation can be toxic. Therefore, it is essential to maintain the balance of enzymes in the 

hut locus. As already mentioned, HutC and probably also HutD play a crucial role in this. 

However, there are other regulators, in addition to HutC and HutD: CbrAB and NtrBC. CbrAB 

is a two-component system consisting of the membrane sensor kinase CbrA and the response 

regulator CbrB [114]. CbrB binds to the promoter of hutU-G in medium with histidine as the 

sole carbon source [67]. The promoter is ů-54-dependent under conditions where histidine is 

the sole carbon source [65]. CbrB functions here as an enhancer-binding protein [71]. At the 

same time, CbrB de-represses the translation of the hut enzymes by activating the non-coding 

RNAs crcY and crcZ [67]. These bind to the CrC-HfQ complex, which cannot repress the 

translation of the hut mRNA [67]. SBW25 cannot grow without CbrA or CbrB under conditions 

when histidine or urocanate is the only carbon source [65].  

However, the hut enzymes are predominantly activated by NtrBC when histidine is a nitrogen 

source with another carbon source than histidine or urocanate in the medium [67]. The hutU-

G promoter is then ů-70 dependent, and NtrC binds as an enhancer [65, 67]. NtrB and NtrC 
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are subject to autoactivation, which is, in turn, repressed by HutC [67]. Here, HutC possibly 

acts as a governor to prevent excessive activation of NtrBC and, thus, excessive activation of 

the hut locus [67]. However, this repression probably only occurs at high histidine 

concentrations when HutC is abundant, thus ensuring that HutC does not always repress the 

many other genes in the NtrBC regulon [67]. 

4.1.2 Importance of the regulation of the hut locus 

The hut locus is crucial when histidine is used as a carbon or nitrogen source. Histidine 

metabolism in P. fluorescens SBW25 occurs through a 5-step pathway (Fig. 15) [65, 115]. In 

this pathway, one mole of histidine is metabolized to two moles of ammonia, one mole of 

glutamate, and one mole of formate [72]. These then serve as a source of carbon and nitrogen. 

However, tight regulation of the hut genes is essential, as histidine synthesis is highly energy-

intensive for bacteria [72]. Histidine degradation should only occur when necessary to 

conserve energy and resources [72]. Therefore, hut genes are expressed only if exogenous 

histidine levels are higher than internal levels [72]. In addition, the different affinities of the hut 

locus enzymes and those of the tRNA ensure that the histidine level does not decrease to a 

level at which protein synthesis would no longer be possible [72]. Furthermore, the hut locus 

proteins are not synthesized at maximum rates unless it is necessary to gain essential 

resources from histidine degradation [72].  Additionally, regulating hut genes tightly avoids high 

concentrations of potentially toxic intermediates (e.g. IP) or products (e.g. ammonia) that are 

deleterious for growth [72].  

4.1.3 Gene expression regulation in bacteria   

As described above for the hut locus, regulating gene expression is essential for bacteria [116]. 

Regulation at the transcriptional and translational levels of genes enables bacteria to maintain 

fitness in fluctuating environments [116]. This is, for example, achieved by saving resources or 

by preventing the accumulation of harmful reaction intermediates [116].  

Considering the vast number of bacterial species, their diverse habitats, and their genetic 

diversity, it is no surprise that there are numerous ways to regulate transcription and 

translation. An important component of this regulation are stem-loop structures of DNA or RNA. 

These stem-loops can act at the level of transcription, translation, and mRNA stabilization and 

they can promote or inhibit these processes. This is of particular interest because REPINs also 

form stem-loop structures in DNA and RNA [31-33]. Therefore, in the following, I will show how 

stem-loops regulate gene expression before showing some examples where REPINs are 

known to influence gene expression through their structure.  

4.1.3.1 Stem-loops affect gene expression regulation 

During transcription, for example, the RNA polymerase can pause, which is initiated by the 

elemental pause mechanism [117]. This pausing can be stabilized by RNA hairpins [117]. This 
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process provides important time for other regulatory processes [117]. However, stem-loops 

can also destabilize the elongation complex, causing the RNA polymerase to dissociate from 

DNA and RNA, resulting in intrinsic transcription termination (factor-independent) [118]. The 

transcription termination ensures that no genes are transcribed that are not required [118]. The 

stem-loop structures can also serve as internal transcription terminators [119]. For this 

purpose, the hairpins are formed within operons between the genes [119]. The efficiency of 

termination determines the level of transcription of downstream genes [119]. This way, the 

stoichiometric ratio of the genes within the operon can be influenced [119].  

Hairpin structures can also function as anti-terminators [120]. Their formation prevents the 

formation of a terminator [120]. External signals can switch back and forth between the 

formation of the terminator and anti-terminator [120]. Untranslated regions of RNA that facilitate 

this switching mechanism through conformational changes in their stem-loop structures are 

known as riboswitches [116]. They can change their conformation by binding ligands or by 

changes in physical parameters, such as temperature, and thus affect transcription and 

translation [116].  

Riboswitches such as RNA thermometers can inhibit translation initiation [121]. This occurs, 

for example, by obscuring the ribosomal binding site (RBS) [121]. In contrast, the translation 

initiation can also be promoted by stem-loop structures of mRNA [122]. This is probably done 

by helping to correctly position the 30S ribosomal subunit during translation initiation [122]. 

During translation elongation, stem-loop structures of the mRNA slow down the elongation 

process significantly [123]. The extent to which elongation is reduced depends strongly on 

stem length [123].  

Stem-loop structures can thus regulate gene expression directly at transcription and translation 

levels. However, they can also act on the level of the availability of mRNA [124]. Stem loops at 

the 3'-end of mRNAs protect them by making them inaccessible for ribonuclease attacks [124]. 

The ribonucleases are then unable to degrade the mRNA [124]. This prolongs the lifetime of 

the mRNA, thereby affecting gene expression [124].  

4.1.3.2 REPINs form stem-loops that could affect gene expression 

REPINs form stable stem-loop structures in RNA and single-stranded DNA [31-33]. They could, 

therefore, also play a role in regulating gene expression. Indeed, progress has been made in 

the past decades to show that REPINs can regulate gene expression. It has been 

demonstrated, for instance, that the deletion of REPINs in specific genomic backgrounds can 

result in altered gene expression in E. coli and S. typhimurium [98]. However, it was assumed 

that transcription and translation were not strongly affected and that REPINs primarily increase 

mRNA stability [98]. Further investigations have also shown that REPINs increase upstream 
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mRNA stability in various genomic backgrounds by protecting against exonuclease attacks 

[36-38].  

However, it was later shown that REPINs can indeed have a direct effect on transcription and 

translation. It has been demonstrated that REPINs attenuate transcription to such an extent 

that it is ultimately terminated by the transcription termination factor Rho [39]. Consequently, 

this has a negative effect on the transcription rate of downstream genes [39]. REPINs can also 

affect translation, and the position of the REPIN downstream of the gene seems to be 

particularly important [40]. REPINs can stall ribosomes and prevent the complete translation 

of mRNA if REPINs start within the first 15 nucleotides downstream of the stop codon [40]. The 

mRNA then undergoes the trans-translation process and is ultimately degraded [40]. However, 

RNA helicases can partially release the stem-loops of REPINs, thereby enabling complete 

translation and gene expression [40]. A possible physiological role for this kind of regulation of 

translation by REPINs could be rapid stress responses [40, 125]. 

Thus, there are indications that REPINs can regulate gene expression. However, it is unclear 

whether the REPINs inside the hut locus also regulate gene expression. Furthermore, the role 

of RAYTs is unknown. However, their involvement is conceivable since the RAYTs can bind 

and cut REPINs [48-50].  

4.2 Results 

4.2.1 Effects of REPIN-RAYT deletion mutants in the hut locus of P. fluorescens SBW25  

In this chapter, I investigated the consequences of REPIN deletions in the hut locus (Fig. 14) 

and deletions of the three RAYTs for P. fluorescens SBW25. To this end, I constructed six 

REPIN deletion strains, each containing a different REPIN deletion. Additionally, I constructed 

one strain in which all six REPINs were deleted. I also worked with different RAYT deletion 

strains. The mutants and the wildtype were assayed in media in which the proper functionality 

and regulation of the hut locus was necessary. This approach allowed me to test the hypothesis 

that REPINs and RAYTs are involved in the regulation and functionality of the hut locus.  

I identified at least one REPIN in the hut locus, which is important for the functionality or 

regulation of the hut locus, probably by affecting transcription of hutH2 or hutTh. The RAYTs 

probably do not interact with that REPIN for this purpose since RAYT deletion strains did not 

affect growth or relative fitness under conditions in which the functionality of the hut locus was 

necessary. 

4.2.1.1 Construction of REPIN deletion strains 

I constructed seven REPIN deletion strains to investigate the phenotypic effects of REPIN loss. 

In six of these deletion strains, one of the six REPINs inside the hut locus of SBW25 was 
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deleted. Additionally, I constructed one strain with all the REPINs within the hut locus of SBW25 

deleted. These REPIN deletion strains were: ȹRF, ȹRD, ȹRU, ȹRV, ȹRH, ȹRG, and ȹRhut. 

In the following sections, I will present the results of constructing the individual deletion strains. 

More detailed information on the methods can be found in the methods section. 

I achieved the construction of these seven deletion strains using a two-step allelic exchange 

method [86]. In the process, alleles in which the REPIN was absent were produced. These 

alleles were each generated by two PCR pieces. One PCR product of the approx. 700 - 800 

bp upstream region (upstream flank) of the REPIN and one PCR product of the approx. 700 - 

800 bp downstream region (downstream flank) of the REPIN. These two products were 

assembled with the plasmid pUIsacB and transformed into chemically competent E. coli 

(TOP10). The then antibiotic-selected clones were subjected to a control PCR. For this PCR, 

primers located at the end of the backbone pUIsacB were used and allowed an elongation in 

the direction of the assembled PCR products.  

The length of the PCR fragment then indicated whether the two fragments were successfully 

joined with the pUIsacB backbone. The length was e.g. 1673 bp for the construction of ȹRH 

(different lengths for the other constructs). If the assembly was unsuccessful, the length was 

216 bp in the case of ȹRH. The size of the control PCRs was determined in gel electrophoresis 

(Fig. 16). The gel image for the control-PCR of E. coli clones showed that the successfully 

assembled plasmid was present in four (clones 1-3 and 7) of the seven selected clones (Fig. 

16). Successfully assembled plasmids were also detected in clones for the construction of 

ȹRF, ȹRD, ȹRU, ȹRV, ȹRG.  

 

Figure 16: Gel electrophoresis of control PCRs for assembled REPIN-deletion plasmid for ȹRH 

in E. coli (TOP10). The bands of clones 1, 2, 3, and 7 show the correct band size of 1673 bp when the 

backbone pUIsacB was successfully connected to the upstream and downstream flanks. Clones 4, 5, 

and 6 were negative and contained only the backbone, for which a band size of 216 bp was expected. 
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As expected, the negative control contained no band. The DNA ladder used was GeneRulerÊ DNA 

Ladder Mix (Thermo ScientificÊ) (1 % agarose gel, 30 min. at 100 V). 

The successfully assembled plasmids for the two-step allelic exchange of each REPIN were 

then subject to Sanger sequencing to control for sequence errors. At least four reads were 

created for each plasmid. The reads were mapped to the reference sequence of the assembled 

plasmid in Geneious Prime and analyzed (Fig. 17). The clone (for each plasmid for the 

construction of ȹRF, ȹRD, ȹRU, ȹRV, and ȹRG) for which there was the greatest certainty 

that there were no sequence errors was transferred to the next step.  

 

Figure 17: Screenshot showing the analysis of a plasmid for the construction of ȹRH.  The regions 

RH upstream PCR product (upstream flank) and RH downstream PCR product (downstream flank) 

within the plasmid, which is important for the two-step allelic exchange, were analyzed for sequence 

errors. Reads from Sanger sequencing were mapped to the reference sequence (yellow-bordered line). 

Individual reads (lower four lines of the image) contained sequence errors or uncertainties (marked in 

black within the reads). The coverage indicated the number of reads located at this position in the 

sequence, and the identity showed the extent of uncertainties for individual base pairs relative to the 

reference sequence (green = no deviation). Each uncertainty was checked to see how plausible it was. 

This was also related to the quality of the reads. Created with Geneious Prime.  

The sequenced plasmids with the REPIN deletion alleles were then transferred into the wild 

type of P. fluorescens SBW25 by conjugation and selected for integration of the plasmid into 

the chromosome. In the next step, another selection was performed to ensure the plasmid was 

no longer integrated. The cells then contained either the corresponding REPIN deletion or the 

wild type sequence (REPIN still present). These candidates for ȹRF, ȹRD, ȹRU, ȹRV, and 

ȹRG were then restreaked on agar plates and checked for plasmid loss. Additionally, a control 

PCR was performed to verify the absence of the REPIN deletion. On the gel picture of the gel 

electrophoresis, it could then be recognized (with some uncertainty) which candidates probably 

carried the REPIN deletion (Fig. 18). For ȹRF, a band size of 1697 bp was expected for deletion 

and 1787 bp if REPIN was still present. For ȹRH, these values were 1582 bp for deletion and 

1716 bp if REPIN was not deleted. For all deletion strains ȹRF, ȹRD, ȹRU, ȹRV, and ȹRG 

positive candidates could be selected. For ȹRF these probably positive candidates were F1, 

F4, F5, and F8 and for ȹRH H1, H4, H7, and H8 (Fig. 18).  
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Figure 18: Gel electrophoresis picture of candidates of ȹRF and ȹRH. Sizes of PCR products of 

eight candidates of each deletion mutant were examined by gel electrophoresis. The expected size of 

the PCR product after a successful deletion of REPIN RF was 1696 bp, and if the deletion was not 

successful, 1787 bp. For a deletion of REPIN RH the expected PCR product size was 1582 bp and in 

case the REPIN was not deleted 1716 bp. Smaller and larger bands can be recognized in the gel image 

for each strain. The smaller band for each strain is likely a positive candidate, even if it cannot be 

determined with absolute certainty using this technique. For ȹRF, these positive candidates were F1, 

F4, F5, and F8. For ȹRH, the positive candidates were H1, H4, H7, and H8. As expected, the negative 

controls contained no band. The DNA ladder used was GeneRulerÊ DNA Ladder Mix (Thermo 

ScientificÊ) (1 % agarose, 45 min at 100 V). 

The control PCR cannot confirm with certainty whether the deletion of the REPINs was 

successful. Therefore, the candidates identified as positive were Sanger sequenced, also to 

check for incorporation of unintended mutations. To do this, the reads were mapped against 

the reference sequence (with REPIN) (Fig. 19). For all deletion strains ȹRF, ȹRD, ȹRH ȹRU, 

ȹRV, and ȹRG it was possible to identify deletion mutants without unintended mutations in the 

specific region that was subject to the allelic exchange.  
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Figure 19: Screenshot showing analysis of Sanger sequencing results for ȹRH (candidate 8). 

Reads from Sanger sequencing were mapped to the reference sequence (yellow-bordered line) that 

contained the REPIN. Individual reads (lower lines of the image) contained sequence errors or 

uncertainties (marked in black within the reads). For limited display options, only a fraction of reads are 

shown in the screenshot. The coverage indicated the number of reads located at this position in the 

sequence, and the identity showed the extent of uncertainties for individual base pairs relative to the 

reference sequence (green = no deviation). Each uncertainty was assessed to determine its plausibility. 

This was also related to the quality of the reads. Each of the reads clearly shows that the REPIN H has 

been successfully deleted (black line in reads). No unintended mutations were identified. Created with 

Geneious Prime.  

After individually deleting each of the REPINs in the strains, the goal was to create a strain in 

which all 6 REPINs of the hut locus were deleted. For this purpose, the E. coli strains containing 

a plasmid with the allele to delete the REPINs were used again. The recipient strain used for 

conjugation was not the wild type of SBW25 this time but a strain in which a REPIN of the hut 

locus was successfully deleted. In this case I started to add the deletion of REPIN RH to the 

one of REPIN RD. The following REPIN deletion strains were then produced one after the 

other using the same steps described above of the two-step allelic exchange and their control 

by PCR and Sanger sequencing: ȹRDH, ȹRDHF, ȹRDHFG, ȹRDHFGU, and ȹRDHFGUV 

(named ȹRhut).  

4.2.1.1.1 Removal of additional mutation in gspL 

Since ȹRhut underwent a total of six rounds of REPIN deletion, this strain was subjected to 

whole-genome sequencing to control for all intended and unintended mutations. The 

sequencing confirmed that the six REPINs were deleted. However, an additional mutation was 

identified. This mutation was located at position 4,505,839 and within the gene for "Putative 

general secretion pathway protein L" (GspL) and was a transition from cytosine to thymine 

(Fig. 20). This mutation was non-synonymous and changed the amino acid in the translation 

from arginine to threonine.  
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Because of the mutation in gspL in ȹRhut, I Sanger sequenced all other constructed REPIN 

deletion strains (ȹRF, ȹRD, ȹRH, ȹRU, ȹRV, ȹRG, ȹRDH, ȹRDHF, ȹRDHFG, and 

ȹRDHFGU) in that sequence position. We found that all multiple deletion mutants and ȹRD 

contained the corresponding mutation. 

 

Figure 20: Screenshot of Sanger sequencing results of non-synonymous mutation C->T in gspL 

in ȹRD. Single reads from Sanger sequencing (lower lines) show a mutation in position 4,505,839. The 

transition was a non-synonymous mutation and led to the amino acid threonine instead of arginine. 

Created with Geneious Prime.  

This mutation was removed from ȹRD and ȹRhut. For this purpose, a 1555 bp PCR product 

of the wild type was produced, with the mutation in the corresponding strains located in the 

middle. The wild type did not contain the corresponding mutation. Through the two-step allelic 

exchange and the controls by PCR and Sanger sequencing, the strains ȹRD and ȹRhut were 

finally produced without the mutation in gspL (Fig. 21).  
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Figure 21: Screenshot of Sanger sequencing results of position 4,505,839 in gspL in ȹRD. Single 

reads from Sanger sequencing show that the mutation (C->T) that was present in position 4,505,839 is 

gone after two-step allelic exchange of that region. Created with Geneious Prime. 

4.2.1.2 Construction of additional mutants  

In addition, a strain, ȹRAYT+ȹRH, was later produced using the same methods. In this strain, 

REPIN RH was deleted in addition to the existing deletions of all three RAYT genes in ȹRAYT. 

The exact process and controls were used for this. In the two-step allelic exchange, ȹRAYT 

was used as the recipient and the E. coli strain with the plasmid for the deletion of REPIN RH 

was used as the donor.  

Ultimately, I generated the following deletion strains: ȹRF, ȹRD, ȹRH, ȹRU, ȹRV, ȹRG, ȹRhut, 

and ȹRAYT+ȹRH. In addition, the strains ȹRAYT (all three RAYTs deleted) and ȹRAYT3939 

(one RAYT; PFLU3939 deleted) were produced by Frederic Bertels as part of another project.  

Either GFP2 or mScarlet-I was introduced into all of these strains and the wild type of SBW25 

by conjugation of a plasmid using an E. coli donor strain. For this purpose, the donor strains 

and the mutants produced by me were grown together on a plate before selection was made 

firstly for SBW25 and secondly for successful conjugation. GFP2 is a green fluorescent protein 

and mScarlet-I is a red fluorescent protein. By inserting these proteins, it was possible to 

differentiate between two strains in one culture in the relative fitness assays. It was thus 

possible to obtain green and red fluorescent variants for each deletion strain and for SBW25 
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wild type. Detailed information for the construction of the green and red fluorescing strains can 

be found in the methods section.  

4.2.1.2 Growth curve assays 

We grew the REPIN and RAYT deletion mutants and the wild type independently from each 

other in growth curve assays to assess differences in growth due to REPIN and RAYT 

deletions. Growth differences under conditions where hut regulation and functionality were 

important would be expected if the REPIN-RAYT system affects hut locus regulation. These 

growth curve assays revealed that the deletion of REPIN RH and all REPINs (Rhut) results in 

reduced growth of the bacteria in medium with histidine as the sole source of carbon and 

nitrogen. However, deleting the RAYTs did not affect growth under the tested conditions.  

The growth curves of the seven REPIN deletion strains and the wild type of SBW25 in a 

medium with histidine as the sole source of carbon and nitrogen (Fig. 22) revealed significant 

differences between ȹRH, ȹRhut, and the wild type. The mutants grew significantly less due 

to their REPIN deletions. For ȹRhut, this decrease in growth was particularly strong and is 

reflected in the growth curve parameters utilized to assess differences between the strains 

(Fig. 23). ȹRhut differs significantly in ñarea under the curveò, ñmax. ODò, and ñlag phase 

durationò from the wild type. ȹRH differs significantly in ñArea under the curveò from the wild 

type. The other 5 REPIN deletion strains showed no difference in growth in medium with 

histidine as the sole carbon and nitrogen source compared to the wild type. 

We also assessed the growth of all seven REPIN deletion strains in a medium with glucose 

instead of histidine and ammonium chloride as nitrogen source to ensure that the effects we 

observed in a medium with histidine are associated with the functionality of the hut locus. We 

expected no difference in growth between the wild type and the mutants because the regulation 

of the hut locus is not necessary in the medium supplemented with glucose and ammonium 

chloride. The REPIN deletion strains showed no difference in growth curves (Fig. 24) and the 

growth curve parameters (Fig. 25) from the wild type, except for ȹRV at ñarea under the curveò. 

ȹRV grew significantly less good compared to the wild type. However, this mutant showed no 

difference to the wild type in the other growth curve parameters.  

The growth curves of the two RAYT deletion strains ȹRAYT3939 and ȹRAYT showed no 

difference to the growth curves of the wild type in medium with histidine as the sole source of 

carbon and nitrogen (Fig. 26 and 27). RAYTs did not affect the growth of P. fluorescens SBW25 

in the histidine medium. We also measured the growth of the strain ȹhutD to show that the 

assay was working. For ȹhutD, we expected a significantly reduced growth due to the deletion 

of the hut regulatory gene hutD [65]. This expectation was fulfilled.  
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The RAYT deletion strains ȹRAYT3939 and ȹRAYT showed no difference in growth from the 

wild type in medium with supplemented glucose and ammonium chloride (Fig. 28 and 29). This 

was not surprising, as the RAYT deletions did not affect the growth of the bacteria in the 

medium, which used histidine as the sole source of carbon and nitrogen.  

 

Figure 22: Reduced growth of ȹRhut and ȹRH in M9 with histidine. Growth curves of seven REPIN 

deletion strains (yellow) (each strain n = 5) compared to the wild type of SBW25 (blue) (n = 5). Strains 

grew for 32 h in M9 + histidine (15 mM) as the sole source of carbon and nitrogen with OD measured 

every 5 min at 450 nm.  

 



ΥΝ 
 

 

Figure 23: Growth curve parameters confirm reduced growth of ȹRhut and ȹRH in M9 + histidine. 

Four different parameters (A: Area under the curve, B: Intrinsic growth factor, C: max. OD, and D: lag 

phase duration (h) were applied to compare the growth curves of the seven REPIN deletion strains 

(yellow) (n = 5) with the wild type (blue) (n = 5) in M9 + histidine (15 mM) as sole carbon and nitrogen 

source. Stars (*) indicate a significant difference from the wild type:  *: p < 0.05, **: p < 0.01, and ***: p 

< 0.001.  
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Figure 24: Similar growth of REPIN deletion strains in control medium M9 supplemented with 

glucose and ammonium chloride. Growth curves of seven REPIN deletion strains (yellow) (each strain 

n = 5) compared to the wild type of SBW25 (blue) (n = 5). Strains grew for 32 h in M9 with glucose (20 

mM), with OD measured every 5 min. at 450 nm.  
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Figure 25: Growth curve parameters of REPIN deletion strains show almost no difference to the 

wild type in control medium. Four different parameters (A: Area under the curve, B: Intrinsic growth 

factor, C: max. OD, and D: lag phase duration (h) were applied to compare the growth curves of the 

seven REPIN deletion strains (yellow) (n = 5) with the wild type (blue) (n = 5) in M9 with glucose (20 

mM) and ammonium chloride. Stars (*) indicate a significant difference from the wild type:  *: p < 0.05, 

**: p < 0.01, and ***: p < 0.001.  
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Figure 26: Similar growth of RAYT deletion strains compared to the wild type in M9 with histidine. 

Growth curves of RAYT deletion strains ȹRAYT3939 (RAYT PFLU3939 deleted), ȹRAYT (all three 

RAYTs deleted), and an experimental control strain, ȹhutD, (yellow),  (each strain n = 5) compared to 

the wild type of SBW25 (blue) (n = 5). For the experimental control strain, ȹhutD, a difference to the wild 

type was expected. Strains grew for 32 h in M9 with histidine (15 mM) as sole carbon and nitrogen 

source with OD measured every 5 min. at 450 nm.  
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Figure 27: Growth curve parameters of RAYT deletion strains show no difference to the wild type 

in M9 with histidine. Four different parameters (A: Area under the curve, B: Intrinsic growth factor, C: 

max. OD, and D: lag phase duration (h) were applied to compare the growth curves of the RAYT deletion 

strains ȹRAYT3939 (RAYT PFLU3939 deleted), ȹRAYT (all three RAYTs deleted), and an experimental 

control strain, ȹhutD, (yellow)  (each strain n = 5) compared to the wild type of SBW25 (blue) (n = 5) in 

M9 + histidine (15 mM) as sole carbon and nitrogen source. For the experimental control strain, ȹhutD, 

a difference from the wild type was expected for all parameters. Stars (*) indicate a significant difference 

from the wild type:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001.  
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Figure 28: Similar growth of RAYT deletion strains compared to the wild type in control medium. 

Growth curves of RAYT deletion strains ȹRAYT3939 (RAYT PFLU3939 deleted), ȹRAYT (all three 

RAYTs deleted), and an experimental control strain, ȹhutD, (yellow)  (each strain n = 5) compared to 

the wild type of SBW25 (blue) (n = 5). Strains grew for 32h in M9 with glucose (20 mM) and ammonium 

chloride, with OD measured every 5 min. at 450 nm. For the experimental control strain, ȹhutD, no 

difference from the wild type was expected. 

 

 

 

 

 

 



ΥΤ 
 

 

Figure 29: Growth curve parameters of RAYT deletion strains show no difference to the wild type 

in control medium. Four different parameters (A: Area under the curve, B: Intrinsic growth factor, C: 

max. OD, and D: lag phase duration (h) were applied to compare the growth curves of the RAYT deletion 

strains ȹRAYT3939 (RAYT PFLU3939 deleted), ȹRAYT (all three RAYTs deleted), and an experimental 

control strain, ȹhutD, (yellow)  (each strain n = 5) compared to the wild type of SBW25 (blue) (n = 5) in 

M9 with glucose (20mM) and ammonium chloride. For the experimental control strain, ȹhutD, no 

difference to the wild type was expected. Stars (*) indicate a significant difference from the wild type:  *: 

p < 0.05, **: p < 0.01, and ***: p < 0.001.  

4.2.1.3 Relative fitness assays 

We performed relative fitness assays to assess the effects of REPIN and RAYT deletions on 

the abilities of mutants to compete with the wild type of P. fluorescens SBW25 (Fig. 30). For 

that purpose, the bacterial strains mainly grew in M9 with histidine as the sole source of carbon 

and nitrogen as conducted previously for the growth curve assays. We introduced the genes 

of the fluorescence proteins GFP (green) and mScarlet (red) in all tested mutants and in the 

wild type to differentiate between mutant and wild type in the same culture. We calculated the 

relative fitness of each mutant by the change in the counts of cells of the mutant and wild type 

per microliter. This resulted in two relative fitness values for each mutant. One value was 

calculated for time frame 1, in which the mutant grew together with the wild type for the first 

time after growing in LB, and a value for time frame 2, in which the mutant grew together with 

the wild type for the second time. We determined the relative fitness of the mutants at more 

than one time frame because the conditions in each time frame were slightly different for the 

strains and depended on the previous growth conditions.  

We expected that deleting RH (ȹRH) and all REPINs in the hut locus (ȹRhut) would decrease 

relative fitness, as these strains exhibited significantly decreased growth in the growth curve 

assays. For the RAYT deletion strains, no relative Fitness difference to the wild type was 

expected, since the RAYT deletion strains showed no difference in growth to the wild type in 

the growth curve assays.  
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Figure 30: Experimental workflow of relative fitness assays. Strains that should have competed 

were inoculated in LB medium from frozen glycerol stocks. One strain was labelled with GFP (green) 

and the other with mScarlet (red). They were transferred to equal amounts in the same tube and were 

washed by centrifugation and resuspended in M9 buffer after growing independently of each other for 

24 h in LB. The flow cytometer counted how many cells of each strain were present in the experiment 

at the start (T0) before a microcosm with M9 and histidine was inoculated with the starting mix of strains. 

The cell number of each strain was counted after 48 hours of growth using a flow cytometer (T1). We 

transferred a fraction of that culture to fresh medium with a final dilution of 1/100. The cell number of 

each strain was then counted again after another 48 hours of growth by the flow cytometer (T2). We 

conducted different variations of this general experimental setup during this work.  

4.2.1.3.1 Relative fitness assay of REPIN deletion mutants in histidine medium 

In the first relative fitness assay, all REPIN deletion strains were assayed in a medium with 

histidine as the sole source of carbon and nitrogen. Here, we expected a decreased fitness for 

ȹRhut and ȹRH compared to the wild type, as we have already seen in the growth curve assay 

that these REPIN deletion strains grow worse in the medium than the wild type. And indeed, 

the strain ȹRH showed a significantly decreased relative fitness in time frame 1 (Fig. 31 A). 

The relative fitness for ȹRH in time frame 1, with a mean relative fitness of 0.853, was very 

low. Additionally, ȹRV and ȹRhut showed differences in relative fitness compared to the wild 

type in time frame 1; however, these differences were not significant (p > 0.05). The other 

REPIN deletion strains showed no increased or decreased relative fitness in time frame 1.  

Additionally, for time frame 2, ȹRH exhibited a significantly different relative fitness level (Fig. 

31 B). Surprisingly, ȹRH increased significantly in relative fitness compared to time frame 1 

and was way more fit than the wild type, with a relative fitness of 1.19. The strain ȹRV showed 

with 0.926 a significantly decreased relative fitness in time frame 2. Interestingly, ȹRV had a 

slightly increased (but not significant) relative fitness in time frame 1 that changed to a 

decreased relative fitness in time frame 2. Notably, the strain with all REPINs deleted, ȹRhut, 

exhibited no significant variation in relative fitness during time frames 1 or 2, despite its 

previously documented impaired growth in the histidine medium.  
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Figure 31: ȹRH first shows decreased but later increased relative fitness. Relative fitness of seven 

REPIN deletion strains grown together with the wild type of SBW25 in M9 with histidine (15 mM) as 

the sole source of carbon and nitrogen. A: Relative fitness of mutants calculated from counts/ÕL of each 

strain before and after growing with the wild type for the first 48 h (time frame 1) of the assay. B: Relative 

fitness of mutants calculated from counts/ÕL for each strain before and after growing together with the 

wild type for the second 48 h (time frame 2) of the assay. Wild type and mutant strains were labeled with 

GFP (circle) and mScarlet (triangle). The dashed line at 1.00 indicates the same relative fitness of 

mutant and wild type. Stars (*) indicate a significant difference from the equal fitness of 1.00:  *: p < 0.05, 

**: p < 0.01, and ***: p < 0.001 (n = 6) (one-sample t-test with Holm-Bonferroni correction). 

4.2.1.3.2 Relative fitness assay of ȹRH and ȹRhut in control medium 

The relative fitness of ȹRH and ȹRhut was determined in a control medium with glucose 

instead of histidine and with ammonium chloride as a nitrogen source. Additionally, the relative 

fitness of the experimental control strain, ȹhutD, was assessed. This control strain should not 

show a deviation in relative fitness from the wild type in the control medium. Through this 

assay, I was especially able to determine if the relative fitness effects we observed for ȹRH 

were associated with histidine and, therefore, with the functionality of the hut locus. If so, the 
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relative fitness effects would then only be expected in the histidine medium but not in the 

control medium.  

ȹRH showed no significant relative fitness increase or decrease in time frame 1 (Fig. 32 A) or 

time frame 2 (Fig. 32 B) in that control assay. However, ȹRhut and ȹhutD showed a slightly 

increased but not significant relative fitness during time frame 1 with 1.03 and 1.04, 

respectively (Fig. 32 A). ȹRhut and ȹhutD showed no difference in relative fitness during time 

frame 2 (Fig. 32 B). Interestingly, the variance for all strains was higher in time frame 1 than in 

time frame 2.  

 

Figure 32: ȹRH shows no relative fitness difference to the wild type in control medium. Relative 

fitness of the REPIN deletion strains ȹRH and ȹRhut and the experimental control strain, ȹhutD, grown 

together with the wild type of SBW25 in M9 with glucose (20 mM) and ammonium chloride. For the 

experimental control strain, ȹhutD, no decrease in relative fitness was expected in that medium. A: 

Relative fitness of mutants calculated from counts/ÕL of each strain before and after growing with the 

wild type for the first 48h (time frame 1) of the assay. B: Relative fitness of mutants calculated from 

counts/ÕL for each strain before and after growing together with the wild type for the second 48 h (time 
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frame 2) of the assay. Wild type and mutant strains were labeled with GFP (circle) and mScarlet 

(triangle). The dashed line at 1.00 indicates the same relative fitness of mutant and wild type. Stars (*) 

indicate a significant difference from the equal fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 

(n = 6) (one-sample t-test with Holm-Bonferroni correction).  

4.2.1.3.3 Extended relative fitness assay of ȹRH in histidine medium 

I performed a relative fitness assay in M9 with histidine using three time frames (Fig. 33). This 

means that we diluted and transferred the assay cultures for an additional time after the strains 

had grown together in time frame 2. This allowed the mutant and the wild type to compete in a 

time frame 3. I performed that assay with ȹRH because of the relative fitness change this 

mutant showed, comparing time frame 1 and time frame 2 in medium with histidine as the sole 

source of carbon and nitrogen. I wondered if ȹRH would be still more fit than the wild type, like 

in time frame 2, or if it would decrease again, like it did in time frame 1. This could help explain 

why I observed a change in relative fitness from time frame 1 to time frame 2. Additionally, I 

performed this extended relative fitness assay with the experimental control strain ȹhutD, as I 

expect that strain to be less fit than the wild type throughout all three time frames.  

Not surprisingly, ȹRH showed a significantly decreased relative fitness of 0.735 during time 

frame 1 and a significantly increased relative fitness of 1.18 during time frame 2 (Fig. 33 A and 

B). The relative fitness of ȹRH during time frame 1 was even lower compared to the assay with 

two time frames (Fig. 31 A). The relative fitness of ȹRH was still significantly increased during 

time frame 3 (Fig. 33 C). But the difference to equal fitness with the wild type was with a mean 

value of 1.04 way lower compared to time frame 2. As expected, the relative fitness of the 

control strain ȹhutD decreased across all three time frames, although the values fluctuated 

slightly from one time frame to another.  
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Figure 33: ȹRH first shows decreased but later increased relative fitness in the extended assay. 

Relative fitness of the REPIN deletion strain ȹRH and the experimental control strain, ȹhutD, grown 

together with the wild type of SBW25 in M9 + histidine (15 mM) as the sole source of carbon and 

nitrogen. For the experimental control strain, ȹhutD, a decreased relative fitness is expected. A: Relative 

fitness of mutants calculated from counts/ÕL of each strain before and after growing with the wild type 

for the first 48h (time frame 1) of the assay. B: Relative fitness of mutants calculated from counts/ÕL for 

each strain before and after growing together with the wild type for the second 48 h (time frame 2) of 

the assay. C: Relative fitness of mutants calculated from counts/ÕL for each strain before and after 

growing together with the wild type for the third 48 h (time frame 3) of the assay. Wild type and mutant 

strains were labeled with GFP (circle) and mScarlet (triangle). The dashed line at 1.00 indicates 

the same relative fitness of mutant and wild type. Stars (*) indicate a significant difference from the equal 

fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 6) (one-sample t-test with Holm-Bonferroni 

correction).  

4.2.1.3.4 Frequency dependency assay 

Cross-feeding was one possibility to explain the fitness phenotype of ȹRH. In this case, the 

mutant would benefit from the metabolites and the high frequency of the wild type. With cross-

feeding, I could explain why ȹRH was becoming significantly more fit than the wild type in time 
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frame 2 of the relative fitness assays in histidine medium. Also, the only slightly increased 

relative fitness of the mutant in time frame 3 could be explained because the benefits of cross-

feeding decrease while the frequency of the wild type decreases.  

We performed a relative fitness assay with extreme starting frequencies of approximately 0.1 

and 0.9 for ȹRH, growing it alongside the wild type of SBW25 for the first time. By this, I could 

evaluate if the frequencies of the mutant ȹRH and wild type are the source of the fitness 

phenotype of ȹRH. In the previous relative fitness assays, ȹRH was rare after time frame 1 

(frequency of 0.26 in the extended relative fitness assay). We therefore expected ȹRH to be 

significantly increased and higher than 1.00 in relative fitness when it was rare (starting 

frequency 0.1) in the frequency dependency fitness assay.  

However, the frequency dependency assay showed that the relative fitness of ȹRH was 

significantly decreased and below 1.00 if the mutant was rare (Fig. 34). Additionally, the relative 

fitness of ȹRH was decreased considerably and below 1.00 if the mutant was abundant. In 

both situations, when the mutant was rare and abundant, the relative fitness was decreased 

and not increased, as we observed for ȹRH at time frame 2 of the previous fitness assays. I 

can, therefore, conclude that frequency dependency can not explain the fitness phenotype of 

ȹRH.  
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Figure 34: Frequency dependency is not responsible for the relative fitness increase of ȹRH. 

Frequency dependency assay with ȹRH grown with the wild type of SBW25 in M9 with histidine (15 

mM) for 48h. Extreme initial starting frequencies of ȹRH of around 0.1 (ȹRH rare) and 0.9 (ȹRH 

abundant) were set up and their relative fitness values were calculated after growing with the wild type 

for 48 h in M9 with histidine. ȹRH had a significantly decreased relative fitness in case the mutant was 

rare (left boxplot).  The relative fitness values of ȹRH at time frame 2 (data from extended relative fitness 

assay) were significantly higher than 1.00 (middle boxplot). Additionally, ȹRH had a significantly 

decreased relative fitness in case it was abundant (right boxplot). The dashed line at 1.00 indicates 

the same relative fitness of mutant and wild type. Stars (*) indicate a significant difference to the equal 

fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 6) (one-sample t-test with Holm-Bonferroni 

correction).  

4.2.1.3.5 Relative fitness assay of ȹRH in urocanate medium  

We conducted a relative fitness assay with ȹRH in a medium with urocanate as the sole source 

of carbon and nitrogen to explain the phenotype of ȹRH (Fig. 35). The deletion of REPIN RH 

led to significantly decreased relative fitness in time frame 1 in which it grew for the first time 

with the wild type in M9 with histidine and an increased relative fitness in later time frames. A 

possible explanation for that could be that the REPIN RH was affecting transcription or 

translation of hutTh and/or hutH2. Both proteins encoded by these genes are important if 
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histidine serves as a source of both carbon and nitrogen. HutTh is the main transporter of 

histidine, and HutH2 is the histidase that is responsible for the transformation of histidine to 

urocanate in the first step of the histidine degradation pathway [65, 107]. If I grow SBW25 on 

urocanate, urocanate will be degraded through the pathway by the other hut genes without 

involvement of HutTh or HutH2. Therefore, there will be no impact on fitness for ȹRH if the 

REPIN RH affects transcription and/or translation of hutTh and/or hutH2. On the other hand, I 

would expect fitness effects of ȹRH in urocanate if the deletion of RH affects other genes or 

processes of the hut locus and histidine degradation pathway.  

The relative fitness of ȹRH in M9 with urocanate as the sole source of carbon and nitrogen 

was assessed only for time frame 1 as relative fitness effects following the above-described 

logic would be visible at that stage (Fig. 35). The relative fitness of ȹRH was not increased or 

decreased in the urocanate medium. This result supported our hypothesis that RH is affecting 

the transcription and/or translation of hutTh and or hutH2.  

 

 

Figure 35: ȹRH shows no relative fitness difference to the wild type in urocanate medium. 

Relative fitness of the REPIN deletion strain ȹRH grown with the wild type of SBW25 in M9 with 

urocanate (15 mM) for 48 h. Wild type and mutant strain were labeled with GFP (circle) and mScarlet 

(triangle). The dashed line at 1.00 indicates the same relative fitness of mutant and wild type. Stars (*) 

indicate a significant difference from the equal fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 

(n = 6) (one-sample t-test).  

4.2.1.3.6 Relative fitness assay of RAYT deletion strains in histidine medium  

I conducted a relative fitness assay of the RAYT deletion strains ȹRAYT3939 and ȹRAYT (all 

RAYTs deleted) in medium with histidine as the sole source of carbon and nitrogen to control 

for fitness effects of the RAYTs in SBW25 (Fig. 36). I also included ȹhutD as previously 
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described as a control strain for which the decreased relative fitness in histidine medium is 

already described.  

Both strains, ȹRAYT3939 and ȹRAYT, showed no phenotypic deviation in the histidine medium 

in the growth curve assays; therefore, I did not expect a relative fitness difference from the wild 

type. However, the relative fitness of ȹRAYT was slightly but significantly increased in the first 

time frame with a relative fitness value of 1.03. The variance in the results for ȹRAYT3939 was 

very big in time frame 1 and not significant, although the mean showed a strong increase in 

fitness. Also, ȹhutD showed a similar variance in the results of time frame 1 but a significantly 

decreased relative fitness. 

This variance decreased in time frame 2 for all three strains tested. ȹRAYT3939 and ȹRAYT 

both showed no significant differences in their relative fitness compared to the wild type. As 

expected, only the control train ȹhutD showed a significantly reduced relative fitness compared 

to the wild type. 
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Figure 36: ȹRAYT first shows increased relative fitness in histidine medium. Relative fitness of 

ȹRAYT3939, ȹRAYT, and the control strain ȹhutD (decreased fitness known) grown together with the 

wild type of SBW25 in M9 with histidine (15 mM) as the sole source of carbon and nitrogen. A: Relative 

fitness of mutants calculated from counts/ÕL of each strain before and after growing with the wild type 

for the first 48h (time frame 1) of the assay. B: Relative fitness of mutants calculated from counts/ÕL for 

each strain before and after growing together with the wild type for the second 48 h (time frame 2) of 

the assay. Wild type and mutant strains were labelled with GFP (circle) and mScarlet (triangle). The 

dashed line at 1.00 indicates the same relative fitness of mutant and wild type. Stars (*) indicate 

a significant difference from the equal fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 6) 

(one-sample t-test with Holm-Bonferroni correction). 

4.2.1.3.7 Relative fitness assay of RAYT deletion strains in control medium  

The relative fitness of ȹRAYT3939 and ȹRAYT was determined in a control medium with 

glucose instead of histidine and with ammonium chloride as a nitrogen source (Fig. 37). 

Additionally, the relative fitness of the experimental control strain, ȹhutD, was assessed. Since 

the relative fitness of the RAYT deletion strains in medium with histidine as the only carbon 

and nitrogen source was very weak and only present for one strain (ȹRAYT) and only in the 
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first time frame, we did not expect a relative fitness difference from the wild type for the RAYT 

deletion strains in the control medium. Also, for the control strain, ȹhutD, we expected no 

deviation from the wild type in this medium.  

As expected, both RAYT deletion strains showed no significant difference in relative fitness to 

the wild type, neither in time frame 1, nor in time frame 2. However, there was a small but 

significant difference for ȹhutD in time frame 1 with a relative fitness of 1.03. In the second 

time frame, there was no difference in relative fitness for this control strain either. It was also 

noticeable that, as in previous fitness assays, the variance of the relative fitness values was 

greater in time frame 1 than in time frame 2.   
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Figure 37: No fitness deviation of RAYT deletion strains in the control medium. Relative fitness of 

ȹRAYT3939, ȹRAYT, and the control strain ȹhutD grown together with the wild type of SBW25 in M9 

with glucose (20 mM) and ammonium chloride. For the experimental control strain, ȹhutD, no decrease 

in relative fitness was expected in that medium. A: Relative fitness of mutants calculated from counts/ÕL 

of each strain before and after growing with the wild type for the first 48h (time frame 1) of the assay. B: 

Relative fitness of mutants calculated from counts/ÕL for each strain before and after growing together 

with the wild type for the second 48 h (time frame 2) of the assay. Wild type and mutant strains were 

labelled with GFP (circle) and mScarlet (triangle). The dashed line at 1.00 indicates the same relative 

fitness of mutant and wild type. Stars (*) indicate a significant difference from the equal fitness of 1.00:  

*: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 6) (one-sample t-test withЮHolm-Bonferroni correction). 

4.2.1.3.8 Relative fitness assay of ȹRH+ȹRAYT in histidine medium 

The growth curves and relative fitness assays with the RAYT deletion strains indicated no 

involvement of the RAYTs in the regulation or functionality of the hut locus. However, the results 

suggested that RH is involved in its regulation or functionality. To completely rule out that the 

RAYTs are not involved in the fitness phenotype of ȹRH we performed a relative fitness assay 

of a strain with all three RAYTs and the REPIN RH deleted (ȹRH+ȹRAYT) in histidine medium 
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(Fig. 38). ȹRH+ȹRAYT competed with ȹRH in this relative fitness assay to directly identify any 

differences in relative fitness that could then be associated with the deletion of the RAYTs.  

However, ȹRH+ȹRAYT showed no significant fitness difference to ȹRH during time frame 1 

and 2. This result is another strong indication that RAYTs are not involved in the functionality 

of the hut locus despite our findings that REPINs, especially RH play a role. So, the individual 

parts of the REPIN-RAYT system do not work together functionally in hut locus regulation. 

 

 

Figure 38: ȹRH+ȹRAYT shows no relative fitness difference to ȹRH in histidine medium. Relative 

fitness ȹRH+ȹRAYT (RH and all three RAYTs deleted) grown together with ȹRH in M9 with histidine 

(15mM). A: Relative fitness of ȹRH+ȹRAYT calculated from counts/ÕL before and after growing together 

with ȹRH for the first 48 h (time frame 1) of the assay. B: Relative fitness of ȹRH+ȹRAYT calculated 

from counts/ÕL before and after growing together with ȹRH for the second 48h (time frame 2) of the 

assay. Strains were labelled with GFP (circle) and mScarlet (triangle). The dashed line at 1.00 indicates 

the same relative fitness of ȹRH+ȹRAYT and ȹRH. Stars (*) indicate a significant difference from the 

equal fitness of 1.00:  *: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 6) (one-sample t-test).  
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4.2.1.2 RT-qPCR of ȹRH 

As previously described, deletion of the REPIN RH in SBW25 resulted in altered growth and 

fitness in medium with histidine as the sole carbon and nitrogen source. One hypothesis is that 

this phenotype occurred because the REPIN RH in the wild type functions as a regulator of 

gene expression. If this is true, then it is likely that REPIN regulates the expression of a 

neighboring gene. For example, REPIN could function as a terminator and thus inhibit the gene 

expression of hutTh. However, REPIN could also increase the gene expression of the upstream 

gene hutH2 by protecting its mRNA from degradation. To test these hypotheses, an RT-qPCR 

was performed. The RNA amounts of three regions of the DNA of ȹRH and the wild type were 

quantified. These three regions were approximately. 130 bp in size and were located on the 

hutH2, hutTh and recA genes. The approx. 130 bp pieces on hutH2 and hutTh were used to 

measure the expression of the respective genes. The RNA amount for recA was determined 

by the approximately 130 bp part of the gene to normalize the RNA amount across different 

samples, as recA is a housekeeping gene and should not be altered in its expression by the 

deletion of REPIN.  

 

Figure 39: Representation of the compared parts of the hut locus for RT-qPCR. For qPCR, small 

fragments of the hutH2 and hutTh genes, approximately 130 bp were amplified (qPCR). The labeling 

shows their approximate location in the gene. To investigate how the deletion of the REPIN RH affects 

the gene expression of hutH2 and hutTh, RT-qPCRs were performed for the wild type and for ȹRH of 

SBW25.  

For RT-qPCR, eight replicate ȹRH and the wild type of SBW25 were transferred from individual 

colonies on an LB plate to LB medium and incubated for 24 hours. The cultures were then 

washed as in the relative fitness assay and transferred 1/100 into M9 medium with histidine as 

the sole carbon and nitrogen source. After 48 h incubation, RNA was isolated for all replicate 

strains and reverse transcription to cDNA was performed. In qPCR, the amount of cDNA 

obtained was then determined and normalized for recA to determine the relative amount of 

RNA for hutH2 and hutTh in ȹRH versus the wild type using the ȹȹCT method. For this purpose, 

qPCR was performed three times and the average values for each replicate were determined 

for the calculation.  
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RT-qPCR revealed that the RNA levels of hutH2 and hutTh are significantly increased in ȹRH. 

The average log2 values for the RNA amount of hutH2 were 2.61 and 2.72 for hutTh. This 

corresponds to a 6.11-fold and 6.56-fold increase of the respective RNA compared to this in 

the wild type of SBW25. Both genes upstream and downstream are therefore significantly 

downregulated in their expression by the REPIN RH. The fact that both genes were 

downregulated by REPIN to nearly the same extent was unexpected. 

 

 

Figure 40: Higher RNA amounts of hutH2 and hutTh after RH deletion. The RT-qPCR results for 

hutH2 and hutTh indicate that these genes are significantly upregulated following the deletion of REPIN 

RH in P. fluorescens SBW25. Therefore, the RT-qPCR results for the genes hutH2 and hutTh for ȹRH 

were compared with those of the wild type and normalized for the results for recA. Stars (*) indicate a 

significant difference to the equal fitness of 1.00: *: p < 0.05, **: p < 0.01, and ***: p < 0.001 (n = 8) (one-

sample t-test). 
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4.3 Discussion 

REPINs form hairpin structures in RNA or ssDNA [31-33]. These structures can positively or 

negatively affect gene expression [117-121, 123, 124]. The REPINs could potentially perform 

a regulatory role in gene expression together with the RAYTs [36-40, 48-50, 98]. In the previous 

sections, we investigated the effects of losing REPINs and RAYTs in the conserved and tightly 

regulated hut locus. We will delve deeper into the specific relationships between the results 

and their implications. 

4.3.1 Fitness phenotype of ȹRH 

ȹRhut and ȹRH grew significantly worse than the wild type in medium with histidine as the 

sole source of carbon and nitrogen (Fig. 22 and Fig. 23). This was not observed in control 

medium containing glucose as the carbon source and ammonium chloride as the nitrogen 

source (Fig. 24 and Fig. 25). That means that the removal of REPINs within the hut locus 

caused the reduced growth. The negative effect on growth was stronger for the strain ȹRhut, 

which lost all REPINs, than for ȹRH, which lost only one REPIN. Because of the results from 

the growth curve assays, I expected that ȹRhut would have a strongly reduced relative fitness 

too. Additionally, I also expected a reduced relative fitness for ȹRH but less strongly compared 

to ȹRhut.  

4.3.1.1 Differences in growth and fitness for ȹRH and ȹRhut 

Surprisingly, I found the opposite situation: ȹRH showed strongly reduced fitness, and ȹRhut 

only a moderately and not significantly reduced relative fitness in the first time frame of the 

fitness assay (Fig. 31). However, even more surprising was that ȹRH showed a much higher 

relative fitness than the wild type in time frame 2 and time frame 3 (Fig. 33). ȹRhut showed no 

significantly different fitness to the wild type in time frame 2 (Fig. 31). These results raised 

several questions. The first one was how it is possible that ȹRhut was not performing as poorly 

in the fitness assays as expected from the growth curve assays. To answer this question one 

has to recognise that the two experiments to assess the phenotypic effects of REPIN and 

RAYT removal are very different from each other. The consequences of REPIN loss may vary 

depending on the circumstances. The mutants and the wild type of P. fluorescens SBW25 grew 

independently in the growth curve assays. However, they grew together and competed against 

each other in the relative fitness assays. A mutation, like the REPIN deletions that I 

constructed, could lead to, for example, reduced growth but not necessarily reduced fitness. 

Of course, this is also true for the opposite situation or for everything in between. It is, therefore, 

not always possible to draw direct conclusions from the results of one phenotype assessing 

experiment to the results of the other. However, the results of the growth curve assay gave an 

indication of which strains in this histidine medium have phenotypic effects and, therefore, 

possibly also have a different fitness than the wild type.  
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4.3.1.2 Cross-feeding does not explain the phenotype of ȹRH  

The fitness effect of ȹRH raises the question of how the removal of the REPIN RH may lead 

to a decreased fitness in time frame 1 and to increased fitness in time frames 2 and 3. To come 

closer to a solution, one must note several differences between time frame 1 and time frame 

2 (and 3) of the relative fitness assays. One difference is that the frequencies of RH and the 

wild type are very different at the beginning of time frames 1, 2, and 3. RH and the wild type 

were set up at the beginning of time frame 1 with equal frequencies of ~ 0.5. However, the 

strains start the time frame 2 with frequencies of around 0.7 for the wild type and ~ 0.3 for 

ȹRH, due to the reduced fitness of ȹRH in time frame 1. The higher relative fitness of ȹRH in 

time frame 2 could, in principle, arise from the fact that the mutant is so rare and the wild type 

is abundant. This could happen if cross-feeding is involved. Cross-feeding between bacterial 

strains refers to the situation in which two or more strains exchange metabolites or other 

nutrients with each other [126]. These interactions can benefit both strains [126]. However, 

there may also be situations where only one bacterial strain benefits from cross-feeding [126].  

In this situation, the benefiting genotype can also be regarded as a cheater with a higher fitness 

than the other strain due to its cheating [62]. In the conducted fitness assay, it is theoretically 

possible that ȹRH is the cheater and, therefore, has higher fitness in time frame 2. This means 

that at the end of time frame 2, ȹRH is present at a higher frequency than before. However, 

because the frequency of the wild type has decreased, ȹRH can also benefit less from the wild 

type in time frame 3. The relative fitness in time frame 3 is, therefore, lower than in time frame 

2. That was at least one possible explanation for the fitness phenotype of ȹRH.  

However, we tested this hypothesis by evaluating the relative fitness of ȹRH at different starting 

frequencies at the beginning of the experiment. These frequencies were ~ 0.9 and ~ 0.1. 

Accordingly, the frequencies of the wild type were ~ 0.1 and ~ 0.9, respectively. If the theory is 

correct that the relative fitness of ȹRH benefits strongly at a wild type frequency of 0.7, then it 

should also benefit strongly, or possibly more strongly, at a wild type frequency of 0.9. However, 

the fitness of ȹRH was significantly lower than that of the wild type (Fig. 34). Therefore, it was 

possible to reject the hypothesis of cross-feeding. A small uncertainty remains, however, 

because this test was performed with different frequencies in histidine medium within time 

frame 1, where slightly different conditions prevail compared to time frame 2, in which the 

fitness increase of ȹRH in the previous assays was observed.  

4.3.1.3 ȹRH and wild type growth in histidine are affected by previous growth in LB medium 

That leads to another difference between time frame 1 and 2 that could perhaps explain the 

different fitness levels of ȹRH at these time frames. At the beginning of the relative fitness 

assays, the strains grew independently in LB medium before they were mixed, washed once 

with buffer, and put in M9 with histidine as the sole source of carbon and nitrogen. The strains 
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then grew together for the first time in the histidine medium. However, bacterial growth is 

heavily influenced by past growth [127]. It is possible that the bacteria grew at the beginning 

of that time frame 1 on the resources they built up during the previous growth in LB medium. 

Recent studies have shown that Pseudomonas cannot grow in a carbon-limited M9 medium, 

even before growing in an LB medium [128]. However, that recent study's resolution of 

bacterial growth is too large to exclude growth entirely. LB medium is rich in nutrients, and it is 

possible that the cells are stored with glycogen, nutrients, or metabolites, allowing them to 

grow on these resources alone for a limited time or a small number of divisions [129]. I washed 

the cells once after growing in LB medium, so there is also the chance for the remaining LB 

medium to stick to the cells and to be transferred to the medium in time frame 1. The histidine 

in time frame 1 is likely not the preferred carbon source of P. fluorescens SBW25 in case 

remainings of LB or other metabolites resulting from growth on LB medium are available. So, 

ȹRH and the wild type could grow at the beginning of time frame 1 on other resources than 

histidine. However, time frame 2 differs from time frame 1 in that regard that, at the latest now, 

potential resources from growing in LB should be used up. Therefore, in time frame 2, the 

strains rely solely on histidine as a carbon and nitrogen source. However, even if that is true, 

it could not explain the relative fitness phenotype of ȹRH alone.  

4.3.1.4 RH affects hutH2 and hutTh 

We performed a relative fitness assay with ȹRH in medium with urocanate as the sole carbon 

and nitrogen source. Urocanate is the hut locus's physical inducer, and SBW25 can grow on 

urocanate as a source of carbon and nitrogen [65, 101, 106, 108, 109]. The urocanate 

degradation pathway differs from the histidine degradation pathway only in that the histidase 

and the main histidine transporter are obsolete [65, 72]. Interestingly, the genes of these two 

proteins, hutH2, and hutTh, are neighboring each other with the REPIN RH in between [65]. We 

know from the relative fitness assays that RH affects the hut locus, and it is likely that it affects 

either hutH2 or hutTh, or both, as REPINs affect only neighboring genes in other genomic 

contexts [36-40, 98]. And indeed, the RT-qPCR results have shown that REPIN downregulates 

hutH2, and hutTh expression (Fig. 40).  

However, it is also possible that RH affects other genes of the hut locus and that its deletion 

leads to imbalances in the intermediates of the reactions catalyzed by HutU, HutI, HutF, and/or 

HutG. Resulting differences in concentrations of intermediates could be toxic and harm the 

bacterial cell [72]. We would, therefore, have expected a fitness difference of ȹRH to the wild 

type in the medium with urocanate if RH is affecting other genes besides hutH2 and hutTh. 

However, ȹRH showed no difference to the wild type in the tested time frame 1 in medium with 

urocanate as the sole carbon and nitrogen source. This demonstrated that RH affects hutH2 

and hutTh, but not other downstream reactions of the histidine degradation pathway.  
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But how is RH affecting hutH2 and hutTh, and how could it explain the different fitness levels of 

ȹRH over the course of the relative fitness assays? In the following, I will explain two possible 

hypotheses to explain the fitness phenotype of ȹRH and the role of the REPIN RH in the 

regulation of hutH2 and hutTh.  

4.3.1.4.1 RH affects hutTh  

One possibility was that the deletion of RH could result in lower levels of HutTh. This would be 

possible, for example, if RH acts as an anti-terminator and prevents the formation of a 

terminator when present [120]. Without RH, the terminator could form, and less of the 

downstream gene hutTh would be transcribed. HutTh is the primary transporter for histidine, 

and its downregulation would likely result in reduced histidine availability for metabolism [107]. 

This would result in reduced fitness for ȹRH, which I observed during the first time frame of 

the fitness assays. However, under this assumption, ȹRH should also be less fit in the time 

frames 2 and 3 because intracellular levels of histidine would still be low. This explanation, 

therefore, seems less plausible, and the results for the RT-qPCR confirmed that the deletion 

of RH results not in lower RNA levels of hutTh but in higher ones. It is therefore very likely that 

there is no less HutTh at the protein level as a result of the deletion, but probably more than in 

the wild type.  

If we assume, on the other hand, that the REPIN RH acts as a terminator, its deletion could 

result in upregulated hutTh, and indeed, the results of the RT-qPCR indicate exactly that [39]. 

More HutTh would probably result in higher intracellular levels of histidine. This could result in 

reduced fitness of ȹRH if we assume, as described above, that the bacteria do not rely on 

histidine during the first divisions within the time frame 1. In that case, high import of histidine 

could lead to a strong activation of the hut genes. A strong activation of the hut locus may be 

unnecessary within the time frame 1, as metabolites or residues from growth in LB medium 

could still be consumed at this time. The synthesis of hut proteins that are not needed at that 

time point would be costly and could be the reason for the reduced fitness of ȹRH in time frame 

1. Furthermore, the disadvantage could result from the production of high concentrations of 

toxic intermediates of the hut degradation pathway [72]. Then, it would be very similar to the 

fitness of ȹhutD, which, it is assumed, is reduced for the same reason [65].  Additionally, it is 

possible that the cells are imbalanced between the synthesis and degradation of histidine, and 

are, therefore, less fit.  

The increased relative fitness of ȹRH in time frame 2 (Fig. 33) could result from the high levels 

of histidine that caused disadvantages in time frame 1. However, in contrast to time frame 1, 

histidine as the source of carbon and nitrogen is essential in time frame 2. ȹRH could have a 

benefit over the wild type because it imported high amounts of histidine due to the upregulation 

of HutTh. This stock of extra histidine could result in higher fitness of ȹRH within the time frame 
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2 and, to a lesser extent, also within time frame 3. The effect may not be as strong in time 

frame 3, as the extra supplies of histidine are gradually used up. Theoretically, upregulated hut 

genes could also lead to a stronger fitness in time frames 2 and 3 as the resulting proteins are 

now present in high concentration and can be utilized if histidine degradation is essential. 

However, there are also results that are not consistent with this hypothesis, that the increased 

mRNA levels for hutTh also provide for increased amounts of the protein and are then 

responsible for the phenotype. I tested the relative fitness of ȹhutD in the fitness assays with 

histidine as the sole source of carbon and nitrogen. ȹhutD showed decreased relative fitness 

in all three time frames (Fig. 33). The reason is probably that the hut genes are upregulated 

too strongly [65]. We would therefore have expected a similar phenotype for ȹRH if its 

decreased fitness were due to the same reason as in ȹhutD. However, ȹRH has a higher 

fitness than the wild type in time frames 2 and 3. Conversely, it could also be that ȹhutD has 

a lower fitness in time frame 1 and a higher fitness in the subsequent time frames. But this was 

not the case either. One possibility is that the influx of histidine is responsible for the fitness 

phenotype of ȹRH but not for the upregulation of the hut genes. However, this histidine influx 

should lead to upregulation of the hut locus. Furthermore, the histidine concentration of 15 mM 

in the medium is relatively high, and also, the wild type in time frames 2 and 3 should be able 

to import as much histidine as needed for optimal growth. This should not result in a fitness 

disadvantage for the wild type, which we observed in time frame 2 and 3 (Fig. 33).  

Additionally, I should have observed in the growth curve assay that ȹRH had a longer lag 

phase than the wild type. However, the difference in lag phase between the wild type was 

minimal and not significant (Fig. 23). Moreover, if the cells can grow on remnants of the LB 

medium or metabolites from previous growth, as well as on histidine during time frame 1, their 

cell numbers should increase. Consequently, the cell numbers in time frame 1 were expected 

to be higher than in time frames 2 and 3. Therefore, I calculated the cell numbers of all strains 

and samples of the extended relative fitness assay and compared them across the time 

frames. The cell numbers amongst the time frames differ not that much, with means of 1.56 x 

106 for time frame 1, 1.72 x 106 for time frame 2, and 1.67 x 106 for time frame 3. However, the 

cell numbers were significantly higher in time frame 2 compared to time frame 1 (p < 0.05). 

The reasons for this can be many and varied, but what it showed in any case is that the cells 

do not have more nutrients to grow within the time frame 1 than within the time frame 2 (or 

time frame 3). This means that it is unlikely that the fitness phenotype can be explained by an 

upregulation of HutTh in ȹRH alone. 

4.3.1.4.2 RH affects hutH2   

Another possibility was that RH affects hutH2, and indeed the results of the RT-qPCR showed 

increased mRNA levels for hutH2 in ȹRH (Fig. 40). The deletion of the REPIN RH could 
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therefore also result in higher levels of HutH2. It would mean that RH is downregulating hutH2 

if present. This could happen if REPINs start downstream of a gene within a range of 15 bp 

[40]. The REPIN could stall the ribosome which could result in mRNA degradation during 

translation [40]. The REPIN RH starts 12 bp downstream of hutH2. Its removal could, therefore, 

lead to an upregulation of hutH2. hutH2 encodes for the histidase [65]. The histidase is the 

enzyme that catalyzes the formation of urocanate from histidine in the first step of the hut 

pathway [65, 99]. More histidase could result in more urocanate which is the inducer of the hut 

genes [65, 101, 106, 108, 109]. If the hut genes are upregulated, it could lead to decreased 

fitness because of toxic products of the hut pathway, like ammonia (in high concentrations) 

[72]. Additionally, the synthesis of too much protein could be costly and, therefore, also result 

in reduced fitness. These are the same reasons that were already discussed for the results 

that RH is downregulating hutTh. However, if that were true, then ȹRH should not only be less 

fit in time frame 1 but also in time frames 2 and 3 (Fig. 33).  

However, another possibility was that RH is upregulating HutH2 if the REPIN RH is present. 

This is very unlikely because our results show increased levels of hutH2 mRNA (Fig. 40). 

Nevertheless, I will explain below what an upregulation of the protein HutH2 would mean for 

SBW25. This could happen, for example, if the REPIN RH is protecting the mRNA of hutH2 

(and the other upstream hut genes on the same transcript) against exonuclease attack [36-

38]. Less histidase would result in less degradation of histidine and, therefore, less carbon and 

nitrogen that could be gained from it. This would explain why ȹRH is less fit in time frame 1 of 

the relative fitness assays. 

However, it could be that some histidase is still produced, but at a lower rate. Indeed, some 

histidase has to be synthesized because otherwise, ȹRH would not grow at all without HutH2 

on histidine [65]. Eventually, there is sufficient histidase to catalyze all the histidine that has 

been continuously imported into the cell. From that time, ȹRH could have a benefit over the 

wild type because it has high levels of intracellular histidine and could degrade it to gain carbon 

and nitrogen. The wild type probably does not store histidine but degrades it at a constant rate. 

This could explain why ȹRH is more fit in time frame 2 (Fig. 33). However, the storage of 

histidine in ȹRH would eventually be depleted at some point, and from that point on, ȹRH 

would also degrade histidine at a constant rate. This might be in line with the results from the 

extended relative fitness assay (Fig. 33). In time frame 3 the relative fitness of ȹRH is still 

higher than that of the wild type, but it is not as high anymore as in time frame 2 (Fig. 33). In a 

potential time frame 4, the relative fitness of ȹRH could be equal to that of the wild type.  

4.3.1.4.3 REPIN RH downregulates hutH2 and hutTh 

These discussions on the up- and downregulation of hutH2 and hutTh by the REPIN RH show 

that the fitness phenotype of ȹRH is difficult to explain. Of the available explanations, it would 
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have fit best with the relative fitness assay results if the REPIN RH led to an upregulation of 

HutH2 and if there was a downregulation in ȹRH. However, the results of the RT-qPCR do not 

fit this conclusion. This is because the RT-qPCR showed that the REPIN deletion led to an 

upregulation of the gene expression of hutH2 and hutTh (Fig. 40). However, this does not 

necessarily lead to a downregulation of the HutH2 and HutTh proteins but makes this much 

more likely.  

The results of the RT-qPCR have shown that it is very likely that less HutH2 (histidase) and 

HutTh (histidine transporter) proteins are present in the wild type compared to ȹRH, even if this 

cannot be said with complete certainty that higher levels of RNA in ȹRH also result in higher 

protein levels. It has already been explained how the REPIN RH could downregulate gene 

expression, and by doing so, probably also the protein levels of the affected genes. In short, 

the REPIN RH could downregulate HutH2 because it is located very close downstream of the 

gene. There are only 11 bp between the end of the hutH2 gene and the beginning of the REPIN 

RH. This means that it is within the 15 bp length in which REPINs can cause downregulation 

of the corresponding gene. This can occur because the REPIN could stall the ribosome, 

potentially leading to mRNA degradation during translation [40]. On the other hand, it could act 

as a transcription terminator at the same time as previously described. This transcription 

terminator would then ensure that less of the histidine transporter HutTh is available.  

As described above, downregulation of HutH2 by the REPIN should lead to lower relative 

fitness in all time frames of the relative fitness assay for ȹRH and not only to a decrease in 

fitness in time frame 1 as observed (Fig. 33). Downregulation of HutTh by REPIN RH would 

probably also lead to a decrease in relative fitness in time frame 1. However, the fact that ȹRH 

has a higher fitness in the subsequent time frames than the wild type in medium with histidine 

as the only carbon and nitrogen source cannot be satisfactorily explained by the 

downregulation of HutTh by the REPIN.  

In the following, I summarize the hypothesis that seems at least the most likely, but there are 

nevertheless indications that this hypothesis is not correct either: Theoretically, it could be that 

upregulated histidase and histidine transporter concentrations occur in ȹRH. This is 

disadvantageous in the first time frame of the relative fitness assay, as the bacteria can still 

live on residues of the previous medium or storages that are preferentially metabolized. The 

disadvantage is that the production of histidase and the histidine transporter consumes 

resources and could also lead to the strong activation of other hut genes, which also consume 

resources and potentially result in the production of ammonia in toxic concentrations. However, 

in the later time frames it could be advantageous to have a lot of histidase, histidine transporter 

and a strong activation of the hut locus, as at these later time points in the relative fitness assay 

histidine has to be relied upon as the only resource by the bacteria. However, as already 
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explained, there are a few things that do not fit this explanation. One of these is that the wild 

type should also be able to import and metabolize enough histidine in time frames 2 and 3 of 

the relative fitness assays, as the concentration in the medium is relatively high. Another 

circumstance that may not be passed is that the strain ȹhutD may also have a lower relative 

fitness than the wild type because the hut locus is very strongly activated. However, this also 

leads to a lower fitness for ȹhutD in time frame 2 and 3 of the relative fitness assays, but not 

for ȹRH. Another point is that it is not certain that the bacteria at the beginning of the 

experiment at the beginning of time frame 1 can really metabolize resources resulting from the 

previous growth in LB. Like the other assumptions, this would have to be tested in further 

experiments. 

4.3.1.5 ȹRH phenotype is not the result of evolution  

Another possibility that could theoretically contribute to the observed fitness phenotype is that 

ȹRH evolves over the course of the fitness assays in a way that increases fitness in time frame 

2. However, this hypothesis is, for several reasons, not plausible and, with high probability, not 

true.  

The first argument against this hypothesis is that ȹRH had minimal opportunity for acquiring 

mutations in the experimental setup. I prepared a 1/100 dilution of the culture from time frame 

1 to start time frame 2 of the relative fitness assay. That means the bacterial cells could divide 

~ 6.64 times until they reached the stationary phase. It is unlikely that a mutation had enough 

time during these 6.64 divisions to arise to a high frequency sufficient to alter the relative fitness 

of ȹRH in such an extreme manner that we observed from time frame 1 to time frame 2.  

Additionally, the mutations that are responsible for the fitness increase must have arisen at the 

same time point within the 6.64 divisions. This is because the six replicates of ȹRH have very 

similar relative fitness values, resulting in small variation among the replicates. Moreover, I 

repeated the relative fitness assay with ȹRH multiple times (two are shown) and the replicates 

never had a high variation among them. Mutations arise spontaneously and not in response to 

a stressor [130]. If mutations were to arise, they would likely occur at different time points 

during bacterial growth [130]. Therefore, the new genotypes would have different remaining 

numbers of divisions left to spread amongst the population, resulting in differences in their 

frequencies amongst the replicates. I should have seen, therefore, high variations in fitness 

amongst the replicates of ȹRH. I did not observe these expected high variations and can, 

therefore, reject this hypothesis.  

Moreover, it is highly unlikely that the mutations that caused the relative fitness phenotype of 

ȹRH would only appear in ȹRH but not in the wild type or any other REPIN deletion strain. 

This would be only possible if the deletion of the REPIN RH causes other mutations that are 
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responsible for the fitness phenotype. However, such an effect for deletions of REPINs is 

unknown.  

4.3.2 Fitness phenotypes of other REPIN/RAYT mutants 

Although I focused primarily on the most extreme fitness phenotype of ȹRH, this work also 

yields several other interesting findings. The relative fitness levels of the strain with all hut locus 

REPINs deleted, ȹRhut, and ȹRH are not the same. This indicates that the REPIN RH is not 

the only REPIN inside the hut locus, affecting fitness in the medium with histidine as the sole 

source of carbon and nitrogen. Indeed, we observed that ȹRV exhibited deviations in fitness 

from the wild type in one time frame.  

Interestingly, ȹRV exhibited the opposite fitness effects compared to ȹRH. In the first time 

frame, ȹRV had increased (but not significantly), and in the second time frame, decreased 

fitness. The position of RV is interesting in that context. RV is located downstream of the less 

important histidine transporter hutXWV and upstream of the histidases hutH1 (function 

unknown) and hutH2. In comparison, RH is also located between the histidase gene hutH2 and 

the histidine transporter hutTh. However, the position of RH to the histidase and the transporter 

is exactly the opposite of that of RV. If we consider that the fitness values of RH and RV were 

also exactly the opposite (but less pronounced in RV), depending on the time frame, there 

could possibly be a connection. However, what this functional connection is remains unclear.  

However, it is clear that the RAYTs in SBW25 do not significantly affect fitness or growth in the 

medium with histidine as the sole source of carbon and nitrogen. The RAYT deletions showed 

no difference in growth compared to the wild type. Additionally, relative fitness was only slightly 

affected by one of the strains, ȹRAYT, and this effect was also limited to a specific time frame. 

In combination, the deletion of all three RAYTs together with the deletion of the REPIN RH 

showed no fitness difference from the deletion of RH alone. If we continue to assume that 

RAYTs benefit the host in cooperation with REPINs, we could at least not measure any 

associations in the context of the hut locus under the described conditions. It is possible that a 

fitness or growth phenotype for the RAYT deletion strains can be shown under conditions other 

than those used here. 

4.4 Future directions  

The results of the work we carried out here open a range of new possibilities for further 

experiments. These should help to further clarify the reasons for the phenotype we observed 

for ȹRH. The RT-qPCR showed that the mRNA levels increased after deletion of the REPIN 

RH in ȹRH. However, this does not yet indicate with certainty that the proteins HutH2 and HutTh 

are also present in ȹRH. It would therefore be good to also measure the translation of these 
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proteins. To investigate translation affection, another test such as a western blot would have 

to be performed to measure the amount of protein change for HutH2 and HutTh.  

Furthermore, as a complement to the RT-qPCR, we could perform experiments with a reporter 

protein such as GFP. GFP could be introduced downstream of RH in the wild type and in the 

strain with the REPIN deletion (ȹRH). The strength of the GFP signal can then be analyzed 

under conditions where the hut locus is active. The signals of GFP in the wild type and the 

mutant can be compared, allowing for the determination of whether RH functions as a 

transcription terminator. 

It would also be useful to find out whether the bacteria could live on resources other than 

histidine at the beginning of the relative fitness assays in time frame 1. These could be, for 

example, storages within the cells of the bacteria but also residues from the LB medium that 

were transferred (despite washing). To test this, one could, for example, grow SBW25 in LB 

medium and then wash it and transfer it to medium as in the relative fitness assay. The only 

difference is that this time the M9 is completely without carbon or nitrogen source, i.e. also 

without histidine. Immediately after the transfer, the cell number could be determined by plating 

a small fraction on an LB plate. The cell count is then determined at regular intervals over the 

next few hours to check whether growth can occur under these conditions. The only 

explanation would then be that SBW25 is not dependent on histidine at the beginning of time 

frame 1 in the relative fitness assay. 

Additionally, it would be interesting to delve into more detail about the importance of the 

sequence of RH in fulfilling its function. From the REPIN analysis in chapter 3, we know that 

many other related Pseudomonas strains also contain RH in the same position as in SBW25. 

However, the sequences of these REPINs differ between the strains, and they could be 

associated with different groups of RAYTs. One could try to replace the REPIN RH from one 

of these strains, for example of P. lurida MYb 11, into ȹRH to see if a different type of REPIN 

could balance the fitness loss or gain during the relative fitness assays. By doing this, one 

could learn more about the importance of the REPIN identity and its functionality.   

Another aspect that should be further investigated in the future is the different variance of the 

results in time frames 1 and 2 during the relative fitness assays. In the majority of cases, it 

appeared that the variance between the individual replicates was greater in time frame 1 than 

in time frame 2. In general, this can lead to less meaningful results for time frame 1. The reason 

for this observation is unclear. One possible explanation could be that the bacteria in time 

frame 1 must adapt to a new environment and carbon and nitrogen sources. This may not 

always happen at the same speed, so the replicates may show differences.  
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The conducted experiments were unsuccessful in identifying a phenotype for RAYT loss. Other 

experiments could be conducted to identify one and use it as a starting point for new 

investigations. One way could be to test the RAYT deletion strains in comparison to the wild 

type in microbial phenotype plates from the company Biolog. On such a plate, there are many 

wells, and in each of these wells, different growing conditions are present. If differences 

between the RAYT deletion strain and the wild type can be identified, further research can be 

carried out in a specific direction, depending on the observed effects.   

4.5 Conclusion  

We showed by growth curve and relative fitness assays that REPINs inside the hut locus affect 

the growth and fitness of SBW25. RH acts particularly strong on the hut locus. It does so by 

affecting the gene expression of hutH2 and hutTh. Further experiments are needed to clarify 

how exactly RH affects the expression of HutH2 and HutTh. It is evident that RH carries out its 

function independently from the RAYTs. 
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Chapter 5: Evolution experiment to elucidate the function 

of hutD 

5.1 Introduction 

5.1.1 Unknown function of hutD  

As mentioned in the previous chapters, the hut locus is necessary for utilizing histidine as both 

a carbon and nitrogen source. The pathways are highly conserved in bacteria and are 

composed of either four (Klebsiella and Bacillus) or five enzymatic steps (Pseudomonas and 

Streptomyces) [72]. The hut locus, in which the genes for the five steps of the pathway, for 

transport, and for regulation are located, consists of 13 genes in 3 transcriptional units in P. 

fluorescens SBW25 [65]. These three transcriptional units are hutF, hutCD, and 

hutTuUXWVH1H2ThIG [65]. The function of most genes is now well understood. However, 

despite the long period of research, there are still unsolved puzzles, such as the unsolved 

function of hutD, which is upstream of a closely located REPIN in P. fluorescens SBW25 and 

transcriptionally coupled to the HutC repressor.   

It has been shown that P. fluorescens SBW25 exhibits decreased fitness in a medium where 

histidine is the sole source of carbon and nitrogen [65]. Also, in our studies, the deletion of 

hutD resulted in decreased growth and relative fitness (compared to the wild type) in a medium 

with histidine as the sole source of carbon and nitrogen (chapter 4). One hypothesis proposes 

that HutD acts as a governor, preventing over-expression of the hut genes, which could result 

in high ammonia concentrations, which could be toxic for the cell (Fig. 41) [65]. HutD could 

bind to urocanate and prevent the release of HutC from its transcriptional repressor binding 

site [65]. However, analyses of the crystal structure of HutD suggest a weak binding to FG, an 

intermediate of the hut pathway but no molecular mechanisms of HutD could be detected [113]. 
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Figure 43: Hypothesized function of HutD as a governor of hut locus activation [65]. A: If HutD is 

present, it could possibly bind to urocanate. Urocanate then cannot bind to HutC, which is the repressor 

of the hut locus genes. Activation of the hut locus can thus be controlled. B: According to the hypothesis, 

if HutD is absent, there is no governor that attenuates the activation of the hut locus. Urocanate binds 

unhindered to HutC and thus releases it as a repressor of the hut genes. A strong, unhindered activation 

of the hut locus could lead to a high production of ammonia, which could potentially damage the cells.  

5.1.2 Evolution experiments  

One way to find out more about the function of a gene is through evolution experiments. 

Evolution experiments are designed to incubate certain strains with or without mutation in a 

certain medium. Each medium and genotype exerts a certain selection pressure. A small part 

of the grown culture is repeatedly transferred to a fresh medium. Over time and with the 

increasing number of generations of the population, adaptations to the medium and the growth 

conditions are expected. These adaptations are achieved by mutations in the genome. 

Mutations occur randomly and not purposefully [130]. Those mutants that have an advantage 

over other genotypes prevail and form fractions of the total population [131]. Genotypes can 

also be fixed, i.e., can come to compose 100 % of a population [131]. However, they can also 

be lost because they are displaced by other (new) genotypes [131]. Over time or the 

generations of the populations, the fitness of the populations also increases due to the 

adaptations to the environment caused by the mutations [131].  

Depending on the initial situation of the experiment, something can be learned about genes or 

pathways through the adaptations or mutations. However, there are also criticisms of evolution 

experiments. One point of criticism of such experiments, in which the culture conditions remain 
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the same for a long period of time, is that they do not do justice to the complexity of nature 

[131]. 

Probably the best-known such evolution experiment is the long-term evolution experiment, 

which has been conducted under the direction of Lenski since 1988 [132]. Twelve E. coli 

cultures are cultivated in a glucose-limited minimal salts medium and 1 % of the culture is 

transferred to fresh medium every day [131]. By August 2024, over 80,000 generations had 

been generated (according to Jeffrey Barrick on the-ltee.org). This experiment could help to 

better understand evolution and adaptation to certain conditions [131]. The relative fitness of 

a population compared to its ancestor after 50,000 generations was approximately 1.7 [131]. 

After only 2000 generations however, the relative fitness of the same population was already 

about 1.3. [131]. This also shows that the relative fitness increases sharply at the beginning of 

such evolution experiments and increases more and more slowly later on [131].   

Evolution experiments have also been carried out with P. fluorescens SBW25, which have led 

to important findings. In a recent evolution experiment, a fitness-decreased mutant with a 

spherical form could be evolved back to a rod-shaped form within 1000 generations, and its 

fitness could be restored [133]. And in a somewhat different evolution experiment with P. 

fluorescens SBW25, the evolution of evolvability could be investigated [134]. In this 

experiment, lines were selected that could quickly switch between two phenotypic states [134]. 

The ability for adaptive evolution could be accelerated by a hypermutable locus [134].  

5.1.3 Design of the ȹhutD evolution experiment  

To investigate the function of hutD, we conducted an evolution experiment with P. fluorescens 

SBW25 ȹhutD. The aim was to learn about the function of hutD through compensatory 

mutations that we expected would arise over the course of the experiment. The hutD gene was 

deleted from P. fluorescens SBW25, and additionally, GFP was introduced into one strain and 

mScarlet into another. This allowed the strains to be differentiated later in relative fitness 

assays. These two strains, ȹhutD GFP and ȹhutD mScarlet, were thus the ancestors. Both 

strains were plated on LB plates and incubated for 24 h at 28 ÁC (Fig. 42). Ten colonies of each 

strain were picked and incubated for 24 h in liquid LB medium. The resulting 20 cultures served 

as the starting points for the evolution experiments (T0). The twenty cultures in the evolution 

experiment grew in M9 medium with histidine as the only carbon and nitrogen source. 

Reminder: In this medium, ȹhutD has a strongly reduced fitness relative to the ancestral type. 

As a reference value, we took the relative fitness of ȹhutD from one of our own relative fitness 

assays. This was 0.73 compared to the wild type. This means that ȹhutD has a 27 % reduced 

fitness compared to the wild type of SBW25 in medium with histidine as the sole carbon and 

nitrogen source. ȹhutD is therefore exposed to strong selection pressure in this medium.  
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The cultures were incubated for 48 h at 28 ÁC and 220 rpm. After 48 h, 1/100 of the culture 

was transferred to fresh medium of the same composition. Such a transfer was repeated 31 

times for all 20 cultures. Due to the 1/100 dilution that took place with each transfer, log2 

100å6.64 generations were generated with each transfer. This means that approximately 200 

generations were generated after approximately 31 transfers. Every ~50 generations, a relative 

fitness assay was performed with all 20 populations in order to determine the change in relative 

fitness of populations compared to the ancestor. We expected that the populations would 

rapidly gain relative fitness due to the high selection pressure and that mutations that allow 

conclusions to be drawn about the function of hutD would be responsible for this.  
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Figure 44: Design of the evolution experiment. A: For the evolution experiment of ȹhutD the 

ancestors ȹhutD GFP and ȹhutD mScarlet from glycerol stock were plated on LB plates and incubated. 

Ten individual colonies of both strains were transferred to LB medium and incubated. These were the 

starting cultures (T0) for the populations G1 - G10 (derived from the ancestor ȹhutD GFP) and M1 - 

M10 (derived from ȹhutD mScarlet). The 20 populations were then always incubated for 48 h in M9 

medium with histidine as sole carbon and nitrogen source and 1/100 of the culture was transferred to 

fresh medium of the same composition. This was done for 31 transfers. Glycerol stocks were created at 

regular intervals (T0, T8, T16, T24, T31). This corresponds approximately to a number of generations 

to these transfers of 0, 50, 150, and 200 generated generations. B: Relative fitness assays were 

performed with the starting point (T0), the intermediate steps (T8, T16, and T24), and the endpoint of 

the evolution experiment (T31). The populations from the evolution experiment, e.g., G1 T0 and the 

ancestor ȹhutD mScarlet, grew independently in LB before being combined in M9, where histidine 

served as the sole carbon and nitrogen source. At the end of the first growth phase, the frequency of 

each strain in the population was determined in the flow cytometer (T0). 1/100 of the culture was 

transferred to fresh medium and incubated again for 48 h. The composition of the culture was then 

determined again using a flow cytometer (T1). The relative fitness of the 20 populations at different 

points in the evolution experiment can be calculated from the difference in population composition from 

time point 0 (T0) to time point 1 (T1).  

5.2 Results  

5.2.1 hutD mutants increase in fitness over time 

ȹhutD exhibits lower fitness than the wild type in P. fluorescens SBW25 when the bacteria 

grow in medium with histidine as the sole carbon and nitrogen source. We performed an 

evolution experiment with ȹhutD and measured the relative fitness of the populations at 

multiple time points. It was expected that the relative fitness of the populations would improve 

significantly. It was expected that mutations would be responsible for this, which would then 

be identified by sequencing. The identity of the mutations could then provide clues as to the 

function of HutD. We therefore introduced either GFP or mScarlet into the hutD-deleted 

SBW25 and tracked the fitness of 20 populations (10 x GFP and 10 x mScarlet) over 

approximately 200 generations (Fig. 43). At the start of the experiment, i.e., after 0 generations, 

the relative fitness of the 20 populations was measured for the first time. These measurements 

were then repeated at intervals of approximately 50 generations up to generation 200. The 

evolved populations were tested against the non-evolved strains ȹhutD GFP and ȹhutD 

mScarlet. In order to better compare the extent to which the relative fitness of the evolved 

populations has increased, a relative fitness measurement was used to compare the relative 

fitness of the wild type of SBW25 to ȹhutD GFP and ȹhutD mScarlet.  

As expected, the populations show no major change in relative fitness to the ancestors ȹhutD 

GFP and ȹhutD mScarlet at the beginning of the experiment after 0 generations. This was 

expected, as there was no time for mutations to occur, which could have led to an increase in 

relative fitness. Moreover, this test after 0 generations was mainly used to control the costs of 

carrying the markers GFP and mScarlet. However, the populations did not have exactly the 

same relative fitness as the ancestors ȹhutD GFP and ȹhutD mScarlet. Some GFP-marked 
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populations had a slightly higher fitness at time 0 compared to the ancestor. Conversely, many 

mScarlet-marked populations had a slightly lower relative fitness at time 0 compared to the 

ancestor. The fact that strains marked with GFP have a slightly higher relative fitness compared 

to mScarlet-marked strains has also been observed previously. These effects are therefore 

due to the different labeling with GFP or mScarlet and are negligible due to their small effect 

on relative fitness.  

After about 50 generations, the relative fitness had not increased noticeably in the vast majority 

of populations. Only in a few populations was it slightly higher than at time point 0.  

After about 100 generations, the relative fitness of most populations had risen sharply. This 

applies to all 10 populations marked with mScarlet. Their relative fitness after about 100 

generations was on average 1.16. Interestingly, the relative fitness of the populations marked 

with GFP had not increased in all populations at this time. Their average value was 1.05 for 

relative fitness. Across all 20 populations, the relative fitness was 1.10 after around 100 

generations.  

After around 150 generations, the relative fitness in all 20 populations continued to increase 

as expected. The average relative fitness of the 20 populations at this point was 1.32. However, 

there were considerable differences between the individual populations. For example, the 

relative fitness of population G4 at this time was 1.15, which was the lowest value among the 

20 populations. Population M3 had a relative fitness of 1.67, the highest value among the 20 

populations. A total of 5 populations had a higher relative fitness compared to the non-evolved 

ȹhutD strain than the wild type of SBW25 had compared to the non-evolved ȹhutD. This was 

measured in another experiment and amounted to 1.38. Even if this value cannot be directly 

compared with the other values, it still provides an indication of how much the relative fitness 

of the populations has increased.  

Interestingly, the relative fitness of the 20 populations hardly increased at all after a further 50 

generations, i.e. after a total of approx. 200 generations, and amounted to 1.34 on average. If 

the relative fitness values for the individual populations are considered, for many populations 

the values are even lower than after 150 generations. This is not in line with expectations, as 

it was expected that the relative fitness would continue to increase with increasing length of 

the experiment or that the relative fitness would stop increasing after 150 generations and 

remain at the same fitness level. However, it was not expected that the relative fitness of many 

populations would fall again after an increase. The highest relative fitness at this point was in 

population M5 with a value of 1.80. This was also the highest relative fitness value determined 

in the entire experiment. The lowest value for a population after approx. 200 generations was 

measured for population G8 and amounted to 1.12.  
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Overall, it can be stated that the relative fitness of the 20 populations varies greatly, especially 

after 150 or 200 generations.  

 

 

Figure 43: Relative fitness of evolved æhutD populations. The 20 evolved æhutD populations showed 

increasing fitness over the course of the experiment compared to the baseline (dashed line). This is true 

for all populations from generation 150 at the latest. To measure relative fitness, GFP and mScarlet were 

introduced into æhutD. Ten populations were labeled with GFP (G1 - G10) and ten with mScarlet (M1 - 

M10). The solid line indicates the relative fitness of the wild type versus the non-evolved æhutD strain, 

which was 1.38. Nine populations exhibited higher fitness than the wild type did compared to the non-

evolved æhutD after 150 or 200 generations. A few fitness values of some populations could not be 

determined and are therefore missing.  

5.2.2 Identification of mutations in evolved ȹhutD populations 

After the 20 ȹhutD populations had evolved for approximately 62 days or 200 generations, the 

relative fitness of almost all populations had increased significantly in medium with histidine as 

the sole source of carbon and nitrogen. Next, the isolated DNA of the 20 populations was 

sequenced using Illumina technology. After sequencing, the reads were trimmed using 
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trimmomatic, and mutations were identified using breseq. The aim was to identify mutations 

and analyze them to gain insight into the function of HutD. We expected that populations with 

high relative fitness would contain mutations with a high frequency within the population. The 

frequency at which a mutation was considered and analyzed within a population was 10 %. 

This allowed sequencing errors and artifacts to be excluded. In addition, extremely rare 

subpopulations were excluded, as they are unlikely to significantly impact the relative fitness 

of the entire population due to their rarity.  

For most of the 20 populations, one or two mutations could be detected. No mutation could be 

identified for five of the 20 populations. One reason for this could be that mutations in these 

populations had a frequency of less than 10 %. Interestingly, mutations were particularly 

prominent in two areas of the genome (Fig. 44). On the one hand, mutations occurred in the 

fleQ gene in 8 populations. In four populations, mutations occurred in the wss operon, 

specifically in the wssB and wssE genes. However, a total of six further mutations were also 

identified in six different populations. These affected five other genes and one REPIN. The 

individual mutations and their probable effects are explained below. More information on the 

individual mutations is listed in table 17.  
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Figure 44: Identified mutations in the 20 evolved æhutD populations. The filled fields reveal in which 

of the 20 evolved æhutD populations we identified mutations with a frequency of >10% in fleQ, the wss 

operon, a REPIN deletion or inside another gene. It is striking that there were many mutations in fleQ 

and wss genes.  

5.2.2.1 Mutations in fleQ 

The gene most frequently affected by mutations was fleQ. A mutation in this gene was detected 

8 times in the populations G3, G4, G5, G6, G7, G8, M2, and M6. All eight mutations were non-

synonymous, and two mutations resulted in a premature stop codon (Tab. 17). The mutations 

had very different frequencies within the populations, ranging from 10.20 % to 82.80 %. The 

non-synonymous mutations in fleQ likely result in FleQ not carrying out its functions at all or to 

a lesser extent. However, FleQ is a master regulator and is important for flagellar gene 

expression, the expression of adhesins, and possibly also for the expression of other genes 

[135-137]. As a result, P. fluorescens cannot form flagella without fleQ and is non-motile [136, 

137]. It also means that Pseudomonas, unlike the wild type, cannot form a biofilm [135]. It can, 
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therefore, be assumed that the subpopulation with a mutation in the corresponding gene is 

very likely unable to move and is also inhibited from forming biofilms.  

There is no correlation between the frequency of mutation and the relative fitness of the 

populations. This means that the populations with a higher frequency of the mutation in fleQ 

did not automatically have a higher relative fitness. This may be due to the fact that the different 

mutations had different effects on the function of FleQ. Another reason could be that other 

mutations also have an effect on relative fitness. In two populations, a mutation occurs in fleQ, 

accompanied by another mutation in either wssE or wssB. It is not possible to say how large 

the proportion of bacteria is that carry both mutations or only one of them. Regardless, this 

second mutation can affect the relative fitness of the populations. Mutations with a frequency 

of less than 10 %, which therefore remain undetected, can also influence the relative fitness 

to some extent.  

5.2.2.2 Mutations in the wss operon 

Another striking feature of the analysis of mutations in the 20 evolved populations was that a 

mutation in the wss operon was found in four populations. In population G4 there was a non-

synonymous mutation in wssB that led to a premature stop codon. In populations M1, M2, and 

M4, non-synonymous mutations in wssE were identified, resulting in a premature stop codon. 

The mutations had very different frequencies from 12.50 % to 70.20 %. The mutations in wssB 

and wssE probably resulted in the corresponding genes losing part or all of their function. Both 

proteins are cellulose synthase subunits and belong to an operon consisting of ten genes 

(wssA-J) [59]. These genes are responsible for the production of cellulose-like polymer (CLP) 

[59]. This polymer, in turn, is crucial for forming biofilms and thus enabling colonization of 

surfaces [58]. The frequency of mutations in the wss operon is also not proportional to the 

relative fitness of the population as a whole. This was also observed with the mutations in fleQ. 

As there, this may also be related to other mutations in the populations. In G4 and M2, the 

mutation in the wss operon also occurs simultaneously with a mutation in fleQ. In M4, the 

mutation in the wss operon occurs together with a synonymous mutation in PFLU_3286 and 

in M1, the mutation in the wss operon does not occur together with another mutation that had 

a frequency of more than 10 % in the population. Of course, it is also possible that mutations 

with a frequency of less than 10 % have occurred in all affected populations, which may also 

influence the relative fitness of the entire population.  

5.2.2.3 Other mutations  

Although the mutations in the wss operon and fleQ were the most prominent, other mutations 

also occurred in the 20 populations. In G1, a non-synonymous mutation in pvsA occurred at a 

frequency of 13.50 %. This was the only mutation detected in G1 and the population had a 

relative fitness of 1.18. This relative fitness was relatively low compared to the other 
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populations, as only two populations showed a slightly lower relative fitness after about 200 

generations. The gene pvsA codes for pyoverdine synthetase A [54]. Pyoverdines are 

siderophores that facilitate the uptake of iron and also serve as signaling molecules that 

influence gene expression [138-140].  

Another mutation occurred in G10 in PFLU_4201 with a frequency of 10.10 %, which was 

synonymous. PFLU_4201 is predicted to code for a filamentous adhesin, which may also play 

a role in biofilm formation [57]. The relative fitness of the population with this mutation was 1.21 

after approx. 200 generations, which is relatively low compared to other populations.  

In population M3, a non-synonymous mutation in PFLU_3653 occurred at a frequency of 13.80 

%. This gene probably encodes for a two-component response regulator [57]. The relative 

fitness of population M3 after approximately 200 generations was 1.29. Interestingly, in 

population M7 there was a non-synonymous mutation in the gene PFLU_3655, i.e. in a gene 

that is in direct proximity to PFLU_3653. However, no possible function could be determined 

for the PFLU_3655 gene. The mutation had a frequency in M7 of 32.70 % and the population 

had a relative fitness of 1.31.  

In M4, a synonymous mutation occurred in the gene PFLU_3286 with a frequency of 11.50 %. 

A non-synonymous mutation in the wss operon (wssE) also occurred in the same population 

(as discussed above). The function of PFLU_3286 is unclear. The relative fitness of the 

population was 1.28 after approximately 200 generations.  

Interestingly, a mutation within a REPIN occurred in the M9 population. The mutation occurred 

as a 86-bp deletion, thus almost entirely deleting the REPIN (9 additional base pairs would 

have been necessary for a complete deletion). This deletion had a frequency of 99.80 % in the 

M9 population. The relative fitness of the population was 1.57 after approximately 200 

generations. The deletion of a REPIN had not been observed before, so it was all the more 

interesting that this appeared to be accompanied by a gain in fitness. In order to investigate 

whether the fitness increase can really be attributed to the loss of the REPIN, further steps 

were taken. To this end, the time point in the experiment at which the REPIN was lost was 

investigated. For this investigation, a PCR of the corresponding genome section was 

performed, which contains the REPIN sequence in the wild type SBW25. This PCR was 

performed on the ancestor P. fluorescens SBW25 mScarlet, and the population M9 at the time 

points T0 (starting population for the evolution experiment), T8 (after eight transfers), T16, T24, 

and T31. We expected that the ancestor, i.e. the strain from which T0 emerged, had the 

corresponding REPIN and that it was deleted in the course of the evolution experiment.  

However, gel electrophoresis of the PCR samples of the ancestor and the population M9 at 

the different time points showed that the corresponding REPIN was no longer present in the 
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population M9 at the time point T0 (and all further time points) (Fig. 45). However, the REPIN 

was still present in the ancestor. From this, it can be concluded that the colony of P. fluorescens 

SBW25 mScarlet that was picked and from which the population M9 emerged had lost the 

REPIN. The deletion of REPIN must therefore have occurred during the growth of the colony 

on the LB plate. The increase in relative fitness can, therefore, not be attributed to the deletion 

of the REPIN.  
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Table 27: Mutations in the 20 evolved ȹhutD populations as well as their frequency and relative 

fitness of the populations after approx. 200 generations. NT = nucleotide change, AA = amino acid 

change, RF = relative fitness of population after around 200 generations. 

Population Gene Position NT AA Freq. RF 

G1 pvsA 4,842,188 TŸG Q3877H 13.50 1.18 

G2 - - - - - 1.17 

G3 fleQ 4,907,468 GŸA R363C 22.00 1.20 

G4 wssB 329,684 CŸT Q467* 33.30 1.32 
fleQ 4,908,434 GŸA Q41* 10.20 

G5 fleQ 4,907,878 GŸA A226V 78.70 1.31 

G6 fleQ 4,907,777 GŸA R260C 82.80 1.44 

G7 fleQ 4,907,124 ȹ1 bp K477Nfs*4 20.90 1.54 

G8 fleQ 4,907,890 GŸA A222V 12.20 1.12 

G9 - - - - - 1.28 

G10 PFLU_4201 4,644,592 GŸC T160T 10.10 1.21 

M1 wssE 337,140 ȹ1 bp G68Afs*11 70.20 1.34 

M2 wssE 336,219 ȹ1 bp A760Rfs*5 12.50 1.32 
fleQ 4,907,428 TŸG H376P 78.30 

M3 PFLU_3653 4,046,603 AŸC E168D 13.80 1.29 

M4 wssE 337,465 CŸG Y1174* 13.80 1.28 
PFLU_3286 3,634,920 AŸC G29G 11.50 

M5 - - - - - 1.80 

M6 fleQ 4,908,345:1 +A L70F 29.60 1.40 

M7 PFLU_3655 4,048,714 AŸG T68A 32.70 1.31 

M8 - - - - - 1.42 

M9 REPIN 3,638,112 ï 
3,638,197  

ȹ86 bp - 99.80 1.57 

M10 - - - - - 1.27 
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Figure 45: Gel electrophoresis picture of PCR to verify the loss of REPIN in M9 at different time 

points of the evolution experiment. The band of the ancestor (anc.) shows the correct band size in 

the presence of the REPIN of 334 bp. The bands at time points T0, T8, T16, T24, and T31 show that the 

REPIN was no longer present at a band size of 248 bp. As expected, the negative control (neg. con.) 

contained no band. The DNA ladder used was GeneRulerÊ DNA Ladder Mix (Thermo ScientificÊ) (2 

% agarose gel, 25 min at 120 V). 

5.3 Discussion 

The hut locus in P. fluorescens SBW25 consists of 13 genes in three transcriptional units that 

serve to make the amino acid histidine available as an energy and carbon source [65]. Despite 

the progress that has been made to elucidate the function of the various genes, the function 

of hutD remains unclear. What is known is that the loss of hutD leads to a significant loss of 

fitness in P. fluorescens SBW25 in medium with histidine as the sole carbon and nitrogen 

source (own data from Chapter 4) [65]. One hypothesis is that HutD has a governor role and 

by binding urocanate (inducer of the hut locus) it prevents the hut locus genes from being over-

activated, which could lead to toxic levels of ammonia (Fig. 41) [65]. Through an evolution 

experiment with 20 populations of ȹhutD, we wanted to obtain information on the functioning 

of hutD (Fig. 42). This was to be done by analyzing the expected compensatory mutations after 

an expected fitness increase of the populations. The 20 populations were grown in medium 

with histidine as the only source of carbon and nitrogen and were transferred 31 times after 

incubation in fresh medium. Approximately 200 generations were generated. The relative 

fitness of the evolved populations compared to the unevolved ancestor was determined every 

50 generations (Fig. 43). The relative fitness compared to the non-evolved ancestor increased 

strongly, especially after 150 and 200 generations, and surpassed the relative fitness of the 

wild type compared to the non-evolved ȹhutD ancestor in some populations (Fig. 43). All 20 
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populations were sequenced after the approximately 200 generations. Mutations with a 

frequency of more than 10 % were identified with breseq.  

5.3.1 Relative fitness of the evolved ȹhutD populations 

It was expected that, due to the high selection pressure of ȹhutD in a medium with histidine as 

the sole source of carbon and nitrogen, the ȹhutD populations would gain relative fitness 

relatively quickly. This was also the case. The relative fitness after just 100 generations 

averaged 1.10, after 150 generations 1.32 and after 200 generations 1.34 (Fig 43). This 

corresponds to an increase of 34 % after approximately 200 generations. This corresponds 

approximately to the fitness advantage that the wild type has over ȹhutD in the medium with 

histidine as the only carbon and nitrogen source. This was 38 % in one of our fitness assays, 

which was used as a reference value.  However, it is important to note that the fitness increase 

between the 20 populations was very different. For example, population G8 had the lowest 

relative fitness among the populations after 200 generations, with 1.12, and population M5 had 

the highest increase, with 1.80. It was expected that the relative fitness between the 20 

populations after only 200 generations could be very different. Mutations occur randomly, and 

the type of mutation as well as the timing have an influence on the fitness gain a population 

can achieve [130]. In the populations with comparatively increased fitness, it is likely that no 

mutation has yet occurred that can contribute to a large gain in fitness, or that such a mutation 

has already occurred but only a few generations ago and therefore still needs time until it is 

displaced by selection of other genotypes, making up an ever-increasing proportion of the 

population and thus contributing more strongly to the overall result of relative fitness.  

However, it is interesting to note that the average relative fitness has hardly increased between 

generations 150 and 200. In some populations, relative fitness has even fallen again (Fig. 43). 

There may be several reasons for this. On the one hand, it is possible that during one of the 

relative fitness tests, samples or materials were handled differently than usual. Since only one 

replicate was measured for each population, outliers cannot be recognized or balanced by 

other replicates. Another possible reason why the relative fitness was only slightly higher on 

average after 200 generations than after 150 generations could be that fitness increases in 

stages [131]. This staircase-like way of increasing relative fitness may result from the fact that 

individual mutations initially have a strong influence on the entire population [131]. This can 

result from clonal interference; a beneficial mutation can also displace other beneficial 

mutations [131]. During a phase in which fitness does not increase, it can even fall slightly for 

a short time [131]. However, this should mainly occur if a mutation is fixed in the population. 

However, this is not the case in one of the 20 populations. Apart from the REPIN deletion in 

population M9, there were no fixed mutations, and in this case, the mutation was not a result 

of the evolution experiment as described.   
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Another reason why the relative fitness may not increase or even temporarily decrease is that 

the populations evolve in a slightly different environment than the one in which their relative 

fitness is measured. For example, it is theoretically possible that a genotype in a population 

benefits from the presence of another genotype (not wild type) and is therefore selected, such 

as in crossfeeding [126]. Here, too, a strain benefits from the presence of another strain [62, 

126]. However, relative fitness is measured in a different environment. This is because when 

determining relative fitness, the evolved population only makes up 50 % at the start and the 

other 50 % consists of the ancestral strain against which relative fitness is measured.  

5.3.2 Identified mutations and their significance 

On average, the 20 populations were able to show a relative fitness of 1.32 compared to the 

non-evolved ancestral ȹhutD strain after approximately 200 generations in the evolution 

experiment (Tab. 17). The relative fitness between the individual populations varied greatly and 

ranged from 1.12 to 1.80. By identifying compensatory mutations that may have been 

responsible for this fitness increase, we had anticipated finding clues as to the function of hutD. 

The most frequent mutations were identified in fleQ and the wss operon. There were also a 

few mutations in other genes.  A possible function of hutD cannot be deduced from this. Rather, 

it can be assumed that the mutations in these genes do not serve to compensate for the loss 

of hutD, but rather to adapt to the general conditions of cultivation. In the following, I explain 

how I arrive at this conclusion. All identified mutations in fleQ were non-synonymous, and a 

few resulted in premature stop codons. It can, therefore, be assumed that these mutated fleQ 

genes do not encode functional FleQ proteins. FleQ is a master regulator and among other 

things important for flagellar gene expression [135-137]. Without fleQ, P. fluorescens cannot 

form flagella and is immobile [136, 137]. P. fluorescens SBW25 has an average of 1.5 Ñ 1.1 

flagella per cell [141]. Flagella enable bacteria to move and swim through chemotaxis in 

directions that offer better carbon sources, for example [142]. P. fluorescens can thus colonize 

the rhizosphere of plants more effectively than mutants lacking flagella [143]. Losing this ability 

initially sounds like a disadvantage.  However, the structure of the flagella is very complex, and 

many proteins are involved [142, 144]. Synthesizing these proteins but also performing the 

movement of the flagella are very cost-intensive [145]. Under the culture conditions in the 

evolution experiment, these costs can be saved. This is because the cultures were constantly 

shaken. All nutrients and the bacteria themselves are, therefore, evenly distributed in the 

medium. Therefore, swimming is not required. The loss of the functional FleQ in the affected 

populations in the evolution experiment, therefore, led to a loss of the flagella and thus to a 

saving of energetic costs. This genotype thus had an advantage over the bacteria with flagella 

and was therefore able to spread.  



ΝΟΜ 
 

However, the mutations that occurred in fleQ could also be explained by another function of 

FleQ. FleQ regulates not only flagella formation but also genes that are important for biofilm 

formation [146]. FleQ is a regulator of AlgR, which in turn regulates wssE [146]. WssE is a 

cellulose synthase subunit and together with other genes (wssA-J) responsible for the 

production of cellulose-like polymer (CLP) [59]. As described above, this polymer is important 

for the formation of biofilms [58]. FleQ is also a regulator of the adhesins LapA and MapA [135]. 

Without FleQ, P. fluorescens forms much less of these adhesins, which is also why it is much 

less able to form biofilms [135]. Many bacteria can form biofilms, and this has many 

advantages for the bacteria [147]. It enables them to cooperate more effectively or defend 

themselves more effectively against predators [147]. They are also better protected against 

antibiotics and host immune reactions [147]. The formation of biofilms is therefore of great 

importance for P. fluorescens.  

Interestingly, not only populations with a mutation in fleQ that have an effect on biofilm 

production were identified, but also other mutations. For example, in three populations, non-

synonymous mutations of the wssE gene were observed, which is also regulated by FleQ. In 

a further population, there was also a non-synonymous mutation in the wssB gene, which, like 

wssE, encodes a cellulose synthase subunit and is therefore also important for biofilm 

formation [59]. In addition, in one population, there was a mutation in the gene PFLU_4201, 

which is probably important for the production of filamentous adhesin [57]. This mutation was 

a synonymous mutation. However, synonymous mutations can also be beneficial mutations, 

as these mutations can, for example, influence the mRNA folding of the gene as well as other 

processes [148].  

So there were a striking number of mutations in genes that are important for biofilm formation. 

The mutations in fleQ, within the wss operon, and in PFLU_4201 likely result in a reduced 

ability to form biofilms, or this ability may have been lost completely. What would be a major 

disadvantage for P. fluorescens SBW25 in other environments could be an advantage in the 

setup of the evolution experiment. As described above for the effect of the loss of flagella, the 

cultures in the evolution experiment were constantly shaken and nutrients and bacteria were 

evenly distributed in the medium. In addition, no other organisms that could be predators or 

antibiotics were introduced. Biofilms are therefore unlikely to provide an advantage in this 

environment. The loss of the ability to form biofilms probably offers the advantage that the 

costs of protein, CLP, and adhesins production could be saved. 

The fact that many populations had a mutation that affected biofilm and flagella production 

suggests that it was very easy (by mutation) to increase fitness in the evolution experiment. 

The fact that mutations in fleQ were particularly frequent may be due to the simultaneous 

disruption of flagella and biofilm production by a mutation in this gene. Thus, one mutation in 
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a gene could save costs in two processes and therefore increase relative fitness. This is 

probably also an explanation for why no compensatory mutations for the loss of hutD could be 

identified. The loss of hutD function cannot simply be compensated for by one mutation in 

another gene. Several mutations are probably necessary, and since mutations occur randomly, 

it would probably take far more than approximately 200 generations before compensatory 

mutations for the loss of hutD could be observed. This suggests that the function of HutD is 

complex and therefore cannot be compensated for within a few generations. As already shown 

in other evolution experiments, more complex genotypes that lead to new pathways or genes 

often only arise after many thousands of generations [131].  

5.4 Future directions  

To obtain compensatory mutations for the loss of hutD and thus learn about the gene's function, 

the evolution experiment would likely need to be carried out for a much longer period. The 

approx. 200 generations or 31 transfers or 62 days are not sufficient for this, as the function of 

HutD may be too complex to be compensated for by one mutation in another gene.  

Alternatively, a different approach could be pursued to better understand the function of HutD. 

For example, a transcription analysis could be carried out. In this, the wild type of P. fluorescens 

and ȹhutD would be grown in medium with histidine as the only carbon and nitrogen source. 

The RNA would then be isolated and analyzed by RNA sequencing. Differences in gene 

expression between the wild type and ȹhutD could provide clues as to which function HutD 

has.  

5.5 Conclusion  

The aim of an evolution experiment was to gain insight into the unexplained function of HutD. 

For this, ȹhutD was cultivated in 20 populations for approximately 200 generations in medium 

with histidine as the sole carbon and nitrogen source. It was expected that the relative fitness 

would increase relatively quickly, and that mutations compensating for the loss of hutD might 

be responsible for this. Relative fitness increased in all populations, but to very different 

degrees. In the populations, mutations leading to the loss of flagella and the formation of 

biofilms were identified. These mutations were probably a direct adaptation to the culture 

conditions. No compensatory mutations for the loss of hutD could be identified. This indicates 

that HutD has a complex function that cannot be compensated by a single mutation. Therefore, 

the evolution experiment would have to be continued over a longer period of time or other 

experiments such as gene expression analysis would have to be carried out to get closer to 

the function of HutD.  

 

 




